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Preface

Cells in our body are surrounded by lipid membranes that act as selectivity barriers for the flow

of signals and messages from outside to cell interior and vice-versa. Biological membranes

have been a focal point of intense research over the years in terms of understanding their

composition and contribution to specific cellular functions. Over the last decade or so, many

novel tools and techniques have been developed to directly probe the physico-chemical proper-

ties, overall architecture, and network of interactions that determine the basic features of

biological membranes. Especially, the interaction of proteins embedded in the membranes

with their surrounding lipid environment and how these interactions shape the membrane

structure and function is at the center stage of membrane biology research. Development and

optimization of streamlined protocols to assemble and reconstitute synthetic membrane-like

platforms in vitro for direct investigation of lipid-protein interactions in a defined setting has

provided many meaningful insights in the area of membrane research. Moreover, directly

probing the structure, function, and dynamics of proteins embedded in the biological mem-

branes such as receptor, ion channels, and transporters has emerged as one of the most

productive research areas in modern biology. Considering that integral membrane proteins

represent the largest class of drug targets, research in this area has direct implications for novel

therapeutics for many different human diseases. In this volume of Springer Protocols entitled

Chemical and Synthetic Approaches in Membrane Biology, we bring together a broad range of

topics related to membrane biology research with particular emphasis on novel approaches,

technology platforms, and emerging tools in this area.

The first three chapters in this book pertain to artificial or designer membrane mimetics that

can be utilized for in vitro studies of membrane-lipid interactions. Reed and coworkers describe

a protocol for preparing and characterizing lipid-coated gold nanoparticles and how they can be

used to generate hybrid lipid membranes for investigating protein-membrane interactions.

Roemer and coauthors elegantly present the assembly protocol of giant unilamellar vesicles

as an approach to study novel paradigms of endocytosis in a minimal biomimetic membrane

environment. Surface patterning with supported lipid bilayers has been gaining momentum

lately where photolithographic and soft lithographic methods have made it possible to pattern

different types of biomolecules for wide ranging applications. Carrer and Sanchez present a

streamlined protocol for generating lipid bilayer-based micropattern using one-photon

lithography and microcontact printing.

The next nine chapters in the book cover the approaches and methodologies to directly

investigate membrane protein structure, localization, and dynamics. Mahalakshmi and collea-

gues provide a comprehensive discussion of the commonly utilized approaches to extract and
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purify transmembrane b-barrel proteins and also touch upon the methods for efficient refolding

and biophysical studies of these proteins. Carla and coauthors describe a method using total

internal reflection fluorescence microscopy to investigate the trafficking of a glutamate trans-

porter, an approach that can be potentially extended to other integral membrane proteins. Janesh

Kumar and colleagues present an overview of a fluorescence-based technique that is being

widely utilized these days for rapid, efficient, and relatively inexpensive screening of mem-

brane proteins in terms of construct engineering and membrane extraction.

High-resolution imaging of membrane proteins in their native environment is a very

important aspect in membrane protein research. Francisco Barrantes provides a detailed

protocol for imaging synaptic proteins using single-molecule super-resolution microscopy.

The steps described here for fixing, handling, and imaging primary culture of hippocampal

neuronal cells as a case example should be transferrable to other neuronal cultures.Quantum

dots have emerged as a wonderful tool not only for probing molecular dynamics and imaging

but also for profiling at single-molecule level and in the context of large cellular population.

Rosenthal and coworkers present a layout for using the quantum dot tool box to investigate

localization and trafficking patterns of neurotransmitter transporters and discuss specific

advantages associated with the use of quantum dots over other methods.

Post-translational modifications and ligand-induced trafficking of membrane proteins are

critical regulatory steps in their functional targeting and downregulation, respectively. Hang

and Yuan introduce various types of protein fatty-acylation, their roles in membrane interac-

tion, activity, and trafficking followed by a step-by-step protocol for monitoring protein fatty-

acylation via metabolic labeling protocol using chemical reporters. Ikeda and Kumagai present

a Halo Tag-based pulse-chase labeling platform for simple and versatile assessment of GPCR

endocytosis. They also discuss the potential advantages of this approach over conventional

methods to monitor agonist-induced GPCR internalization.

High-quality antibodies are one of the most coveted tools in the area of membrane protein

research, and phage display-based methodologies are emerging as a robust platform for

antibody generation. Uysal and Kossiakoff describe a strategy that has been successfully used

for generating synthetic antibody fragments against membrane protein targets. This technology

shows great promise in yielding synthetic antibodies that are wonderful tools not only for

structural purposes but also for molecular, cell biological, and therapeutic applications. Despite

recent advances in the area of membrane protein production and isolation, NMR-based studies

on membrane protein targets still remain a technically challenging task. In the final chapter of

this book, Brown and coauthors describe a strategy that they have developed and successfully

implemented to prepare sensory rhodopsin in native membrane environment and subsequently

use it for solid-state NMR analysis.

I take this opportunity to sincerely thank Springer’s production team who did a wonderful

job of getting the chapters ready for publication. I hope that you enjoy the topics covered in this

volume and find it useful in your own research endeavors. Please feel free to share your

feedback with me.

Department of Biological Sciences and Bioengineering Arun K. Shukla

Indian Institute of Technology, Kanpur 208016 India
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Lipid-Coated Gold Nanoparticles as Probes for Membrane
Binding

Desmond J. Hamilton*, Yuheng Cai*, Rupinder Kaur, Grant W. Marquart,
Marilyn R. Mackiewicz, and Scott M. Reed

Abstract

A synthetic protocol is described for preparing lipid-coated gold nanoparticles (AuNPs) of varying shape,
size, and membrane composition. Using ultraviolet-visible spectroscopy (UV-Vis), the localized surface
plasmon resonance (LSPR) of the AuNPs is used to examine nanoparticle stability. Highly spherical AuNPs
are obtained by selectively etching octahedral nanoparticles with cyanide. Alkanethiols are used to anchor
the membranes to the gold surface, creating hybrid lipid membranes. Cyanide etch studies are described
that test membrane stability and coverage and are performed by monitoring changes to the LSPR. A
strategy is provided for minimizing the amounts of excess lipids and thiols present while using minimal
purification steps. The design strategy can be used to produce a library of stable, hybrid lipid-coated AuNPs
for applications including drug delivery, imaging, and sensing. Methods for using these AuNPs to study
protein-membrane interactions using UV-Vis spectroscopy and dynamic light-scattering (DLS) measure-
ments are also described.

Keywords Beta amyloid (Aβ) peptides, C-reactive protein, Gold nanoparticles, Hybrid membranes,
Protein-membrane interactions, Sensors

1 Introduction

Lipid membranes supported on two-dimensional surfaces, such as
glass [1] or gold [2], as well as three-dimensional surfaces, such as
silica [3] or gold [4–6] nanoparticles, have many applications. For
example, membrane-coated nanoparticles have been developed as
drug delivery/imaging agents [7–9]. Membranes on solid planar
supports have been used as biomimetic platforms to study and
understand complex protein-membrane interactions in biology [2,
7, 10–13].On three-dimensional supports, themembrane conforms
to the shape of the hard nanoparticle surface. Consequently, high

Arun K. Shukla (ed.), Chemical and Synthetic Approaches in Membrane Biology, Springer Protocols Handbooks, (2017) 1–16,
DOI 10.1007/8623_2016_8, © Springer Science+Business Media LLC 2016, Published online: 25 October 2016

*These authors contributed equally to the work.

1



degrees of positive or negative curvature are accessible that mimic
localized regions of membrane curvature found in biological cell
membranes [14]. In addition, metal nanoparticles have unique opti-
cal and electronic properties that allow detection of protein-
membrane interactions in solution [10, 11]. The LSPR of metal
nanoparticles is sensitive to changes in the refractive index of its
surroundings. Therefore, they can report on protein-membrane
interactions without the use of labels on either the lipids or the
protein.

Many methods describing the preparation of lipid-coated
nanoparticles with a variety of size, shape, and membrane composi-
tions have been reported and proceed either by the reduction of
gold chloride in the presence of the lipids [4, 8, 14–18] or lipid
coating of pre-synthesized AuNPs [8, 19]. In many of these exam-
ples, there is an excess of lipids not bound to the nanoparticle
surface. This is problematic as free lipids can undergo lipid
exchange with lipid-coated nanoparticles and can complicate bind-
ing studies involving the use of nanoparticles. Consequently, these
nanoparticles must be purified, which can be challenging.

One approach to addressing membrane instability on surfaces is
through the use of hydrophobic thiols to anchor membranes to the
surface. We, and others, have demonstrated that hydrophobic
thiols form hybrid bilayer membranes on both planar and
nanoparticle-based surfaces that are more stable [4, 19–23].

Here we report a protocol for the preparation of hybrid lipid-
coated AuNPs that can be applied to any size and shape AuNP. The
design strategy controls the amount of lipids and other components
present during the coating process. Multiple approaches for the
preparation of hybrid lipid-coated AuNPs are included. In one
example, uniform spherical AuNPs up to 100 nm diameter are
obtained from octahedral AuNPs. In another, citrate-capped
AuNPs are used directly as a simpler route to smaller spherical hybrid
lipid-coated AuNPs. In order to increase the affinity of lipids to the
AuNPs, a method for firmly attaching the membrane to the gold
surface using hydrophobic alkanethiols as anchoring groups is
described. A protocol that optimizes the amount of lipids, alka-
nethiols, and other components during the coating process is also
described. Transmission electronmicroscopy (TEM) is used to char-
acterize the size and shape of the AuNPs, while dynamic light scat-
tering (DLS) and UV-Vis are used to probe protein binding to the
lipid-coated AuNPs as well as examine their stability. This protocol
allows researchers to produce a library of hybrid lipid-coated AuNPs.

2 Materials

2.1 Synthesis of

AuNPs

Ethylene glycol (Oakwood Chemical, Estill, SC), poly(diallyldi-
methylammonium chloride) (Sigma Aldrich, St. Louis MO),
phosphoric acid (J.T. Baker, Center Valley, PA), hydrogen

2 Desmond J. Hamilton et al.



tetrachloroaurate (III) (STREM Chemicals, Newburyport, MA),
sodium cyanide (Alfa Aesar, Ward Hill, MA), FCF300-Cu formvar
carbon film on 300 mesh copper grids (Electron Microscopy
Sciences, Hatfield, PA).

2.2 Lipids and Other

Agents for Assembly of

Coated AuNPs

Sodium oleate (TCI AMERICA, Portland, OR), L-α-phosphatidyl-
choline (PC) 30% (Sigma Aldrich, St. Louis MO), L-α-phosphati-
dylcholine 95%, 1,2-dilauroyl-sn-glycero-3-phosphocholine
(DLPC), and 1,2-dioleoyl-sn-glycero-3-[phospho-L-serine] (Avanti
Polar Lipids, Alabaster, AL), Chloroform (BDH, VWR, West Che-
ster, PA), activated alumina (EM science, Gibbstown, NJ), propa-
nethiol (Acros Organics, Morris Plains, NJ), hexanethiol (Alfa
Aesar, Ward Hill, MA), decanethiol (Alfa Aesar, Ward Hill, MA),
cholesterol (Sigma Aldrich), hydrogenated phosphatidylcholine
(Avanti Polar Lipids, Alabaster, AL). Phosphate buffered saline
(PBS) (Amresco, Solon, OH): sodium phosphate dibasic anhy-
drous, potassium phosphate monobasic, potassium chloride,
sodium chloride. PIPES buffer: piperazine-N,N0-bis(2-ethane-
sulfonic acid), calcium chloride, sodium chloride. HEPES buffer:
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid.

2.3 Protein-Binding

Studies with Lipid-

Coated AuNPs

Human C-reactive protein (Academy Biomedical Company,
Houston, TX), Hexafluoroisopropanol (HFIP) (Sigma Aldrich).
Aβ1–42 (lyophilized powder stored at �20�C in HFIP) (Anaspec,
Fremont, CA).

3 Methods

AuNPs are synthesized by reducing AuIII ions to Au0 with a reduc-
ing agent such as sodium citrate or sodium borohydride in the
presence of an appropriate capping agent [4, 5, 24, 25]. Further-
more, the size and shape of the nanoparticles can be tuned (and
through that the optical and electronic properties altered) by
changing the synthetic reaction conditions [26], such as the gold
source (chloroauric acid or bromoauric acid), reducing agents [25],
temperature, solvents [4, 5], and additives used [18, 27]. Here we
describe a method for preparing ultrasmooth spherical AuNPs
where lipid membranes coat the surface and allow for the study of
protein-membrane interactions.

3.1 Route 1:

Synthesis of

Ultrasmooth, Spherical

AuNPs from

Octahedral AuNPs

3.1.1 Synthesis of

Octahedral Gold

Nanoparticles

Uniform octahedral AuNPs are synthesized using modifications to
published methods where the size of the octahedral AuNPs can be
manipulated by using varied concentrations of acid [28, 29].
Charge a 250 mL glass bottle with 200 mL of ethylene glycol,
4.00 g poly(diallyldimethylammonium chloride) and 8.00 mL of
1 M H3PO4 and stir for 15 min. Add 200 μL of 0.5 M HAuCl4 in
H2O and stir for 15 min. Transfer 10 mL aliquots into 20 mL
scintillation vials, add a stir bar to each, and seal with electrical tape.

Lipid-Coated Gold Nanoparticles as Probes for Membrane Binding 3



Place sealed vials into a 197�C oil bath with a stir bar and stir the
solution rapidly for 30 min. Remove the samples from the hot oil
bath and allow them to cool while stirring. Uniform heating of the
solutions is imperative to minimize the formation of polydisperse
nanoparticles.

3.1.2 Conversion of

Octahedral to Spherical

Gold Nanoparticles by

Etching

Using a modified etch procedure from the literature [28], convert
octahedral AuNPs to spherical AuNPs with the addition of NaCN.
The size of the spherical AuNPs produced is directly related to the
edge length of the starting octahedral AuNPs. (1) Calculate the
total number of AuIII atoms per mL of octahedral AuNPs used in
the initial synthesis. (2) Experimentally determine the moles of
CN� required to etch octahedral AuNPs to spheres. Start by
using the moles of CN- calculated using Eq. (1). Add that amount
of CN� to the unpurified octahedral AuNP solution and stir rapidly
for 20 h. Increase the amount of cyanide sequentially until spheres
are obtained. Start by using the moles of CN� calculated using
Eq. (1) (see Note 1). (3) After 20 h of stirring, purify the spherical
AuNPs using four rounds of centrifugation and sonication. Centri-
fuge the AuNPs until the supernatant is clear, remove the superna-
tant, resuspend the pellet in 1 mL Milli-Q H2O, and sonicate in a
bath sonicator for 10 min. (4) Obtain UV-Vis spectra of the AuNPs
before and after etching and of the purified AuNPs (Fig. 1). Exam-
ine the UV-Vis spectra and note if a shift of the LSPR band for the
octahedral AuNPs from longer (Fig. 1, blue trace) to shorter
wavelengths (Fig. 1, red trace) is observed after CN� etching and
purification (Fig. 1, green trace). (5) Perform TEM (FEI Tecnai G2
TEM with a Gatan Ultrascan 1000 digital camera) with AuNPs
before and after CN� etching of octahedral-shaped AuNPs to
confirm shape conversion. Count the number of particles in the
TEM images and obtain a ratio of octahedral to spherical AuNPs.
Octahedral AuNPs are expected to have distinguishable vertices
and edges (Fig. 2a), while AuNPs after CN� etching will have a
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rounded morphology (Fig. 2b). If the TEM images show greater
than 5% of octahedral-shaped AuNPs compared to spherical
AuNPs, more CN� is required.

Equation 1:Moles of CN� to add when etching octahedron AuNPs to
spherical AuNPs.

# of Au ions used in synthesis permL
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Fig. 1 Representative UV-Vis spectra of octahedral AuNPs converted to spherical AuNPs. Traces are of
unpurified octahedral AuNPs (blue), purified x4 octahedral AuNPs (red), and purified x4 spherical AuNPs (green)

Fig. 2 Representative TEM images of spherical AuNPs before (a) and after (b) etching octahedron AuNPs. Scale
bar ¼ 200
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#mol of CN� required
1mLof octahedral solution

3.2 Route 2:

Preparation of Citrate-

Capped Spherical

AuNPs

Smaller AuNPs can also be synthesized directly by citrate reduction
of chloroauric acid [25, 30]. However, the drawback to citrate
reduction is the presence of a minority population of asymmetric
nanoparticles. Regardless, these can also be used for the formation
of hybrid lipid-coated AuNPs.

3.2.1 Sodium Oleate-

Capped AuNPs

Prepare citrate-capped AuNPs according to the Turkevich method
and store at 4�C [25]. Dissolve 0.016 g of sodium oleate in 5 mL of
Milli-Q H2O and mix well before use. Add 5 μL of sodium oleate
(10 mM) in H2O to 1mL of AuNPs (Optical Density (OD) ¼ 0.7)
and stir for 30 min to produce sodium oleate-coated AuNPs prior
to liposome encapsulation (seeNote 2). Protect the oleate solution
from light by wrapping the tube with aluminum foil (see Note 3).

3.3 Lipid Coating of

AuNPs Prepared from

Etched Octahedra or

Citrate-Capped

Spheres

3.3.1 Preparation of

Liposomes

Dissolve PC in chloroform (see Note 4). Slowly evaporate the PC
solution into an even film under N2 in a scintillation vial and place
under vacuum for at least 12 h to remove residual organic solvents,
then backfill with N2 prior to storage at �20�C. Rehydrate the film
in 1 mL of Milli-Q H2O, shake rapidly to suspend liposomes, and
sonicate for 10–60 min at 25�C in a bath or cup-horn sonicator to
size the liposomes down (see Note 5). Extrude 1 mL of the resus-
pended PC liposomes 15 times through a polycarbonate filter with
100-nm pore size. Verify liposome size using DLS (seeNote 6). It is
also possible to change the ratio, type of lipids, and incorporate
other membrane components. For example, to increase the sensi-
tivity to changes of the LSPR band of AuNPs, lipids with shorter
chain lengths (e.g., DLPC) can be used (see Note 7). Increased
LSPR sensitivity becomes important especially when using lipid-
coated AuNPs as nanosensors to detect and study protein-
membrane interactions (Sect. 3.7). Since the refractive index
change of AuNPs increase near the surface of AuNPs, thinner
lipid coating is expected to increase the sensitivity of the nanosensor
system. It is also possible to modify the membrane compositions to
include cholesterol, PS, or hydrogenated PC (see Note 8).

3.3.2 Preparation of

Alkanethiol Solution

Prepare a 1 mM alkanethiol solution. Shorter alkanethiols such as
propanethiol can be prepared by dissolving 1 μL of neat propa-
nethiol in 10 mL of Milli-Q H2O that is degassed with N2 to
provide a 1 mM stock. Longer-chain thiols that are more hydro-
phobic, such as hexanethiol or decanethiol, are prepared in ethanol
degassed with N2 (see Note 9).

6 Desmond J. Hamilton et al.



3.3.3 Coating of Hybrid

Lipid Membranes on AuNPs

Add the optimized concentration of PC liposomes (see Sect. 3.4.2
for optimization method) to the spherical AuNPs (Fig. 3, blue
trace) (obtained from either Sects. 3.1.2 or 3.2.1), stir for
30 min, and monitor the LSPR (see Note 10). Add the optimal
amount of alkanethiol (see Sect. 3.4.1 for optimization method) to
this solution, stir for 1 h, and monitor LSPR band (Fig. 3, red
trace). If the LSPR band stops shifting within 30 min of alkanethiol
addition, the coating process is finished. However, if CN� etch tests
show a blue shift in the LSPR band or decrease in OD, then too
little thiol has been added.

3.4 Optimization of

PC and Alkanethiol

Concentrations for

Complete

Encapsulation of

AuNPs by Liposomes

The optimal concentration of liposomes and thiols is determined
using cyanide stability assays. The optimal concentration of alka-
nethiols is determined before optimizing the lipids, as this provides
a more efficient route to assessing the concentration of membrane
components that lead to complete AuNP coverage and stability.
This approach can be used to optimize coating of any size or shape
nanoparticle.

3.4.1 Determine the

Optimal Concentration of

Alkanethiols

Purify the spherical AuNPs as described in Sect. 3.1.2 with four
rounds of centrifugation and sonication. Next, for the purpose of
alkanethiol optimization, add an excess amount of lipids to coat
1 mL of 40 nm spherical AuNPs (OD ¼ 0.5) based on a calculation
of the surface area and the assumption that a single lipid occupies
0.72 nm2 [31, 32], stir, and monitor the LSPR band by UV-Vis
spectroscopy. To this AuNP solution, add the alkanethiol stock
solution (1 mM) in serial additions (start with 1–5 μL each addi-
tion). Incubate the lipid-coated AuNP solution with NaCN (26 μL
of 0.1 M in Milli-Q H2O) for 12 h and take a UV-Vis spectrum.

Fig. 3 Representative UV-Vis spectra of purified spherical AuNPs without hybrid
lipid membranes (blue) and spherical AuNPs with hybrid lipid membranes (red)
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Examine the LSPR band before and after CN� addition. If no
LSPR change is observed, the surface of the AuNPs are coated
with enough alkanethiol and lipids to form a complete hybrid
membrane that is stable to cyanide etch (seeNote 11). This cyanide
etch test is important as it confirms that there are no bare patches of
gold surface available for proteins to bind to instead of the mem-
brane surrounding the gold core.

3.4.2 Optimal

Concentration of

Liposomes

As a starting point, add various amounts of PC liposomes (0, 0.10,
0.20, 0.30,. . .1.0 μmoles of 10 mM) to separate 1 mL aliquots of
purified spherical AuNPs (OD between 0.5 and 1.0) and stir for
30 min. Add the experimentally determined amount of alkanethiol
(Sect. 3.4.1), stir for 1 h, and take a UV-Vis spectrum. To each
solution add 26 μL of NaCN (0.1 M in H2O), stir for at least 12 h,
and take another UV-Vis spectrum. Overlay and compare the two
spectra, and determine if there is a change in OD or shift in LSPR
band. No change in the OD or shift in LSPR demonstrates CN�

impermeability and success in fully encapsulating the AuNP with
the membrane (Fig. 4, blue and red traces). If a decrease in the OD
and change in color from red to colorless are observed, these
changes indicate the presence of bare patches of gold surface or
membrane permeability where CN� ions are able to etch the gold
surface transforming Au0 to AuI (Fig. 4, green trace).

3.5 Nanoparticle

Purification

As prepared, nanoparticles are often heterogeneous in size and
shape. Furthermore, synthesis and coating procedures often result
in unbound ligands. For these reasons, purification is often
required. For example, lipid-coated nanoparticles can be separated
from free liposomes, nanoprisms [27] can be separated from
spheres, and octahedra can be separated from spheres. Therefore,
to prepare monodisperse nanoparticle samples of one size or shape

Fig. 4 Representative UV-Vis spectra of lipid-coated spherical AuNPs before
addition of NaCN (blue), 12 h after addition of NaCN (red), and spherical AuNPs
without lipid coating 12 h after addition of NaCN (green)
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free of excess liposomes, use the sucrose gradient method to purify
the AuNPs.

3.5.1 Sucrose Gradient

to Purify Nanoparticles

a. Add 2 mL each of 80% sucrose (w/w), 70% sucrose, 60%
sucrose, 50% sucrose, and 40% sucrose to a 15 mL centrifuge
tube to make a gradient with the highest concentration on the
bottom of the tube. Add 5 mL of crude AuNPs (OD ¼ 0.9) on
top of the sucrose gradient slowly to minimize disturbance of the
boundary.

b. Centrifuge the sample at 2000g for 2 h at 4�C and 1 h at 20�C.
Upon centrifugation, the crude nanoparticles will spread across
the sucrose gradient as pink or purple bands. The larger AuNPs
settle at the bottom of the centrifuge tube, while most of the
nanospheres with smaller sizes (pink) remain in top sucrose
fractions between 40% and 70%. Retrieve the desired AuNPs
using a pipette (see Note 12).

c. Transfer the collected pellets to a 1.5 mL Eppendorf tube.
Dilute the pellets to 1.5 mL with Milli-Q H2O, and centrifuge
the solution at 5223g for 10 min. Remove the clear supernatant
from the pellet, and repeat the centrifugation five times to reduce
the sucrose concentration to less than 0.3% (see Note 13).
Resuspend the nanoparticles in 1 mL of Milli-Q H2O (see
Note 14).

3.6 Nanoparticle

Characterization

3.6.1 Nanoparticle

Characterization by UV-Vis

Spectroscopy

UV-Vis spectroscopy is a convenient method to examine the optical
and electronic properties of AuNPs that are governed by the size and
shape of the nanomaterials. In addition, it is a good technique for
evaluating if there is complete membrane coverage of the hybrid
lipid-coated AuNPs [14, 20, 33]. Use UV-Vis spectroscopy to
determine if octahedral particles have been etched as shown in Fig. 1,
to monitor the construction of the hybrid lipid membrane as shown
in Fig. 3, and to determine if the hybrid lipid membrane forms an
ion-impermeable membrane as shown in Fig. 4 (see Note 15). UV-
Vis can also be used to determine the size and shape of the AuNPs
[34].

3.6.2 Nanoparticle

Characterization by TEM

TEM is an efficient method for evaluating the size and morphology
of nanomaterials. OD of samples used for TEM deposition is
between 0.5 and 1.0.

a. Method 1: Drop 3 μL of AuNP solution onto a piece of parafilm.
Place the grid with the carbon-coated (darker) side upside-down
on the AuNP droplet using fine-tipped tweezers. Incubate for
3 min, and wash the grid with H2O droplet to remove excess
AuNPs. Blot the additional H2O off the grid using the edge of
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filter paper and dry overnight before TEM data collection (see
Note 16).

b. Method 2: Drop 5 μL of the AuNP solution onto the carbon-
coated copper grid, let sample sit for 5 min, then “wick off”
excess material with the edge of a piece of filter paper, or allow
the H2O to evaporate (see Note 17). Repeat twice before the
samples are allowed to dry in open air overnight before TEM
data collection.

3.6.3 Nanoparticle

Characterization by DLS

DLS is an efficient method to determine the hydrodynamic dia-
meter of the AuNPs upon coating, and changes in size can be used to
detect protein binding. This method is most reliable for spherical
nanoparticles than for nanoparticles that are anisotropic.
To measure the hydrodynamic diameter of membrane-coated
nanomaterials, warm up the DLS instrument 1 h before use. Pre-
pare solutions of AuNPs with an OD between 0.2 and 1.0. The OD
of the AuNP solutions will affect the DLS data quality. That is, if the
OD of the AuNPs is too low or high, this will result in a decrease or
increase in the amount of scattered light by the nanoparticles as
recorded by DLS and an inaccurate assessment of the actual hydro-
dynamic diameter in solution.

3.7 Protein-Binding

Studies with Hybrid

Membrane-Coated

AuNPs

Here we describe the use of hybrid lipid-coated AuNPs to detect
and study protein-membrane interactions. A few studies are
described in detail below and include interactions with C-reactive
protein (CRP) and in Beta amyloid (Aβ) peptides. CRP is an
inflammatory cardiovascular biomarker that is linked to stroke,
death, and myocardial infarction [35]. It is known to bind to lipids
through a calcium-bridging mechanism [36, 37] and to low-
density lipoprotein particles, enhancing their uptake by macro-
phages and the formation of foam cells [38]. Aβ is a peptide
found in high concentrations as oligomers or fibrils in the brain
and is thought to play a significant role in Alzheimer’s disease
[39–42]. While the physiochemical properties of Aβ oligomers are
not well understood, they are known to permeate and disrupt
membranes [41, 43], induce oxidative lipid damage, and cause
lipid release in neurons [44, 45]. In vitro studies have demonstrated
that Aβ binds to membranes with high cholesterol and glycosphin-
golipids content and causes sporadic cytosolic-calcium signaling in
both astrocytes and neurons [46, 47]. Consequently, CRP and Aβ
are excellent substrates for evaluating their interactions with biomi-
metic membrane platforms as described here.
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3.7.1 Aβ Peptides Prepare Aβ oligomers by adding Aβ1–42 peptides (10 μL of 222 μM
inHFIP) to 90 μL of 10 mMHEPES for pH 6.5 or 10mM sodium
phosphate pH 8.0. Incubate the Aβ1–42 peptide solutions at 4�C for
24 h to allow for oligomerization. Buffer the coated AuNPs with
10 μL of 1 M HEPES buffer at pH 6.5 or 10 μL of 1 M sodium
phosphate buffer at pH 8.0. Add Aβmonomers or oligomers to the
hybrid lipid-coated AuNP solutions to yield final concentrations of
2 μM for monomers or 2 μM for oligomers. Take DLS measure-
ment in a quartz cuvette before and 15 min after the introduction
of Aβ. A typical DLS result is shown in Fig. 5. If an increase in the
hydrodynamic diameter is observed in the presence of lipid-coated
AuNPs (Fig. 5, blue trace) and Aβ, this indicates the Aβ species is
binding to the membranes encapsulating the gold core (Fig. 5, red
trace).

3.7.2 C-Reactive Protein Prepare 1 mL of hybrid lipid-coated AuNPs (OD ¼ 0.7). Add
0.5 mL of PIPES buffer with Ca2+ (pH 6.4, 30 mM PIPES,
2 mM CaCl2, 140 mM NaCl) to AuNPs and stir for 30 min. Add
5 μL of CRP (1 mg/mL) in the solution and stir for 30 min. For a
control, use 0.5 mL of PIPES buffer without Ca2+ (pH 6.4, 30 mM
PIPES, 140 mM NaCl) to buffer the solution. With Ca2+ in the
solution (Fig. 6, red trace), addition of CRP causes a 3 nm red-shift
of the LSPR band. In the control group (Fig. 6, blue trace),

Fig. 5 Representative DLS distributions of the average hydrodynamic diameter
AuNPs coated in PC and hexanethiol before (blue) and 15 min after the addition
of 2-μM Aβ1–42 monomers (red) in 10-mM sodium phosphate buffer at pH 8.0
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without Ca2+ in the solution, addition of CRP does not show a
significant shift of the LSPR band (Fig. 6).

4 Notes

1. Cyanide assists in the selective oxidation of Au0 atoms at the
vertices of octahedral AuNPs, and when an optimized concen-
tration of NaCN is used, spherical AuNPs are formed. Experi-
mentally, between 2 and 2.5 times, the calculated amount of
CN�, with Eq. (1), is required to produce mostly spherical
AuNPs. Too little CN� results in truncated octahedral
AuNPs, while too much CN� leads to misshaped spherical
AuNPs. Equation (1) was developed by assuming a 100%
yield of octahedral AuNPs from the initial AuIII used and the
amount of Au0 atoms that are required to be removed from an
octahedral AuNP to form spherical AuNPs.

2. Sodium oleate addition is not required when using etched
octahedral AuNPs.

3. The sodium oleate can be mixed by sonicator or vortex mixer
to reduce bubbles formed during mixing and to ensure all the
solid is dissolved. Sodium oleate solutions are stored under N2

gas.

4. Chloroform is filtered through basic alumina to remove HCl
impurities that promote decomposition of the lipids.

5. The liposome solutionwill appear cloudy indicating largemulti-
lamellar liposomes prior to sonication and will become trans-
parent and clear after sizing to smaller liposomes.

6. Prepare the sample for DLS instrument (Zetasizer Nano S90)
by adding 10 μL of 10 mM extruded liposomes to 1 mL of
Milli-Q H2O and mix well. Use liposome stocks within 5 days

Fig. 6 LSPR band shift of CRP addition (at 30 min) to PC and hexanethiol-coated
spherical AuNPs with Ca2+ (red) and without Ca2+ (blue)
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of hydration to minimize oxidation present in liposome
formulations.

7. Prepare DLPC film by dissolving 124 mg of DLPC in 20 mL of
cyclohexane, and remove the solvent by slow evaporation using
N2 gas, dry the films under vacuum for 24 h, and store at
�20�C under N2 gas. Resuspend the lipid film in 1 mL of
10 mM HEPES buffer pH 6.5, sonicate the liposome stock
solution for 1 h, and extrude 1 mL of liposome stock solution
15 times through a polycarbonate filter with 100-nm pore size.
Verify the size of the resulting liposomes by DLS.

8. Membranes comprised of HyPC only are prepared by dissol-
ving HyPC in CHCl3 and using 42 μL of 21.6 mM to prepare
the film. For mixed membrane compositions such as PC-
cholesterol, these are prepared by dissolving PC and choles-
terol in CHCl3, which are then combined to form a thin film
where the PC-cholesterol ratio is 1:1 ratio (25 μL of 21.6 mM
PC: 25 μL of 21.6 mM cholesterol). The ratio, lipid type, and
composition can all be varied. Other compositions can be a
1:1:1 ratio PC-cholesterol-sphingomyelin (50 μL of 21.6 mM
PC: 50 μL of 21.6 mM cholesterol: 100 μL of 10.8 mM
sphingomyelin). Once films are prepared, desiccate the lipid
films under vacuum for 12 h to remove residual organic sol-
vents that hinder liposome formation. Reconstitute all films
with 2 mL 10 mM PBS buffer (~ pH 7.0), and sonicate lipid
solution for 90 min at 25�C.

9. Alkanethiol stock solutions should be used within 24 h, as
thiols oxidize readily.

10. Liposomes must be added first as the particles will aggregate if
alkanethiols are added first.

11. An excess of alkanethiol, usually 10–20% of the experimentally
determined optimal concentration, is used as this yields more
consistent results when determining complete membrane
encapsulation of AuNPs in order to achieve ion impermeability
prior to protein binding studies.

12. Collect as little sucrose solution as possible to reduce the
difficulty of purifying AuNPs from sucrose solution. Collect
only the most AuNP concentrated band to limit the volume of
sucrose solution. Regardless, there will be some loss of AuNPs
during separation.

13. The concentration is calculated based on an assumption that
the 80% sucrose solution collected is less than 0.5 mL. Then,
every centrifugation after this will reduce 66% of the sucrose.
Normally, five rounds of centrifugation are enough to bring
the sucrose concentration down to below 0.3%.
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14. The speed and time of centrifugation can be varied. An increase
in speed can increase the recovery of gold nanoparticles but
increase nanoparticle aggregation. To prevent aggregation of
gold nanoparticles, decreasing centrifugation speed or time for
each repeated centrifugation is a recommended method since
the solution becomes less viscous as the sucrose concentration
decreases.

15. When octahedral AuNPs are converted to spheres, a blue shift
in LSPR band is observed; and when the hybrid lipid mem-
brane encapsulates AuNPs, a red-shift in LSPR band is
expected, as the refractive index at the surface of the AuNPs
has increased. During CN� stability assays, if a blue shift or loss
in OD is observed, the membrane likely does not completely
encapsulate the AuNPs.

16. To optimize the sample attachment to the grid, glow dischar-
ging can be applied to the grid before incubation. Also, the
incubation can be longer than 3 min if the sample is dilute. To
visualize the lipid membrane on the surface of the AuNPs, the
lipid-coated AuNPs can be stained by uranyl acetate or ammo-
nium molybdate, which should be prepared fresh before use.

17. The drop of a sample should cover the grid, and if static
electricity is experienced upon drop casting then try the alter-
native method described in Sect. 3.6.2, Method 1.
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Delving into Lipid-Driven Endocytic Mechanisms
Using Biomimetic Membranes

Josef Madl*, Sarah Villringer*, and Winfried Römer

Abstract

Endocytosis is an essential mechanism in cell biology. Besides clathrin-mediated or caveolin-dependent
processes, also routes independent of these players have been identified. One example is the formation of
endocytic structures which is driven by lectin-induced clustering of glycosphingolipids. For example, the
binding of the B-subunit of Shiga toxin to its lipid receptor Gb3 in the plasma membrane induces the
formation of tubular invaginations and finally results in the cellular uptake of the lipid-binding lectins.
Studying such processes in cells is challenging due to the heterogeneous membrane composition. Synthetic
membrane systems such as giant unilamellar vesicles (GUV) allow reconstituting of such processes in a
minimal biomimetic membrane environment. Thereby, the molecular mechanism can be studied and
understood in more detail. We present the basic principles for the preparation of GUVs and how they
can be employed for investigating lipid-driven endocytic processes.

Keywords Electroformation, Endocytosis, Giant unilamellar vesicle, Glycolipid, Shiga toxin, Syn-
thetic membrane system

1 Introduction

Biological cells, the principal building blocks of living organisms,
employ protein-loaded lipid bilayer membranes to enclose their
cytoplasm and thereby maintain defined concentrations of a pleth-
ora of biomolecules, such as energy carriers, signaling molecules,
structural elements for shaping the cell, or nucleic acids for storing
genetic information. The cellular plasma membrane is tight and
practically impassable for large molecules such as proteins or nucleic
acid strands. Especially charged or polar molecules cannot readily
permeate through the lipid barrier, even if they are small. Never-
theless, the exchange of substances is absolutely required for main-
tenance of metabolic processes, to allow cell growth and
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proliferation, as well as for receiving or sending of signals. Accord-
ingly, in order to enable such exchange, controllable cellular
import/export routes are crucial. Endocytosis is vital for substance
uptake in every living cell. There are different types of endocytosis,
e.g., clathrin-mediated endocytosis, caveolin-dependent endocyto-
sis, clathrin- and caveolin-independent endocytosis processes, and
mechanisms such as phagocytosis or macropinocytosis [1]. Any
endocytic process requires that either a membrane invagination is
formed or that the cargo is engulfed via cell protrusions followed by
cellular uptake. Membrane curvature can be induced by various
mechanisms, for example, by a change in the lipid composition,
by applying a force on the membrane, or by direct membrane
scaffolding [2]. In any case, energy is required for a significant
membrane deformation. The best studied endocytosis process is
clathrin-mediated endocytosis [1]. Here, clathrin coat proteins are
required to stabilize an initial negative membrane curvature. By
subsequent action of a complex protein machinery, a membrane
bud is formed which grows until finally a vesicle can be pinched off
from the plasma membrane by the GTP-consuming action of
dynamin. Also actin is essential for many endocytosis mechanisms,
where the driving force of membrane deformation is provided by
actin polymerization or by myosin movement along actin filaments.

Nonetheless, it was shown that some cargo proteins can induce
formation of endocytic structures for cell entry by themselves even
without relying on an active endocytosis machinery [3, 4]. Such
proteins, e.g., the B-subunit of Shiga toxin (StxB), bind to glyco-
sphingolipids in the plasmamembrane. StxB has 15 binding sites for
its host cell receptor, the glycosphingolipid globotriaosylceramide
(also calledGb3,CD77, or Pk blood group antigen).Upon binding,
the protein/glycolipid complexes interact to form nanoclusters.
Thereby, due to protein-assisted membrane demixing and local
enrichment of Gb3 molecules, a negative curvature is imposed
onto the membrane [3, 5]. Ultimately, this process results in the
formation of polymorphic tubular structures that are connected to
the cell surface. In the case of StxB, actin polymerization was found
to be necessary for completing the endocytosis, i.e., for scission of
such tubular structures from the plasma membrane, at least in a
physiological context at 37�C [5]. On a side note, by significantly
lowering the temperature, such tubular structures were found to
undergo scission spontaneously, without further energy consump-
tion, at least when cholesterol was present. The latter requirement
underlines the importance of the lipid membrane composition for
endocytic processes [5]. While the completion of endocytosis
requires cell-supplied energy, the initial formation of endocytic
structures can also occur without additional energy, e.g., in the
form of ATP or GTP consumption, but only with the binding
energy that is provided from the binding of the ligand to its receptor
in the plasma membrane. Here, the released binding energy is
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sufficient to overcome the bending rigidity of the membrane and to
form small endocytic structures. Aside from StxB, also other patho-
gens or pathogenic factors, like Simian virus 40, polyomavirus, or
the B-subunit of cholera toxin (CtxB), are able to exploit host cell
plasma membrane glycosphingolipids to enter and eventually infect
cells [4, 6]. After binding to the respective glycosphingolipids, these
molecules or particles enter the cells via endocytic routes that do not
involve the elaborate network of clathrin-mediated endocytosis. As
StxB, these bacterial toxins and viruses can induce tubular plasma
membrane invaginations without the help of cytosolic protein
machinery through the dynamic assembly of protein/lipid nanodo-
mains whose intrinsic properties lead to membrane bending and
ultimately invagination of the plasmamembrane. In the given exam-
ples, controlled depletion of the cells’ energy or inhibition of endo-
cytic key players as dynamin or actin allows to uncouple the
membrane invagination from the subsequent scission step suggest-
ing that cellular factors are not required for the formation of the
invaginations, but for their processing [4, 7].

The highly complex structural and functional organization of
cellular membranes is mainly governed by specific interactions
between various membrane proteins and lipids. Usually top-down
strategies are applied in order to gain understanding about cell
biological principles such as membrane reorganization or reshaping.
One approach is to visualize the molecules of interest using fluores-
cence microscopy after labeling them chemically or by fusion to
fluorescent proteins. Furthermore, the activity of key players can be
blocked by specific inhibitors, and their expression levels can be
reduced by genetic knockdown. Of course, these are just a few of
the potential strategies for investigating cellular processes. However,
despite these versatile methods and toolboxes, studying mechanistic
details of molecular interactions between distinct proteins or lipids
directly within the membrane of living cells is still challenging due to
the fact that the membrane composition is very heterogeneous and
because cellular processes are highly interlaced. Here, bottom-up
approaches are very promising [8]. The use of minimal artificial
membrane systems allows obtaining a more detailed understanding
of the role of individual key players in such processes. For instance,
giant unilamellar vesicles (GUVs) have been utilized for the success-
ful reconstitution of complex biological processes such as the above-
described induction of endocytic structures by bacterial or viral
carbohydrate-binding protein complexes [3, 5, 6, 9]. Especially,
the Gb3-driven membrane tubulation was successfully reconstituted
in a minimal membrane system composed of a simple phospholipid
species, i.e., DOPC, cholesterol, and theGb3 glycosphingolipid with
a fraction up to 5 mol%. Upon addition of StxB, e.g., 200 nM, to
these minimal protocells, the same processes as in native cells
occurred, starting from binding of the ligand to the membrane
receptors, emergence of nanoclusters, and ultimately the formation
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of membrane tubules with a topology closely resembling those from
native plasmamembranes (see Fig. 1a). The functional reconstitution
of this process in the minimal biomimetic system was direct proof of
a proposed mechanism in living cells, which suggested that cargo
complexes themselves can manipulate a cellular membrane for their
endocytosis. In addition, biomimetic membranes have the advantage
that mechanistic details can be studied at a level of controllability,
which cannot be reached in cells. For example, the role of the fatty
acyl chains of Gb3 was investigated upon engineering the fatty acid
backbone and introducing them into GUVs [3]. Only cone-shaped
lipids (Gb3 analogue with a single unsaturated acyl chain) allowed
the formation of inward-pointing membrane tubules (negative cur-
vature). Binding of StxB to more cylindrically shaped lipids (Gb3
analogue with a saturated acyl chain) yielded less or no membrane
reshaping and tubulation [3]. Furthermore, GUVs also provide the
possibility to analyze the role of the carbohydrate-binding molecules

Fig. 1 StxB binding to Gb3-containing GUVs. (a) 200 nM Cy3-labeled StxB (red) was added to GUVs composed
of 64 mol% DOPC, 30 mol% cholesterol, 5 mol% Gb3, and 1 mol% of BODIPY-C5-HPC as membrane marker
(green). StxB binds to the GUV membrane and induces tubule formation. (b) GUVs were electroformed at 53�C
using a lipid mixture of 3:1:3 DOPC–cholesterol–sphingomyelin with 5 mol% Gb3. After cooling to room
temperature, phase separation occurs, which leads to formation of different domains with a high and a low
degree of lipid ordering. The membrane marker (green) is excluded from the highly ordered domains. Gb3 is
localized in the ordered domains indicated by StxB-Cy3 binding to these domains (red, 200 nM). Here, due to
the higher membrane tension, no membrane tubulation is induced. Scale bars 10 μm
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with high precision. For instance, a study on a trimeric lectin from
Ralstonia solanacearum (RSL) and reengineered RSL neo-lectins
showed that the valency, i.e., the number of binding pockets, is
important for membrane bending but that especially the intramolec-
ular distances between the binding pockets are crucial for tubule
formation [4, 10].

Beyond that, GUVs offer even more advantages since factors
such as geometrical or mechanical parameters can be varied or
directly determined. This allows developing simple theoretical
models based on experimental data and to confirm or reject a
hypothesis on molecular mechanisms [11]. For instance, the lipid
zipper, a process where a pathogenic bacterium, i.e., Pseudomonas
aeruginosa, is triggering its cellular invasion by binding to Gb3 in
the plasma membrane, could be reproduced in GUVs simply by
introducing this glycosphingolipid into the GUV membrane and
“infecting” the liposomes with living bacteria [11]. Here, theoreti-
cal modeling confirmed that the binding energy of the bacterial
lectin LecA, which is localized on the surface of P. aeruginosa, to
Gb3 in the host membrane is sufficient to induce membrane
engulfment of the bacterium. Due to the simple geometry, GUVs
can be utilized to investigate other endocytic processes such as
phagocytosis by performing force measurements using optical
tweezers. By this means, Meinel et al. were able to develop models,
which yield the force and energy landscapes that particles encounter
during induced phagocytic uptake into a biomimetic liposome
[12]. Furthermore, by applying assays such as micropipette aspira-
tion on GUVs, mechanical parameters like membrane tension can
be measured directly or altered during the experiment [13]. Even
without sophisticated technical setups, it is possible to modify the
mechanical GUV characteristics, e.g., by adapting the osmolarity of
the surrounding buffer solution to induce an osmotic pressure for
altering the membrane tension or by utilizing photoinduced mem-
brane softening [3]. The possibility to fully control or determine
various factors and parameters allows testing biophysical models of
membrane-bending mechanisms with high fidelity. The abovemen-
tioned examples represent only a small fraction of potential applica-
tions, but they highlight the advantages of using minimal
biomimetic membrane systems such as GUVs for studying cell
biological principles.

Besides GUVs, supported lipid bilayer (SLB) membranes can
be used as biomimetic surfaces to study the binding of ligands to
their respective membrane receptors (see Fig. 2) [14]. SLBs are
usually formed on a rigid support, e.g., on glass or on mica
(a mineral which can be easily prepared as an ultra-flat substrate).
Since the supports are flat, they are useful for techniques such as
conventional widefield epifluorescence microscopy or total internal
reflection fluorescence (TIRF) microscopy [15] and also for non-
optical high-resolution techniques such as atomic force microscopy
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(AFM). AFM is a probe-based microscopy approach that allows
imaging the sample topography with a resolution down to a few
nanometers under physiological conditions [16]. In addition, AFM
can be utilized, e.g., to measure mechanical sample characteristics
or interaction forces between ligand molecules on the AFM probe
and receptor molecules on the sample surface with a force resolu-
tion down to a few piconewton [16]. In the context of endocytosis,
supported membrane systems are valuable for characterizing clus-
tering events that occur upon ligand binding and directly precede
formation of endocytic structures. Furthermore, AFM allows inves-
tigating the StxB-induced reorganization of the lipid membrane
[14]. A similar approach showed drastic effects of different natural
and synthetic hydroxy enantiomers of Gb3 on StxB-dependent
membrane remodeling [17]. However, supported lipid bilayers
are not optimal to study the entire process of endocytosis, since
the proximity to the support impairs the formation of a significant
negative membrane curvature (assuming that the accessible volume
represents the cell exterior). Alternatives are polymer-cushioned
bilayers or tethered bilayers [18], but even these biomimetic sys-
tems offer too little flexibility along the z-dimension for observing a
full endocytosis event. A possible alternative to supported or cush-
ioned bilayers is the use of black lipid membranes [19], since here
the bilayer is freestanding. A limitation of such systems is that they
are rather fragile and sometimes exhibit significant membrane fluc-
tuations that might hamper even optical imaging at the highest
resolution, while AFM imaging seems completely impossible. An
interesting compromise between supported and freestanding lipid
bilayers is the use of pore-suspending membranes [20, 21]. Here, a

Fig. 2 STxB binds to high-ordered domains on phase-separated SLBs. An SLB was formed on an ultraclean
glass coverslip at 55�C using a lipid mixture of 3:1:3 DOPC–cholesterol–sphingomyelin with 5 mol% Gb3.
Phase separation occurred after a slow cooldown to room temperature. Comparable to GUVs, domains with a
high and a low order are formed. The membrane marker (green) is excluded from the highly ordered domains.
Cy3-labeled StxB (red, 200 nM) binds to Gb3 and is almost exclusively found in the high-order domains. SLBs
are suited for studying clustering of StxB and StxB-induced membrane reorganization with techniques such as
TIRF or AFM. Scale bar 10 μm
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continuous lipid bilayer spans nano- or micrometer-sized pores on
an otherwise solid support. Such systems are useful for high-
resolution optical microscopy but also for performing AFM experi-
ments [22]. Recently, it has been shown that even highly curved
membrane buds could be induced over such pores [23]. Such
strongly bended membrane structures might become extremely
valuable for studying the role of lipids or soluble proteins in mem-
brane deformation.

In conclusion, biomimetic lipid membranes offer the opportu-
nity to reconstitute distinct stages of endocytosis in a fully control-
lable environment. Furthermore, the highly adjustable
experimental setups provide many advantages for specific investiga-
tive purposes. In particular, these artificial membranes represent
highly simplified “protocellular” systems which allow overcoming
some of the limitations and technical challenges that accompany
experiments performed directly within the membrane of living cells.

1.1 Preparation

of GUVs

For preparing GUVs with arbitrary concentrations of the desired
components, the lipids have to be mixed, which is usually per-
formed in organic solvents such as chloroform, methanol, or chlo-
roform/methanol mixtures [24]. Evaporation of the solvent yields
a lipid film on a support, from which unilamellar vesicles can be
prepared. One of the first methods that was used to do so is gentle
hydration [25]. To this end the thin lipid films on a glass support
are slowly hydrated with aqueous solutions. Due to hydrophobic/
hydrophilic interactions of the amphiphilic lipids with the polar
water molecules, bilayer stacks form by self-assembly, which ulti-
mately swell into larger liposomes upon addition of larger amounts
of aqueous solution. This technique was significantly improved by
using electric fields to assist the formation of self-assembled bilayer
structures and their growth to giant vesicles [26, 27]. First, a lipid
film is formed on an electrically conductive surface, such as indium
tin oxide (ITO)-coated glass or on platinum wires. Then an aque-
ous solution is added, and an alternating electric field is applied over
some hours, which accelerates and optimizes the process of lipo-
some formation. The electroformation method is more effective
than gentle hydration and yields very large unilamellar vesicles,
typically between 5 and 100 μm in diameter. Many labs use electro-
formation as a standard method to produce GUVs. It is also our
method of choice, and it will be described in detail in the step-by-
step protocol below the introduction section. A drawback of classi-
cal electroformation is that it is usually limited to aqueous solutions
with low salinity [28]. However, many biomolecular interactions
require the presence of various monovalent or divalent ions at high
concentrations. By adapting the lipid-to-support deposition proto-
col and optimizing the voltages and frequencies, successful electro-
formation was achieved under physiologically relevant conditions
[29]. Potential alternatives to electroformation are methods such as
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gel-assisted GUV swelling [30]. To this end a lipid film is applied
on top of a layer of a dry hydrogel. Upon addition of an arbitrary
buffer solution, the hydrogel starts to swell, which results in a very
efficient formation of liposomes. This technique is rather fast and
yields GUVs within a few minutes, while electroformation typically
takes more than 1 h [30].

The discussed methods so far have the limitation that it is
usually impossible to introduce some kind of polarization or asym-
metry into the lipid bilayer. However, such a lipid asymmetry is
important in many cellular processes. For example, phosphatidyl-
serine is exclusively located in the inner plasma membrane leaflet of
a healthy cell, whereas its presence on the outer leaflet is a general
feature of apoptosis [31]. An intriguing liposome preparation tech-
nique that enables assembly of GUVs with asymmetric lipid com-
positions is the inverse emulsion technique [32]. Furthermore, this
technique allows enclosing biomolecules such as key players of the
actin polymerization machinery inside the GUVs, which of course
is very practical for synthetically reconstituting structures such as
cytoskeletal elements [33]. Of course, there are many more tech-
niques and combinations available that enable building even more
complex biomimetic systems. For instance, GUVs have been deco-
rated with a cholesterol-anchored artificial proto-glycocalyx [34].
Here fully synthetic, lipidated glycopeptides were designed and
integrated into the lipid membrane with the aim to create a modu-
lar toolbox for studying biological processes that involve glyco-
decorated lipid membranes. Furthermore, it was shown that even
transmembrane proteins such as ion channels can be incorporated
into GUV membranes by, e.g., detergent-mediated incorporation
[35]. Furthermore, by using lipid mixtures that roughly resemble
the native lipid content of a plasma membrane, phenomena such as
the formation of distinct microdomains can be studied. A simple
approach to induce such phase-separated domains in biomimetic
systems is to use ternary mixtures of, e.g., cholesterol, an unsatu-
rated phospholipid such as DOPC, and a saturated high-melting
lipid such as sphingomyelin. Below the phase transition tempera-
ture, these lipid mixtures demix and form separated domains with a
differing degree in their ordering and also include or exclude
distinct lipids, especially glycosphingolipids like GM1 [6] or Gb3
[14] (see Fig. 1b). These systems can be used as a crude approxima-
tion of signaling platforms in cells, called lipid rafts [36]. Such
separated domains are also interesting for studying the role of lipids
in membrane curvature that is linked to endocytosis: between the
different domains in phase-separated GUVs, a line tension occurs
which can influence the mean curvature of these domains [37].
Interestingly, despite the high local concentration of Gb3 or GM1
in such domains, it is not possible to induce tubule formation with
StxB or CtxB within domains with a high order due to higher
membrane tension within such domains (see Fig. 1b).
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In the following the use of GUVs for reconstituting lipid-
driven endocytic mechanisms of bacterial lectins will be described.
A step-by-step protocol is presented that is routinely used in our lab
for preparation of GUVs by electroformation. However, it should
be noted that using different lipid mixtures or buffer solutions
might require optimization of the presented protocols in order to
achieve reproducible and artifact-free results. An enlightening
review on avoiding potential pitfalls in GUV preparation was writ-
ten by Morales-Penningston et al. [24].

2 Materials

1. Lipids solved either in pure chloroform or in appropriate mix-
tures of chloroform/methanol according to manufacturer’s
instructions. Especially when using glycosphingolipids, it is
necessary to add methanol to achieve a good solubility. Recom-
mended lipid stock concentrations are between 1 and 10 mg/
mL (Note 1). We routinely use phospholipids and cholesterol
(Avanti Polar Lipids, Inc.) as main components, Gb3 or GM1
(Matreya, LLC) as glycosphingolipids, and, for visualizing the
GUV membranes fluorescently, labeled lipid probes such as
BODIPY-FL-C5-HPC or Texas Red-DHPE (Thermo Fisher
Scientific Inc.).

2. Chloroform p.a. and methanol p.a.

3. Amber glass vials (2 mL) with screw caps and PTFE-coated
inlay.

4. Several gastight Hamilton glass syringes for accurate pipetting
of chloroform-suspended lipids. Various volumes from 5 μL up
to 500 μL are recommended (Note 2).

5. Indium tin oxide (ITO)-coated glass slides (25 mm � 75 mm
� 1.1 mm, Pr€azisions Glas & Optik GmbH).

6. Polytetrafluorethylene (PTFE) foil (or similar) with single-side
adhesive layer to assemble a spacer between ITO slides.

7. Sigillumwax plates (microhematocrit tube sealant, VitrexMed-
ical A/S) or similar malleable and physiologically inert material.

8. Vapor pressure osmometer (Vapro 5600, Wescor Inc.).

9. Imaging buffer solution, e.g., Dulbecco’s phosphate-buffered
saline (PBS).

10. Electroformation solution with osmolarity adjusted to the
imaging buffer, e.g., approx 0.3 M sucrose solution in ultra-
pure water (Note 3).

11. Function generator and cables with crocodile clips and multi-
meter. Optional: ramp generator.
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12. Glass capillaries, e.g., Drummond Microcaps 30 μL capillaries.

13. Blocking solution, e.g., 1 mg/mL β-casein solution in 0.1 M
Tris, pH 7.5.

14. Microscope glass slides (76 mm � 26 mm � 1 mm) and cov-
erslips #1.5 (22 mm � 22 mm and ø 30 mm).

15. Cell culture cloning cylinders (glass, 8 � 8 mm).

16. UV-curable adhesive, e.g., Norlands Optical Adhesive 63.

17. Holder for coverslips, e.g., interchangeable coverslip dish for
round 30 mm coverslips (Bioptechs Inc.).

18. Glycosphingolipid-binding lectins or other proteins of interest
(unlabeled or fluorescently labeled, recommended stock con-
centration 0.5–2 mg/mL, Note 4). We use StxB from Sigma-
Aldrich Chemie GmbH and CtxB from Thermo Fisher Scien-
tific Inc. The final lectin concentrations in the measurement
chambers should be between 10 nM and 1 μM.

3 Methods

3.1 Preparing GUVs

by Electroformation

1. Choose a lipid mixture with desired molar percentages of the
lipids (e.g., 64 mol% DOPC, 30 mol% cholesterol, 5 mol%
Gb3, and 1 mol% BODIPY-FL-C5-HPC, see Fig. 1a; or a
3:1:3 mixture of DOPC–cholesterol–sphingomyelin with
5 mol% Gb3 and 1 mol% BODIPY-FL-C5-HPC, see Fig. 1b)
and calculate the required amounts from the lipid stock solu-
tions based on the respective molecular weights and stock
concentrations (Note 5).

2. Mix the different lipids in amber glass vials using Hamilton
gastight syringes (Note 6). Add pure chloroform (or chloro-
form/methanol mixture) to achieve a final concentration of,
e.g., 0.5 mg/mL. This ensures that always the same total
amount of lipids is used for electroformation, even for differ-
ent mixtures. Store the working solutions in amber glass vials
at �20�C up to several weeks. Cautiously flushing the vials
with argon gas is recommended before storage (Note 7).

3. Clean the conducting faces of two ITO-coated glass slides
successively with 70% ethanol p.a. in ultrapure water, then
isopropanol p.a. and finally chloroform p.a. using lint-free
tissues such as Kimwipes. In case of doubt, use a multimeter
to identify the ITO-coated side.

4. Attach PTFE spacers on one end of each ITO slide to yield a
distance between the slides of ~1.1 mm (see Fig. 3 andNote 8).

5. Stack ITO slides with conductive sides facing each other. Shift
the slides by approx 1 cm to leave space for attaching the
electrical clips (see Fig. 3). Draw congruent circles with
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~1.5 cm diameter on the backsides of the slides using a non-
permanent marker.

6. Pipette 7.5 μL of the lipid mixture onto the conductive side of
the slides. Use the side part of the Hamilton pipette needle to
spread the lipid droplet carefully across the marked area until all
solvent is evaporated. Perform this step twice on each slide, i.e.,
use 30 μL lipid mixture per electroformation chamber. The
result should be a thin and uniform lipid film (Note 9).

7. To remove any residual solvent, put the slides under vacuum
(10–15 mbar) for at least 30 min up to overnight evaporation
(Note 10).

8. Prepare a thin strand of sigillum wax by rolling it on a clean
surface. Lay a not fully closed ring of sigillum wax (Note 11)
around the lipid film on one slide (see Fig. 3a). Assemble the
electroformation chamber by carefully pressing the second slide
on top (see Fig. 3b). The two lipid films should be aligned, and
the two Teflon spacers have to be on opposing sides of the
slides.

9. Fill the chamber with electroformation solution (e.g., 0.3 M
sucrose), and carefully close the sigillum wax ring without
trapping any air bubbles (see Fig. 3c and Note 12).

Fig. 3 Preparing electroformation chambers. (a) A thin lipid film is spread in central circular areas on the
conductive sides of two ITO-coated glass slides. An almost closed ring of sigillum wax is put around the lipid
film on one of the slides. (b) The chamber is assembled by pressing the second slide on top of the first slide
(the conductive sides must face each other, and the two lipid films have to be aligned). Please note that on
both sides there is an overlap of the glass slides which is required for attaching the electrical connections to
the function generator. (c) After filling the chamber with the electroformation solution, the chamber is closed
with the remaining sigillum wax strand
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10. Attach cables from the function generator to the overhanging
ends of the ITO slides using standard crocodile clips.

11. (Optional) when GUVs with phase separation are prepared, the
electroformation has to be performed at a temperature above
the phase transition temperature (Note 13), e.g., at 50–60�C
inside an oven (Note 11). When using an oven, make sure not
to damage the cables when closing the door.

12. Use the function generator to apply an alternating voltage for
2–3 h (10 Hz, sine waveform, Vmax ¼ 1.1 V;Note 8 andNote
14). A ramp generator can be used to achieve a stepwise
increase in voltage until Vmax is reached. This is recommended
to achieve more homogeneous results of electroformation.

13. (Optional) after stopping the electroformation of GUVs with
phase separation, the temperature of the chambers should be
lowered slowly to room temperature. A fast decrease in temper-
ature might result in domain sizes below the diffraction limit.

14. After electroformation, detach growth chamber from cables.
Cautiously open the sigillum wax so that a microcapillary can
be inserted and used to harvest the liposome-containing
sucrose solution (Note 15).

3.2 Viewing GUVs by

Fluorescence

Microscopy

Appropriate sample chambers are required for performing fluores-
cence microscopy on GUVs. Standard glass-bottom Petri dishes or
chambered coverslips will work fine. Nevertheless, we recommend
using home-built chambers. When assembling many chambers at
the same time, the time effort per chamber is reasonable, while the
costs are minimal. Furthermore, the sample volumes can be kept
small (<200 μL), which allows using less material such as lectins for
the experiments. Also cleaning of the surfaces is more straightfor-
ward than on most ready-to-use dishes or wells.

3.2.1 “Closed”

Microscopy Chamber

System

When assembled correctly these closed chambers have only little
evaporation and a large accessible observation area despite a small
sample volume. However, it is not possible to add substances once
the chambers are closed. Also, after adding the GUVs into the
chamber, the binding of lectins will occur immediately. Accord-
ingly, the time for recording the early events is limited.

1. Clean microscope slides and 22 mm � 22 mm coverslips with
70% ethanol p.a. using Kimwipes. Carefully press two stacks of
four Parafilm stripes (1 cm � 2.5 cm) on a microscope slide.
The distance between the stacks should be about 1 cm (see
Fig. 4a). Cautiously place a coverslip on top of the stacks.

2. Put the microscope slides onto a hot heating plate
(~100–150�C), so that the Parafilm stacks are on the plate
but a small part of the slides is overhanging for handling.
Wait until the Parafilm starts to melt and gets transparent.
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Immediately remove the slide from the heating plate, and
apply a soft pressure to the coverslip using the side of a pipette
tip to firmly attach the coverslip to the slide while the glass slide
cools and the Parafilm hardens (see Fig. 4 and Note 16).

3. Coat the chamber with β-casein solution for approximately
30 min (Note 17). Wash the chamber twice with ultrapure
water and once with PBS (drain the liquid by gently touching
the chamber gaps with a soft lint-free tissue). Close one of the
open side gaps of the chamber with a strand of sigillumwax. Fill
the chamber with the desired imaging buffer (e.g., PBS or
lectin at desired concentration in PBS) to approximately 90%
(Note 18). Appropriate lectin concentrations are in the range
of 10 nM to 1 μM.

4. Hold the buffer-filled chamber in one hand with the coverslip
facing downward, and slowly add ~10 μL of the liposome-
containing sucrose directly to the open side gap (Note 19).
Slowly tilt the imaging chamber from left to right in order to
evenly distribute the GUVs in the chamber. The GUVs can be

Fig. 4 “Open” and “closed” microscopy chamber systems. (a) Two 8 � 8 mm cloning cylinders are glued to
an ø 30 mm coverslip, which can be placed into a coverslip holder dish for imaging. The two chambers in the
cloning cylinders are accessible, and different agents can be added sequentially, even during the experiment.
(b) Two stacks of four stripes of Parafilm are placed onto a microscopy slide and heated until they start to melt
in order to uniformly attach a 22 mm � 22 mm coverslip on top of it. The chamber has to be closed using
sigillum wax and is therefore no longer accessible for adding further substances. However, no evaporation can
occur when the chamber is tightly closed. These chambers have a large observation area which makes
observation of individual GUVs more convenient
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monitored by the higher optical density of the sucrose solution.
Close the chamber with a strand of sigillum wax. The lectin
binding and the first subsequent effects will occur within a few
minutes, so use the slide as soon as possible for imaging. Until
then, keep the chamber protected from light and with the
coverslip facing down so that the GUVs can settle.

3.2.2 “Open” Microscopy

Chamber Systems

The open chambers offer the possibility to add substances such as
lectins or binding competitors (e.g., simple soluble carbohydrates)
during the experiment. The disadvantage is that evaporation is
more pronounced than for the closed chambers. To reduce this
effect, a larger sample volume with respect to the observation area
has to be used. For comparison, the open chambers require
100–200 μL sample volume for stable experiments and yield approx
20–25 mm2 accessible observation area, while the closed chambers
provide a six to seven times larger observation area at comparable
sample volumes (~150 μL).

1. Clean ø 30 mm coverslips with 70% ethanol p.a. using Kim-
wipes. The 8 � 8 mm cloning cylinders can be cleaned by
soaking them in ethanol p.a. followed by ultrapure water.
Apply a thin layer of UV-curable adhesive to the rim of one
side of the 8 � 8 mm cloning cylinders. Place two cloning
cylinders into the center of one coverslip. Cure the glue for
10 min under UV light (see Fig. 4b and Note 20).

2. Completely fill the chambers with β-casein solution, and incu-
bate for 30 min for passivation of the surfaces (Note 17). Wash
three times with PBS, and fill the chamber with 80–100 μL of
the appropriate buffer (e.g., PBS, Note 18).

3. Finally, add an appropriate amount of the liposome-containing
sucrose solution (~1–10 μL, Note 19). The advantage of the
open system is that liposomes can be imaged in the native state
followed by, e.g., the addition of lectin and further imaging.
Thereby the binding, clustering, and tubule formation can be
monitored live. Moreover, different lectins or other com-
pounds can be added sequentially. As above, also here appro-
priate lectin concentrations are in the range of 10 nM to 1 μM.
To ensure faster distribution of the lectins in the chamber, they
can be pre-diluted in about 50–100 μL buffer before addition.
One disadvantage of a completely open system is evaporation,
which will change the osmolarity of the buffers in the chamber
over time (Note 21). Depending on the temperature (e.g.,
37�C) and the relative humidity in the microscopy room, evap-
oration might occur and affect the GUVs, even within
15–30 min. Evaporation can be further reduced by covering
the coverslip holder dish with a glass lid (Note 21).
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3.2.3 Fluorescence

Microscopy

For imaging GUVs a confocal fluorescence microscope system is
recommended. Due to the optical sectioning, it is possible to
obtain high-contrast images from the central parts of GUVs (see
Fig. 1). Especially for phase-separated GUVs, the recording of z-
stacks to visualize the 3D structure represents an interesting option.
A prerequisite for this is that the GUVs are practically immobile,
i.e., loosely adhering to the glass. Depending on the membrane
dynamics, a standard laser scanning confocal with conventional
high-resolution Galvano scanning might be too slow to capture
sharp images. Here, the use of resonant scanning units or faster
confocal systems such as spinning disk confocal microscopes might
be of advantage. Also other imaging systems such as widefield
fluorescence microscopy with fast camera readout can be used for
recording lectin-induced GUV dynamics. Thereby, the speed will
be adequate for most samples, but in comparison to optical section-
ing microscopy techniques, the contrast will be decreased due to
out-of-focus fluorescence. In general, the sample chambers should
be mounted stably on the microscope sampler holders, yet for time
observations longer than 5 min, the drift of the sample holder
should be considered. In addition, for fast dynamics it is recom-
mended to record short sequences. In any case care should be taken
regarding evaporation, especially when experiments are performed
at elevated temperatures such as 37�C.

4 Notes

1. The lipid stock concentrations can be adjusted to values that
allow pipetting of convenient amounts (i.e., >1 μL) from the
lipid stocks to prepare the electroformation mixtures. If the
lipids are purchased in a solvent-suspended form, a diluted
stock can be prepared in amber glass vials. Stock and working
solutions are stored at �20�C under argon (Note 7).

2. Various sizes of Hamilton syringes are recommended: 500 μL
for pipetting pure chloroform, 100 μL for aliquoting stocks,
and 5–25 μL for preparing the lipid working solutions. It is
advisable to assign distinct Hamilton syringes for pipetting
nonfluorescent lipids and lipids with spectrally different fluo-
rescent labels to avoid a potential cross contamination with
different fluorescent lipids.

3. First, the osmolarity of the imaging buffer is determined. Then,
the sucrose solution is prepared by weighing an appropriate
amount into ultrapure water to yield an osmolarity slightly
higher than the imaging buffer. The fine adjustment is per-
formed by repeatedly adding small amounts of water to the
sucrose and measuring the osmolarity until the difference to
the imaging buffer is smaller than 5mOsm/L or less. We prefer
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using sucrose solution because due to the higher density com-
pared to PBS, the GUVs sink to the glass support and are less
mobile, which is beneficial for imaging.

4. Ideally the proteins should be solved in the same buffer as the
imaging buffer. The proteins of interest can be labeled using
commercially available fluorophores with functional groups
such as NHS, e.g., Alexa-488-NHS (Thermo Fisher Scientific
Inc.), according to the manufacturer’s instructions.

5. The recommended total lipid amount used for the preparation
for one working aliquot is between 100 and 300 μg. This
amount is sufficient for about 7–20 individual electroformation
runs.

6. To remove any lipid residues from the previous pipetting steps,
the Hamilton gastight syringes are rinsed five times successively
by filling the syringe with clean chloroform (or 2:1 chloro-
form/methanol mixture) from a glass vial (2 mL) and swiftly
ejecting the solvent into a waste beaker. This procedure is
repeated once using a second glass vial with clean solvent.

7. Argon is used to remove air from the vials and to provide an
oxygen-free atmosphere to avoid oxidation of unsaturated
lipids for long-term storage. Polyunsaturated lipids are more
susceptible for oxidation and should be handled in low-oxygen
atmosphere at all times when possible.

8. Pieces with a size of 5 mm � 25mm are cut from the one-sided
adhesive foil and stacked, if necessary. The recommended
spacer thickness is about 1 mm. The spacer determines the
distance between the conductive surfaces and thereby the volt-
age that must be applied to achieve the desired electric field
strength. We normally use a voltage of 1.1 V with a 1.1 mm
spacer, i.e., a field strength of 1 V/mm. Depending on the lipid
mixture and the electroformation buffer, other settings might
result in a better electroformation efficiency [38].

9. Other techniques for spreading the lipids such as spin coating
can yield more homogeneous lipid films on the ITO slides
[39]. However, spin coating usually requires larger amounts
of lipids.

10. After removing the solvent, the slides should be used for electro-
formation as soon as possible. If necessary, the lipid-coated ITO
slides can be stored for 1–2 days at �20�C in a 50 mL Falcon
tube filled with argon to prevent oxidation. In this case, allow the
slides to reach room temperature before opening the Falcon
tubes to avoid condensation on the lipid films.

11. Vitrex sigillum wax is normally used as hematocrit tube sealant,
which means that it is physiologically inert and accordingly it
should not interfere with GUVs. We use it since it can be easily
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shaped into thin strands for closing the electroformation cham-
bers. Alternatives are vacuum grease or soft elastic O-rings with
an opening for pipetting. Please note: when the electroforma-
tion is performed at higher temperatures, the sigillum wax
softens. In order to stabilize the assembled ITO slides even at
higher temperatures, we wrap Parafilm and tape around them.

12. Air contact is destructive for liposomes; thus, any air bubbles
should be avoided. However, gas bubbles can be also gener-
ated during electroformation due to electrolysis [24].

13. The phase transition temperature depends on the used lipids
and the exact ratio between the lipids. For many mixtures these
values can be found in literature.

14. Electroformation is reasonable fast, but the electroformation
time can be varied and optimized for different lipid composi-
tions and electroformation temperatures (from 1 up to over
24 h). In our hands, electroformation for ~3 h generally yields
satisfying results both for standard lipid mixtures at room tem-
perature and phase-separating lipidmixtures at 50–60�C. In our
protocol, the voltage is increased in 3 min intervals through the
following levels, 20 mV–60 mV–100 mV–200 mV–300 mV–
500 mV–700 mV–900 mV, and then stably at 1.1 V until the
end of electroformation.

15. Microcapillaries can be used with micropipettes. We prefer to
cut a few millimeters away from normal plastic tips (size
20–200 μL) and insert a 4 cm-long Microcaps capillary
which is fixed with Parafilm. This allows using a standard
20 μL pipette for harvesting the GUVs. Since vesicles often
stay attached to the ITO-coated glass slides after swelling, it is
important to slowly harvest the GUVs by moving the pipette
tip from left to right across the lipid area while aspirating
slowly. In general, attention should be paid to avoid a high
shear stress by, e.g., pipetting too fast as this can result in
disruption of the GUVs.

16. It is important that after attaching the coverslip is oriented
exactly parallel to the microscope slide. Thereby, when the
microscope slide is mounted on the microscope, also the
coverslip will be oriented in the optimal manner. Any angle
between slide and coverslip can affect the imaging perfor-
mance. Thus, attention should be paid to apply an equal
amount of pressure when attaching the coverslip to the melted
Parafilm.

17. To prevent unspecific adhesion and rupture of the GUVs after
deposition to the glass chambers, it is advisable to coat the
chambers with casein or albumin.

18. As the volumes of different chambers can vary slightly, the
volume of buffer needs to be adjusted. Furthermore, the
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chamber does not have to be filled completely, which can be
used to save, e.g., lectin.

19. The amount of GUVs can vary between different electrofor-
mation experiments even if the same lipid mixture is used.
Thus, the amount of liposome-containing sucrose solution
needs to be adjusted individually depending on the desired
amount of vesicles inside the chamber.

20. The cloning cylinders can be reused several times. After the
experiments, aspirate the buffer and immerse the open cham-
bers into acetone for 20–30 min, until the glue has softened.
Before reuse, remove remaining glue using tweezers, and soak
the cylinders in ethanol p.a. followed by ultrapure water.

21. Differences in osmolarity between the GUVs and the sur-
rounding medium can lead to bursting of the GUVs (sur-
rounding medium is hypoosmotic) or to wobbly GUVs
(surrounding medium is hyperosmotic). When using the
open chambers, we recommend adding a small amount of
pure water into the coverslip holder dish next to the GUV-
containing glass cylinders and covering the whole dish with
glass. This reduces evaporation from the sample solution. Yet,
osmolarity differences can also be exploited to change the
membrane tension, e.g., to promote or inhibit lectin-induced
membrane invaginations.
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Lipid Bilayer Patterns Fabrication by One-Photon
Lithography

M. Florencia Sánchez and Dolores C. Carrer

Abstract

In the last decade, there has been an increasing interest in patterning surfaces with supported lipid bilayers.
The ability of this system to control molecular composition and mobility of this system at micro- and
nanoscales have inspired several new routes of biological and biotechnological investigation. Successes in
this field include the development of photolithographic and soft lithography techniques which allow the
printing of a variety of biomolecules on different substrates. Here, we describe a simple, flexible, and
inexpensive protocol for the generation of lipid bilayer micropatterns based on one-photon lithography and
microcontact printing (μCP).

Keywords Lipid bilayer, Lithography, Microcontact printing, Patterned surfaces, Photopolymeriza-
tion, Soft lithography

1 Introduction

Supported lipid bilayers provide a powerful model of natural cell
membranes and have been widely used to study a variety of
biological process in which membranes are involved [1–3]. These
bilayers can be prepared over several solid supports [4, 5], and once
prepared, a thin layer of water separates the bilayer from the under-
lying substrate, allowing lateral mobility of membrane molecules
[6]. This model system has often been used in the study of juxta-
crine signaling, in which a cell–cell contact is required. In this
situation, one cell can be replaced by an artificial lipid bilayer to
understand how the other cell responds to specific aspects of the
extracellular environment [7]. In particular, different proteins can
be tethered to these bilayers, allowing their spatial reorganization
under the influence of a target cell. This model has been successful
in understanding the immune and cytotoxic synapses, in which
communication focuses on a ligand–receptor interaction between
a lymphocyte and a target or antigen-presenting cell [1, 8–11].
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Usually, the main approach used to form supported lipid
bilayers – fusion of lipid vesicles to a surface – creates homogeneous
membranes of uniform composition across the substrate [12].
However, most of the physiological cell processes of interest involve
local membrane order, domain formation, and diffusional con-
straints, i.e., the presence of diffusional barriers important to epi-
thelial cell polarity or membrane microdomains which regulate
receptor signaling [13–15]. Therefore, the possibility of creating
patterns of supported lipid bilayer on a single surface greatly
increases the utility of this system in biology and biotechnology
applications.

In the past two decades, lithographic methods allowed the gen-
eration of micro- and nano-size patterns of a variety of biomolecules
over several surfaces [16–21]. The basic photolithographic method
generates patterns on a surface (typically a siliconwafer) coated with a
photoresist by selectively irradiating the surface with light through a
predesigned mask. The mask contains the features of desired shapes
and sizes in an opaque material (usually chromium) on a transparent
background. UV light shining through the transparent regions of the
mask changes the chemical composition of the photoresist, making it
soluble (positive) or insoluble (negative) to particular solvents. After
exposure, unprotected sites can be either chemically or dry etched,
and subsequent processing steps yield surfaces called “masters” that
have two (or more) patterned regions for distinctive chemical modi-
fication or construction of topographical features [21].

One of the first micropatterns of supported lipid bilayers was
based on the generation of diffusional barriers over a substrate
using photolithography. The fusion of lipid vesicles occurs in the
substrate (glass, silicon) but not in the barriers (plastic, aluminum
oxide, or metals) [22]. With the objective of modifying surfaces
with biomolecules of interest distributed according to a design
pattern, Whitesides and collaborators developed the technique
called “soft lithography” [23, 24]. The term refers to a set of
fabrication techniques that involve molding, imprinting, or
embossing with a template made of polymers, such as the elastomer
poly-dimethylsiloxane (PDMS). Two soft lithography approaches
are particularly useful for investigating cell interactions: microcon-
tact printing (μCP) and polymer liftoff [25].

In μCP amaster, typically prepared by conventional photolithog-
raphy, is used to create an elastomeric stampwith the desired features.
The stamp is coated with the desired biomaterial and then pressed
against a surface to deposit the material and passivate the surface.
This approach has been successfully applied to obtain lipid bilayer
patterns of different compositions which have been used to study
different biological processes [26–32]. However, the generation of
masters through lithographic technology has disadvantages which
include the need of access to special equipment, the high costs, and
the requirement of qualified staff to develop the technique.
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An alternative developed by Costantino et al. [33] generates
structures on standard glass coverslips by moving a diffraction-
limited laser spot along a glass surface covered with a commercially
available UV-curable resin, following a designed trajectory in which
the laser is set to switch on and off when desired. As a consequence
of two-photon nonlinear photopolymerization, the material is only
solidified in the direct vicinity of the focal spot with micrometer
resolution. Some time later, Kunik et al. [34] obtained micropat-
terned surfaces using a standard one-photon excitation laser: a
similar photopolymerization reaction is produced, and microstruc-
tures can be obtained. The polymerization efficiency depends on
both the laser power and the scanning speed. Among the advan-
tages of this technique are the simplicity of the protocol and the fact
that it can be performed in any standard confocal microscope.

In the next sections, we will describe in detail a simple and easy-
to-follow protocol that combines one-photon lithography and
microcontact printing techniques to fabricate patterned lipid
bilayers of micrometric size [35].

2 Materials

2.1 Instrumentation The one-photon lithography technique [34] can be performed
either in commercial confocal microscopes or in a special instru-
ment called lithographer (TOLKET SRL, Buenos Aires, Argen-
tina). In our case, we performed some of the experiments in the
confocal microscope FV1000 (Olympus, Tokyo, Japan) using a
405 nm diode laser (200 μW) focused with a 10� NA 0.4 micro-
scope objective. However, the confocal setup we used did not have
a motorized stage; thus, the size of the patterned area was limited to
the scanning area of the microscope. Therefore, we used the litho-
grapher in those cases in which we required bigger patterned areas
(�10 mm2). The lithographer also has the advantage of allowing
the generation of irregular, user-designed patterns that could not
be easily programed with the software of the FV1000 confocal
microscope.

Figure 1 shows a schematic view of the lithographer setup. In
brief, the lithographer setup consists of an inverted microscope
with a continuous wave diode laser (405 nm) in combination
with an objective 40� NA 0.4.

The power of the laser is adjusted by inserting neutral density
filters in the beam path. A shutter is interposed in the beam way to
control the pattern design. The sample holder is motorized in the
three axes by means of xyz stages, and the smallest step accessible
for the motors is 50 nm. The control of the focus is made by means
of a charge-coupled device (CCD) camera imaging the back reflec-
tion of the laser beam, and the sample focus is adjusted to minimize
the image size in the CCD camera.
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2.2 Fabrication

of the Master

1. Standard cover glass

2. UV-curable adhesive NOA86 (UV-curing adhesives, Norland
Products, Cranbury, NJ)

3. Acetone

4. Isopropyl alcohol

5. A piece of clean transparent plastic (polypropylene)

6. Roller

2.3 Fabrication

of the Stamp

1. Sylgard 184 prepolymer (Dow Corning, Midland, MI)

2. Vacuum pump

3. Oven (25–100 � 1�C)

2.4 Printing of

Biomaterial and

Supported Lipid

Bilayers Generation

1. Passivating protein: bovine serum albumin (BSA) 1 mg/mL or
fibronectin 1 mg/mL

2. Nitrogen flux

3. Lipid mixtures: stock solutions prepared by dissolving lyophi-
lized lipids form a reliable source (Avanti Polar Lipids, Ala-
baster, AL, USA) into chloroform or a 2:1 (v/v) mixture of

Fig. 1 Schematic diagram of the lithographer setup
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chloroform and methanol (see Notes 1–3). Include about
0.1% of a lipophilic fluorescent dye, for example, one of the
families of long-chain dialkylcarbocyanines like DiD, DiI, or
DiO (Invitrogen).

4. Phosphate-buffered saline (1� PBS Buffer): 2.7 mM KCl,
1.5 mM KH2PO4, 8 mM Na2HPO4, and 137 mM NaCl, pH
7.4. Weigh 0.2237 g KCl, 0.2041 g KH2PO4, 1.1357 g
Na2HPO4, and 8.0065 g NaCl in a beaker. Fill to about
800 mL with water. Adjust the pH by adding NaOH. Add
enough water to make 1 L solution. Store at room
temperature.

5. 1 M calcium chloride solution. Weigh 5.5492 g CaCl2 and
dissolve in enough water to make 50 mL of solution. Store at
room temperature.

6. Bath sonicator

7. UV-curable adhesive NOA86 or NOA88 (UV-curing adhe-
sives, Norland Products, Cranbury, NJ).

8. Round glass coverslips of 25 mm diameter, rectangular of
22 � 40 mm or squared of 25 � 25 mm.

9. UV lamp, wavelength 250–400 nm.

3 Methods

3.1 Fabrication

of the Master

1. Wash a standard cover glass with isopropyl alcohol.

2. Place a drop of the UV-curable adhesive NOA86 in the middle
of the cover glass (Fig. 2a, b).

3. Cut a piece of clean transparent plastic, the same size of the
cover glass, and place it over the UV-curable adhesive drop
(Fig. 2c).

4. Apply pressure with a small roller to distribute the UV-curable
adhesive drop homogeneously over the glass (Fig. 2d).

5. Position the cover glass in the confocal microscope or lithogra-
pher (Fig. 3) and start the polymerization process.

For masters prepared in the confocal FV1000, arrays of dots are
obtained by illuminating each dot during 1 s with a 405 nm
diode laser at a laser power of 200 μW. The shutter is controlled
using the microscope software.
Arrays of lines are obtained by scanning the sample with a speed
of 1,600 μm/s in the lithographer. The same laser is used at a
power of 200 μW. The motors and the shutter are controlled
using a PC, with custom-written programs and drivers
provided by TOLKET SA.

6. Remove the piece of plastic.
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7. Rinse the sample first with acetone and then with isopropyl
alcohol to remove residual adhesive.

8. Check the master with transmitted light in an optical micro-
scope to check for the correct formation of the pattern.

Fig. 3 (a) The cover glass with the UV-curable adhesive is placed in the center of the microscope or the
lithographer. (b) After closing the cover of the lithographer, the design is set in the software, and the
polymerization process begins

Fig. 2 (a) A piece of cover glass is used to fabricate the master. (b) A drop of the UV-curable adhesive NOA86 is
placed in the middle of the cover glass. (c) A piece of clean transparent plastic is placed over the UV-curable
adhesive drop. (d) The drop is distributed homogeneously over the glass by applying pressure with a small
roller
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3.2 Fabrication

of the Stamp

1. To prepare PDMS stamps mix Sylgard 184 prepolymer with
crosslinker in a 10:1 v/v ratio. You will notice that bubbles
appear in the mixture.

2. Degas in vacuum for 30 min to remove the bubbles.

3. Place a ring of any metal on top of the glass so that the design in
the master is placed inside the metal ring. This acts as a chamber
to contain the Sylgard prepolymer mixture.

4. Add the mixture and cure for 4–6 h at 60�C in an oven (see
Note 4).

5. Peel the elastomer off the master cover glass (see Note 5).

3.3 Preparation of

Small Unilamellar

Vesicles (SUVs)

1. Evaporate the solvent of the lipid mixture of interest under
nitrogen flux so as to form a thin film of lipid and then
subject to vacuum for 3 h to allow complete evaporation of
the solvent.

2. Rehydrate to a final concentration of 1 mM in PBS. This
produces a suspension of multilamellar vesicles. These can be
separated into aliquots and stored at �20�C for up to
6 months.

3. Vortex the suspension to mix evenly.

4. Sonicate the suspension in aliquots of 150 μL inside a transpar-
ent bottom glass flask until the solution becomes clear. At this
point SUVs are obtained (see Note 6).

3.4 Preparation of

Supported Lipid

Bilayer Patterns

1. Put a drop of passivating protein solution big enough to cover
the entire stamp and leave at room temperature for 15 min.

2. Dry the stamp with a nitrogen flux.

3. Press the stamp against a glass coverslip for 10 min to transfer
the protein onto the glass (see Note 7). This process is called
passivation process (Fig. 4a, b).

4. Wash the coverslip with 1 mL of distilled water and dry with
nitrogen flux (see Note 8).

5. Prepare a chamber by gluing the top of an eppendorf tube onto
the coverslip with the UV-curable adhesive NOA88/NOA86
(Fig. 4c, d). Place this chamber under UV light for 15 min to
allow the polymerization of the adhesive.

6. Pipette 100 μL of the clear SUV solution into the chamber and
add 3 μL of CaCl2 1 M.

7. Incubate the sample at room temperature for 30 s to 1 min to
allow for vesicle fusion (see Note 9).

8. Rinse several times with PBS Buffer to remove the nonfused
vesicles.

9. The stamp can be reused. Sonicate the stamp in a beaker with
distilled water for 5 min and then let dry (see Note 10).
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Fig. 4 (a, b) Images of the passivation process in which the protein is transferred to the coverslip. Top (left )
and lateral view (right ). (c, d) Images showing a homemade chamber designed for observing lipid bilayer
patterns. The chamber was prepared by adhering an eppendorf tube cut to the coverslip passivated with BSA.
Top (left ) and lateral view (right ) of the chamber. As an example we show different kind of coverslip sizes

Fig. 5 Schematic diagram of the microcontact printing procedure used to generate SLB patterns
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10. Figure 5 shows a schematic diagram of the whole process.

11. In Fig. 6, we show some examples of the patterns that can be
obtained with this technique.

4 Notes

1. Avoid contact of solutions in organic solvents with plastics. Use
glassware and organic solvent-resistant material for their
handling.

Fig. 6 Confocal images of patterned SLB of DOPC/Chol (75:25 mol/mol), 0.1 mol% DiO-C18. The size and
shape of the design were controlled by the lithographer or the confocal microscope software. Scale bar, 20 μm
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2. Let lipid stocks reach room temperature before opening the vial
and minimize the time that the vial remains open to avoid
changes in lipid concentration due to solvent evaporation or
pipetting mistakes due to the pipette not being calibrated to
work at temperatures below room temperature. Before closing
the vial again, replace the air in it by an inert gas like N2 or Ar to
avoid oxidation during storage.

3. Wear appropriate gloves to protect you from organic solvents
and work under a hood.

4. Be sure that the mixture is well cured. You can touch with a
scalpel the top side of the stamp, and it should have the consis-
tency of a rubber. If you notice that it is still too sticky, you can
cure for 1–2 more hours.

5. This step must be done very carefully to avoid breaking down
the cover glass or the stamp. Usually it is convenient to cut well
with a cutter all the periphery of the stamp and then it should
peel off very easily.

6. Depending on the lipid mixture and the quality of the sonica-
tor, this step can take 5–20 min. The final solution should be
clear and transparent in comparison with the initial solution
which is very milky.

7. This is a critical step in the process, and we have corroborated
that the efficiency of the passivation is increased if a 100 g
weight is placed on top of the stamp in contact with the
coverslip for 10 min. This weight can be a small piece of
metal, and as in our case the piece was much bigger than the
stamp, we put old stamps under the metal to maintain a balance
and achieve a homogeneous pressure over the stamp which is
transferring the protein.

8. It is very useful in this step to make a rounded or squared
mark with a marker on the side of the coverslip that has not
been printed, on the back side. If it is done on the same side
as the printing, sometimes rests of the marker can be trans-
ferred to the design (even with waterproof markers) that can
contaminate the “printed area.” Besides, in this way it is easy
to know where is the area in which you have to prepare the
chamber.

9. One of the main problems of this technique is that, sometimes
after all the process, a homogeneous bilayer instead of bilayer
patches is obtained. This can be due to two main reasons, first,
the passivation process is failing (see Note 7) and second, the
time you incubate the SUVs is longer than needed. This
depends on the size of the patterns. Decreasing the incubation
time of SUVs to 20–30 s can be used to improve the result.
Also, a dilution of the SUVs solution can be used, for example,
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diluting 30 μL of SUVs to a final volume of 100 μL with PBS
and use that dilution to prepare the supported lipid bilayer.

10. To ensure that the stamp is clean of rests of protein or dust, put
it into contact with a piece of adhesive tape and make pressure
over the stamp. Remove the tape gently, and it should be ready
to reuse.
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Approaches for Preparation and Biophysical
Characterization of Transmembrane β-Barrels

Bharat Ramasubramanian Iyer*, Ankit Gupta*,
and Radhakrishnan Mahalakshmi

Abstract

Membrane proteins are influential members of the cellular machinery, as they are involved in a range of
critical functions from immune receptors and ion transporters to enzymes and signaling molecules. These
facets render membrane proteins as ideal drug targets. Despite their significance in biological systems, our
knowledge of the structural and functional behavior of membrane proteins remains considerably limited,
when compared with their soluble counterparts. This limitation continues to persist, owing largely to the
difficulties in membrane protein purification and amenable methods for their characterization. In this
review, we outline the methods for the extraction and purification of transmembrane β-barrel proteins,
which will serve as a guide for generating membrane protein preparations in high amounts and of sufficient
purity. Next, we provide a detailed description of the currently available protocols for efficient refolding of
β-barrel membrane proteins in both lipidic and detergent systems. These protocols are designed to enable
the protein to attain its native structural and functional characteristics in any chosen membrane mimetic
environment. Further, we detail the current methodologies being employed for the biophysical and
structural characterization of transmembrane β-barrels, using illustrative examples drawn from recent
studies using various β-barrel membrane proteins. This consolidated summary of protocols and strategies
will prove highly useful to membrane biologists and can be applied to the study of any uncharacterized β-
barrel membrane protein.

Keywords β-Barrel folding, Biophysical characterization, Functional study, Inclusion body prepara-
tion, Membrane protein folding, Molecular spectroscopy, Protein expression and purification
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DPC n-Dodecylphosphocholine
DPR Detergent-to-protein ratio
FRET Förster resonance energy transfer
HSQC Heteronuclear single quantum coherence
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kq Bimolecular quenching constant
KSV Stern-Volmer constant
LDAO Lauryldimethylamine oxide
LPR Lipid-protein ratio
MP Membrane protein
MS Mass spectrometry
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<t> Average fluorescence lifetime

1 Introduction

Proteins represent a class of macromolecules made up of long poly-
peptide chains consisting of a specific combination of 20 different
amino acids. Proteins maintain cellular homeostasis by providing
structural integrity and performing a variety of functions in the
complex cellular environment [1–8]. Structural proteins help build
the framework on which functional proteins, including enzymes and
other signaling molecules, carry out their tasks. On the basis of
structural and functional requirements, proteins adopt several con-
formations defined by a variety of weak or strong interactions such as
hydrogen bonds, ionic bonds, disulfide bonds, hydrophobic interac-
tions, and van der Waals’ interactions [9–15]. These interactions
result in the formation of different secondary structures and promot-
ing specific folds of the protein, which forms the characteristic of that
particular macromolecule. The primary structure is defined by the
ordered array of specific amino acid units, linked by peptide bonds.
The secondary structure is a relatively more complex conformation
resulting from non-covalent interactions and predominantly stabi-
lized by hydrogen bonding. There are twomajor classes of secondary
structures, namely, α-helix and β-sheets. By combining these struc-
tures in a myriad of ways, proteins attain their tertiary and quaternary
structure [4, 9, 11, 16–18].

Proteins reside in different, but specific, cellular environments,
on the basis of their functional requirement, and can be separated
into two broad classes, namely, soluble proteins (including cyto-
plasmic, periplasmic, and secretory proteins) and membrane pro-
teins (accounting for integral membrane proteins as well as
membrane-anchored proteins). Soluble proteins typically reside in
the aqueous phase – such as the cytoplasm of cells – where their
interacting partners are other molecules in the intracellular milieu
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[19–24]. On the other hand, membrane proteins (MPs) are sur-
rounded by an entirely different microenvironment (the hydropho-
bic surroundings of the lipid membrane) and function as receptors,
enzymes, and channels. Membrane proteins maintain a delicate
balance between the intra-/extracellular environment of the cell.
They represent ~30% of the total proteome and are involved in a
variety of functions ranging from transport of ions and metabolites
across the membrane to facilitating cell-cell communication. Due
to their abundance and functional importance in biological sys-
tems, they are considered as an excellent target for rationalized
drug design [25–32].

It is well known that MPs are involved in numerous biological
processes. Sometimes, instantaneous interruption in metabolic pro-
cesses affecting MPs results in the occurrence of several debilitating
disease conditions. Membrane proteins have been implicated in
various diseases such as deregulation of apoptosis, neurodegenera-
tive diseases caused by protein misfolding, and aggregation such as
Alzheimer’s, Parkinson’s, and Huntington’s disease [16, 33–37].
Membrane proteins are involved in pathogenesis caused by bacte-
rial infection (e.g., plague, diarrhea, cholera), as they are mediated
by receptors or anchored proteins. Such diseased conditions can
arise due to several reasons, such as mutation in polypeptide
sequence, protein overexpression, underexpression of chaperones,
protein modification by exogenous agents, elevated temperature,
oxidative stress, and chemical or physical damages. Stress condi-
tions may result in a change in the total architecture of the protein,
or it may affect the folding or trafficking, rather than specifically
affecting protein function [16]. Thus, a detailed understanding of
physicochemical properties of MPs is critical to deduce their role in
disease conditions.

Membrane proteins show contrasting structural characteristics
compared to soluble proteins. While soluble proteins have a buried
hydrophobic core, membrane proteins have exposed hydrophobic
amino acids, which allows them to be accommodated in the lipid
environment [38–40]. Further, soluble proteins adopt a myriad of
structures, achieved by permutations of the two secondary struc-
ture elements described earlier. However, the restrained lipid milieu
promotes two structural scaffolds for MPs. Hence, membrane
proteins can be classified into two groups on the basis of their
secondary structure: α-helices and β-barrels [41]. Helical MPs are
found in the plasma membrane and inner membranes of mitochon-
dria, chloroplast, and bacteria. Outer membranes of bacteria, mito-
chondria, and chloroplast have thinner membranes and usually
possess β-barrel MPs. The MP structure and topology strongly
depend upon the polypeptide sequence and proper insertion of
the polypeptide chain into membrane bilayers [42–45]. Another
crucial feature for the folding and insertion of membrane proteins is
the hydrophobicity of the polypeptide sequence. Researchers have
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carried out a great deal of analysis on the hydropathy of individual
amino acids, which in turn determines the propensity of the poly-
peptide chain to insert into the membrane [25, 46–56]. These
studies also help us predict the secondary structural framework of
the protein based on its primary sequence. Transmembrane α-
helical bundles consist of single-pass or multi-pass transmembrane
helices, primarily stabilized by hydrogen bonding [9, 11, 25, 46,
47]. Single-pass helices mainly function as anchoring elements to
the extra-membrane functional domains. Various short-range and
long-range inter-helix interactions allow the formation of complex
helix bundle architecture in multi-pass helices. These proteins func-
tion as ion transporters, anchors, receptors, and enzymes and are
involved in a variety of cellular processes [57–68].

β-Barrel proteins, found in the outer membranes of bacteria,
mitochondria, and chloroplasts, execute a range of functions, such
as transport of ions and metabolites, or they perform the role of
adhesins, invasins, protein secretion pore, and protease pore-
forming toxins [69–80]. Structurally, they are quite distinct from
α-helical membrane proteins, since β-barrels consist of a framework
made up of about 8–24 strands, connected by antiparallel
hydrogen-bonding network across the strands (Fig. 1). The barrel
core (interior) usually projects polar or hydrophilic residues, but
can also remain hydrophobic, based on the function. The barrel
exterior faces the lipid and is usually made of hydrophobic aliphatic
amino acids. In past several years, several transmembrane α-helical
and β-barrel proteins have been characterized. To date, the struc-
tures of 2,420 helical proteins and 338 β-barrels have been deduced
using crystallography, NMR, and EM-based methods [81–84]. Of
the total 2,758 structures that are currently available, only 609
structures are unique [85]. Our current understanding of β-barrel
proteins is limited. Several biophysical and structural methods have
been developed to further our understanding of these proteins [71,
76, 86, 87]. In this chapter, we describe biophysical approaches to
characterize β-barrel proteins and how they have been applied to
various bacterial and eukaryotic transmembrane barrels.

1.1 Why Are

Membrane Proteins

Less Characterized?

The involvement of membrane proteins in several biological pro-
cesses makes it imperative to characterize them in detail; yet, studies
on membrane proteins have lagged behind significantly. To under-
stand the role of any biological molecule, deriving its structural and
biophysical characteristics and gaining information regarding its
interactome become important in the fields of applied science and
clinical biology. Upon examination of protein structure databases
and available literature, one can easily infer that our understanding
of membrane proteins is limited as compared to soluble proteins.
The reason behind this is the fact that membrane proteins have
partially hydrophobic surfaces, resulting in problems associated
with crystallization and other means of structure determination
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[81, 82]. Apart from the problems directly associated with their
own chemical nature, there are several experimental hurdles in
handling membrane proteins, some of which are outlined below:

1. Low expression levels: biophysical characterization needs a large
amount of protein.

2. Lipid-protein interaction: membrane proteins require lipid envi-
ronment to be folded into their native form.

3. Difficulties in solubilization: due to the high proportion of
hydrophobic amino acid residues, membrane proteins have a
high propensity to aggregate.

Fig. 1 Cartoon representation of transmembrane β-barrel proteins. Ribbon diagram of transmembrane (TM)
β-barrels from Gram-negative bacterial (ScrY, BtuB, FimD, and LptD (top row ), OmpA, OmpT, NalP, Tsx, FadL,
and BamA (bottom row )) and human (VDAC, top row ) origin. Hydrophobic region of the membrane and
hydrophilic regions are demarcated by yellow and blue color, respectively. TM strands occupy the hydrophobic
lipidic region, whereas loops are presented to the polar environment. TM strands are arranged in antiparallel
fashion, with the exception of VDAC, where the 18th and 19th strands show parallel arrangement (notice how
the blue and red arrowheads for the first and last strands point in the same direction). Despite their structural
similarity, the different β-barrels perform a range of functions, such as proteases, porins, or receptors, and are
involved in small ion transport, nucleoside specific diffusion, long-chain fatty acid transport, or the formation
of barrel assembly machinery complex. Reproduced with permission from Kleinschmidt [76]
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4. Difficulties in structural determination: the presence of lipids in
preparations of membrane proteins usually creates difficulties in
crystallization, NMR, and other spectroscopic techniques.

Despite the several problems mentioned above, researchers are
trying to address questions related to membrane proteins and
obtain atomistic characterization of these important biomolecules.
Here, we specifically concentrate on the experimental tools and
methodologies which can help one address membrane protein
behavior and structure.

In this chapter, we will discuss different approaches for expres-
sion, purification, and biophysical and structural characterization of
membrane proteins. As a range of approaches have been utilized to
decipher molecular and site-specific properties of membrane pro-
teins, it is necessary to compare across methodologies and across
protein systems to comment upon the most suitable approach to
obtain structural, biophysical, and functional information. Mainly,
we focus on different basic and advanced biophysical techniques
ranging from polyacrylamide gel electrophoresis (PAGE), circular
dichroism (CD) spectropolarimetry, fluorescence spectroscopy, and
nuclear magnetic resonance (NMR) spectroscopy, and we combine
this with atomic force microscopy (AFM) and bilayer lipid mem-
brane (BLM) studies to get insight on structural and functional
aspect of membrane proteins. We provide detailed protocols for the
different methodologies, along with the benefits and limitations of
each method, which will help the reader opt for the best strategy for
molecular dissection of membrane proteins.

2 Production of Membrane Proteins for Characterization

2.1 Native

Purification Versus

Heterologous

Expression

A number of approaches have been employed for protein produc-
tion by means of both homologous and heterologous expression
systems (Fig. 2). Homologous expression systems designate the
expression of the desired protein in the same biological host.
Heterologous expression system refers to directed overexpression
of the protein in cells different from the host organism, for exam-
ple, human or yeast protein expressed in E. coli [88–92]. Protein
expression can be achieved by the combination of various steps
[93–95]; some of these are as follows:

1. Identification and amplification of the desired gene
(corresponding to particular protein) from host genome.

2. Cloning of obtained gene product into suitable plasmids;
lambda phage; cosmids; phagemids; artificial chromosomes
from bacteria, yeast, or human origin (BAC, YAC, and HAC3,
respectively); and transformation in any suitable prokaryotic or
eukaryotic (E. coli, yeast, etc.) expression system.
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3. Identification of suitable condition for overexpression of the
protein, followed by protein isolation.

Each step described above has to be chosen carefully, as both
prokaryotic and eukaryotic systems have different advantages and
disadvantages. Several strategies have been employed to expedite
cloning of heterologous genes in different expression systems by
simplification of the steps involved. Identification and amplification
of desired genes have been simplified from genomic DNA by
whole-genome amplification (WGA) principles, based on molecu-
lar biology tools such as multiple displacement amplification
(MDA) and polymerase chain reaction (PCR) [96–98]. Further-
more, cloning strategies have been modified to such an extent that
cloning time has been significantly reduced [99, 100]. The use of
different cells or organisms to improve protein expression meth-
odologies has been investigated to a great extent for a large variety
of proteins [89, 101–105].

Both approaches (homologous and heterologous) have bene-
fits and drawbacks and can be used on the basis of experimental
requirement. Homologous protein expression systems are pre-
ferred for functional studies, due to the advantage that they provide
protein folded in native conformation. The major limitation asso-
ciated with this approach is that proteins are obtained in very small

Fig. 2 Summary of steps involved in membrane protein preparation. Homologous (left panel ) and heterologous
(right panel ) protein expression systems comprise of different procedures for protein purification, resulting in
natively and in vitro refolded protein for further studies. Protein expressed using homologous and heterologous
expression systems can both be purified by native preparation, mediated by detergent solubilization. The
commonly used denatured preparation (boxed, right panel ) is discussed in detail in this review. Here, protein
is expressed as aggregated inclusion bodies (IBs) and refolded in vitro into detergent micelles or lipid vesicles
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quantities (0.1–5 mg/l culture) [106]. On the other hand, heter-
ologous systems (proteins expressed in bacterial cells such as E. coli)
do not provide natively folded protein but can offer a large amount
of protein. The disadvantage of using heterologous system is that
most eukaryotic proteins undergo posttranslational modifications,
which cannot be obtained when prokaryotic expression systems are
being utilized. To overcome this barrier, several eukaryotic cell lines
have been customized for protein production. While using heterol-
ogous expression systems, membrane proteins are usually expressed
as inclusion bodies (IBs), and the protein obtained will represent an
aggregated state (Fig. 2). Heterologous expression is usually pre-
ferred for proteins that do not require extensive posttranslational
modifications to attain the folded state and for biophysical and
structural studies that require a large amount of protein. Several
cell-free and in vitro protein expression systems have also been
employed for protein production [107–114].

2.2 Steps Involved in

Obtaining Protein for

Biophysical and

Biochemical

Characterization

Protein overexpression as inclusion bodies remains the preferred
method for generating sufficient quantities (10–100 mg/l culture)
of purified membrane proteins [115]. We outline the steps involved
in this process, in this section:

1. Cloning: Amplification of the gene of interest and cloning into a
suitable vector is the first critical step. The protein-coding sequence
is amplified from the host genomic DNA using primers comple-
mentary to gene sequence. Occasionally, we find that codon-
optimized synthetic genes provide better expression levels, particu-
larly when bacterial systems are used to overexpress human mem-
brane proteins. The signal sequence is not included when
expression as inclusion bodies is desired. PCR-amplified genes are
cloned downstream to the promoter region of commercially avail-
able vectors such as pET, pBlueScript, pUC, pBR322, and pGEX
[115–119]. An affinity tag such as glutathione S-transferase (GST)
and hexa-His is usually included to facilitate purification at a later
stage.

2. Expression screening: In the last decades, several modified E. coli
BL21(DE3) expression strains such as C41 and C43 (and their
pLys versions), Rosetta, and NovaBlue are available for ready pro-
duction of membrane proteins. We find that in cases wherein BL21
(DE3) cells do not provide desired protein levels, C41 cells are
most conducive for rapid protein production. However, we have
observed that inclusion bodies prepared using C41 cells require a
more rigorous processing than the conventional DE3 cells. A usual
step with transformation-positive cells is to screen for the most
suitable expression condition [growth temperature, induction
time and duration, concentration of inducer (isopropyl β-D-1-thio-
galactopyranoside (IPTG), etc.)] for high-level protein production
[101, 115, 120, 121]. As pET vectors have higher translation

56 Bharat Ramasubramanian Iyer et al.



efficiency, the protein produced will accumulate in the cells in the
form of inclusion bodies. Most proteins can be produced in suffi-
cient quantities after a 3-h induction when induced at a culture
OD600 of ~0.8 [121]. However, in our laboratory, we find that a 7-
h induction with IPTG is more suited for VDAC expression [122,
123].

3. Inclusion body preparation: The aim of inclusion body prepara-
tion (IBP) is to extract aggregated protein (in the form of inclusion
bodies) from E. coli by cell lysis, with minimal contamination from
other cellular proteins and lipids [124]. This process is easy to carry
out, as inclusion bodies are considerably pure. Several methods are
available for inclusion body preparation, with many of them being
protein specific and possess many advantages and disadvantages
[125–133]. In our laboratory, we have optimized the IBP such
that it can be used for a wide variety of membrane proteins and can
be cost effective, less laborious, and completed in the fewest possi-
ble steps [133]. We outline the procedure in this section (Fig. 3).

The IBP is divided into the following segments, and each step
plays an important role in determining the final purity of the
preparation:

1. Cell lysis

2. Removal of cell debris

3. Elimination of protein impurities

4. Removal of lipidic impurities

5. IB protein recovery and estimation of purity

The complete protocol is described in the form of a flowchart
comprising of detailed information related to each of these steps
[133]. The description also includes specific information pertaining
to incubation times as well as centrifugation conditions and, there-
fore, provides a complete guideline for obtaining sufficiently pur-
ified IBs. It is important that each of these steps be carried out
carefully, since minute errors in any of the steps can lead to a
considerable reduction in final protein purity. We have successfully
tested this method on several transmembrane β-barrels from both
bacteria and humans, with reproducible results [133]. This proto-
col can be utilized for characterizing novel proteins, without the
need for modifications.

4. Protein purification and storage: Purified protein for biophysical,
biochemical, structural, and functional studies can be directly
obtained from native purifications (wherein homologous expres-
sion is used) or in the unfolded/ aggregated state from IBPs [126].

Membrane proteins are classified on the basis of their interac-
tion with the lipid bilayer into peripheral and integral membrane
proteins. Generally, MPs are associated with the lipid membrane
through covalent, non-covalent, or hydrophobic interactions. Low
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expression of membrane proteins is the primary challenge in the
field of membrane protein purification. The extraction of native
protein from an organism requires disruption of phospholipid
bilayer and solubilization into detergent micelles [134–136].Mem-
brane proteins tend to become highly unstable and prone to aggre-
gation, when they are outside their native environment. Therefore,
it becomes important to solubilize them using appropriate

Fig. 3 Protocol for modified rapid inclusion body preparation. Steps involved in
inclusion body preparation (IBP) of a 1 L bacterial culture are shown. The steps
mentioned above need to be followed strictly for efficient removal of protein and
lipid impurities, as minor changes in the protocol can affect the final purity of the
IB pellet. The protocol has been tested for a large variety of transmembrane β-
barrel proteins and can be used for higher culture volumes without significantly
increasing the processing time. Mentioned centrifugation speeds, wash
volumes, detergent, and DTT concentrations are optimal to obtain clean inclu-
sion bodies, but can be adjusted carefully when used for extraction of novel
proteins. All the supernatant (washes) and final IB pellet can be checked on SDS-
PAGE, to ensure minimal protein loss and confirm purity of the preparation. The
extracted IB pellet can be purified using denaturant purification (after solubilizing
in urea or GdnHCl), and the purified protein can be used for biophysical and
functional studies. Redrawn from [133] with permission from the Royal Society
of Chemistry
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detergent conditions, which helps them retain their structural
integrity and biological function. These properties make it difficult
to generate homogenous preparations of membrane protein in
sufficiently high amount and purity [91]. Thus, purification of
MPs without disruption of native structure is a challenge [102,
120].

We discuss native protein purification using the human VDAC
protein as the example and compare the results with VDAC gener-
ated from inclusion bodies. The voltage-dependent anion channel,
or VDAC, is present in the outer mitochondrial membrane in three
different isoforms, VDAC-1, VDAC-2, and VDAC-3 [137–143].
The purification of human VDAC has been attempted from the
mitochondrial outer membrane (Fig. 4). The purification process
comprises of different steps, starting with the isolation of mito-
chondria, followed by solubilization in mild detergents and chro-
matographic separation. First, the rat liver tissue is homogenized in
cold isotonic sucrose solution. The cell lysate is then subjected to
differential centrifugation to remove cell debris and isolate mito-
chondria [144]. The mitochondrial membrane is then solubilized
into nonionic detergents (triton X-100 or Genapol X-100), fol-
lowed by multiple rounds of ion-exchange chromatography
(Fig. 4). HTP columns are particularly useful to purify VDAC, as
it binds the refolded protein based on the ionic strength of the
buffer used [145, 146].

Native purification of human VDAC using detergent exchange
has been employed for functional assays as well as structure deter-
mination. Other ways of purifying VDAC using affinity chroma-
tography have also been utilized [147]. However, in the past
decade, it has been accepted that protein prepared in vitro also
possesses similar properties as the natively purified protein [148,
149]. Furthermore, in vitro preparations are less laborious, save
time, and provide a higher protein yield required for a large number
of structural and functional studies [133, 149]. For expressing the
full-length VDAC in E. coli as inclusion bodies, we find that BL21
(DE3) cells provide us with protein preparations that contain less
contaminating lipid impurities than C41 cells [122]. Inclusion
bodies enriched with VDAC can be purified using ion-exchange
chromatography and affinity columns. Human VDAC-2 isoform,
for example, can be purified in a single step of anion-exchange
chromatography using the chaotropic agent urea as the denaturant
and an NaCl gradient for protein elution. On the other hand,
human VDAC-3 requires two purification steps – anion-exchange
followed by Ni-NTA affinity chromatography to obtain protein
preparations that are >95% pure [150].

VDAC purifications are carried out under highly alkaline buffer
conditions (20 mM Tris-HCl pH 9.5) as the theoretical pI of
VDACs lies between ~7.5 and 8.5. Concomitantly, anion-exchange
matrices are most suitable for these buffers. Although VDACs
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contain cysteine residues (human VDAC-1 has two, VDAC-2 has
nine, and VDAC-3 has six cysteines), we find that the use of
reducing agents for purification is not required [122].

Similar to hVDAC-2, the bacterial outer membrane β-barrels
PagP (from E. coli, Salmonella typhimurium), OmpX (from E. coli),
and Ail (from Yersinia pestis) can be purified from inclusion bodies
using ion-exchange chromatography [121, 151–153]. The theo-
retical pIs of PagP, OmpX, and Ail are ~5.5, 5.1, and 7.8, respec-
tively. On the basis of their different pIs, these proteins are purified
using buffers of pH 8.5 (for PagP and OmpX) and 5.0 (for Ail).
These proteins are eluted in their pure forms using an NaCl gradi-
ent, applied onto anion-exchange (for PagP and OmpX) or cation-
exchange (for Ail) matrices. A representative IEX purification

Fig. 4 Flow chart describing native purification of porin from mitochondria. Schematic representation of VDAC
purification using detergent solubilization in triton X-100 (left panel) and LDAO (right panel). The mitochondrial
membrane is directly solubilized in detergent micelles and subjected to multiple steps of ion-exchange
purification, using hydroxyapatite (HTP) and celite columns. Porin purification by using triton X-100 (left panel)
is fast and is a simple purification procedure and allows the preparation of high amounts of pure porin in a
single chromatographic step. On the other hand, when LDAO-mediated purification is attempted, porin shows
high-binding affinity to the chromatographic material. The bound porin can then be specifically eluted by the
addition of a buffer of moderate ionic strength. The binding of porin to the hydroxyapatite/celite column in the
presence of LDAO enables on-column detergent exchange, which facilitates porin crystallization. Redrawn
with permission from Palmieri and De Pinto [146]
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profile is provided in Fig. 5. Fractions containing pure protein is
usually dialyzed against water to remove salts and urea and lyophi-
lized to obtain a white protein powder, for long-term storage. We
find that IEX offers advantages over affinity chromatography (such
as His-tag-based purifications), since it can effectively remove resid-
ual lipids that are strongly associated with the protein. Affinity
columns can be effective to remove protein impurities (as we see
for VDAC-3 preparations), but they are ineffective in providing
lipid-free preparations [150].

Both native and denatured purification procedures have their
advantages and disadvantages, and the choice of purification
method strictly depends on the study being carried out [147].
For heterologous protein expression systems, wherein the protein
is expressed as inclusion bodies, denaturant-based purification is
preferred, since inclusion bodies (aggregated form of protein) can-
not be dissolved directly in any solvent without the addition of
chaotropic agents [126]. However, this method is limited to the
generation of those proteins which can successfully be refolded to
the near-native state. We now look into known procedures for
membrane protein refolding.
5. In vitro refolding: In vivo, transmembrane β-barrel proteins
require the assistance of several translocons, holdases, and cha-
perones (SecYEG, Skp, DegP, SurA, and BAM) for translocation
and insertion in a functional conformation in the outer mem-
brane [55, 154–158]. On the other hand, in vitro refolding is
largely unassisted. It is achieved by the rapid dilution of unfolded
protein prepared in a denaturant, into lipid mimetic systems that
can support a functional and stable fold of the protein [40, 126,

Fig. 5 Purification profiles of denatured barrels using ion-exchange chromatography. Denaturant-based
purification of OmpX (left) and OmpA (right) in buffer containing 8.0 M urea using anion-exchange column.
The green line represents the salt (NaCl) gradient used for purification, and the blue line indicates the
absorbance recorded at 280 nm. Note how the gradients are different for each protein. The elution
corresponding to the protein of interest is indicated. Reproduced with permission from Maurya, Chaturvedi,
and Mahalakshmi [121]
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159–165]. These include detergent micelles, lipid vesicles,
bilayers, bicelles and nanodiscs. Here, the chaotropic denaturant
usually functions as the holdase, while the folding is spontaneous
(Fig. 6). In vitro refolding is a multistep process, and therefore,
minute disruption in the refolding environment can lead to
protein misfolding and aggregation. Some of the parameters
affecting in vitro refolding of membrane proteins are listed
below:

Fig. 6 Folding-unfolding studies of transmembrane barrels using SDS-PAGE. Refolding screens of membrane
proteins under different conditions (pH, temperature, detergent or lipid concentrations, etc.) can be carried out
using SDS-PAGE gel mobility shift assay (upper panel). The unfolded protein is diluted into detergent micelles or
lipid vesicles to attain the folded conformation. The refolded protein can then be subjected to protease digestion
to confirm the refolded state of the barrel. Once the protein is folded, the stability of folded barrel in the presence
of chemical or thermal denaturant can be measured, followed by a brief exposure to a protease (pulse
proteolysis). The susceptibility of the unfolded protein to protease digestion can be checked on SDS-PAGE
gels and is then used to differentiate the folded and unfolded states of the protein by densitometry analysis
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1. Choice of denaturant: Chemical (urea, guanidine hydrochlo-
ride) or detergent (tetraethylene glycol monooctyl ether
(C8E4), 3-(N,N-Dimethylmyristylammonio)propanesulfonate
(SB3-14))

2. Detergent properties: Critical micelle concentration, aggrega-
tion number, size and shape of micelles, and headgroup
characteristics

3. Lipid characteristics: Chain length, chain saturation, size of
vesicles, doping with saturated and unsaturated lipids or differ-
ent headgroup or cholesterol, etc.

4. Packing defects in the lipid vesicle or membrane

5. Molecular composition of folding microenvironment: Buffer,
pH, salt concentration, and oxidoreductive environment

6. Physical parameters: Temperature, physical vortexing or mixing,
dilution rate, etc.

7. Protein and lipid concentration or lipid-protein ratio (LPR)

8. Dilution procedure (stepwise or rapid) of unfolded protein into
lipid milieu

9. Presence of cofactor, substrate, or other small molecules

These parameters are crucial for proper refolding of the mem-
brane protein. It is also necessary to choose conditions that pre-
serve the folded state of the refolded protein during storage.
Refolding conditions in artificial systems have been screened and
successfully optimized for a variety of transmembrane β-barrels,
such as hVDAC-2, OmpX, Ail, PagP, OmpA, OmpLA, OmpW,
FhuA, etc. [69, 121, 122, 152, 153, 166–174]. We will discuss the
refolding methods employed for β-barrel membrane proteins in
detergent micelles and lipid vesicles, using hVDAC2, PagP,
OmpX, and Ail as examples.

hVDAC-2 (human VDAC isoform 2) is a 19-stranded β-barrel,
abundant in cysteine residues. Hence, refolding of hVDAC-2 is
carried out in a reducing environment to prevent the formation of
nonspecific disulfides, which can lead to protein oligomerization
and aggregation [122, 138, 175, 176]. Hence, we achieve refold-
ing of hVDAC-2 by first dissolving the denatured protein in 6.0 M
guanidine hydrochloride (GdnHCl) containing a reducing agent
such as 10 mM DTT (dithiothreitol). Complete reduction of all
nonspecific disulfides can also be achieved by a brief exposure of the
protein to incubation at marginally elevated temperatures. This step
also facilitates complete solubilization of any dissolved aggregates.
Refolding of hVDAC-2 is achieved when the GdnHCl-denatured
reduced protein is rapidly diluted tenfold in a concentrated solution
of detergent micelles (such as LDAO (lauryldimethylamine oxide)
or DDM (n-dodecyl β-D-maltoside)) prepared in 50 mM phos-
phate buffer, pH 7.2, containing 100 mM NaCl, at a temperature
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of 4 �C. Low temperatures prevent the formation of unfolded
hVDAC-2 aggregates. The rapid dilution step allows the formation
of protein-micelle complexes. Further incubation with gentle mix-
ing for 4–5 h at 4 �C promotes complete refolding of the protein.
This method yields protein preparations that are >95% refolded
[122, 177]. Further purification is not required, which is an added
advantage.

In vitro folding of bacterial outer membrane β-barrels is easier
to accomplish than their eukaryotic counterparts. For example,
PagP, OmpX, and Ail are three eight-stranded transmembrane β-
barrel proteins of bacterial origin, residing in the outer membranes
of S. typhimurium, E. coli, and Y. pestis, respectively [121,
151–153]. PagP is nearly ubiquitous in all Gram-negative bacteria,
while OmpX and Ail are believed to be homologous proteins. We
achieve refolding of PagP and OmpX by carrying out a tenfold
dilution of the protein denatured in 8.0 M urea, into the refolding
reaction containing detergent micelles, prepared in 20 mM Tris-
HCl pH 9.5 at 4 �C. Immediately after the rapid dilution, we
administer a “heat shock” to the refolding mixture by transferring
it from 4 �C to 70 �C. This heat shock is administered for 3 min,
following which OmpX is incubated at 4 �C for 10min, whereas the
incubation time for PagP is increased to �12 h. Through these
simple steps, we obtain complete refolding of the barrel [151, 153].
We have shown that alteration in the lipid dynamics, induced by a
change in temperature, can help in β-barrel membrane protein
folding. The mechanism accelerating the folding is lipid indepen-
dent and can be used for screening of protein folding conditions
and generation of stable and functional barrels.

A similar heat shock method can effectively refold OmpX and
OmpA (also fromE. coli) in phosphocholine vesicles (e.g., DLPC and
DMPC SUVs) [121]. However, the refolding procedure for PagP
into lipid vesicles cannot be achieved by the procedure described
above, and minor modifications are employed to achieve complete
folding of the barrel. PagP refolding is achieved by a 100-fold rapid
dilution of denatured PagP (0.4 mM) prepared in 8.0 M GdnHCl,
into a final concentration of 5 mM lipid vesicles in 50mMphosphate
buffer pH 8.0 containing 7 M urea, at 25 �C. Then, we incubate the
refolding reaction further at 25 �C for �12 h [153, 161].

Despite possessing a similar barrel structure, the refolding pro-
cedure for Ail is achieved without the need for heat shock or
incubation. Rapid tenfold dilution of denatured Ail prepared in
8.0 M GdnHCl, into detergent micelles (LDAO) prepared in
20 mM Tris-HCl pH 8.5 at 25 �C, is sufficient to achieve Ail
refolding [152]. Once complete refolding is achieved, it is impor-
tant to remove all the partially refolded, misfolded, and aggregated
fractions. For this, aggregated protein is removed by high-speed
centrifugation at 15,500�g for 1 h at the respective temperatures
(4 �C for hVDAC-2, PagP, and OmpX; 10 �C for Ail). The final
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refolded protein prepared in the desired DPR (detergent-to-pro-
tein ratio) or LPR (lipid-protein ratio) is checked for refolding (as
described in next sections) and can be used for biophysical, bio-
chemical, and functional characterization [121–123, 151–153].

It is evident from this section that different transmembrane β-
barrel proteins require specific refolding environments and proto-
cols to achieve proper refolding of the barrel. As we can see, the
refolding procedure for PagP differs when we move from detergent
micelles to lipid vesicles, suggesting that refolding microenviron-
ment strongly influences protein folding [153]. Similarly, when we
compare refolding of two structurally homologous barrels OmpX
and Ail, we find that the protein sequence drastically affects the
folding of the barrel [151, 152]. We have also noticed that each
protein requires different DPRs or LPRs and refolding microenvi-
ronment, further highlighting the importance of the folding
milieu. For example, in LDAO micelles, optimal refolding effi-
ciency is obtained for hVDAC-2 only in DPRs of
2,600:1–13,000:1 [122]. Beyond this range, we find that the
stability of the folded protein is considerably affected. Hence,
refolding conditions require careful handling and a great extent of
optimization for biophysical, biochemical, and functional charac-
terization. Owing to the elaborate screening process involved in
identifying conditions that support a near-native structure for
membrane proteins, it has been advocated that native preparations
be used to study these important biomolecules [138, 175, 176].

3 Tools to Study Membrane Proteins

3.1 Polyacrylamide

Gel Electrophoresis

Polyacrylamide gel electrophoresis (PAGE) is the most common
and inexpensive technique used to characterize transmembrane β-
barrel proteins on the basis of gel mobility shifts. Generally, PAGE
is performed in native (e.g., native PAGE, blue native PAGE (BN-
PAGE)) or denaturing conditions (e.g., SDS-PAGE, 2D-gel elec-
trophoresis) [178, 179]. Native PAGE is the method of choice for
characterizing protein-protein interactions, calculation of the
native mass of the protein of interest, and determination of oligo-
meric states [178, 179]. However, the limitation with native PAGE
is the tedious process of optimizing the buffer conditions and
maintaining ideal environments to retain the native protein state.
On the contrary, denatured gel electrophoresis is run in relatively
harsh conditions where SDS and β-mercaptoethanol or DTT are
used along with boiling at 95–100 �C for 3 min, as denaturing
agents.

A revolutionary finding in the field of membrane protein fold-
ing was the discovery of anomalous migration exhibited by
unboiled samples of refolded β-barrel proteins on SDS-PAGE
gels, in comparison with their unfolded counterparts. This is gen-
erally referred as the gel shift assay for protein folding [180–182],
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where a difference in band migration is seen after protein folding in
lipidic environments (micelles, vesicles, bilayers, nanodiscs, etc.).
Here, the insertion of the β-barrel protein into the lipid milieu leads
to a change in protein compaction, thus affecting the gel migration
[69, 153, 181, 183–188]. In unboiled samples, it is believed that
the lipid or detergent environment is replaced by SDS molecules,
which preserves the folded state of the barrel and gives rise to the
difference in mobility. It has been observed that for proteins with
molecular weight less than ~18–20 kDa, the folded species shows
retarded mobility on Laemmli gels, compared to the unfolded
protein. This phenomenon is reversed in tricine gels [189] and
when the molecular weight exceeds 20 kDa. In the case of helical
membrane proteins, SDS binding and variation in acrylamide con-
centration result in migration change [180, 181]. The gel shift
assay has been extensively used to monitor the folding of various
transmembrane β-barrels such as OmpX, Ail, PagP, OmpLA,
OmpA, Opa, PagL, FadL, OmpT, OmpW, etc., in the presence of
different lipids and detergents [61, 73, 78, 152, 153, 161, 173,
183, 187, 190–195].

Another interesting observation in the case of membrane pro-
teins is their ability to resist proteolysis when folded. Several studies
with refolded transmembrane β-barrels report the persistence of the
refolded protein on SDS-PAGE gels, after brief exposure to several
proteases including subtilisin [196, 197], proteinase K [121], tryp-
sin [198, 199], and thermolysin [200–202]. Unfolded and aggre-
gated counterparts, on the other hand, can be readily proteolyzed.
It is believed that the folded barrel assembly is preserved by the
surrounding lipid or detergent milieu, as the protease cannot access
the transmembrane region. However, the loop regions are accessi-
ble to the protease, as seen for Ail, refolded in LDAO micelles
[152]. Proteolysis of the loop regions does not affect the integrity
of the transmembrane region, as they are stabilized by interstrand
hydrogen bonds, strong protein-lipid, and intra-protein hydropho-
bic interactions. Therefore, we observe a gel mobility shift for the
proteolyzed folded protein, similar to its undigested counterpart,
despite the digestion of loop segments by the protease. Gel mobil-
ity shift assays are usually combined with protease digestion experi-
ments to establish the folded state of the β-barrel protein [121,
152, 153].

Protein stability to chemical (urea, guanidine hydrochloride,
etc.) and thermal (heat) denaturation has also been investigated
with the combination of gel shift assay and pulse proteolysis
(Fig. 6). Here, the refolded protein is first subjected to increasing
gradient of denaturant to promote protein unfolding, following
which the reaction is exposed to proteases for a short pulse of
time [121, 152, 202–204]. Incubation with proteases, such as
proteinase K, subtilisin, and trypsin, leads to digestion of unfolded
and partially folded protein species, whereas the refolded protein
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remains inaccessible to proteases, as the transmembrane region
remains occluded by the surrounding lipid or detergent. We use
this selective digestion of unfolded and partially folded protein as a
screen for transmembrane β-barrel refolding. The folded fractions
(% folded species) can be easily calculated for protein folding and
unfolding, or stability studies, using the following formula [121]:

Fraction folded ¼ Folded band intensity= Folded band intensityð
þUnfolded band intensityÞ

We have also used this approach to calculate the percentage
oligomer population of Ail and its tryptophan mutants refolded in
different concentrations (DPRs) of LDAO micelles. Here, we can
differentiate between the oligomerization propensities of mutant
Ail proteins. We find that the W42 ! F mutant of Ail has a lesser
oligomerization propensity than Ail WT in all the DPRs monitored.
Similarly, we are able to establish using gel mobility shifts coupled
with densitometry studies that the oligomerization propensity pro-
portionally decreases with increase in DPR, for all the mutants.

Another protein prone to oligomerization is the human mito-
chondrial β-barrel VDAC. We have investigated the role of
cysteines on the oligomerization of the hVDAC-2 isoform, for
native (hVDAC-2 WT) and Cys-less (hVDAC-2 C0) mutant pro-
teins, using SDS-PAGE. We observe that both WT and C0 con-
structs form ~40% oligomeric species, and ~60% remain
monomeric, suggesting that oligomer formation is independent
of cysteines in hVDAC-2. Furthermore, we observed that oligo-
merization tendency is independent of the DPR. Formaldehyde
cross-linking studies examined using SDS-PAGE reveal that
hVDAC-2 also has the tendency to formmultimeric protein species
or higher-ordered aggregates. Furthermore, refolded hVDAC-
2 also shows a unique digestion pattern when treated with trypsin
[122], providing insight on protein behavior in various DPRs of
detergent. Hence, information on protein folding and oligomeri-
zation can be readily obtained using SDS-PAGE methods, when
coupled with protease digestion experiments, cross-linking using
chemical agents such as formaldehyde or glutaraldehyde and densi-
tometry studies.

In our laboratory, we have employed the widely used technique
of gel mobility shift to perform rapid refolding screens of different
transmembrane β-barrels [121, 133, 152, 153]. A similar approach
has previously used by the Fleming group [183]. As discussed in the
previous section, using the β-barrel protein OmpX as the model
system, we have identified temperature-induced refolding of
transmembrane β-barrels (Fig. 7). The efficacy of “heat shock”
refolding can be readily screened in different detergent
micelles (LDAO, lauryldimethylamine oxide; β-OG, n-octyl-β-D-
glucoside; DPC, n-dodecylphosphocholine), lipid vesicles (DHPC,
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1,2-dihexanoyl-sn-glycero-3-phosphocholine; D7PC,7, 1,2-dihep-
tanoyl-sn-glycero-3-phosphocholine; DMPC, 1,2-dimyristoyl-sn-
glycero-3-phosphocholine), and mixtures of detergent and lipids,
using gel shift assay and densitometry (Fig. 7). Hence, gel mobility
shifts serve as an inexpensive and rapid method to perform refolding
screens in a multitude of conditions as well as identify the refolding
efficiency in various detergents and lipids [121].

SDS-PAGE finds its use in a variety of applications for β-barrel
membrane proteins, including the determination of protein purity
and integrity, confirmation of β-barrel folding and stability, estima-
tion of oligomeric species, monomer to oligomer formation or
oligomer to monomer dissociation, and estimation of lipid
adsorbed (partially folded) species. The major advantage of time,
minimal sample requirement, and simplicity of the technique has
rendered this method as one of the most popular approaches to

Fig. 7 Use of heat shock for refolding membrane proteins. (a) Refolding efficiency of OmpX and OmpA
(residues 1–171, corresponding to the transmembrane region) on SDS-PAGE. (b) Histograms representing the
folded fractions (% folded) of OmpX and OmpA in the presence of various lipids and detergents. (c) Refolding
screen of OmpX in various detergent-micelle mixtures, on SDS-PAGE. (d) Histogram comparing the percent
folded OmpX in mixtures of detergent and lipids. Here, both OmpX and OmpA fold efficiently when a heat
shock (plus; indicated above the gel) for 3 min is given at 70 �C. The anomalous gel mobility shift (shift of
~3.0 kDa) upon refolding of the OmpX and OmpA barrels is evident in all the gels. The ~20 kDa band
corresponds to the refolded protein, whereas the lower, ~15 kDa band corresponds to the unfolded protein.
Reproduced with permission from Maurya, Chaturvedi, and Mahalakshmi [121]
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address more sophisticated questions. The most recent applications
include the determination of factors that modulate β-barrel folding
[155, 187], protein folding, and unfolding studies [61, 205].

3.2 Circular

Dichroism

Circular dichroism (CD) spectropolarimetry is a widely used tech-
nique in the field of structural biology and biophysics. The chirality
of non-Gly amino acids in proteins renders CD as a very effective
tool to monitor changes in the structural and behavioral properties
of proteins [206]. In the field of membrane protein biology, this
technique has been employed in a variety of model systems to
analyze protein structure, characterize protein folding events, mon-
itor protein-protein interactions, and unravel several other molecu-
lar details [207, 208]. The basic principle of CD deals with the
differential absorption of left- and right-handed circularly polarized
light, mediated by chiral molecules such as proteins. It enables us to
decipher valuable information pertaining to the secondary struc-
ture (from far-UV CD) and tertiary organization (from near-UV
CD) of these macromolecules. Despite lagging significantly behind
their soluble counterparts, membrane proteins have increasingly
been characterized using CD [161, 193, 209]. In this section, we
will focus on the recent developments in studies of β-barrel mem-
brane proteins using CD spectropolarimetry.

Transmembrane β-barrel proteins show a characteristic nega-
tive ellipticity centered at ~215 nm, similar to soluble β-rich struc-
tures. The ellipticity at 215 nm can, therefore, be used to monitor
the rate of protein folding and unfolding, as well as the secondary
structure content. For example, in the case of human VDAC-
2 (hVDAC-2), we have monitored thermal denaturation of the
protein refolded in LDAO micelles in low and high DPR condi-
tions using far-UV CD at 215 nm (Fig. 8) [122]. Similarly, to
decipher the effect of a chemical denaturant, we have monitored
the thermal denaturation of the wild-type protein (WT) and its
cysteine-less mutant (C0) in the presence of increasing amounts
of urea and obtained some very interesting results. In low DPR,
both proteins remain largely unaffected by an increase in the dena-
turant concentration. But, in high DPR conditions, C0 shows a
drastic reduction in both secondary structure content and Tm

values, whereas no appreciable change in Tm values was observed
for the WT protein. Using CD, we were able to demonstrate that
the effect of denaturant on protein stability is possibly a resultant of
the differences in protein-lipid interactions (Fig. 8).

CD can also be used for bicelles and lipid vesicles in low
concentrations. For example, to obtain a clear understanding of
protein-lipid interactions in human VDAC-2, under the mixed
micelle conditions, we have titrated varying amounts of the
vesicle-forming lipid DMPC into the protein-micelle complex
(Fig. 8). We observe a high sensitivity on the part of both proteins
(WT and C0 constructs) to the curvature stress induced by DMPC
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molecules. Specifically, in low DPR conditions, both WT and C0
display higher destabilization upon increase in DMPC amounts, as
compared to high DPR. This destabilization is evident from the

Fig. 8 Thermal denaturation profiles of refolded hVDAC-2 monitored using CD. Shown here is an example of
how CD can be used to monitor the effect of urea and DMPC on the stability of WT (native) and C0 (Cys-less)
mutants of hVDAC-2, refolded in LDAO micelles. Refolded hVDAC2 (WT and C0), in the presence of increasing
concentrations of (a) urea and (b) DMPC, is subjected to thermal denaturation, and the folded fractions are
calculated at each temperature. The midpoint of thermal denaturation (Tm), in the presence of (c) urea and (d)
DMPC, is plotted for hVDAC-2 refolded in LDAO micelles. (c) Using CD, we find that in high DPR conditions, C0
is destabilized to a greater extent when the urea concentration is increased. (d) Increasing DMPC affects
hVDAC-2 stability by inducing a curvature stress on the protein, as deduced by the lowering of Tm. This
research was originally published in The Journal of Biological Chemistry. Maurya and Mahalakshmi. Modula-
tion of Human Mitochondrial Voltage-dependent Anion Channel 2 (hVDAC-2) Structural Stability by Cysteine-
assisted Barrel-lipid Interactions. The Journal of Biological Chemistry. 2013; 288, 35, 25584–25592. © The
American Society for Biochemistry and Molecular Biology
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rapid decrease in Tm values derived from ME215 data. The Tm

values remain stable up to 100 μM DMPC after which, sudden
destabilization occurs for both proteins. This effect may be due to
a marginal hydrophobic mismatch between the barrel structure
and the bilayer thickness presented by the vesicles formed by
DMPC [122].

Several parameters that can be derived from thermal denatur-
ation measurements using CD include the Tm, Tm-start, Tm-end, ΔTm,
and ΔHapp. Here, Tm, midpoint of thermal denaturation, is derived
from fitting the unfolding profile to a two-state equation. Addition-
ally, Tm-start and Tm-end denote starting and end points of unfolding
transition, respectively. Furthermore, ΔTm is calculated from the
difference between Tm-start and Tm-end. Finally, the slope of the
unfolding transition curve is represented as ΔHapp. The Tm and Tm-

start values indicate the stability of the folded protein state, whileΔTm

andΔHapp provide important information on the cooperative nature
of the aggregation process and enthalpic changes associated with the
unfolding of solvent-exposed segments of the β-barrel [177].

Proteins such as VDAC-2 undergo complete unfolding and
aggregation, when subjected to thermal denaturation. Hence, CD
can be used to derive the kinetic stability of membrane proteins
such as VDAC-2, which undergo irreversible unfolding. The acti-
vation energy derived from such experiments gives information
about energy barrier separating the folded and unfolded (aggre-
gated) state of the protein. By monitoring the rate of unfolding as a
function of temperature and DPR, we find that in the case of
VDAC-2, the rate of unfolding proportionally increases with a
rise in temperature and decreases as we increase the detergent
concentration (and DPR) (Fig. 9). Activation energy values
obtained from Arrhenius plots can also be used to demarcate the
contribution of a mutant to the kinetic barrier. For example, we
obtain a ~5 kcal/mol difference in the activation energy for aggre-
gation between hVDAC-2 WT and C0 constructs [123]. Similarly,
we have investigated the role of cysteine residues on the kinetic
stability of hVDAC-3 by measuring the rate of protein unfolding
and aggregation, as a function of temperature. We observe a slow
unfolding followed by aggregation for hVDAC-3 WT and all the
cysteine mutants. Cysteine removal drastically affects the activation
energy values, and hVDAC-3 C0 mutant shows an increase of
~5–7 kcal/mol when compared to WT protein (unpublished
data). These, and other examples [210–212], demonstrate the
application of CD to quantify kinetic barriers separating the
refolded protein from the aggregated state.

All membrane proteins do not exhibit unfolding upon thermal
denaturation. For example, the E. coli proteins OmpX and PagP are
considerably resistant to denaturation by heat [121, 151, 153,
161]. Hence, in our studies, we monitor the variations in the
near-UV or far-UV CD profiles in response to changes in
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temperature, to understand the tertiary interactions in the protein,
and derive information on the effect of mutations (Fig. 10) [153].
OmpX neither exhibits complete protein unfolding nor does it
possess a characteristic tertiary CD. Hence, normalized unfolding
profiles monitored at 215 nm can be qualitatively compared across
mutants, to obtain insights on the folding and unfolding pathways
[121, 151].

By monitoring changes in the tertiary CD at 231 nm, we can
deduce the effect of point mutations in the outer membrane
enzyme PagP from S. typhimurium and E. coli [153]. The molecu-
lar mechanism behind this tertiary interaction (Fig. 11) has been
previously characterized in detail [193]. This protein exhibits a
sigmoidal unfolding profile, allowing us to readily deduce the Tm,
Tm-start, and Tm-end. PagP is one of the few outer membrane pro-
teins which also functions as an enzyme. It transfers a palmitoyl
chain from outer membrane phospholipids to the lipid A compo-
nent of lipopolysaccharides (LPS) [213]. This protein displays an
unusual structure for an integral membrane protein, with a highly
dynamic barrel domain tilted with respect to the membrane

Fig. 9 Comparison of unfolding and aggregation rates for hVDAC-2 using CD.
hVDAC-2 WT (dark bars) and C0 (light-colored bars) refolded in different
concentrations of LDAO are subjected to thermal denaturation, and the
process can be monitored using CD. The fast rate of unfolding (ku1) is plotted
against different concentrations of LDAO, at various temperatures. The data
provides information on how the rates of unfolding are strongly influenced by
LDAO concentration and cysteine residues. We infer from the CD experiments
that the removal of cysteine (C0) stabilizes the barrel in lower LDAO
concentrations, whereas at higher LDAO concentration, C0 exhibits faster
unfolding. Reproduced from Maurya and Mahalakshmi [123], under the
Creative Commons Attribution (CC BY) license
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Fig. 10 Thermal denaturation of PagP and its mutants monitored by CD. Here, the stability characteristics of
two PagP variants with near-identical primary sequence are studied using CD. (a) Far-UV CD scans of PagP
derived from E. coli (PagP-Ec, left ) and S. typhimurium (PagP-St, right ) as a function of increasing
temperature show changes in molar ellipticity values at both 215 nm (ME215) as well as 231 nm (ME231).
(b) The reduction in secondary structure (ME215, upper panel ) and the tertiary interaction (ME231, lower panel )
is displayed for the melting (filled symbols ) and recovery (empty symbols ) profiles. (c) Histograms displaying
the point at which the tertiary interaction begins to drop (denoted as Tm-start) show that PagP-Ec is more stable
than PagP-St with a difference of about ~8�C. Reprinted with permission from Iyer and Mahalakshmi,
Biochemistry, 2015, 54, 5712–5722. Copyright (2015) American Chemical Society
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normal, and that it contains an N-terminal amphipathic helix. The
dynamic structure helps PagP switch between two distinct states –
one facilitating easier substrate access and the other favorable for
the catalytic reaction [214]. PagP is a well-characterized protein,
and it has also been extensively used as a model system to

Fig. 11 Diagrammatic representation of the exciton couplet generated by tertiary interaction in PagP. (a)
Structural orientation of the residues involved in the tertiary interaction – Tyr26 and Trp66 are shown here,
along with Gly88 and the substrate analog LDAO. The theoretical exciton contributions of both residues to the
far-UV CD spectrum of PagP are also mentioned. (b) Electronic transitions from ground states (o) to excited
state, which generate the CD cotton effect, are depicted for Tyr26 (a) and Trp66 (b). (c) The exciton couplet
produces an effect in equal magnitude but opposite directions, leading to contributions to the 215 nm and
230 nm region of far-UV CD. Reprinted with permission from Khan et al., Biochemistry, 2007, 46, 4565–4579.
Copyright (2007) American Chemical Society
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understand the principles that drive β-barrel membrane protein
folding [171, 190, 215, 216].

The major drawback in CD experiments is observed when
higher concentrations of lipids are used, wherein a considerable
contribution from scattering affects the conclusions. Further,
high salt concentrations interfere in CD measurements specifically
for membrane proteins, due to the added contribution of lipids and
detergents used in the refolding mix. Finally, denaturation carried
out using GdnHCl cannot readily be followed using far-UV CD
and relies heavily on the presence of a tertiary CD (near-UV CD) in
the protein.

3.3 Steady-State

Fluorescence

Fluorescence is a phenomenon where absorbance of light at specific
wavelengths causes excitation of a fluorophore, and return to the
ground state is achieved by emission of light of longer wavelength
and lower energy. The high extinction coefficient and prolonged
excited state lifetime of tryptophan (as against Phe and Tyr) allow
us to use the indole as an intrinsic probe to obtain information
about local changes in the vicinity of the fluorophore. Changes in
fluorescence behavior of tryptophan have been used to understand
β-barrel membrane protein folding (protein anchoring to lipids,
insertion into membrane, rearrangement of the barrel), unfolding,
and stability both in vivo and in vitro, for a variety of proteins such
as hVDAC-2, OmpX, PagP, Ail, OmpA, OmpF, etc. [122, 152,
153, 184, 217–220]. Here, we will discuss the studies carried out
on the role of tryptophan and other interfacial residues on the
stability of transmembrane β-barrels, using Trp fluorescence as a
probe.

A shift in the tryptophan fluorescence spectrum upon chemical
or thermal de(re)naturation of the macromolecule is the preferred
way to understand protein un(re)folding and stability. Here,
change in fluorescence intensity is a result of a change in the local
vicinity of fluorophore caused by a conformational and structural
change in the protein. Along with steady-state fluorescence mea-
surements, Stern-Volmer constant calculation from quenching
experiments (KSV), tryptophan anisotropy (r), average lifetime
(<t>), bimolecular quenching constant (kq) measurements, and
rotational correlation time (τc) calculations further help us to derive
solvent accessibility and conformational rigidity of the fluorophore
[53, 122, 153, 217, 221].

We have used Trp as the fluorescence probe to investigate the
contribution of cysteines to the overall stability of hVDAC-2 and to
study the influence of Trp on (un)folding pathways and stabilities of
Ail and OmpX. hVDAC-2, Ail, and OmpX are transmembrane
β-barrels containing four, two, and two tryptophan residues,
respectively. All the tryptophans are located at the interface and
form a part of the aromatic girdle that anchors and stabilizes
membrane proteins [185, 222]. As we mentioned earlier,
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membrane proteins require an optimal detergent or lipid-protein
ratio for proper refolding of the barrel, a lack of which may lead to
protein misfolding or aggregation. Folding kinetics measurements
carried out for native hVDAC-2 (WT) and Cys-less hVDAC-2 (C0)
proteins reveal that unlike other transmembrane proteins, hVDAC-
2 shows rapid refolding in LDAOmicelles (Fig. 12). We are able to
obtain folding rates in the scale of 0.385 � 0.037 min�1 for WT
and 0.185 � 0.015 min�1 for C0 using changes in Trp anisotropy
as the means for measurement. Our measured rates from anisotropy
suggest that removal of cysteines in C0 construct has increased the
rate of folding compared to WT protein [122]. Data obtained from
Trp quenching experiments using acrylamide as the quencher of
fluorescence reveals valuable information on the role of mutations
in overall protein structure and stability. Compared to hVDAC2
WT, the C0 mutant (wherein all cysteines are mutated) has a lower
KSV, which suggests that the Trp residues are more buried; yet the
lower anisotropy values thanWT in both DPR conditions indicate a
less rigid environment for the indoles (Fig. 12). Hence, fluores-
cence measurements can provide considerable information on sub-
tle changes in the local folded environment of the β-barrel [122].

Ail possesses two tryptophans W42 andW149 at opposite faces
of the barrel. We have carried out equilibrium folding and unfold-
ing studies for Ail in LDAO micelles using Trp fluorescence. This
allows us to not only understand the role of detergent concentra-
tion in barrel folding and stability but also the importance of
tryptophans at the interfacial position. As expected for membrane
proteins, we observe that high detergent-to-protein ratios (DPR)
stabilize the barrel. The observed increase in stability may arise due
to strong protein-micelle interaction, at high concentrations of the
detergent (Fig. 13). Interestingly, while refolding is DPR indepen-
dent, the process shows a W42-dependent folding intermediate.
Substitution of Trp 42 to Phe stabilizes the barrel but slows down
the barrel folding by the formation of an on-pathway intermediate.
On the other hand, substitution of Trp 149 to Phe destabilizes the
barrel, as compared to native (WT) Ail protein (Fig. 13). The
contribution of both indoles to the stability of the barrel can be
obtained by following the refolding and unfolding processes using
the fluorescence properties of the single-Trp Ail mutants [152].
Thus, we can measure a differential contribution of both the tryp-
tophans in the folding and stability of Ail.

Similarly, the homologous transmembrane barrel OmpX also
carries two tryptophans (W76 andW140) at the interfacial position
of the barrel [217]. To understand the positional significance and
their contribution to protein folding and stability, we carried out
chemical denaturation (folding-unfolding equilibrium measure-
ments) of OmpX and its Trp mutants in DPC micelles. We follow
the contributions of the two tryptophans to OmpX stability as well
as deduce information on the local environment using fluorescence
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quenching and thermal and chemical denaturation measurements
[217]. We observe that W76 is relatively rigid and helps in folding,
whereas W140 is comparatively flexible and contributes to the
overall stability of the protein (Fig. 14). The properties of these

Fig. 12Monitoring barrel refolding and folded state using fluorescence. (a) Cartoon representation of I-TASSER
modeled structure of hVDAC-2 highlighting cysteines in orange and yellow spheres (left panel) and trypto-
phans in red spheres (right panel). (b) Folding kinetics of WT (upper panel) and C0 (bottom panel) monitored
using fluorescence intensity at 340 nm, shift in emission maximum, and change in anisotropy, at 4�C. (c)
Acrylamide quenching measurements of hVDAC-2 (WT, red, upper panel, and C0, green, lower panel), to
derive the Stern-Volmer constant (inset). This research was originally published in The Journal of Biological
Chemistry. Maurya and Mahalakshmi. Modulation of Human Mitochondrial Voltage-dependent Anion Channel
2 (hVDAC-2) Structural Stability by Cysteine-assisted Barrel-lipid Interactions. The Journal of Biological
Chemistry. 2013; 288, 35, 25584–25592. © The American Society for Biochemistry and Molecular Biology
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Fig. 13 Monitoring the effect of DPR on refolding of Ail and its mutants using tryptophan fluorescence. (a)
Tryptophan fluorescence emission profiles in the presence of different concentrations of GdnHCl for Ail WT,
W42F, and W149F, refolded in 20 mM LDAO. (b) Fraction folded (fF) (upper panel ) and anisotropy (r ) values
calculated from Trp emission intensity at 330 nm at increasing GdnHCl gradient for all three mutant proteins,
at various LDAO concentrations (20, 50, and 100 mM). (c) Cm values obtained from fraction folded and
anisotropy data, at various LDAO concentrations (20, 50, and 100 mM). Fluorescence data indicate that WT
and W149F show two-state folding, whereas we observe a three-state folding for W42F construct, suggesting
the presence of a prominent folding intermediate (indicated with an arrow). Reproduced with permission from
Gupta, Zadafiya, and Mahalakshmi [152]



tryptophans can be investigated in detail by performing quenching
experiments using different quencher molecules such as acrylamide
and iodide. While acrylamide can quench buried tryptophans by
associating with hydrophobic regions of the protein or micelles,
iodide shows accessibility to only the solvent-exposed indoles.
Hence, using data from multiple quenchers, we can obtain detailed
information on the local tryptophan environment. Additionally, by
measuring the average Trp lifetime as a function of quencher con-
centration, we can deduce the quenching mechanism. By means of
this array of experiments, we were able to conclude that in OmpX,

Fig. 14 Assessment of local tryptophan environment of OmpX using coupled quenching and lifetime
measurements. (a) Acrylamide quenching measurements for WT OmpX and the W140 and W76 tryptophan
mutant proteins. Stern-Volmer constant (Ksv) values are compared in the inset across the mutants. (b) Ksv
values derived from iodide quenching measurements for WT and the single tryptophan mutants. Note how the
Ksv values are different in (a) and (b), suggesting that the measured Ksv values depend on the accessibility of
the fluorophore by the quencher. (c) Accessible fraction for tryptophans to the quencher acrylamide can be
derived from the y-intercept obtained from plots of acrylamide concentration against the change in fluores-
cence intensity. (d) Comparison of average Trp lifetime (<τ>) for all the mutants in the presence of various
concentrations of acrylamide provides information on the local tryptophan vicinity. Reproduced with permis-
sion from Chaturvedi and Mahalakshmi [217]
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W140 is embedded in a hydrophobic environment near the micelle
core, whereas W76, albeit rigid, is present in a solvent-exposed and
an interfacial environment [217].

Acrylamide quenching and anisotropy experiments that we
carried out for Ail refolded in different detergent concentrations
suggest that W42 is solvent exposed and flexible, whereas W149 is
buried and rigid in nature. Similarly, we observed that W76 is
relatively rigid and helps in folding, whereas W140 is buried and
contributes to the overall stability of OmpX [217]. Hence, fluores-
cence measurements from both Ail and OmpX suggest that Trp
residues differentially contribute to overall folding and stability of
the protein, further maintaining optimal scaffold of the barrel with
intermediate folding efficiency and moderate stability [152, 217].
Differential fluorescence property of tryptophan strongly depends
on protein-lipid or protein-protein interaction and packing of the
β-barrel. Based on the local nature of the fluorophore, observations
from fluorescence measurements have provided us with new
insights on local barrel architecture and the overall protein scaffold.

3.4 Förster

Resonance Energy

Transfer

Apart from using intrinsic tryptophan fluorescence, Förster reso-
nance energy transfer (FRET), with the help of a pair of donor-
acceptor fluorophores, is an excellent tool to monitor the molecular
interactions within a protein molecule. The basic principle behind
this technique is the distance-dependent dipole-dipole interaction
between the donor molecule (D) and the acceptor molecule (A)
[223]. The efficiency of energy transfer between a D-A pair sepa-
rated by a distance r varies as 1/r6, making this method a highly
sensitive probe for intermolecular and intramolecular distances.
FRET has been widely used in the field of globular protein folding,
but its application in membrane protein folding is still in its infancy.

An example of FRET being used to study membrane protein
folding is the case of the transmembrane domain of outer mem-
brane protein A (OmpA) from E. coli, where Kim and colleagues
[224] have carried out the analysis of global structural changes
during the course of folding of this protein into DMPC vesicles,
using a FRET pair consisting of intrinsic tryptophan as the donor
and 1,5-IAEDANS (DNS) moiety covalently linked to a cysteine
residue as the acceptor. Using a combination of carefully con-
structed mutants, they carried out folding kinetics experiments to
study the folding mechanism of OmpA [224]. Results indicate that
the most rapid changes in FRET efficiency occur for the mutants
reporting on pore formation. The changes occurring in intermedi-
ate timescales are for the mutants involved in bilayer traversal.
Finally, the slowest exchanges are observed for mutants monitoring
the strand extension across the bilayer. These FRET-based mea-
surements suggest that tertiary structure formation occurs parallely
during the course of folding and dictates the final strand extension
and complete secondary structure formation for this protein. The
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qualitative information gained from this study can serve as a plat-
form for further FRET-based analyses of membrane protein folding
[224].

Recently, we have characterized the conformational switch
from β-hairpin to α-helix of the first transmembrane domain
(TM1) of mycobacteriophage D29 holin using FRET between
the intrinsic tryptophan side chain as the donor and Alexa Fluor
350 or dansyl chloride as the acceptor (Fig. 15) [225]. The donor-
acceptor distance in the α-helical conformation, observed for wild-
type TM1PG (TM1 containing a central Pro-Gly dipeptide unit) in
high-detergent conditions and the TM1 analog designed to take up
helical structure – TM1AA (TM1 with a central dialanine unit) – is
expected to be ~34 Å, due to which the FRET efficiency is low
(Fig. 15). Upon structural transition to the β-hairpin form, the
distance reduces drastically, which is evident from the high FRET

Fig. 15 The use of FRET to monitor conformation switch in a transmembrane peptide. (a) Schematic
representation of conformational interconversion predicted to occur in the TM1PG peptide, also highlighting
the FRET donor (Trp)-acceptor (Alexa Fluor 350; a) pair. Here, the presence of helical structure is anticipated to
show low FRET efficiency due to the greater distance between the FRET donor and acceptor, whereas the
formation of β-hairpin leads to increase in FRET and increased acceptor fluorescence. (b) Change in
fluorescence intensity of Alexa Fluor-labeled TM1PG peptide (A-TM1PG) with increasing concentration of
LDAO. Increased acceptor fluorescence suggests the structural interconversion from α-helical structure to
β-hairpin. (c) Use of FRET to study the effect of different concentrations of LDAO on the structural conversion
of Alexa Fluor 350-labeled A-TM1PG and its peptide analogs. (d) Comparison of the acceptor (dansyl chloride;
d) fluorescence across the four peptides, with increasing LDAO concentration. Dependence of FRET efficiency
on the concentration of (e) Alexa Fluor 350-labeled and (f) dansyl chloride-labeled peptide in the presence of
4 mM LDAO. Linear increase in the observed FRET is suggestive of structural interconversion without the
formation of peptide aggregates. Reprinted with permission from Lella et al., ACS Chemical Biology, 2016, 11
(4), 910–920. Copyright (2016) American Chemical Society
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efficiency observed for TM1PG in lower micelle concentration, as
well as for the TM1dPG peptide (TM1 containing a central DPro-
Gly dipeptide unit) designed to take up a β-hairpin structure [225].
We also validated that the observed change in FRET efficiency was
indeed due to intramolecular energy transfer between the donor-
acceptor pair (Fig. 15). By obtaining a linear dependence of FRET
intensity as a function of labeled peptide concentration, we were
able to ascertain that the structural transition for TM1PG was
observed for conversion from helical to monomeric β-hairpin
form (Fig. 15) [225].

FRET-based measurements hold considerable promise in the
field of membrane protein conformational studies and in deducing
the folding-unfolding pathways. With the availability of modified
fluorophore libraries for site-specific protein tagging [226, 227], it
should be now possible to extend FRET-based studies to other
membrane proteins that are difficult to otherwise characterize.

3.5 Differential

Scanning Calorimetry

Differential scanning calorimetry (DSC) is a widely used technique,
to investigate interactions and stability of different biomolecules
[228–239]. Here, physical stress such as temperature, pressure, or a
combination of both is applied to the molecule being analyzed, and
the change in total energy is monitored to assess the stability of the
interactions. The energy estimated here represents the released or
absorbed energy during the reaction, characterized by an exother-
mic or an endothermic transition, respectively. Calculation of ther-
modynamic stability (parameters such as free energy (ΔG), heat
capacity (ΔCp), enthalpy (ΔH), etc.) and kinetic stability of the
folded proteins can be easily obtained by the use of DSC and can
be extrapolated to native conditions [240]. The ability of DSC to
measure the stability of molecular interactions, such as drug-
protein, protein-protein, and protein-ligand, and to monitor
unfolding or phase transition in protein, lipids, DNA, and other
biomolecules further signifies its importance [228, 236–239, 241].
The major advantage of this technique is that we can estimate the
thermal behavior of the proteins above the boiling point of solvents
(e.g., 100�C for water), as the experiments can be run above
atmospheric pressure. In this section, we will discuss the use of
DSC in studying protein unfolding, stability, and aggregation.

The study of protein unfolding and lipid phase transitions is
extremely challenging, as the transitions are very fast and involve
minute energetic changes. Increased sensitivity of DSC enables the
investigation of fast reactions, but in parallel, it requires careful
sample preparation as well as data processing and interpretation
[237, 238, 241]. The two major components of DSC-based
study are:

A. Preparation of suitable buffer. The buffer should contain all the
components identical to sample, except the protein.

B. Sample preparation. A homogenous sample with a single popu-
lation of analyte in reference buffer is ideal for DSC studies. To
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achieve homogeneous sample preparations, high-speed centri-
fugation, filtration, and degassing are usually preferred, fol-
lowed by estimation of sample integrity using SDS-PAGE,
CD, or any other chromatographic or spectroscopic techniques.

We have used DSC for thermal denaturation studies of native
OmpX and its mutant protein (H100 ! N), to probe the effect of
the mutation on the protein (Fig. 16). Furthermore, we have also
investigated the effect of the refolding procedure on protein stabil-
ity. Here, we refolded OmpX in LDAO micelles using slow refold-
ing and heat shock refolding procedures, as described previously
[121, 151]. Both refolding methods display the anticipated gel
mobility shifts and protection against nonspecific proteases such
as proteinase K. Further, OmpX does not undergo complete ther-
mal denaturation at the temperatures achievable using CD [121,
151]. Hence, DSC serves as an ideal method to study the mutant
proteins. After confirming the refolding, we unfolded the OmpX
WT and mutant proteins using temperature as a denaturant.

The midpoint of thermal denaturation (Tm), heat capacity
(ΔCp), and enthalpy of unfolding (ΔH) can be readily calculated
by fitting the unfolding profile to a two-state unfolding equation.
In the case of OmpX, the observed melting temperatures were
similar for all the preparations, and ΔCp also did not show signifi-
cant differences [151]. We find that the WT protein and H100N
mutant shows similar enthalpy of unfolding (276 � 2.49 and
272 � 1.97 kcal/mol, respectively) when refolded using the slow
refolding procedure. But, when both the proteins are refolded
using heat shock method, we observe a drastic increase in the
enthalpy of unfolding. We observe that heat shock refolding signif-
icantly stabilizes the OmpX barrel, and the degree of stabilization
follows the order of H100N > WT mutant protein, wherein the
enthalpy for H100N increases by ~200 kcal/mol, whereas it
increases ~50 kcal/mol for WT protein [151]. Such differences in
protein stability, which appear to have a high impact on the overall
protein behavior, are difficult to measure using other biophysical
methods.

Other than thermodynamic studies, DSC is also the preferred
method to estimate kinetic stability and aggregation behavior of the
proteins and other biomolecules [228–231, 233–235, 237–239,
241]. For estimation of kinetic stability, proteins in varying con-
centrations and at different ramp rates (scan rates) are titrated
against temperature, and the change in Tm is compared across the
conditions. A proportional increase in the Tm with an increase in
scan rate is suggestive of kinetic stabilization of the protein. As we
mentioned earlier, DSC can measure energy changes of both endo-
thermic and exothermic reactions; the extent of exothermic transi-
tions and their appearance in the thermal profiles can be compared
to understand temperature-dependent aggregation of the proteins.
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This has been successfully carried out for soluble proteins [240,
242–244], and we have been able to extend this to transmembrane
β-barrel proteins as well (Fig. 17).

As lipids serve as host for membrane proteins, the estimation of
phase transitions, thermal stability, and understanding lipid dynam-
ics and protein-lipid interactions is equally important. Since lipids
display very sharp phase transitions, and it is very difficult to capture
these transitions by means of spectroscopic methods, DSC serves as
an excellent tool to study these reactions [241, 242, 245, 246]. In a

Fig. 16 Thermal denaturation of OmpX monitored using differential scanning calorimetry. Thermal denatur-
ation DSC curves of wild-type OmpX (OmpXHN; a and c; black and green) and the Met-less mutant (OmpXM; b
and d; red and brown), refolded in 50 mM LDAO generated using heat shock folding (a and b) or slow refolding
(c and d) methods, respectively. Different parameters are derived from data by fitting to a two-state function to
obtain Tm and ΔH, as mentioned in each panel. DSC is a highly sensitive method that can accurately detect
variations in the enthalpy of the system, particularly when such differences are not evident from other
biophysical methods. Reproduced from Chaturvedi and Mahalakshmi [151], under the Creative Commons
Attribution (CC BY) license
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recent study, we investigated the phase transition temperatures of
DMPC vesicles and DMPC:LDAO and DMPC:DDM bicelles
using DSC [177]. We observed higher temperature of phase tran-
sition for empty DMPC vesicles than bicelles, as anticipated
(Fig. 18). Surprisingly, we also found that the nature of the
doped detergent also drastically affects the phase transition of
lipid. We observed that DDM forms better bicelles when mixed
with DMPC, as compared to LDAO [177]. With the aid of this
information, we were able to attribute the better refolding

Fig. 17 Thermal denaturation and aggregation of Ail monitored by DSC. Representative raw DSC thermogram
of Ail refolded in LDAO micelles. Ail shows both endothermic and exothermic transitions, corresponding to
unfolding and aggregation, respectively. The temperature at the midpoint of unfolding (Tm) is marked with a
dotted red line

Fig. 18 Lipid transitions monitored using DSC. Comparison of DSC profiles of pure DMPC vesicles with empty
DMPC:LDAO (left panel) and DMPC:DDM bicelles (right panel), respectively. The nature of the doped detergent
drastically affects the phase transition of the lipid and can be monitored using DSC. This research was
originally published in The Journal of Biological Chemistry. Maurya and Mahalakshmi. N-helix and Cysteines
Inter-regulate Human Mitochondrial VDAC-2 Function and Biochemistry. The Journal of Biological Chemistry.
2015; 290, 51, 30240–30252. © The American Society for Biochemistry and Molecular Biology
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efficiency of hVDAC-2 in DMPC:DDM due to the bicelle-forming
ability of DDM.

3.6 Mass

Spectrometry for In

Vitro Disulfide

Mapping

Although the hydrophobic nature, complex posttranslational mod-
ifications, and ambiguous properties of membrane proteins make it
difficult to study them using mass spectrometry (MS), recent
advancements in MS has expedited the structural and proteomic
characterization of membrane proteins [247–250]. MS is being
used for a variety of applications, such as the study of minor
rearrangements, posttranslational modifications (e.g., glycosyla-
tion, phosphorylation, oxidation reduction, etc.), investigation of
complex structural features (orientation and stoichiometry) of pro-
teins, and protein sequencing. Due to increased separation, sensi-
tivity, and accuracy of MS, it becomes a powerful tool for mapping
subtle structural changes or modification in membrane proteins
[251–256]. The most significant application of mass spectrometry
in recent years is the identification of non-annular lipids associated
with helical transmembrane proteins and the competitive binding
affinities in the gas phase [257–260]. This work has been recently
reviewed in [261].

The oligomeric state of the protein and redox state of cysteines
has been investigated for VDAC2 homologues using MALDI-
ToF/ToF (matrix-assisted laser desorption and ionization – time
of flight) and LC-MS/MS (liquid chromatography and tandem
mass spectrometry) [122]. In another example, the solvent accessi-
bility of the membrane protein by using hydrogen-deuterium
exchange has been characterized for Ail [262]. Sample preparation
is the most critical step in MS, and it becomes more challenging for
MPs because of their hydrophobic nature. Membrane proteins have
fewer lysine and arginine residues as compared to soluble proteins.
Hence, trypsin digestion provides longer and hydrophobic pep-
tides, which do not ionize efficiently. This is overcome by using
two or more site-specific enzymes. Enzymatic cleavage can be done
in two ways – in solution digestion and in-gel digestion – depend-
ing on whether the folded state of the membrane protein is being
mapped or the characterization is at the level of the sequence. In
the case of membrane proteins, the folding milieu contains a mix-
ture of lipid, buffer, and denaturants, and so, removal of such
components is necessary in order to obtain a good signal-to-noise
ratio in the mass spectrum. For this reason, in-gel digestion serves
as the best option. Shotgun methods have been developed for
soluble proteins as a powerful alternative to gels [250, 251, 263].
Examples wherein this is extended to membrane proteins are,
however, currently limited.

Recently, we have investigated the occurrence of disulfide pat-
terns in hVDAC2 using MALDI-ToF/ToF. hVDAC-2 has nine
cysteine residues that are distributed primarily across the loop
regions connecting the transmembrane strands and are amenable
to disulfide bond formation upon protein folding [122]. Here, we
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separated hVDAC-2 refolded in LDAO micelles on a 12% SDS-
PAGE gel. The band corresponding to hVDAC2 was excised, and
we prepared iodoacetamide-treated samples using reported proto-
cols [264]. After digesting the protein sample with trypsin at 37�C,
the extracted fragments were subjected to peptide mass fingerprint-
ing by MALDI-ToF/ToF. Figure 19 represents the mass spectro-
metric profiles of in-gel trypsin-digested refolded hVDAC-2 with
and without treatment with iodoacetamide. We observed that most
of the cysteines of hVDAC-2 remain in the reduced state after the
protein is folded. We obtained a minor population of Cys76-
mediated disulfide bond formation with Cys43 and Cys103
(shown by three low-intensity peaks) in untreated samples [122].
The cysteines involved in disulfide formation, identified by MS
analysis, are shown in the hVDAC-2 sequence and structure in
Fig. 19. Our result indicates that disulfides are inherently not
present in the refolded hVDAC2 and are transient entities. Further,
we have discussed in the previous section that hVDAC-2 shows the
existence of higher-order oligomers. The data from MS studies,
when considered along with the results from hVDAC-2 C0 con-
struct, confirm that the cysteines in this protein are present in
reduced state (MS results) and reveal the fact that oligomerization
of hVDAC-2 is not driven by disulfide formation [122].

Similar to hVDAC-2, the redox state of the six cysteines of
recombinant as well as native hVDAC-3 (isoform 3 of human
VDAC) proteins has been investigated using LC-MS/MS. Inter-
estingly, in hVDAC-3, we could observe different oxidation states,
such as sulfonic, sulfinic, and disulfide bond and SH reduced form
for C2, C8, C36, C65, and C229 [150]. In particular, C36 was
observed in all possible oxidative states (reduced, sulfonic, and
sulfinic). hVDAC-3 isolated from rat liver mitochondria indicated
that nearly all cysteines were in the reduced state; C65 and C165
could be irreversibly oxidized in a fraction of the population, and
only the sulfonic acid form of C229 could be detected [150].
Unlike hVDAC-2, cysteines of the isoform 3 can exhibit multiple
oxidation states, allowing us to surmise that VDAC-3 may specifi-
cally be involved in sensing cellular redox levels. Our findings
validate the work of Dodo, Sodeoka and coworkers, who investi-
gated the role of cysteine-mediated disulfide bond formation on
channel activity of hVDAC-3 [265], using planar bilayer measure-
ments (described in the next section). They were able to show using
a carefully constructed cysteine mutant library and by the addition
of reducing agents such as DTT and S-nitrosoglutathione that
Cys122 of hVDAC-3 participates in disulfide bond formation
with either Cys2 or Cys8 [265]. These results reaffirm our observa-
tions fromMS studies of hVDAC-3 that the cysteines of this VDAC
isoform can exist in multiple oxidation states and regulate voltage-
dependent gating of the channel. Hence, MS can serve as an
excellent method to map modifications in membrane proteins.
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Fig. 19 Determination of oxidation state of cysteines using mass spectrometry. Representative MS profiles of
in-gel trypsin-digested samples of WT hVDAC-2 refolded in LDAO, without (a) and with (b) iodoacetamide
treatment. (a) In the untreated sample, we observe a minor disulfide-bonded hVDAC-2 population, from the
presence of three low-intensity peaks. These peaks correspond to two disulfide bonds involving residue Cys76
with Cys47 and Cys103 (inset), which are not present in the iodoacetamide-treated samples ((b), inset ). (c)
Sequence of hVDAC-2 WT indicating the disulfide bond connectivity detected in MS (dotted yellow lines).
Segments of the protein identified in the mass spectrometric profile have been marked in red. (d) Ribbon
diagram of hVDAC-2 WT barrel highlighting three cysteine residues (yellow spheres) forming disulfide bonds
(denoted as C47, C76, and C103). This research was originally published in The Journal of Biological
Chemistry. Maurya and Mahalakshmi. Modulation of Human Mitochondrial Voltage-dependent Anion Channel
2 (hVDAC-2) Structural Stability by Cysteine-assisted Barrel-lipid Interactions. The Journal of Biological
Chemistry. 2013; 288, 35, 25584–25592. © The American Society for Biochemistry and Molecular Biology



3.7 Planar Lipid

Bilayer Measurements

of Channel-Forming

Barrels

Recent development in single-molecule studies made it possible to
study folding-unfolding, function, or other biophysical character-
istics of a single-protein molecule without interference from com-
plex microenvironment. The revolution in the field of single-
channel functional studies was the discovery of patch clamp tech-
nique, where channel behavior of a single-protein molecule can be
monitored [266–268]. Outer membrane proteins reside in a lipid
bilayer environment and play a central role in the transport of
different ions, metabolites, energy currencies (ATP, NADPH,
etc.), and other macromolecules. Black lipid membrane (BLM)
system, which presents a planar lipid bilayer, works as a host matrix
for membrane proteins [269, 270]. In BLM studies, a single-
protein molecule is inserted in the membrane, which separates
two buffer-filled chambers. The transport of various ions and mole-
cules across the membrane from one chamber to the other is
monitored at defined voltages by the change in current. Channel
activity of a wide variety of proteins, such as VDACs and its homo-
logues, OmpF, OmpA, OmpX etc., has been investigated using
BLM in a controlled system [148, 271–275]. Here, we will discuss
channel behavior of VDACs and other OMPs using BLM.

VDACs are abundantly present in the outer mitochondrial
membrane and transports ions and metabolites across the mito-
chondrial membrane. Recently, we investigated the role of cysteine
residues and the unique N-terminal extension sequence for
hVDAC-2, by generating the Δ1–11 and Δ1–32 deletion mutants
of the hVDAC-2 WT proteins (Fig. 20) [177]. We successfully
refolded all the constructs in LDAO micelles containing 0.1%
cholesterol and 1% triton X-100. In BLM measurements, the
refolded protein is added to the cis side of the planar lipid bilayer
composed of DiPhPC (1,2-diphytanoyl 3-phosphatidylcholine).
Once the refolded protein is added, the channel insertion events
are recorded at a holding voltage of 10 mV [177]. The BLM system
can be used to calculate the conductance (G/Gmax), open probabil-
ity (Popen) plots, steepness of the voltage dependence (n), and the
voltage at which half the channels are open (V0).

Using the BLM setup and multichannel voltage ramp measure-
ments, wherein the voltage is ramped in multiple cycles from
–60 mV to +60 mV at defined ramp rates, we were able to establish
differences between the WT and deletion constructs of hVDAC-2.
hVDAC-2 WT shows asymmetric voltage gating, whereas we
observe a symmetric voltage gating for hVDAC-2 Δ1–11 construct
(Fig. 21). Cysteine deletion and deletion of the N-terminal exten-
sion affect the voltage sensing of hVDAC-2, wherein the deletion
of N-terminal extension changes the voltage dependence for WT
and C0 mutants in the positive and negative arm, respectively
[177]. On the other hand, complete removal of the N-terminal
extension and N-terminal helix causes a complete loss in the voltage
dependence of the barrel. This loss in voltage gating cannot be
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recovered by supplementing a synthetic N-terminal helix peptide in
the cis chamber. In line with these observations, we also observe
two different conductance states of 2 and 4 nS for WT and C0
constructs during single-channel monitoring measurements, which
remains similar for hVDAC-2 full length and the Δ1–11 constructs.
Interestingly, we observe two conductance states for hVDAC2
Δ1–32 WT construct, but the removal of cysteines hampers the
open state of the barrel for C0 mutants lacking residues 1–32.
These results suggest that open state of hVDAC-2 is cysteine
dependent and can be observed when residues from the N-terminal
segment are removed [177]. Overall, BLM measurements allow us
to establish that the 11 residue extension in the N-terminal helix
influences the voltage sensing of hVDAC-2 (Fig. 21).

Channel conductance measurements using natively refolded
(prepared by detergent exchange as described in the previous sec-
tion) and in vitro refolded (in C8E4 (tetraethylene glycol mono-
octyl ether) micelles) OmpA, reconstituted into DiPhPC bilayers,
reveal the presence of two types of channels [148]. After insertion
into lipid bilayer, native OmpA shows three different conductance
states: (1) closed channel, (2) small channel with the conductance
of 50–80 pS, and (3) large channels with the conductance of

Fig. 20 Monitoring single-channel activity in planar lipid bilayers. Representative (a) single-channel and (b)
stepwise insertion events of hVDAC-2 (WT and C0) and its truncations. The recordings are carried out in a
DiPhPC membrane containing 0.1% cholesterol, at a holding voltage of 10 mV. The hVDAC-2Δ1–32 WT mutant
lacking the N-terminal helix shows insertion at both the subconductance (~2 nS) and open (~4 nS) states. (c)
Histograms derived from stepwise insertion events (colored bars) and single-channel insertion events (black
bars) for hVDAC-2 WT and its mutants. The number of insertion events, considered for deriving the histograms,
is mentioned in the brackets for stepwise and single-channel insertion events, respectively. We observe from
planar bilayer measurements that the removal of the N-terminal helix promotes the channel insertion in the
subconductance state. This research was originally published in The Journal of Biological Chemistry. Maurya
and Mahalakshmi. N-helix and Cysteines Inter-regulate Human Mitochondrial VDAC-2 Function and Biochem-
istry. The Journal of Biological Chemistry. 2015; 290, 51, 30240–30252. © The American Society for
Biochemistry and Molecular Biology
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260–320 pS. Small channels were observed with the highest fre-
quency, whereas a low frequency of larger channels was observed, in
1 M KCl solution at a +100 mV membrane potential. Channel
behavior of in vitro refolded protein, reconstituted in bilayers,
also shows similar conductance pattern (close, small, and large
channels) as observed for natively folded protein [148]. This indi-
cates that the artificial refolding environment presented in BLM
experiments also provides a similar level of the structural and func-
tional scaffold to OmpA. Similarly, the importance of tryptophan
residues on channel activity was investigated. It was observed that
the channel behavior was largely unaffected by single tryptophan
substitution for OmpA [148]. However, similar measurements on
single-Trp mutants of hVDAC-2 from our laboratory indicate that

Fig. 21 Multichannel activity measurements in planar bilayers using BLM. (a) Normalized conductance
(G/Gmax) plots at a voltage gradient ranging from +60 mV to –60 mV in DiPhPC + 0.1% cholesterol membrane,
for hVDAC-2 WT proteins (left panels) and C0 constructs (right panels), and their N-helix truncation mutants.
(b) Comparison of the G/Gmax plots of hVDAC-2 full length (FL; left panel) and hVDAC-2 Δ1–11 (right panel) of
WT and C0 mutants. (c) Secondary structure content of synthetic N-helix peptide in various conditions,
determined using far-UV CD. (d) Voltage-dependent G/Gmax recording for hVDAC-2 WT Δ1–32 and hVDAC-2 C0
Δ1–32 in the presence of exogenously supplemented N-helix peptide at the protein-peptide ratio of 1:1,000.
BLM measurements demonstrate that the N-terminal helix in hVDAC-2 regulates channel conductance by
sensing the applied voltage, only when present in cis (b) and not when supplemented exogenously (d). This
research was originally published in The Journal of Biological Chemistry. Maurya and Mahalakshmi. N-helix
and Cysteines Inter-regulate Human Mitochondrial VDAC-2 Function and Biochemistry. The Journal of
Biological Chemistry. 2015; 290, 51, 30240–30252. © The American Society for Biochemistry and Molecular
Biology
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the indoles do bear an influence on barrel opening and closing
events (unpublished results).

Another group has investigated the temperature dependence of
single-channel conductance and open probability for outer mem-
brane protein A (OmpA) in planar lipid bilayers, as increased tem-
perature is known to elevate molecular dynamicity of the barrels
[274]. Here, OmpA refolded in C8E4 was reconstituted in
DiPhPC bilayer, and single-channel conductance was recorded at
+100 mV. Channel activity was recorded at five temperature levels
from 15 �C to 37 �C, for 20 min at each temperature. The mean
conductance of small and large channels at different temperatures
varies with increasing temperature. At 15 �C, OmpA shows only
very short openings to small channels with mean conductance
amplitude of 30 pS, whereas at higher temperatures, OmpA
shows both short and large openings [274]. OmpA shows small
openings of 58 pS, 76 pS, and 105 pS at 22 �C, 25 �C, and 30 �C,
respectively, and do not show any small opening at 37 �C.
On the other hand, large channels with mean conductance ampli-
tude of 130 pS, 180 pS, 250 pS, and 350 pS could be observed at
22 �C, 25 �C, 30 �C, and 37 �C. These observations suggest that
OmpA is a flexible protein and exists in two temperature-sensitive
conformations [274]. OmpA favors a smaller-channel conforma-
tion at lower temperatures, and larger channels become evident
when the temperature is increased.

The studies explained here represent the local behavior of a
single-protein molecule, independent of molecular overcrowding
and environmental factors. Thus, they can be marked as protein-
specific responses due to minor variation in the experimental pro-
cedure or conditions. Such microscopic differences in channel
behavior monitored via BLM studies have significant application
in correlating structure to function of the transmembrane protein
[148, 274, 276, 277].

3.8 Nuclear

Magnetic Resonance

for Complete Structure

and Screening

Structure determination using NMR spectroscopy is another pre-
ferred methodology when it comes to obtaining structural infor-
mation for macromolecules [278–282]. A major obstacle in the
field of integral membrane proteins is the lack of a universal proto-
col – involving buffer conditions, lipids or detergents, refolding
temperature and pH, etc. – that can be used for a range of mem-
brane proteins for characterization using NMR. Each protein
requires its own process of optimization of conditions making it
amenable to NMR characterization. Although complete structure
determination has not been possible for a great number of β-barrel
membrane proteins using NMR (the few successful examples
include PagP, OmpX, OmpA, human VDAC-1, BamA [75,
283–286]), this technique has been used to gain insightful infor-
mation regarding the molecular dynamics of membrane proteins.
In this section, we will discuss the recent NMR studies carried out
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on β-barrel membrane proteins that have been able to yield valuable
information on their molecular properties.

In the case of the outer membrane enzyme PagP, Kay and
coworkers [214] have identified a structural interconversion
between two distinct states, termed as relaxed (R) and tense (T)
states, using 1H-15N NMR spectroscopy. With the help of a com-
bination of TROSY-based experiments and another set of CPMG
(Carr-Purcell-Meiboom-Gill) pulse train relaxation dispersion
experiments, they were able to characterize the thermodynamics
of the transition, yielding a ΔH and ΔS of –10.7 cal/mol and
–37.5 cal/mol/K, respectively [214]. The structural changes
were also annotated to the specific region of the protein implicated
in the catalytic site formation. Specifically, the L1 loop residues and
the nearby barrel region, containing the active site His, undergo
major changes in their chemical shifts during the transition from
one conformer to the other [214]. These changes are expected to
be brought about by the need of this particular enzyme to switch
between a “substrate binding” relaxed state and a catalytically active
tense state.

The effect of amino acid substitution on the folding and struc-
ture of a transmembrane β-barrel protein OmpX was investigated
using NMR spectroscopy [151]. HSQC-TROSY spectrum of
methionine-less mutants (OmpXM) and substitution of histidine
to asparagine at position 100 (OmpXHN) are shown in Fig. 22.
HSQC-TROSY experiments have helped us in deriving informa-
tion regarding the folded state and structural variations at the level
of hydrogen bond pattern and backbone conformation [151].
Here, OmpXM refolded in 150 mM 6:0 PC (6:0 diether PC; 1,2-
dihexanoyl-sn-glycero-3-phosphocholine) in 20 mM Tris-HCl at
pH 9.5 showing well-dispersed resonances indicates that OmpXM

adopts a well-folded conformation when folded in 6:0 PC micelles
[151]. Similarly, well-dispersed and superimposable resonances
obtained for OmpXHN and OmpXM in LDAO also indicate that
methionine substitution does not alter the barrel scaffold.

In line with the mutational studies described earlier,
temperature-induced changes in folded state and structure of
OmpX were also investigated by monitoring temperature-
dependent chemical shifts in NMR spectrum [217]. We observe
similar dispersion in NMR spectrum for WT, W76 (W140 ! F),
and W140 (W76 ! F) mutants, suggesting a similar level of fold-
ing for all Trp mutants. Upon temperature scanning, we do not
observe any change in indole resonance corresponding to Trp140,
but the resonance corresponding to Trp76 disappears at the tem-
peratures above 65 �C [217]. Such behavior suggests that the local
environment of W140 is unaffected by temperature, whereas W76
is conformationally flexible. Interestingly, the marginal downfield
shift of Ala10 and Gln11 was observed in the OmpXW140 mutant
construct. These amino acids reside in the vicinity of W140, and the
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downfield shift proportionally increases with increases in the tem-
perature [217]. Our observed results indicate that Trp140 main-
tains strong local contacts with the protein backbone that is
preserved even at high temperatures, which destabilizes upon a
Trp ! Phe substitution.

Similar to these studies, exposed and buried amides present in
refolded Ail were investigated using the hydrogen-deuteriumNMR
exchange experiment [262]. Incubation of refolded Ail (in DHPC
micelles prepared in water) in D2O results in an exchange of few
amide protons, but some of the amides resist the exchange, even for
several days. The amides participating in proton exchange can be
solvent exposed, whereas the amides resisting the proton exchange
can be explained as buried amides, representing the buried amino
acids in vesicles or transmembrane segment of the barrel [262].
Recently, Muller, Hiller, and coworkers investigated the formation
of interstrand hydrogen bonds during the folding process of OmpX
in detergent micelles using hydrogen-deuterium (H/D) exchange
in combination with NMR spectroscopy [287]. Refolding of
OmpX follows a two-state mechanism, where the unfolded poly-
peptide chain undergoes a hydrophobic collapse and associates with

Fig. 22 Temperature-induced conformational changes on folded OmpX monitored using NMR. Overlay of the
1H–15N HSQC spectra of OmpX WT (red ), and the single-Trp mutants W76 (green) and W140 (blue) refolded in
100 mM DPC. Resonances showing temperature-induced chemical shift are shown in boxes and further
expanded in the inset display. Inset: temperature-dependent chemical shift variation of (a) Ala10 and Gln11,
and (b) the indole amides, for OmpX WT, at different temperatures [40�C (blue), 50�C (yellow), 60�C (orange),
and 70�C (red )]. Reproduced with permission from Chaturvedi and Mahalakshmi [217]
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detergent molecules, followed by permanent structural rearrange-
ment giving rise to formation of a folded barrel. Such detailed
information of hydrogen bond formation during folding of a β-
barrel membrane protein helps us understand membrane protein
folding-unfolding pathways [287]. Hence, in addition to complete
structure determination, NMR has been used to characterize local
and global dynamics of membrane proteins.

3.9 Microscopy and

Single-Molecule

Unfolding

Measurements

Recent development in single-molecule studies has made it possible
to study membrane protein unfolding measurements using atomic
force microscopy (AFM) [288–293]. Here, a single molecule is
mounted on a tip or bead, and in the presence of mechanical forces,
changes in protein architecture is monitored with respect to the
initial conformation. Further development in the single-molecule
study was single-molecule force spectroscopy (SMFS), where
folding-unfolding and stability studies of the protein molecule can
be performed in lipid bilayers under near-native conditions [291,
293]. On the other hand, microscopic techniques, such as SEM
(scanning electron microscopy), TEM (transmission electron
microscopy), and confocal microscopy, help in understanding
topology and localization of the proteins. In the cellular microen-
vironment, it is difficult to investigate molecular interactions
between macromolecules. Thus, single-molecule studies provide a
platform to investigate effects of molecular chaperones on the
folding trajectories of soluble proteins. Here we discuss AFM and
SMFS, used in studying protein folding-unfolding and stability.

To understand the folding of FhuA, Hiller, Muller, and cow-
orkers reconstituted the full-length protein in E. coli lipid mem-
branes. According to AFM topographs, densely packed FhuA
assemblies in proteoliposomes were used for mechanical unfolding
of FhuA using SMFS, where reconstituted FhuA was adsorbed on
freshly cleaved mica. Once the protein is attached to the mica
surface, the unbounded fraction was removed by repeated washing
with buffer solution. The calibrated AFM tip is pushed to the
membrane and a force of ~600 pN for 500 ms is applied. The
force-distance curve is then recorded by pulling back at 1 μm s�1

for 180 nm to partially unfold FhuA. To relax the unfolded poly-
peptide chain, the cantilever is again pushed toward the membrane
and kept at a distance of 10 � 2 nm above the membrane surface.
The pulling and pushing back of AFM cantilever at different forces
is repeatedly performed to record unfolding and refolding experi-
ments, and force-distance curves are recorded.

Data corrected for deflection sensitivity and force offset for
both unfolding and refolding experiments can now be analyzed to
understand FhuA folding-unfolding. Fitting of force peak pattern
with extensions (fully unfolded and stretched FhuA polypeptide)
leads to the determination of lengths and positions of the peptide
stretches that unfolded in each step. Force peaks observed for FhuA
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suggested the presence of well-defined unfolding intermediates in
transmembrane β-barrel unfolding. The force-distance curve
recorded by SMFS corresponded to the unfolding of individual
β-hairpins, where unfolding of the plug domain is followed by
stepwise unfolding of each of the 11 single β-hairpins H1–H11.
In line with unfolding experiments, the stability of the partially
unfolded β-barrel in the membrane was confirmed by first partially
unfolding the FhuA, followed by checking the stability of the
remaining β-hairpins in the membrane.

After studying the unfolding of FhuA, for studying the refold-
ing of FhuA, only the N-terminal of the plug domain is unfolded,
and the AFM tip is brought back in proximity to the membrane
(~10 nm) to allow the polypeptide folding for 1 s. The comparison
of the native fingerprint of folding, with the observed experimental
fingerprint, reveals that both the force peaks do not match with
each other and, therefore, must have arisen from nonnative, mis-
folded structures. But, when SurA (the natural holdase chaperone)
was used during refolding experiments, individual force peaks at
positions of the native fingerprint pattern were observed. This
observation suggests that SurA has altered the folding trajectory
of the FhuA polypeptide and allows the reinsertion of single β-hair-
pins into the lipid membrane. Unfolding experiments reveal that
FhuA shows a stepwise unfolding with the presence of unfolding
intermediates, which cannot be reversibly folded. SMFS-based
folding-unfolding studies have, therefore, highlighted the impor-
tance of chaperones in the folding of FhuA.

Similar to FhuA, conformational flexibility of hVDAC-1 (iso-
form 1 of human VDAC) has also been recently investigated by
Muller, Zweckstetter, and coworkers, with a combination of SMFS
and NMR [294]. Several molecular interactions stabilize different
functional states of single hVDAC-1 channels by forming molecu-
lar interactions and larger interaction networks, mediated by Ca2+

andMg2+ (Fig. 23). Here, recombinantly generated hVDAC-1 was
reconstituted in DMPC and nonspecifically attached to the AFM
cantilever tip. Once immobilized, the mechanical force (pulling and
pushing) is applied to the protein molecule, to understand
hVDAC-1 unfolding [294]. Interestingly, hVDAC-1 shows step-
wise unfolding with the presence of various intermediates, com-
posed of β-hairpins. The stepwise unfolding observed for hVDAC1
represents a mechanism similar to that observed for FhuA and other
transmembrane proteins. The use of single-molecule spectroscopy
helps in capturing the intermediates in the unfolding process,
which is not possible by other spectroscopic methods [294].

Other than protein unfolding studies, AFM has also been used
for imaging of biological molecules in dry or solution state. Here,
the sample is scanned with the suitable cantilever with scanning or
tapping mode to get higher-resolution images. AFM enables us to
image particles from micrometers to nanometer range, with a
higher resolution [295–297]. Similar to all other techniques
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described above, the sample preparation is a challenging process,
because of the presence of lipid bilayers or detergent micelles and
high hydrophobicity of membrane proteins. The most preferred

Fig. 23 Unfolding of a transmembrane protein measured using AFM. (a) Superimposition of 708 force-distance
curves of a single hVDAC-1 molecule. Colored lines indicate the worm-like chain curves fitting individual force
peaks. The numbers denote contour lengths (amino acids) of the unfolded polypeptide chain. (b) Probability of
detecting the unfolding force peaks at certain contour lengths. (c) Schematic highlighting the structural
segments of hVDAC-1 that exhibit unfolding in single steps (marked with the similar color to the force peaks).
Reproduced with permission from Ge et al. [294]
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way to visualize membrane proteins is to immobilize the prepara-
tion on a mica surface. Repulsion from mica surface due to
increased hydrophobicity requires neutralization of the charged
surface, according to the charge of the protein to be investigated.
Once the protein is immobilized on mica surface, the protein is
visualized by measuring deflection in the laser by cantilever move-
ment. A wide variety of amyloid fibrils, protein aggregates, and
protein-lipid assemblies have been visualized by using AFM
[295–300].

3.10 Solid-State

Structures Using

Crystallography

Structure determination by X-ray crystallography has been carried
out for a wide range of membrane proteins, both α-helical bundles
and β-barrels, owing to recent developments in the field of mem-
brane protein purification, extraction, and crystallization
[301–306]. The major shortcoming in this line of investigation,
which has been addressed recently, is the unavailability of a suffi-
cient range of membrane mimetics which can refold the protein of
interest and are also amenable to the technique of crystallization.
Due to the development in various membrane mimetics such as
detergent micelles, lipid vesicles, lipid bicelles, nanodiscs, amphi-
pols, etc., crystal structures have been solved at sufficiently high
resolution for a number of membrane proteins. Among β-barrel
proteins, several examples of structure determination by X-ray
crystallography can be cited, with proteins from both prokaryotic
and eukaryotic origin [173, 307–309]. In this section, we will
discuss some of these examples, with focus on the biophysical and
biochemical application of the derived crystal structures.

In a recent study by Hubbell, Abramson, and coworkers [307],
the crystal structure of zebra fish VDAC-2 (zfVDAC-2) was solved
at a resolution of 2.8 Å using lipid bicelles. This is the first study
reporting the crystal structure of the VDAC-2 isoform, as opposed
to the well-characterized isoform VDAC-1. zfVDAC-2 also serves
as a good model system for mammalian VDAC-2, due to its high
homology with human VDAC-2. The major breakthrough in this
study was the observation of a dimer interface, using crystallo-
graphic symmetry operators, which was further validated by cross-
linking experiments and EPR-based double electron-electron reso-
nance (DEER) spectroscopy. VDAC-2 oligomerization has been
associated with its cellular function [307], making this observation
an insightful development in our understanding of VDACs and
their role in the mitochondrial outer membrane.

Prive, Bishop and coworkers derived the crystal structure of the
lipid A palmitoyltransferase PagP, isolated using the detergent
LDAO, at a resolution of 1.9 Å. They were able to crystallize this
protein with one of the detergent molecules bound to the interior of
the barrel, which paved the way for functional analysis of this protein.
The LDAO molecule was inserted in the cavity, with its acyl chain
interacting with hydrophobic side chains from the transmembrane
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region and its polar moiety projected outward. The active site resi-
dues, present in the extracellular region, are oriented in such a
manner that their side chains are facing the bound detergent mole-
cule. This led to the inference that the LDAO molecule can be
considered as a substrate analog. The structure further gave rise to
a detailed investigation into the mechanism of action of this lipid
metabolizing enzyme, as we know from subsequent studies on the
molecular properties of PagP [153, 171, 190, 216, 310, 311].

Structure determination and molecular analysis of the trans-
membrane pore-forming staphylococcal α-hemolysin is a prime
example of the structural information gained by employing crystal-
lographic methods (Fig. 24) [312, 313]. The crystal structure,
obtained at a resolution of 1.9 Å, shows a mushroom-shaped
architecture formed by a homo-oligomeric heptamer complex,
with each monomer contributing two β-strands to the transmem-
brane pore-forming region. The transmembrane domain of each
monomer, also known as the stem domain, combines to form an
aqueous pore and therefore presents bilayer-spanning antiparallel β-
barrels as a pore-forming motif for bacterial toxins [314, 315].

Another groundbreaking discovery has come from the struc-
tural analysis of the bacterial assembly machinery (BAM) complex

Fig. 24 Transmembrane β-barrel protein structures determined using X-ray crystallography. (a) Structure of
α-hemolysin from Staphylococcus aureus (PDB ID: 7AHL, refolded in micellar environment and crystallized at a
resolution of 1.8 Å. The protein takes up a homo-oligomeric heptamer, with the transmembrane region attaining
the pore-forming activity. (b) Crystal structure of BamA from Neisseria gonorrhoeae (PDB ID: 4K3B) displaying the
16-stranded transmembrane β-barrel region and the N-terminal domain consisting of five identical POTRA
domains. It facilitates insertion and folding of outer membrane proteins by means of the transmembrane β-barrel
region, whereas the N-terminal region acts as a recognition motif, which stabilizes the complex
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performed by Buchanan, Noinaj, and coworkers (Fig. 24) [75, 77,
316]. The high-resolution structures of BamA subunit, the central
component of the BAM complex, from different source organ-
isms, have revealed a 16-stranded transmembrane β-barrel domain
along with an N-terminal periplasmic region comprising of five
homologous polypeptide translocation-associated (POTRA)
domains. Furthermore, lateral opening and exit pore formation
upon the barrel structure was revealed by a combination of struc-
tural analysis and molecular dynamics simulations performed on a
homology model of BamA from E. coli, based on the obtained
crystal structures of Haemophilus ducreyi BamA lacking the first
three POTRA domains and Neisseria gonorrhoeae BamA. The role
of the other subunits in this multi-protein complex was brought to
the fore when the structural analysis of BamB subunit revealed
that it binds to the POTRA domain 3 of the BamA subunit [317].
Most recently, the crystal structure of the BAM complex from E.
coli, solved at a resolution of 3.4 Å, has yielded invaluable infor-
mation regarding the regulation of this assembly process. The
binding of the BamCDE complex appears to exert an allosteric
effect by modulating the conformation of the BamA subunit and
effectively regulating the assembly machinery [317]. Essentially,
these results, in combination with structural analyses reported by
other groups, reveal the mechanism by which the ancillary sub-
units of the BAM complex assist in the insertion and folding of
outer membrane β-barrels [318–321]. The functioning of the
BAM complex is also tightly regulated by the influence of lipid
headgroups present in the outer membrane, along with the molec-
ular properties and structural integrity of the substrate OMPs
[155, 322–324]. Similar factors, along with membrane fluidity,
can influence the folding of mitochondrial membrane proteins by
the SAM (sorting and assembly machinery) complex, in eukar-
yotes [276, 325].

4 Discussion

Through this review, we have highlighted two aspects: how to
(1) prepare and (2) fold membrane proteins for biophysical
studies. Further, we discuss the available biophysical studies for
characterization of membrane proteins, along with brief exam-
ples of where they have been applied. Obtaining homogenous
preparations of natively folded protein in sufficient amount and
purity is the major bottleneck in these studies. It has been
overcome to a great extent by recent advancement in protein
expression methodologies and in vitro refolding approaches.
Despite these developments, the predicted and actual numbers
of solved structures, for MPs, have a glaring mismatch, as of
today.
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In combination with structure determination, biophysical
studies complement our understanding of the overall architecture,
scaffold, and functional behavior of the protein. In this review, we
have discussed the various techniques employed to characterize
β-barrel membrane proteins. The use of different basic biophysical
techniques such as SDS-PAGE, CD, fluorescence, and DSC with
combination of advanced methodologies (NMR, X-ray and AFM)
provides detailed information about local and global changes in
structure in the course of β-barrel membrane protein folding and
unfolding. These studies can be used to understand protein (un)
folding pathways, as well as to derive information on the stability
of the transmembrane β-barrels. The evaluation of posttransla-
tional modifications and functional variation due to environmen-
tal factors, variation in the protein sequence, and overall fold
can also be obtained using advanced methodologies such as MS
and BLM.

Availability of improved biophysical methods for characteriza-
tion will allow us bridge the gap between soluble and membrane
proteins. It will further our understanding of how these proteins
fold, how they are stabilized, and factors that govern their function
and regulation. Knowledge of membrane protein behavior will
provide us with new avenues to engineer these molecules and
understand disease progression and in novel therapeutic
development.
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Probing the Dynamics of Plasma Membrane Glutamate
Transporters in Real Time by Total Internal Fluorescence
Reflection Microscopy
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Abstract

Plasma membrane solute carriers (SLCs) mediate the transport of a variety of substrates across the plasma
membranes. There is a great interest in understanding how they work and how their density at the plasma
membrane is dynamically regulated, given their involvement in important physiological processes ranging
from neurotransmission to nutrient and drug absorption. Genetically encoded fluorescent fusion proteins
of transporters and total internal reflection fluorescence microscopy (TIRFM) provide the ideal methodo-
logical approaches to follow their dynamics in living cells. Owing to its ability to selectively excite a very thin
fluorescent section (~100 nm) immediately above the glass cover on which cells are grown, TIRFM is
becoming the technique of election for measuring in a quantitative manner events occurring at or near the
plasma membrane with high temporal and spatial resolution. Here we provide a method for using TIRF
microscopy to study the basal and regulated trafficking of the excitatory amino acid transporter 3 (EAAT3/
EAAC1), a glutamate transporter of the solute carrier family 1 (SLC1). A detailed protocol of how carrying
out image recording under TIRF microscopy and how to extract quantitative data on transporter density at
the plasma membrane is presented. The method and the applied analyses can be extended to other plasma
membrane proteins (solute and ion transporters, channels, and receptors) in different cellular contexts.

Keywords Cell signal transduction, Constitutive and regulated trafficking, Endocytosis, Exocytosis,
Glutamate transporters, Total internal reflection fluorescence microscopy

1 Introduction

Solute carrier (SLC) membrane transport proteins mediate the
transport of solute and ions across biological membranes. The
family comprises more than 400 members, many of which are
targets of important drugs or are associated with human genetic
diseases. They are emerging as key molecules involved in the con-
trol of important physiological processes ranging from synaptic
transmission to nutrient or drug absorption and waste removal
[1, 2].
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In order to be effective, SLCs must be located at the plasma
membrane. Emerging data indicate they are not simply synthesized
and targeted to the final destination of action (the plasma mem-
brane), but their surface density is controlled by constitutive cycling
between the plasma membrane and a recycling compartment, with
the proportion at the plasma membrane depending on the rate of
plasma membrane transporter delivery or removal (Fig. 1a) [3].
Although apparently expensive from an energetic point of view, this
mechanism ensures the rapid adaptation of the cell to modifications
of the extracellular environment or to metabolic demand.

Elucidating the mechanisms that control their density in spe-
cific plasma membrane sub-domains is essential not only for a better
understanding of the physiological processes they regulate but also
for defining general rules in plasma membrane protein dynamics
and for designing appropriate pharmacological approaches to treat
neurodegenerative, neuropsychiatric, and metabolic diseases.

Comprehensive analysis of these phenomena requires quanti-
tative methodological approaches with a time resolution within the
minute or even second range, corresponding to the lifetime of
neurotransmission, and a spatial resolution close to nanometers,
in the proximity of the plasma membrane.

In the past, several techniques have been used, but none of
them was sufficiently comprehensive.

Fig. 1 Glutamate transporter density at the plasma membrane. (A) Mechanisms controlling glutamate
transporter density at the plasma membrane. In addition to canonical synthetic and degradative pathways,
the transporter density at the plasma membrane is maintained by constitutive cycling between the plasma
membrane and a recycling compartment. (B) Schematic representation of the membrane topology of
mammalian glutamate transporters of the SLC1A family. The potential positions of the tag (green star) are
depicted
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Traditionally, the transporter density at the plasma membrane
has been measured by functional or biochemical studies [4, 5].
Different from receptor–ligand interaction, substrates are released
inside the cell by transporters; therefore, in order to label the
proteins, the reaction must be performed at 0�C to minimize
substrate uptake. However, the dynamics of the event will be lost.

Biochemical approaches such as biotinylation give excellent
quantitative information [6, 7]. In these experiments, an exo-
genous biotinmolecule is covalently linked to primary amine groups
of lysine residues exposed to extracellular compartment. Thanks to
the high affinity of streptavidin for biotin, biotinylated molecules of
interest can be isolated and analyzed by western blotting techniques
[3, 8, 9].

Unfortunately, transporters are really complex integral mem-
brane proteins; their extracellular loops (at least those of the SLC1
and SLC6 gene family) are very small and often contain glycosyl-
ation sites which mask possible biotinylation residues, thus making
the biotinylation process inefficient [10, 11]. Furthermore, high
expression of the proteins of interest is necessary to have a good
yield, and this may perturb the normal targeting of transporters to
the plasma membrane. Finally, the temporal resolution is within
some minutes, too long for some physiological events.

Alternative biochemical approaches consider labeled ligands or
antibodies directed against extracellular epitopes of transporters,
but high-quality antibodies are not available for many transporters
[12].

On the other hand, genetically encoded fluorescent transpor-
ters coupled with epifluorescence microscopy provide important
descriptive information about the expression and localization of
proteins and the dynamic nature of signal transduction-mediated
events [13]. However, events cannot be described quantitatively
because the spatial resolution of the signal, particularly that pre-
sents at the plasma membrane, is confused with signals from out-
side the area of interest.

Confocal microscopy restricts the penetration field of the laser
beam to <900 nm; the spatial resolution is greatly improved, but
the temporal resolution of the events is restricted by the scan
process.

Total internal reflection fluorescence microscopy (TIRFM), a
specific application of the fluorescence microscopy technique, over-
comes these limitations. In TIRFM, a laser beam illuminates the
sample with an incident angle greater than the critical angle. In this
way, the incident light is completely reflected by the glass coverslips;
an evanescent wave is generated at the glass–sample interface and
penetrates the biological sample, because of the lower reflection
index. As the evanescent wave decades exponentially, it illuminates
only fluorophores located in a narrow (<100 nm) section at the
cell–coverslip interface, where plasma membrane transporters
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reside and work. The high signal-to-noise ratio of image generated
by the evanescent wave greatly enhances the spatial resolution of
the signal, particularly in the z-axis (nanometer resolution) [14].

The chip-based image acquisition strategy provides the tempo-
ral resolution necessary to follow highly dynamic events. Finally, the
relatively low-powered evanescent wave illumination minimizes
fluorophores photobleaching and allows long-lasting recording.

This technique has been widely used to characterize the mole-
cular mechanisms responsible for the delivery of the GLUT4 glucose
transporter to the plasma membrane in response to insulin, in
adipocytes and muscle cells [15]. We have exploited this procedure
to study the dynamics of neurotransmitter transporters in neuronal
and epithelial cells [3, 16].

The proposal of this paper is to provide a method to perform
single-cell, time-lapse TIRF microscopy useful to follow the gluta-
mate transporter dynamics at the plasma membrane under basal or
stimulated conditions. A detailed protocol to analyze images and to
extract quantitative information is also provided. A critical analysis
of techniques available to tag transporters for time-lapse micro-
scopy experiments and the problems linked to the evaluation of the
transporter density are reported in the Notes section. The method
has been settled up to follow glutamate transporter dynamics at the
plasma membrane; however, the approach to the image analysis and
quantification can be extended to other plasma membrane proteins
such as solute and ion transporters, channels, and receptors, in
different cellular contexts.

2 Materials

2.1 Cell Culture and

Transfection

2.1.1 Equipment

Standard laboratory equipment, e.g., biohazard hoods, CO2 incu-
bator, inverted microscope, microfuge, vortex mixer, water bath
(37�C), standard pipettes and micropipettes, and standard sterile
plastic culture supplies (3.5-cm Petri dishes, polypropylene tubes,
micro tubes).

2.1.2 COS-7 Cell

Growing and Transfection

Reagents

l COS-7 (available at ATCC® CRL-1651™) is a fibroblast-like
cell line, derived from Cercopithecus aethiops kidney [17]. The
cells are grown adherent in Dulbecco’s Modified EagleMedium
(DMEM) and can be easily transfected with several transfection
reagents. COS-7 cells are maintained in culture in 75 cc flasks,
at 37�C in a 5% CO2 incubator. Subculture once a week or
when they have covered 80–90% of the surface area.

l Culture medium: DMEM with low glucose, 10% fetal bovine
serum (FBS), penicillin (100 U/mL), streptomycin (100 μg/
mL), and L-glutamine (2 mM). Filter the solution and conserve
at 4�C. Prior to use, warm up at 37�C.
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l Phosphate buffer saline (PBS) solution: 150 mM NaCl, 24 mM
phosphate buffer, and pH 7.4. Filter the solution.

l Trypsin solution: 0.25% (w/v) trypsin in 0.53 mM ethylene-
diaminetetraacetic acid (EDTA) solution.

l Polyethylenimine (PEI) solution: 10% polyethylenimine (25 kDa
linear), 150 mM NaCl solution, pH 7.8.

Prepare 100 mL of a 150 mM NaCl solution. Adjust the pH to
5.5 with 0.01 N HCl. Add 10% PEI and adjust again the pH of
the solution to 7.8 with 0.01 N HCl. Filter and fractionate the
solution in suitable volumes and store at 4�C up to 6 months.
PEI cannot be frozen.

l EGFP-EAAC1 plasmid: high-quality, intact plasmid DNA at
0.3–1 μg/μL concentration in Tris HCl buffer. The pC1-
EGFP-EAAC1 plasmid has been used. The construct has been
generated by in-frame fusion protein of the rabbit glutamate
transporter EAAC1with a red-shifted variant of wild-type green
fluorescent protein (EGFP) which has been optimized for
brighter fluorescence and higher expression in mammalian
cells (excitation maximum ¼ 488 nm; emission maximum
¼ 507 nm) (pEGFP-C1 vector, Clontech). The correct delivery
to the plasma membrane of the tagged protein has been tested
by fluorescence and biotinylation experiments [3]. A scheme of
the constructs is shown in Fig. 1b.

2.1.3 Cell Plating

Materials and Reagents

l Glass covers: Thermo Scientific circled cover glasses, 24-mm
diameter, 0.17 � 0.005-mm thickness, and
1.5255 � 0.00015 refractive index.

l MilliQ water: >18 MOhm-cm, 0.22 μm filtered.

l Absolute ethanol

l 6 N KOH solution: solution must be freshly prepared and
filtered through 0.22-μm filters (insoluble potassium carbonate
may form with time in the bottle).

l Glass slide-strainer containers (Wash-N-Dry™ Coverslip Rack,
Electron Microscopy Sciences).

2.2 TIRFM Recording

2.2.1 Laser TIRF

Microscopy Equipment

The procedure requires a motorized, software-assisted, inverted
microscope with both wide field (epifluorescence) and TIRF illu-
mination modules. The TIRFM is achieved through the object
configuration. The fluorescence microscope has to be capable of
time-lapse imaging and must be equipped with a fast shutter and a
sensitive monochromatic camera to capture low-light levels. The
image acquisition software must record each frames. Major micro-
scope components are:

l Inverted microscope with high numerical aperture lens (NA
1.45 Alpha Plan-Fluar) 100� oil, immersion objective.
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l High sensitive, cooled CCD camera.

l Motorized filter turret or filter wheels.

l High-speed, software-controlled shutter, for a fast control of
laser illumination.

l Laser 488- or 514-nm lines. Green fluorescence is excited using
the 488-nm laser line.

l Filter sets: a customized filter set achieves better signal-to-noise
ratio. For the EGFP signal, the band pass 488-/10-nm exci-
tation and 525-/50-nm emission filters are employed.

l Microscope software to acquire, process, and analyze images
over various time points.

In this experiment, images are acquired using a Zeiss Axiovert
inverted microscope equipped with a Retiga SRV Fast 1394 CCD
camera. TIRF is achieved through an objective-based approach and
use of a multi-line (458/488/514 nm) 100-mW argon-ion laser as
a light source. The 488-nm line laser light necessary to excite GFP
is filtered through a band pass 488-/10-nm excitation filter
mounted on the filter wheel. The linearly polarized laser light is
introduced into the beam path with a monomode fiber, via the
TIRF slider. The wide field illumination is obtained through a
conventional mercury short-arc lamp HBO white light. A
polarization-maintaining double prism in the slider ensures the
combination of TIRF illumination and white light [18]. The
Image ProPlus software, version 6.3 (Media Cybernetics), is used
to capture images. A scheme of the microscope setup is shown in
Fig. 2a.

2.2.2 Imaging Solutions l Krebs’ (KRH) solution: 125 mM NaCl, 5 mM KCl, 1.2 mM
MgSO4, 1.2 mM KH2PO4, 25 mM 4-(2-hydroxyethyl)pipera-
zine-1-ethanesulfonic acid (HEPES) (buffered to pH 7.4),
2 mM CaCl2, and 6 mM glucose. Warm the solution at 37�C.

l 2� glutamate KRH solution: Add 10 mM L-glutamate to the
KRH solution. Warm the solution at 37�C. This solution must
be mixed 1:1 to KRH solution to obtain a 1� working gluta-
mate solution (final glutamate concentration 5 mM).

l 2� HIP-A KRH solution: Make 50 nM 3-hydroxy-4,5,6,6a-
tetrahydro-3aH-pyrrolo[3,4-d]isoxazole-4-carboxylic acid
(HIP-A) in KRH solution. HIP-A is a high-affinity glutamate
transporter blocker [19]. Warm the solution at 37�C. This
solution must be mixed to an equal volume of the incubation
solution to obtain a 1� working HIP-A solution (final HIP-A
concentration 25 nM).
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Fig. 2 Reaching the TIRF microscope configuration. (A) Schematic view of the TIRF microscope setup. The
inverted Zeiss Axiovert microscope, the objective, the specimen, the laser beam (green line), the reflector
module, and the TIRF slider controlling the incidence angle are indicated. Cells are imaged using a 100� oil
immersion objective. Digital images are captured on a cooled Retiga SRV CCD camera. The reflector module,
the excitation (488/10 nm, green rectangle), and the emission (band pass 525/50 nm, yellow rectangle) filters
are indicated. (B) Cartoon showing the objective, the position of the excitation beam (green line), the glass
cover, and the sample. Left, the excitation beam travels directly through the coverslip–sample interface. The
sample is excited in epifluorescence mode. Right, the excitation beam forms an incident angle greater than
the critical angle, the light is completely reflected back into the objective lens, and an evanescent field
propagates in the sample (100 nm). (C) Cartoon showing the sample safety cover and the position of the
excitation beam (yellow circle) that emerges out of the objective, under epifluorescence (left), and TIRF
illumination (right). (D) Epifluorescence (left) and TIRFM (right) images of EGFP-EAAC1 in a live Cos-7 cell.
Scale bar: 10 μm

Probing Plasma Membrane Transporter Dynamics by TIRFM 123



2.3 Data Analysis

Software

l Image analysis software for fluorescence intensity evaluation in
specific regions of the image over the time course of the experi-
ment (Image ProPlus 6.3 Software, Media Cybernetics).

l A spreadsheet application for data analysis, processing, and
storage (Excel, Microsoft).

l Statistical analysis software (GraphPad Prism 4.00, GraphPad
Software, Inc).

3 Methods

3.1 Cell Culture and

Transfection

The overall goal of this section is to describe the basic procedure to
prepare glass covers and to plate cells for TIRFM. In this protocol,
the COS-7 cells are transfected with a plasmid encoding the EGFP-
EAAC1 transporter (Sect. 2) (Fig. 1b). Refer to Sects. 4.1.1 and
4.1.2 for construct and cell line selection.

3.1.1 Coverslip Cleaning To reduce fluorescence background and obtain optimal cell adhe-
sion, coverslips must be accurately cleaned and sterilized, before cell
plating.

l Place coverslips in glass slide-strainer containers.

l Overnight submerge coverslips in absolute ethanol. Rinse with
MilliQ water (three times, 5 min each).

l Incubate coverslips for 20 min in filtered 6 N KOH. Rinse them
thoroughly with MilliQ water (four times, 5 min each).

l Dry coverslips in a drying oven and sterilize them in a preheated
oven at 200�C for 3 h.

l Prior to use, illuminate coverslips with HBO lamp for 30 min to
photobleach any remaining background fluorescence.

3.1.2 COS-7 Cell Plating

for Imaging

Follow the instructions reported in the protocol (cell density, etc.)
to have cells that grow firmly attached to glass covers in a mono-
layer, which is crucial for TIRFM.

l The day before transfection, place each coverslip in a 3.5-cm
Petri dish, add 1 mL of complete culture medium, and keep at
37�C, in a 5% CO2 incubator.

l Trypsinize cells. Remove complete growth medium and wash
the cells with 3 mL of PBS.

l Treat cells with trypsin solution (2 mL for a 75-cc flasks),
incubate for 5 min at 37�C, 5% CO2, and detach cells using
pipette.

l Inactivate trypsin by adding 2 mL of DMEM without serum
and collect cells by centrifugation at 300 � g for 5 min.
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l Remove the supernatant, add 1 mL of complete medium to the
pellet, and disperse cells into a single-cell suspension, by pipet-
ting up and down the solution. Count cells.

l For optimal cell growth and efficient transfection, plate
3 � 105 cells/well (3.5 cm in diameter). Incubate at 37�C in
a 5% CO2 incubator overnight.

3.1.3 COS-7 Transfection

by Polyethylenimine (PEI)

We here report a basic protocol for plasmid transfection with PEI.
This reagent is no toxic and cost-effective. Thirty percent transfec-
tion efficiency is expected following exactly the outlined procedure
[20].

Twenty-four hours after plating, remove the medium and
refresh with 1.5 mL of complete medium. Keep the cells at 37�C,
in a 5% CO2 incubator.

l Under the laminar flow biosafety hood, in a sterile 1.5-mL
microtube, add 3 μg of plasmid DNA to 100 μL of PEI solution
(amount for 3.5-cm Petri dish).

l Mix for 10 s and then incubate the DNA/PEI mixture for
30 min at room temperature.

l Carefully add the DNA/PEI mixture to the Petri dish contain-
ing coverslips with adherent cells and gently shake to distribute
the reagent in the Petri dish.

l Return the cells to the 5% CO2 incubator, at 37
�C.

l The next day, substitute the transfection mixture with 1.5 mL
of fresh complete medium and keep the cells in the 5% CO2

incubator.

l Perform the TIRFM experiment 48 h after transfection. This
expression time ensures the efficient targeting of transporter
proteins to the plasma membrane.

The protocol outlined here uses a 3:1 ratio of PEI to DNA
(w/w). This ratio is optimal for the majority of plasmid we have
tested and for several cell lines. However, for different plasmids or
cell lines, media, PEI:DNA ratio AND expression time should be
optimized to maximize protein expression. We routinely screen
ratios between 1:1 and 5:1.

3.2 TIRFM

Configuration,

Experiment Settings,

and Recording

The main objectives of this section are to describe the procedure to
reach the correct TIRFM configuration and to show how to per-
form time-lapse experiments.

TIRFM varies greatly in instrument setup, the described setup
employs laser beam as incident light and adopts through the object
configuration [18]. Refer to Sect. 4.2 for TIRFM configurations
and for photobleaching.
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3.2.1 Reaching TIRF

Illumination (Fig. 2)

l Turn on the lasers 30 min before starting the experiment, as it
needs to warm up and stabilize.

l Insert the glass cover with transfected cells in the appropriate
imaging chamber, assemble the chamber, and add 500 μL of
KRH solution.

l Place the chamber on the microscope stage and coat the speci-
men with the safety cover (Fig. 2c).

l In epifluorescence mode, look through the eyepiece and move
the focus knob until the image comes into focus. Select the
transfected cells to be recorded. The ideal cells should be flat,
located in the center of the recording chamber (to avoid the
generation of interference fringes on the specimen), and their
fluorescent signal should be recorded with a low exposure time.

l Under software control, switch to the laser illumination in live
mode and achieve the TIRF configuration.

l Last-generation TIRF microscopes have fully motorized sys-
tems with automatic laser incident angle adjustment and focus
adjustment for TIRFM. Alternatively, you can reach the TIRF
configuration simply by checking the position of laser beam on
the sample safety cover (Fig. 2c).

(a) When the laser beam is positioned in the center of the
objective lens (Fig. 2b, left), a spot is visible in the center
of the TIRF safety cover (Fig. 2c, left), and the cell is
imaged in the epifluorescence mode (several focus planes
are visible) (Fig. 2d, left).

(b) To reach the critical angle, turn the “angle adjustment”
screw on the TIRF slider and move the spot in the Y
direction (forward or backward) (Fig. 2c, left). When you
reach the critical angle (Fig. 2b, right), the spot disappears,
and a thin, focused line emerges in the middle of the safety
cover (Fig. 2c, right).

(c) To fine-tune the TIRF angle, observe the cell image on the
video. At this point, an epifluorescence-like image of the
cell is still visible. Gently, move the screw until a flat, highly
contrasted image of the cell appears (only one optical plane
is visible: the plasma membrane in contact with the cover-
slip) (Fig. 2d, right). You have reached the TIRF
configuration.

3.2.2 Setting Up of

Experimental Recording

Conditions

Before starting, set up the experimental recording conditions using
the software-assisted menu.

l Set up the laser power. Capture the images using low laser power
and make use, whenever possible, of attenuated filters.
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l Set up the exposition time. Capture the images using low expo-
sure time and high gain. Appropriate exposure times are
between 50 and 100 msec.

l Set up the sampling frequency. Appropriate to the phenomenon
(in the example, every 15 s).

l Set up the experiment duration. Time scale ranging from few
minutes to 1 h.

Adjust the sampling frequency and the total recording time
according to the phenomenon you are interested in and keep
these parameters constant within the same experiment.

Refer to Sect. 4.2 for comments on photobleaching.

3.2.3 Sample Imaging Envisage at least two different experimental conditions:

(a) Control (or resting) condition: the solution where cells are
normally kept (KRH solution)

(b) Stimulated condition: resting solution plus the stimulus

As an example, we monitor the effect of glutamate on trans-
porter density. To evaluate whether the effect is mediated by the
transporter activity, in a subset of “stimulated conditions,” we
also test the effect of HIP-A, a selective inhibitor of EAATs trans-
porters [19].

Under TIRF illumination add the solution of interest and start
recording the time-sequential images.

l Resting condition. Add 500 μL of KRH solution to the existing
500 μL, to reach the final volume of 1 mL in the recording
chamber. Start recording the time-lapse experiment in TIRFM
mode. Save the time-sequential images as “resting condition.”

l Stimulated condition. Focus on the same cell, remove 500 μL of
KRH solution, and substitute with 500 μL of 2� glutamate
KRH solution (or 2� HIP-A). Record and save the time-
sequential images as “glutamate-stimulated condition” (or
“HIP-A stimulated condition”).

l Stick to the same settings during experiments (laser power, time
exposure, frame number).

To obtain the bleaching rate, register a sequence of frames in
the cell where no stimulation has been applied, using the identical
setting conditions.

Refer to Sects. 4.1 and 4.2 for cell variability and recording
conditions.

3.3 Data Collection

and Analysis

The main objective of this section is to show how to extract quan-
titative information from the image sequence, how to correct data
for photobleaching, and how to interpret the experimental results.
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To analyze images automatically, macros have been developed
in the lab, based on existing functions of the image analysis software
[21]. The majority of image analysis software offers this possibility.
Useful macros can be also found online, freely available (http://
wiki.cmci.info/downloads/bleach_corrector).

3.3.1 Fluorescence

Intensity Quantification

Open the experimental (resting or stimulated) time-sequential
images to quantify the fluorescence intensity in area of interest
(AOI) of the image, over the course of the sequence.

Go to the macro menu and set capture “multiple AOIs.”
Choose one of the selection tools (circle, square, etc.) in the
menu to create an AOI in a relevant region of the cell. Create
several AOIs within the same image, for simultaneous processing
of data.

Go to the macro menu, and choose measurements. Select
“mean intensity” to evaluate the mean fluorescence intensity within
the selected AOIs.

Experimental AOI: To calculate the density of transporters at the
plasma membrane, place AOIs in regions of interest of the cell surface
(i.e., filopodia, lamellipodia, plasma membrane) (Fig. 3B, white
square). Consider two to three AOIs for each cell.

Background AOI: To calculate the background of the image, place
three AOIs, identical to experimental AOI, in a region of the image
without cells/fluorescence (Fig. 3A, white square).

If you have created a macro, with the AOIs selected, automati-
cally the software calculates the average fluorescence intensity of
each AOI, over the course of the movie. Otherwise, scroll the
movies and in each frame select count/measure intensity.

Collect and export data to a spreadsheet program for further
analysis.

3.3.2 Photobleaching

Evaluation (Fig. 3C)

Similarly, open the “Bleaching” file and place AOIs in a region of
the image without cells (to create Background Bleaching AOI) or
over the cell surface (to create Bleaching AOI).

Employ these data to evaluate the photobleaching rate.
First open the file “Background Bleaching AOI” data in a

spreadsheet program and average the values.
To evaluate the photobleaching rate, open the file “Bleaching

AOI” in a spreadsheet program. From each time point, subtract the
averaged background value from all the frames (Fig. 3Ca).

Normalize the fluorescence intensity values in each frame to the
initial intensity value (F0) (F/F0) (Fig. 3Cb).

Fit background-subtracted normalized bleaching data with an
exponential curve. Many different types of software display the
equation on the chart and automatically assign the values to the
variables in the equation (Fig. 3Cc). Use the experimental variables
to correct fluorescence data.
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Fig. 3 Workflow of data processing. (A, B) TIRFM images of EGFP-EAAC1 in a live Cos-7 cell. The white
squares indicate representative “background AOI” in (A) or an “experimental AOI” in (B). Scale bar 10 μm. (C)
Workflow for the evaluation of the photobleaching rate. From top to bottom: (a) time course of fluorescence



3.3.3 Data Correction for

Photobleaching (Fig. 3D)

l First, open the file “Background AOI” in a spreadsheet pro-
gram and average the values.

l Then, export the time course of the fluorescence changes
measured in each “Experimental AOI” to a spreadsheet. Sub-
tract the averaged background value from each time point, and
normalize the intensity value in each frame to the
corresponding initial fluorescence intensity (F/F0) (Fig. 3Da,
b). To correct fluorescence intensity data for photobleaching
(Fig. 3Dc), apply the exponential correction to the normalized
experimental intensity values in each frame as follows:

Fn correctedð Þ ¼ Fn=exp �n*að Þ
Fn ¼ experimental fluorescence intensity measured at frame n

n ¼ number of frames
a ¼ bleaching factor (evaluated with the exponential regression in
Sect. 3.3.2)

3.3.4 Data Evaluation

(Fig. 4)

Plot the photobleaching-corrected experimental fluorescence
intensity data (resting and stimulated) as a function of time/frames
(Figs. 4 and 5).

The area under the curve (gray area in Fig. 4b) (AUC) repre-
sents the change in the transport density at the plasma membrane
induced by stimulus.

Three different situations can be envisaged:

1. No significant changes in the fluorescence intensity between
resting and stimulated conditions, over the time course of the
experiment (Fig. 4a, b, center). The density of the transporter is
not affected by the stimulus.

2. The overall fluorescence intensity in the stimulated condition is
increasing during the time course of the experiment (Fig. 4a, b,
left). In the example, this happens in the presence of 5 mM
glutamate (Fig. 5). This condition is indicative of an increased
transporter density at the plasma membrane and may be due to
increased transporter delivery to the plasma membrane or a
decreased endocytosis rate.

�

Fig. 3 (continued) intensity changes measured in the “bleaching image.” The fluorescence intensity is
expressed as arbitrary units (A.U). (b) Normalization of fluorescence changes to the initial fluorescence
value (F/F0). (c) Evaluation of the photobleaching factor. Data are fitted with an exponential regression; the
equation and the exponential factor important to evaluate the bleaching factor are shown in the figure. (D)
Proposed workflow for “experimental AOI.” From top to bottom: (a) time course of the fluorescence intensity
changes measured in the “experimental image”; (b) data normalization to the initial fluorescence value (F/F0);
(c) data correction for photobleaching (gray continuous line)
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3. The fluorescence intensity in the stimulated condition decreases
over the time course of the experiment if compared to the
resting condition (Fig. 4a, b, right). In the example, this corre-
sponds to HIP-A, the EAAT1 inhibitor (Fig. 5). This situation is
indicative of a decreased transporter density at the plasma mem-
brane and may be due to increased endocytosis or decreased
delivery.

The copresence of drugs blocking the exocytosis or endocytosis
pathway in the stimulated condition may be helpful in understand-
ing the mechanism of action of the stimuli (exocytosis versus
endocytosis).

4 Notes The method allows the selective visualization of transporters den-
sity at the plasma membrane based on the change in the fluores-
cence intensity signal. The ability of TIRFM to perform a really

Fig. 4 Modification of transporter density at the plasma membrane evoked by stimulus application. (A) The
transporter density at the plasma membrane is the result of a fine balance between exocytic (green line) and
endocytic (gray line) processes. Under stimulated conditions, the transporter density at the plasma membrane
increases if the exocytosis prevails over endocytosis (left), remains unchanged if endocytic and exocytic
processes are balanced (center), or decreases if endocytosis prevails over exocytosis (right). (B) Expected
modification of the normalized fluorescence intensity (blue line) over the time in case of increased (left),
unchanged (center), or decreased (right) transporter density at the plasma membrane under stimulated
conditions
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Fig. 5 An example, glutamate-induced increase of EAAC1 density at the plasma membrane. (A) Time-lapse
imaging of EGFP-EAAC1 constructs in a live Cos-7 cell. Cells are recorded under resting (CTR) and stimulated
conditions (5 mM glutamate [Glu] or 25 nM HIP-A application). Cells are sampled every 15 s, for a total of
3 min. Scale bar: 4 μm. (B) Normalized fluorescence intensity profiles (F/F0) showing the amount of proteins
detected at the cell surface by TIRFM under resting conditions (blue, triangles), 5 mM glutamate (red, circles),
or 25 nM HIP-A (green, squares). P < 0.001 Ctr vs Glu; p < 0.01 Ctr vs HIP-A; p < 0.00005 Glu vs HIP-A. (C)
Histograms representing mean changes (Total AUC) in the fluorescence intensity under control (blue bar) or
stimulated (glutamate red bar, HIP-A green bar) conditions
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narrow optical sectioning at the level of the cover glass–sample
interface ensures the production of surface-selective images.
Three points can be particularly challenging and deserve particular
attention: the generation of the probe (the intrinsically fluorescent
protein of interest), the correct image capture, and the conversion
of images information in quantitative data.

4.1 Selection of

Fluorescent Probes

and Cell Line for

Transfection and

Imaging

4.1.1 Creation of

Genetically Encoded

Fluorescent Recombinant

Transporters

The ability to evaluate the transporters density at the plasma mem-
brane in real time, in living cells, relies on the possibility to mark
them with intrinsically fluorescent tag or a fluorescent exogenous
ligand. An ideal tag should allow the visualization of the protein of
interest without perturbing its folding, targeting, and functional
activity. Furthermore, its emitted fluorescence should be suffi-
ciently bright and stable to be detected as long as the experiment
length, without damaging the cell.

Tag Selection: Probably, the exponential development of live cell
microscopy techniques has been fueled by the introduction of genetically
encoded fluorescent probes. The prototype is the GFP protein that
exhibits bright green fluorescence when exposed to light in the blue to
ultraviolet range [22]. Many different mutants of GFP have been
engineered, and several spectral variants are now commercially avail-
able [23]. They can be fused to protein of interest and can be simul-
taneously transfected in cells to monitor in vivo protein–protein
interactions and signal transduction pathways [24]. pH-sensitive
GFP variants have been produced in the last years and have been
used as sensors to monitor pH-sensitive processes. Given that glutamate
transport by EAATs carriers is characterized by the transport of a net
H+ ion inside the cell for each cycle, an interesting application of these
probes is the study of intracellular pH changes associated with gluta-
mate transport activity [25].

However, GFP is a rather huge protein (238 amino acid resi-
dues, 26.8 kDa), and its fusion, sometimes, can perturb the folding
and trafficking of the protein of interest. Furthermore, GFP pro-
teins have a spontaneous tendency to oligomerize, and this may
alter the interaction of transporters with accessory proteins. Finally,
the photo-physical properties of naturally fluorescent proteins are
not as good as organic dyes. They can blink, they are not very
bright, and some are not photostable (see below).

To overcome these problems, other classes of protein-based
fusion tags have been developed in the last years. An interesting
class of tags consists in “self-labeling” enzymes that covalently
attach a fluorescent ligand to one of its own amino acid residues.
These enzymes are called Halo tags and SNAP/CLIP and are
fused in frame with the protein of interest. When expressed, the
proteins are not innately fluorescent but become fluorescent
when the cells are exposed to cell-permeable fluorescent ligands [26].
Tag strategies for protein localization can be found at https://www.
neb.com/applications/cellular-analysis/protein-localization. Other
interesting tags are those consisting in short peptide sequences
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enriched in cysteine residues that can specifically react with small
membrane-permeable biarsenical dyes (FlAsH and ReAsH). The
optimal tag sequence is “CCPGCC,” where C is cysteine, G glycine,
and P proline. The first advantage of this class of tags is that they are
small; thus, the introduced sequences have less opportunity to dis-
rupt the overall fold and function of the labeled protein. The second
advantage of these probes is the easy of pulse-labeling procedures.
For some of them, labeling can be restricted in both time and space,
and sequential labeling schemes can be employed to target different
pools of proteins [27].

Tag Positions: The position of the tag can be crucial. Based on
transporter structure, three positions can be envisaged: N-terminus,
C-terminus, and intracellular or extracellular loops of the selected
protein.

In our experience, tags (small amino acid sequences or complex
proteins) work well when fused to the N-end of transporters [3,
16]. To maintain the correct folding and trafficking of the recom-
binant protein, it may be useful to add a flexible linker between the
transporter and the GFP. The standard flexible linkers consist of
glycines interspersed with serines or threonines (e.g.,
GGGSGGGS) [28].

The C-terminal end may be more critical. Indeed, several
transporters carry at the very end of their COOH-terminal domain,
target motives for interaction with PDZ proteins [3, 29]. The
presence of a tag in this region may mask the recognition motif
and abolish interaction with PDZ protein, thus profoundly affect-
ing the transporter function and/or trafficking.

Although potentially interesting from the experimental point
of view, a tag insertion in the extracellular loops is a risky choice. In
our experience, even the presence of the small c-myc tag (EQKLI-
SEEDL sequence) in the second extracellular loop of the glutamate
transporter causes the transporter retention in the endoplasmic
reticulum, probably for folding problems.

Independently of the tag selection and position, we recommend
testing the activity and the targeting of the generated recombinant
protein with functional and/or biochemical experiments [3].

4.1.2 Cell Line Selection

and Transfection

TIRFM allows the collection of information regarding processes
occurring at the plasma membrane or in an environment of
100–200 nm under the plasma membrane, which is a very narrow
strip in living cells.

Therefore, the ideal cell line must grow adherent to the cell
substrate and easily transfected. Its cell surface must be sufficiently
flat and stable over the time in order to produce good images for
quantitative analysis. To improve cell adhesion, it is possible to coat
the glass cover with matrix adhesion proteins like collagen, gelatin,
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or polylysine. Mind that the sub-domain localization and the activ-
ity of channels and transporters may be modified by their inter-
action with cell-substrate adhesion molecules [30].

Cell transfection does not generally represent a problem
because 30–50% transfection efficiency is sufficient to easily per-
form single-cell analysis by imaging techniques. A wide variety of
gene delivery techniques to introduce plasmid DNA is commer-
cially available and can be tested and optimized. In general, avoid
transfection system and/or conditions which cause excessive pro-
tein overexpression, since they can alter the transporter targeting to
the plasma membrane and its dynamics. We found particularly
efficient the PEI-mediated transfection [20]. This method does
not require serum withdrawal, and the reagent is not toxic; there-
fore, the cell morphology is preserved, and cells retain large adhe-
sive surfaces with the substrate. Usually the PEI reagent does not
result in excessive overexpression of recombinant proteins, is cost-
effective, and applicable to a broad range of cell lines.

4.2 TIRFM Recording

and Data Analysis

This is probably the most critical part. TIRFM enables the analysis
of individual molecular events through detection of changes in the
fluorescent signal derived from tagged proteins that move in or out
the evanescent field. However, several confounding factors can
modify this signal over the time, without necessarily implying
modification of the transporter density. Generally, they can be
separated in those that cause modification of cell surface domain
in focus in the TIRF zone and those which modify the emitted
fluorescent light of the fluorophore.

4.2.1 Modification of the

Cell Morphology

The evanescent wave generated by the TIRF illumination decays
exponentially in the sample; therefore, also subtle modifications in
the cell morphology like ruffle and filopodia generation, and cell
movement, can modify the intensity of the fluorescent signal. Some
of the modifications are caused by changes in temperature and cell
medium volumes.

Temperature: Temperature changes due to the experimental environ-
ment, and medium addition and intense laser illumination may
modify the focus, thus changing the region under TIRF illumination
during recording. As the evanescent wave decays exponentially, this in
turn may modify the intensity of the fluorescent signal. Cell morphol-
ogy and transporter trafficking as well are extremely sensitive to
temperature.

To avoid this problem, the sample needs to be thermostated to
37�C. Chamber incubators are ideal to guarantee a constant tem-
perature of all devices inside the incubator and the specimen but
also a large part of the microscope, thus preserving the experi-
mental conditions and minimizing the focus drift resulting from
temperature gradient. In the absence of a temperature control
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system, we recommend to prewarm the imaging chamber, all added
solutions, and pipette tips used for addition and to avoid long-term
imaging experiments.

Volume Sample:Given that the cell reacts to mechanical stress, modifi-
cation of the total volume in the imaging chamber may change the
strip under TIRF illumination. To solve this artifact, try to keep
constant the volume of the medium in the imaging chamber. Avoid
complete removal of the cell medium and change the medium prefer-
ably using a perfusion system, possibly connected with a vacuum pump,
to reduce shearing stress and noise.

4.2.2 Modification of the

Emitted Fluorescent Light

pH Changes: Fluorescent molecules are particularly sensitive to pH
modification. Drug application, transporter activity, and cell meta-
bolism may alter the pH of the medium over the course of the experi-
ments, thus modifying the fluorescent signal intensity. This may be
particularly relevant in the tiny volume between the cell and the
surface of the coverslip where TIRF illumination takes place.

To avoid this problem, solutions must always be buffered. Further-
more, it is useful to monitor possible pH modification induced by
the presence of the drug/treatment, in preliminary experiments.

Photobleaching: is probably the most relevant change of fluorescence
intensity occurring in the sample. It is a progressive modification of the
fluorescence signal due to photon-induced chemical damage and cova-
lent modification of the fluorophore. Normally, it causes a permanent
loss of the fluorescence emission intensity and the progressive fading of
the fluorescent signal [31].

Controlling photobleaching is critical in order to capture satis-
factory images that can be analyzed and quantified. There are
several possible interventions.

1. The best strategy is to avoid photoeffects during the recording
section. In a constant environment, photobleaching depends
on the intensity of the light source, the time, and the cycle of
exposure to the excitation source. Therefore, the experimental
settings should be accurately optimized.

Illumination intensity. Photobleaching is proportional to the
illumination intensity. To reduce photobleaching, use attenu-
ated and shuttered illumination. Attenuate the illumination
intensity until image looks grainy and baseline recordings are
stable.

Exposure time. The same applies for the exposure time. The
longer the exposure time, the higher the photobleaching rate.
Reduce the time until image looks grainy. Optimal exposure
times are between 50 and 100 ms.

The recording settings in resting and stimulated condition
must be identical. Mind the overall expectation of your experi-
ment. If you envisage an increase in the transporter density (e.g.,
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increased fluorescence), keep the exposure time (or the illumi-
nation intensity) in the lower part of the detector range.

If data analysis is not excessively affected by the spatial resolu-
tion of the signal, bin the camera (2 � 2 binning can be a good
compromise).

Number of frame capture. The maximum interval between two
subsequent frames is dictated by how fast is the phenomenon.
High temporal resolution may exert photoeffects, and with low
temporal resolution, the effect of the stimulus may be lost. In
preliminary experiments, evaluate the time scale of the pheno-
menon you are interested in (how long it lasts, whether the
compound to be tested needs a preincubation time or acts
immediately, etc.).

2. Selection of a different fluorescent probe. As above reported,
genetically encoded fluorescent reporter proteins are not parti-
cularly bright and can photobleach. In time-lapse experiments
requiring high sample frequency, it may be strategic to make use
of “self-labeling” enzyme tags whose fluorescence relies on
incubation with organic dyes which are more stable and can be
chemically modified [26].

3. If despite controlling recording conditions, the baseline is not
stable and photobleaching still occurs, it is possible to estimate
the effect mathematically and correct data. In many cases,
photobleaching follows a simple exponential decay function
[18, 31], which makes its assessment and its correction easier
by performing control recordings (Sect. 3). Several correction
formulas are available; in the paper, a mono-exponential equa-
tion has been used to fit the photobleaching, but also linear
regression can be used. Given the cell-to-cell variability in the
change in baseline fluorescence over time (see below), before the
beginning of the experiment, evaluate the bleaching rate in the
same cell you want to record from.

4.2.3 Sample Variability The presented protocol relies on single-cell analysis. In our experi-
ence, there is a great variability from cell to cell, in particular if you
are studying rapid phenomena, the effect of signal transduction
pathways, or the basal trafficking of plasma membrane proteins.
To reduce the variability, when possible, record always the same cell
under resting and stimulated conditions. To be sure that the effects
you are observing rely on the specific treatment you are studying,
replicate the experiments using a different sequence (first stimu-
lated then resting conditions). This applies only to drugs/treat-
ments whose effects are reversible, as in this case.

Probing Plasma Membrane Transporter Dynamics by TIRFM 137



References

1. César-Razquin A, Snijder B, Frappier-Brinton
T, Isserlin R, Gyimesi G, Bai X, Reithmeier RA,
Hepworth D, Hediger MA, Edwards AM,
Superti-Furga GA (2015) A call for systematic
research on solute carriers. Cell 162:478–487

2. Lin L, Yee SW, Kim RB, Giacomini KM (2015)
SLC transporters as therapeutic targets:
emerging opportunities. Nat Rev Drug Discov
14:543–560

3. D’Amico A, Soragna A, Di Cairano E, Panzeri
N, Anzai N, Vellea Sacchi F, Perego C (2010)
The surface density of the glutamate trans-
porter EAAC1 is controlled by interactions
with PDZK1 and AP2 adaptor complexes.
Traffic 11:1455–1470. doi:10.1111/j.1600-
0854.2010.01110.x

4. Ahn J, Pietrini G, Muth TR, Caplan MJ (1998)
Expression of neurotransmitter transport sys-
tems in polarized cells. Methods Enzymol
296:370–388

5. Qian Y, Galli A, Ramamoorthy S, Risso S,
DeFelice LJ, Blakely RD (1997) Protein kinase
C activation regulates human serotonin trans-
porters in HEK-293 cells via altered cell surface
expression. J Neurosci 17:45–57

6. Gabriel L, Stevens Z, Melikian H (2009) Mea-
suring plasma membrane protein endocytic
rates by reversible biotinylation. J Vis Exp
34: e1669. doi:10.3791/1669

7. Sargiacomo M, Lisanti M, Graeve L, Le Bivic
A, Rodriguez-Boulan E (1989) Integral and
peripheral protein composition of the apical
and basolateral membrane domains in MDCK
cells. J Membr Biol 107:277–286

8. Perego C, Bulbarelli A, Longhi R, Caimi M,
Villa A, Caplan MJ, Pietrini G (1997) Sorting
of two polytopic proteins, the gamma-
aminobutyric acid and betaine transporters, in
polarized epithelial cells. J Biol Chem
272:6584–6592

9. Perego C, Vanoni C, Villa A, Longhi R, Kaech
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Fluorescence-Based Screening of Membrane Proteins
for Structural Studies

Jyoti Kumari, Surbhi Dhingra, and Janesh Kumar

Abstract

Structure determination of membrane proteins remains a technically challenging problem till date. Opti-
mization of expression, purification, and stability of membrane proteins is still a bottleneck for their
structure determination by either X-ray crystallography or single-particle cryo-electron microscopy. Their
expression levels are low; hydrophobic transmembrane domains require detergents to extract them from
cell membrane. Besides this, they are often flexible and unstable and must be stabilized before subjecting
them to structure determination trials. Traditional methods of screening either require large amounts of
material or are limited in their use due to the presence of detergents, which hinder with or cause high
background during these evaluations.
Here, we describe two fluorescence-based methods that have enabled rapid, efficient, and economical

screening of membrane proteins for construct optimization and evaluation of suitable stability conditions
essential for successful structure determination. Both the techniques require only nanogram to microgram
quantities of material and can be adapted to perform medium- to high-throughput screening.

Keywords Crystallization, Fluorescence, Membrane proteins, Screening, Structural biology

1 Introduction

Membrane proteins play essential roles in a variety of cellular pro-
cesses and are involved in detecting and transmitting external sig-
nals, material, and information into and out of the cytoplasmic and
nuclear milieu. Not surprisingly, they are critical components of
signal transduction across the membranes including transport of
substrates, permeation of ions, and communication of external
stimuli. It is estimated that approximately 25–30% of all the pro-
teins encoded by the human genome are membrane proteins [1]
and are targets of around 60% of all the available drugs in the
market [2].

Despite being immensely important, understanding the func-
tions and the molecular mechanisms of their action and regulation
are hampered by a lack of knowledge about their three-dimensional

Arun K. Shukla (ed.), Chemical and Synthetic Approaches in Membrane Biology, Springer Protocols Handbooks, (2017) 141–155,
DOI 10.1007/8623_2016_1, © Springer Science+Business Media LLC 2016, Published online: 25 September 2016

141



structures, more so from eukaryotic sources. Out of ~121953
structures (August 2016) in the Protein Data Bank (PDB), only
2014 are of membrane proteins (~1.6%), and out of it, only 638
(~0.52%) are for unique membrane protein structures (http://
blanco.biomol.uci.edu/mpstruc/). Above data clearly suggests
that membrane protein structural biology is still a largely uncon-
quered area. They are challenging targets for structural studies due
to multiple reasons. Except for a few membrane proteins that are in
high abundance and can be purified from source, most of these
targets need to be overexpressed in heterologous expression sys-
tems to produce milligram quantities of well-behaved, stable, and
pure protein suitable for structural studies. The overexpression
requires extensive construct engineering and optimization which
is a long and tedious process. The other challenging frontier is to
find suitable conditions where the target membrane protein is
stable and homogenous after extraction, solubilization, and purifi-
cation from membranes. This requires screening of numerous buf-
fers, detergents, lipids, ligands, antibodies, or a combination of
these and is again a time- and resource-intensive endeavor.

A number of tools have been developed over the years to
counter and overcome these difficulties associated with structure-
function analysis of membrane proteins. Fluorescence-based meth-
ods, especially the use of a fluorescent fusion protein, are the most
popular and successful as it allows monitoring of target proteins in
cells, whole animals, or crude cell lysates without having to purify
them [3]. The ability of fluorescent proteins to fold when tagged
on either N- or C-terminus of target proteins has made it possible
to directly study the biology of proteins in vivo or monitor their
behavior in vitro [4]. A C-terminal fusion of green fluorescent
protein (GFP) is reported to be an indicator of correctly folded
target protein as GFP will only fold into fluorescent form if the
target protein upstream is correctly folded [5, 6]. Besides, the
sensitivity of fluorescent techniques allows detection of nanomolar
quantities of tagged proteins. Development of a synthetic codon-
optimized GFP construct which is more stable and ~45-fold
brighter in comparison to the wild-type protein also prevented
GFP-induced dimerization and aggregation of fusion proteins
[7]. Escherichia coli that is still one of the preferred expression
systems for membrane proteins of either prokaryotic or eukaryotic
origin suffers from amajor drawback associated with aggregation or
inclusion body formation. However, GFP-based screening has
facilitated overexpression, detergent selection, and purification of
membrane proteins from bacterial system [8, 9]. It was also demon-
strated that GFP fusion has made it possible to distinguish between
membrane-integrated protein from that in the inclusion bodies
[10]. GFP fusion proteins have also been used to track membrane
protein production in yeast [11], insect cells [12], and mammalian
cells [13] demonstrating its utility.
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Further, evaluation of stability profiles of membrane proteins in
different solution conditions via traditional methods like circular
dichroism (CD) [14, 15], differential scanning calorimetry (DSC)
[16, 17], or absorption spectroscopy [18] has been challenging and
normally requires large quantities of purified protein. Highly sensi-
tive fluorescent assays developed for analysis of membrane protein
stability are critical for successful crystallization and structure deter-
mination via X-ray crystallography or cryo-EM.

Here, we review two of the most widely used techniques
toward optimization of membrane protein overexpression, purifi-
cation, and stability: (1) fluorescence-detection size-exclusion
chromatography (FSEC) where size-exclusion chromatography
can be used to investigate the state of fusion protein in crude
extracts [19], formation of multiprotein complexes [20], and deter-
mination of thermal stability (FSEC-TS) [21] and (2) microscale
fluorescent thermal stability assay for high-throughput stability
evaluation and optimization of integral membrane proteins [22].

2 Fluorescence-Detection Size-Exclusion Chromatography (FSEC)

Membrane protein expressed as fusion with fluorescent proteins has
been used for topology analysis of bacterial inner membrane prote-
ome [23, 24] and as an indicator of overexpression by measuring
fluorescence of whole cells or non-detergent-solubilized mem-
branes [8, 10, 25]. In 2006, Gouaux Lab introduced
fluorescence-detection size-exclusion chromatography (FSEC) for
rapid screening of membrane protein expression levels, stability,
and monodispersity [19]. This method is an adaptation and exten-
sion of the fluorescent-based concept by coupling size-exclusion
chromatography with online fluorescence detection. Since then it
has been widely used and has facilitated structure determination of
multiple membrane proteins. Construct design for FSEC includes
the target protein covalently fused with enhanced green fluorescent
protein (EGFP) [7] either at N- or C-termini for screening along
with an affinity tag (e.g., His-tag) for purification. In between the
protein and the two tags, a proteolytic cleavage site is inserted for
their removal (Fig. 1a).

FSEC involves two steps of screening before going onto large-
scale purification of the membrane protein. The first step is to
observe subcellular localization of the fluorescent protein. Con-
structs can be narrowed down based on epifluorescence or batch
fluorescence measurements of the fusion protein from a small num-
ber of cells. The second step of screening involves size-exclusion
chromatography of detergent-solubilized whole cells or mem-
branes and monitoring of their SEC profiles via fluorescence spec-
troscopy. Cells are harvested, lysed in different detergents, and
cleared of cell debris by ultracentrifugation, and the crude cell lysate
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is resolved on a gel filtration column, and the eluate is monitored by
fluorescence detectors. Careful analysis of the FSEC profile for peak
amplitude and area, number of peaks, peak symmetry, and retention
volume gives information about the level of expression, protein
solubility, homogeneity, stability of the expressed protein, and an
estimate of molecular weight (Fig. 1b). A symmetric Gaussian peak
would convey that protein is homogenous or monodisperse and
stable in solution. For asymmetric peaks, Gaussian peak fitting may
be carried out to estimate if a peak consists of more than one
species. An advantage of FSEC method is that besides its utility in
construct screening and optimization, it can also be used to moni-
tor the large-scale expression and purification of selected con-
structs. Even after proteolytic removal of the fluorescent tag, the
intrinsic tryptophan fluorescence of the protein may be used to
further track the purification and for optimization of suitable
buffer, detergent, and additive conditions. So, without using up a
lot of purified protein, one can still screen a multitude of conditions
to optimize stability and monodispersity of membrane protein
targets.

FSEC-Based Thermostability Test (FSEC-TS): FSEC-TS is an adapta-
tion of FSEC that allows for evaluation of thermal stability of the
membrane protein sample [21]. Protein stability along with homo-
geneity is an important parameter for X-ray crystallography or cryo-
EM studies and can be improved by optimizing appropriate condi-
tions. This may include screening additives such as detergents,
lipids, or mixture of both and ligands, ions, etc. If done using

Fig. 1 Schematic representation of membrane protein screening using FSEC. (a) Design of fusion constructs
with EGFP either on the N- or C-terminus of the target protein; AT stands for affinity tag, GFP for green
fluorescent protein (can be replaced with any other fluorescent protein if desired), PCS for protease cleavage
site, and GENE for target membrane protein. Protein expression can be initially observed by epifluorescence
followed by detergent solubilization of cells and loading onto a SEC column connected to FSEC setup. The
autosampler loads the sample, and the eluate is passed through fluorescence detectors (FLDs) that are set at
appropriate excitation and emission wavelengths for fluorophore detection. (b) Shows a hypothetical elution
profile of a GFP fusion protein detected by GFP fluorescence and the typical information this profile can
generate
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traditional methods, this screening is not only labor intensive but
requires large amount of purified protein as well which is difficult
for membrane proteins because of their limited expression. In
FSEC-TS, thermal stability is defined in terms of fluorescence of
tagged protein or tryptophan fluorescence of purified protein [21].
Sample protein aliquots are incubated over a range of temperatures
in a thermocycler, and their stability is analyzed by monitoring
FSEC profile allowing for evaluation and optimization of thermal
stability using only nanogram to microgram amount of protein.

Multicolor Fluorescence Size-Exclusion Chromatography (MC-FSEC):
MC-FSEC is yet another adaptation of the FSEC technique that
allows rapid assessment of assembly of protein complex, stability,
stoichiometry, and pre-crystallization screening [20, 26]. This tech-
nique requires an FSEC setup that is equipped with multiple detec-
tors for analyzing different fluorophores at the same time. It enables
tracking of individual subunits during expression, solubilization,
and purification steps and optimization of protein complex stability.

2.1 Materials (1) Fluorescence tag fusion constructs – tag can be on either side of
the protein (C0 or N0) and has to be empirically determined
where it is tolerated. However, a C-terminal tag is preferred.

(2) Expression system – for prokaryotes, E. coli is found to be a
more robust expression system, and for eukaryotes, HEK293
or Sf9 cells are more suitable for membrane protein
overexpression.

(3) An appropriate size-exclusion column for gel filtration.

(4) FSEC instrument – SEC column connected in line with FPLC/
HPLC connected to fluorescent detectors. An ideal FSEC
setup would consist of a HPLC pump, a thermostatted auto-
sampler equipped with a cooling/heating module, and at least
two fluorescence detectors to simultaneously look at two dif-
ferent fluorophores. Further, a UV detector, a refractive index
(RI) detector, and a fraction collector may also be added if
needed. One can in principle connect any FPLC system with
fluorescence detector for FSEC experiments. However, using
an HPLC pump/setup enables the use of shorter HPLC size-
exclusion columns reducing runtimes without compromising
on the peak resolution. Also for high-throughput experimen-
tation, an autosampler is desirable as it enables automatic injec-
tion of multiple samples in required sequence without
continuous monitoring and user intervention.

2.2 Method Construct optimization – Depending on bioinformatic analysis of
protein sequence, different N- and C-termini deletion constructs
are made. Primers are designed keeping thrombin sites or any other
proteolytic site in between fusion tag and protein of interest. PCR-
amplified products are cloned into suitable expression vector. It
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may be useful to adopt a high-throughput cloning method to
enable engineering of multiple constructs.

Expression test – Transformation/transfection or infection into
suitable expression system. Expression may be confirmed by detect-
ing epifluorescence or batch fluorescence 16–72 h post transfec-
tion. For FSEC experiments, cells are harvested and lysed, and
membrane proteins are solubilized in detergent for 1 h at 4�C.
One may either use whole-cell lysates or do a membrane fraction-
ation for this step. Insoluble cell debris are removed using high-
speed centrifugation, and supernatant is loaded onto a suitable
equilibrated SEC column, e.g., Superose 6 (GE), Bio SEC-5
(Agilent), Shodex semimicro KW404-4F, TSK columns, etc. The
column eluate is monitored via fluorescence detectors (Fig. 1a).
One may estimate the expression level of proteins by using a stan-
dard curve derived from known concentrations and fluorescence
yields of purified fluorescent proteins.

Figure 2a, b shows optimization of two different synaptic
receptors. C-terminal EGFP-tagged receptor constructs transiently
expressed in HEK293 cells for 96 h were solubilized in a buffer
containing the nonionic detergent n-dodecyl-β-D-Maltoside
(DDM), and the resulting supernatant was analyzed by FSEC.
The EGFP-fluorescence peak associated with the mutant 1 and
mutant 2 constructs of protein X shows better expression, and the
peak observed was nearly symmetric, whereas the native protein has
poor expression and low levels of functional oligomer with majority
of protein eluting at position corresponding to monomer. Similarly,
for receptor protein Y, only mutant 1 has a fluorescent peak
corresponding to functional oligomer, while native protein or
mutant 2 does not.

For membrane biochemistry, the choice of detergent has an
enormous impact on protein behavior in solution, during purifica-
tion and crystallization. FSEC can be used to determine the degree
of monodispersity and stability of the target protein in various
detergents/lipids or mixtures of both either from whole-cell lysates
or from small amount of purified protein. We show a representative
example of detergent screening via FSEC with a bacterial integral
membrane protein. Approximately 1 μg of purified protein in
DDM (n-dodecyl-β-D-Maltoside) was mixed with 10� CMC (crit-
ical micelle concentration) of six different detergents, DDM, DM
(n-decyl-β-D-Maltoside), nDM (n-nonyl-β-D-Maltoside), MNG
(maltose neopentyl glycol), β-OG (n-octyl-β-D-Glucoside), and
DDM/CHS (n-dodecyl-β-D-Maltoside/cholesteryl hemisucci-
nate), incubated on ice for 1 h and centrifuged, and supernatant
was subjected to FSEC analysis by using a column equilibrated in
DDM. It has been reported that the adverse effects of a destabiliz-
ing detergent are not rescued by a mild and typically non-
denaturing detergent such as DDM in the mobile phase of the
SEC column [19, 21]. We also observe the same; as shown in
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Fig. 2c, protein profile looks symmetrical and the functional tetra-
meric state is most stable in DDM andMNG detergents. However,
the peak height is reduced, and the tetramer is destabilized in DM,
nDM, β-OG, and even in DDM/CHS suggesting that for this
protein DDM and MNG are more suitable.

FSEC-TS – Equal aliquots (~1 μg) of either whole-cell lysates
or purified protein are taken in thin-walled PCR tubes, incubated in
a thermocycler for 10 min over a range of temperatures (usually
4–80�C), and centrifuged to remove precipitated material followed
by loading of the supernatant onto a SEC column attached to
FSEC setup. The fluorophore signals, e.g., GFP in case of whole-
cell lysates or tryptophan fluorescence in case of purified protein,
are monitored. Peak height or peak area corresponding to func-
tional protein oligomer is plotted against temperature to generate a

Fig. 2 Example of construct optimization using FSEC. FSEC traces from (a) synaptic membrane protein X and
(b) synaptic membrane protein Y fused with a C-terminal EGFP. The arrows indicate the estimated elution
position of the aggregated protein in void volume, functional receptor oligomer (tetramer), monomeric receptor
subunit, and free EGFP, respectively. (c) Shows detergent screening by FSEC via monitoring tryptophan
fluorescence of a purified bacterial membrane protein. Arrows indicate functional oligomeric state and lower
oligomeric states of destabilized protein, respectively
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thermostability profile from which a melting temperature (Tm) for
the protein can be calculated (Fig. 3a).

As shown in Fig. 3b, tryptophan fluorescence peak profiles
from purified protein Z incubated between 4 and 40�C were
sharp and symmetrical, and the protein recovery was high, indicat-
ing that the protein remained stable and monodisperse at these
temperatures. In contrast, samples incubated between tempera-
tures 45 and 80�C had a significant decrease in the peak height
due to protein denaturation, aggregation, formation of higher
oligomers, and precipitation after heating. The peak area of the
functional monomeric peak when plotted against temperature
shows a melting curve; from the fluorescence signal intensity at
the respective temperatures (Fig. 3c), the calculated Tm for this
protein is 41.6�C.

FSEC-TS can also be used to evaluate and optimize effects of
different detergents, lipids, and additives like ions, ligands, etc. on
the thermostability of target membrane protein [21]. Once a Tm

has been determined, rather than plotting complete melting curve,
protein aliquots can be incubated at the calculated Tm for 10 min in
presence of a panel of additives, detergents, lipids, etc. to assess
their effects and to screen for the ones that enhance thermostability.

Fig. 3 Evaluation of thermostability of a protein via FSEC-TS. (a) Schematic representations of FSEC-TS work
flow. Cell lysates/purified sample heated using thermocycler is centrifuged and subjected to FSEC analysis.
The melting temperature is calculated via plotting peak height/peak area versus temperature. (b) Represen-
tative FSEC profiles from purified protein Z heated at the respective temperatures, detected by Trp fluores-
cence. (c) Representative melting curve of protein Z showing melting temperature (Tm) determined by fitting
the curve to a sigmoidal dose–response equation
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The FSEC profiles could be normalized to control sample at 4�C
without any additive.

MC-FSEC or multicolor FSEC can be used to investigate
assembly and stability of heteromeric membrane protein com-
plexes. Various subunits of the complex should be tagged with
monomeric fluorescent proteins that have sufficiently separate spec-
tral profiles to discriminate them from each other, e.g., yellow
(YFP) and cyan (CFP, mCerulean), green (GFP, EGFP), and red
(RFP, mRuby, etc.). However, due to differences in the fluores-
cence quantum yield and relative brightness of the various fluores-
cent tags used, stoichiometry assessments are not straightforward
via MC-FSEC. One may estimate the expression levels of proteins
and their stoichiometry by using a standard curve derived from
known concentrations and fluorescence yields of recombinant fluo-
rescent proteins. The fluorescence detectors should also be adjusted
accordingly to reliably plot and assess expression levels of individual
subunits in a complex.

2.3 Notes Merits – FSEC is both a time- and resource-efficient method for
mid- to high-throughput screening of membrane proteins for
structure determination [27]. Expression can be evaluated and
optimized at small scale from crude cell lysates. A number of
different deletion constructs can be tested rapidly, and maximally
fluorescent construct can be chosen for further optimization or
large-scale expression. Also, different orthologues of same gene
can be tested at the same time to screen for most promising candi-
date [28]. Many detergents can be screened to check maximum
extraction and solubility of the protein from cell lysate. Homoge-
neity and stability of sample can be monitored at each and every
step of purification. Protein stability can be tested using FSEC-TS
that allows for screening of various stabilizing conditions efficiently
with either unpurified or purified protein. Further, MC-FSEC can
be used prior to pre-crystallization screening, to evaluate affinity
between different subunits, stability of heteromeric complex to
facilitate its crystallization, or structure determination by single-
particle cryo-EM.

Demerits – Fusion of a fluorescence tag to the membrane
protein can alter its normal biophysical as well as biochemical
property in solution [29]. It has been reported that sometimes N-
or C-termini of proteins are not accessible for fusion of big tags
such as GFP, and hence construct screening may be required to
determine if the tag can be placed at any of the intra- or extracellular
loops. At times the proteolytic removal of the GFP tag might be
difficult and may require playing with the linker length between
target protein and the GFP. In some cases, removal of GFPmay also
significantly reduce the yield and affect the homogeneity of sample
along with its biophysical and biochemical properties. Further,
GFP fusion can also alter the function of the target protein, its
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cellular localization, and processing. To eliminate the use of fluo-
rescent fusion, a technique based on a fluorescent multivalent NTA
probe that interacts with histidine tag on recombinant protein has
been proposed [29]. However, in our hands we get high back-
ground probably due to nonspecific labeling of histidine-rich pro-
teins present in cell lysates.

3 Microscale Fluorescent Thermal Stability Assay (CPM Method)

3.1 Introduction Membrane protein expression for structural studies is a challenging,
time-consuming, and laborious task as a large part of it is taken up
by construct optimization for getting stable protein for crystalliza-
tion and biophysical studies. Traditional methods used to check the
thermostability of integral membrane proteins require a large
amount of material and are not suited for high-throughput analysis
[14–18]. Fluorescence-based methods have become popular as
they precisely indicate the stability of protein in question with
high sensitivity. Reporter dyes like SYPRO Orange [30] were
used earlier and had several shortcomings, one being the high
background in presence of detergents typically present in
membrane protein purifications. In 2008, Raymond Stevens and
group introduced a new protocol using thiol-specific fluorescent
dye N-(4-[7-diethylamino-4-methyl-3-coumarinyl]phenyl)malei-
mide, CPM [22], which would be described here. In proteins,
cysteines are generally embedded in the interior of protein and
hence can be used as a sensor for checking their stability. CPM is
a lipophilic dye that forms an adduct with cysteines via thioether
bond. This involvement of maleimide group in covalent bond
releases the coumarin group from maleimide quenching effect
allowing it to fluoresce. This fluorescence increases with increase
in temperature as more protein unfolds and cysteines get exposed
(Fig. 4a). CPM dye works efficiently in buffers within the pH range
of 6–8. Below pH 6, the rate of formation of CPM-thiol adducts
decreases, and above pH 8, the chemical selectivity for thiol group
is decreased.

3.2 Materials (1) Purified protein sample: 10–20 μg per assay.

(2) CPM dye: Master stock is made at 4 mg/ml in DMSO, stored
in �80�C, and working stock is made by diluting it 40-fold in
assay buffer.

(3) Heat blocks or thermocycler.

(4) Cuvettes and spectrofluorometer or 96-well plates and fluores-
cence plate reader.

3.3 Method Membrane protein sample is diluted in the appropriate buffer
solution containing detergent (optimum pH 6.0–8.0) to a final
volume of 200 μl. Five microliters of diluted dye solution
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(appropriate amount of dye to be added should be determined for
each protein) is then added to the protein and incubated for 30 min
on ice in dark (to prevent photobleaching). The mixture is then
slowly heated from low to higher temperatures (e.g., 25–100�C) in
a thermocycler. Fluorescence measurements are taken at regular
intervals in a spectrofluorometer (excitation, 387 nm; emission,
463 nm) and are plotted against temperature. Melting temperature
(Tm) is obtained by fitting to a Boltzmann sigmoidal function.
Simultaneously, buffer-only and dye-only controls should be run
to get a higher signal-to-noise ratio. The same method can be
adapted for 96-well plates to get a high-throughput data using
various parameters like different detergents, ionic strength condi-
tions, buffers, additives, etc.

The dye shows basal level of fluorescence when the protein is
intact at lower temperatures as no cysteines or very few are available
on the surface for interaction. As the temperature rises, the protein
begins to unfold exposing the cysteines present in the interior of
protein structure. The dye now interacts with these exposed
cysteines, and the fluorescence increases to reach a fluorescence
maxima. With higher temperatures, beyond Tm, aggregation of
protein and dissociation of dye may lead to a decrease in fluores-
cence signal (Fig. 4b).

Fig. 4 (a) Schematic of reaction between CPM N-(4-[7-diethylamino-4-methyl-3-coumarinyl]phenyl)malei-
mide and protein. The reaction takes place between the maleimide group of the dye and cysteine of protein via
a thioether bond. (b) Graphic illustration showing various stages of fluorescence-based thermostability profile
of a hypothetical membrane protein
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3.4 Notes Advantages of this method include high sensitivity as it requires
small quantities (~10 μg/reaction) of the protein sample, thus
making it a method of choice. It gives reproducible results under
a defined set of conditions. The dye is compatible with multiple
detergents and their concentrations and gives high signal-to-noise
ratio for membrane proteins which was not possible by earlier
techniques. This method gives relative stability value of protein
under various conditions which can be used for construct optimi-
zation and crystallization trials. It is an economical as well as a time-
saving method with minimum requirements [22].

However, there are few shortcomings of this method as well.
To begin with, unlike FSEC-TS which can work with both unpur-
ified lysates and pure protein, this method is suited only for purified
protein. Also, pH values below 6 or above 8 hamper the usefulness
of this dye (decrease in CPM-thiol formation <6 and decreased
chemical selectivity >8). Under high-pH conditions, it can interact
with primary amines and give false results; additionally, the rate of
CPM-thiol adduct hydrolysis increases, and it can compete signifi-
cantly with thiol modification [22]. In addition, fluorescence is
quenched in presence of salts like bromide, and the dye interacts
with lipid bilayers used for protein stability and hence should be
used with proper controls [31]. Further, reducing agents like
dithiothreitol/β-mercaptoethanol as well as compounds like imid-
azole (used for purification of His-tagged proteins) react with CPM
resulting in higher background signal [31]. Hence, dialysis of
protein against a suitable buffer should be carried out before pro-
ceeding with this method. Also, in some cases protein-CPM inter-
actions might affect stability of the protein and result in melting
point transitions. Proteins containing cysteine residues in disor-
dered regions give a higher fluorescence signal in the lower plateau
of melting curve, while absence of cysteine residues in the protein
prevents the use of this method, and alternative strategies have to
be used like engineering cysteine residues. However, a recent article
by Wang et al. suggests that cysteine residue is not essential for
CPM thermostability assay, and the dye might be binding to hydro-
phobic areas exposed upon unfolding of protein [32]. This method
cannot differentiate between oligomers and monomers and it is
difficult to detect if the oligomer is falling apart. Hence, this proto-
col is more suited for studying monomeric proteins.

4 Discussion

Structural investigations of membrane proteins usually suffer
glitches at each step starting from protein expression in heterolo-
gous system, its purification, to obtaining a homogenous and stable
protein suitable for crystallization trials or single-particle cryo-EM.
Earlier, protein stability and monodispersity were assessed using
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techniques like CD, DLS, and UV/Vis spectroscopy [33], which
required high amounts of proteins as well as are not high
throughput.

Although each of these methods have their shortcomings, the
two techniques described here have played a chief role in solving the
problems in construct optimizations for obtaining stable proteins in
solution. FSEC of membrane proteins [19] gives an idea on the
solubility and proper folding of the protein in crude cell lysates and
has helped in reducing time for construct optimizations as well as
other parameters to keep the protein stably in solution post purifi-
cation. Similarly, CPM method [22] has been helpful in studying
many GPCR proteins [34, 35] among others and setting up their
successful pre-crystallization trials based on thermostability that has
been directly proportional to increase in crystallization success rate.
Other newer techniques being developed that have a lot of promise
in understanding high-resolution structure and dynamics of mem-
brane proteins are in-cell NMR [36, 37] and in-cell fluorescence
[38] that even enable investigating the protein in its natural sur-
roundings and are techniques to watch out for in the future.
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Single-Molecule Localization Super-Resolution Microscopy
of Synaptic Proteins

Francisco J. Barrantes

Abstract

Recent years have witnessed huge progress in the field of light microscopy with the development and
implementation of new approaches leading to dramatic improvements in the spatial and temporal resolu-
tion of this form of imaging, most particularly in its biological applications. The limitations in spatial
resolution imposed by the diffraction of light have been circumvented by resorting to different strategies,
which are briefly outlined in the Introduction. These protocols are intended to provide practical guidelines
for the imaging of synaptic proteins using one such strategy, namely, single-molecule stochastic localization
super-resolution microscopy.
The protocols use neuronal cells from the hippocampus of rodent embryos as the experimental paradigm

and outline the steps for obtaining dissociated neurons and establishing primary cultures for in vitro studies.
The techniques can be adapted to the culture of neurons from other brain regions. Procedures for handling
fixed and live specimens are described, as well as the use of extrinsic fluorescent probes and fluorescent
proteins, mounting media, examples of hardware configurations, software for image analysis, and some
hints for the implementation of minimalist approaches to single-molecule localization nanoscopy.

Keywords Nanoscopy, Neuronal cell culture, Sample preparation, Single-molecule imaging, Staining,
Super-resolution microscopy

1 Introduction

Optical (“light,” “wide-field,” “far-field”) microscopy is undoubt-
edly the most popular technique for imaging cells and tissues, and
the successful combinations of appropriate probes (organic dyes,
fluorescent proteins, and inorganic nanoparticles, e.g., quantum
dots), new light sources (solid-state lasers, light-emitting diodes),
and improved detectors (CCD cameras, avalanche photodiodes)
have made fluorescence microscopy the method of choice, essen-
tially because of the unparalleled selectivity and sensitivity achieved
in biological applications, pervading practically all realms of biol-
ogy. Moreover, recent years have witnessed a revolution in fluores-
cence microscopy: using conventional lenses and visible light it has
been possible to circumvent the century-old limit dictated by the
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diffraction barrier, a fundamental law formulated by the German
physicist Ernst Abbe in 1873. This limitation in the resolution of
optical imaging instruments imposed by the diffraction of light was
solved by independent and complementary methodologies which
were acknowledged by the 2014 Nobel Prize in Chemistry, jointly
awarded to Stefan W. Hell, William E. Moerner, and Eric Betzig.
These advances were materialized in the techniques of stimulated
emission depletion (STED) microscopy, conceived [1, 2] and
implemented [3] by Stefan Hell and his group in Germany, and
single-molecule localization microscopies, the methodologies
developed by Betzig, Moerner, and Zhuang and their groups in
the USA [4–11].

A third approach is structured illumination microscopy (SIM),
which excites the samplewith a series of spatially structured patterns in
a wide-field configuration and resolves otherwise inaccessible high-
resolution information in the observed image in the form of Moiré
fringes. Multiple images of the emitted fluorescence are recorded in
the high-frequency domain at lower spatial frequencies and computa-
tionally separated to extract low- andhigh-frequencydata. This results
in about a twofold gain in resolution in the x-, y-, and z-axes [12, 13].
A main feature of SIM is that unlike a confocal microscope, it utilizes
full amplitude of the emitted fluorescence, thus producing brighter
images which require relatively shorter times to acquire. It is a rela-
tively fast super-resolution technique, currently available commer-
cially (Zeiss Elyra, Nikon N-SIM, GEHealthcare DeltaVision).

In the STED “deterministic” point-by-point targeted nano-
scopy mode, the physical tools employed to interrogate fluorescent
molecules are (1) visible light and (2) regular lenses, much like the
manner used in a conventional diffraction-limited wide-field laser
scanning microscope. It is interesting to note that the crucial
improvement in spatial resolution afforded by STED microscopy
also relies on a purely physical effect: reducing the effective volume
from which fluorescence emission is collected. How is this accom-
plished? In simple terms, the specimen is scanned with two concen-
trically focused laser beams: the central, interrogating laser beam is
surrounded by a red-shifted doughnut-shaped laser beam depleting
the emission of fluorescent molecules at the periphery of the former.
An effective point-spread function (PSF) is created in which fluores-
cence is confined to the immediate vicinity of the central intensity
zero; the volume of this region is no longer limited by diffraction.
The resolution of the STED microscope can be adjusted by varying
the intensity of the depletion peripheral laser beam.

The concept of targeted deterministic switching in the vicinity
of an intensity zero originally resulting in the development of
STED microscopy has been generalized to include any reversible
and saturable optical transition in the fluorescence mode (e.g., in
the so-called reversible saturable optical linear fluorescence transi-
tion (“RESOLFT”) microscopy technique [14, 15]), but interest-
ingly, this concept is not limited to fluorescence: any other on–off
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spectroscopic transition in the state of a molecule (e.g., absorption)
can also be exploited; the “off” state need not be dark [3, 16].
Commercial versions of STED microscopes are available (Leica
TCS STED, Abberior Instruments in various models ranging
from the one-color pulsed STED, the easy3D STED, and RESCue
3D STED to the correlative STED nanoscope combined with
atomic force microscopy module). In the case of the nervous sys-
tem, STED has been successfully applied to the study of synaptic
vesicles, dendritic spines, and other subcellular aspects of the syn-
apse (reviewed in [17–19]). It was also the technique employed for
the first imaging of supramolecular aggregates of a neurotransmit-
ter receptor [20], live-cell imaging of dendritic spines [21], actin
dynamics in synapses in brain slices [22], and most dramatically, the
imaging of dendritic spines in the intact brain of a living mouse
[23], among other applications. A new technique, known as
mirror-enhanced, axial narrowing, super-resolution (MEANS)
microscopy, is a spin-off of STED nanoscopy in which cells to be
studied are grown on custom-made tiny mirrors instead of trans-
parent glass coverslips [24]. The MEANS technique is claimed to
improve axial resolution sixfold and lateral resolution twofold.

In contrast, in single-molecule methods such as photoactivated
localization microscopy (PALM) [4, 25] and stochastic optical
reconstruction microscopy (STORM) [8], super resolution is
accomplished by cumulative spatial localization of fluorescent
molecules resulting from sequential imaging of sparse, stochastic
subsets of fluorescence emitters, i.e., by interrogating the on-state
ensemble molecule by molecule and recording these individual
emitters on a grid detector, e.g., a CCD camera. Thousands of
frames are imaged in a stream of individual pictures that include
only a few, preferably well-separated molecules, and the coordinates
of the on-state individual molecules are subsequently established by
off-line localization analysis. In other words, in single-molecule
localization nanoscopy, the temporal separation enables the spatial
distinction of individual fluorescence emitters. The difference
between the two aspects of the same principle is that in PALM,
imaging is performed on bioengineered fluorescent proteins,
whereas in STORM much smaller molecules, i.e., organic fluores-
cent dyes, are interrogated [26–33]. The basic principles behind
the stochastic nanoscopy techniques are the same for STORM and
PALM: they rely on the fact that a single fluorescent source (e.g., a
fluorescent molecule) can be localized with nanometer precision by
fitting an appropriate function (e.g., a two-dimensional Gaussian
function) to determine the center of mass – the centroid – of the
diffraction-limited, blurred wide-field image formed by the com-
pound optical microscope. The super-resolved final image is a
reconstructed image of the centroids of all validated fluorescent
molecules in the individual images. The precision with which the
centroid can be determined depends on the number of photons
collected; in practice, this can be a few tens of nanometers or better.
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STORM and PALM techniques currently provide the best spatial
resolution in nanoscopy but have relatively less time resolution than
parallelized scanning in the RESOLFT mode, which involves the
use of many thousands of doughnuts [34]. STORM was one of the
first applications of super-resolution techniques for imaging pro-
teins in brain synapses with nanometric precision [35].

As with the other modalities of super-resolution microscopy,
commercial firms have released various microscopes suitable for
single-molecule stochastic localization nanoscopy: N-STORM
from Nikon, GSD from Leica, Zeiss Elyra P1 from Zeiss, or Vutara
350 from Bruker. I should like to add that building a STED or a
RESOLFT nanoscope requires considerable skill and is relatively
expensive because of the type of lasers needed; constructing a SIM
is not trivial, but building a PALM or STORM instrument on the
basis of an existing commercial epifluorescence microscope is an
accessible project for the biologist wishing to improve the resolu-
tion of the instrument beyond the diffraction limit.

In addition to the stochastic photoswitching single-molecule
localization techniques like PALM, STORM, and GSDIM, the
method termed “point accumulation imaging in the nanoscale
topography” (PAINT) is based on the binding of a fluorescent-
tagged ligand to the protein or other molecule to be identified
[36–38]. Free ligands do not contribute to the image because of
the combined effects of oblique illumination and their very fast
diffusion in 3-D, resulting in their inefficient excitation. The
PAINT technique was initially applied to the study of lipid bilayers
and subsequently evolved to imaging proteins in living cells, giving
rise to the “universal PAINT” (uPAINT) improved method [39].
This technique has found very interesting applications in the study
of the dynamics of the synapse [40–42].

Here I would like to share various protocols adopted (and
many of them adapted to particular applications; very few are
developed by ourselves) in our laboratory for the imaging of syn-
aptic proteins in primary cultures of neuronal cells. These protocols
are by no means intended to cover in a comprehensive manner the
current state of affairs in the field. Only one super-resolution
modality is discussed; approaches based on quantum-dot technol-
ogy will not be dealt with. The protocols are intended to provide
useful hints and tips and refer the reader to the original sources in
the use of one particular super-resolution technique, namely,
single-molecule stochastic nanoscopy, as applied to the study of
proteins in a specialized substructure of the neuron, the synapse.
Understanding synapse function will require detailed knowledge of
the spatiotemporal organization of its constituent molecules, and
neurotransmitter receptors, transporters, enzymes, and scaffolding
proteins alike – outnumbered by a considerable variety of lipid
species – are major actors in the synaptic scenario.
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A substantial section of the protocols is devoted to the prepa-
ration of dissociated neuronal cell cultures. As any model system,
this preparation has its pros and cons. It is a compromise between
the complexity of the 3-D architecture of the brain and the appar-
ent simplicity of isolated molecules. The 2-D array of living neuro-
nal cells adhered to a thin cover glass offers the possibility of
addressing, with unprecedented time and space resolution, rather
sophisticated questions on the changes occurring in the synapse at
the molecular level. Physiological and pathological conditions can
be met at the Petri dish and subjected to pharmacological interven-
tion under controlled conditions. A step further in nanoscopy of
synaptic structures in a living animal was taken by the STED
imaging of dendritic spines in an intact live mouse brain [23]. In
parallel, another leading-edge technology, optogenetics [43, 44] –
which shares with nanoscopy the temporally and spatially resolved
use of light as its major tool – is increasingly delivering information
on the function of neuronal networks, including complex circuit
behavior in the whole animal. It will not be long before the super-
resolution imaging techniques are combined with optogenetic
techniques, in real time, to correlate vis-à-vis structure and function
at cellular, subcellular, and multicellular (neuronal network) levels
in a living organism.

2 Materials

2.1 For Neuronal

Primary Cultures

Pregnant rodent carrying embryonic stage 18 (E18) pups (prefera-
bly rat for hippocampal neuronal cultures) or E16 from mouse
(more difficult to dissect, for mixed neuronal–glial cultures)

Distilled, deionized, sterile, filtered water

Methanol, spectroscopic grade

Ethanol, spectroscopic grade

Binocular stereoscopic microscope for the dissection of brains and
hippocampi

Cell culture incubator at 35.5�C, preferably triple-gas, with auto-
matic humidity control and automatic self-cleaning cycles

CO2 cylinder

Water bath, 37�C

Compressed butane or natural gas burner

Chemical fume hood for preparing glass coverslip cleaning solution
and undertaking cleaning

Corrosion-resistant ceramic staining rack for holding coverslips
(Thomas Scientific, cat. no. 8542E40)

Hemocytometer for counting cells
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Tabletop centrifuge

Freezing vials (Nunc CryoTubes 352350)

Sterile plasticware:

Large-volume filter units (Stericup-GP filter, Millipore
SCGPU02RE)

Small-volume filter units for syringes (Steriflip-GP, Millipore
SCGP00525)

5-, 10-, and 25-mL serological pipettes

60-mm tissue culture dishes

25-mL tissue culture flasks (Primaria, BD Biosciences 353824)

15- and 50-mL conical centrifuge tubes

Trypan blue, 0.4% solution

Sodium dodecyl sulfate, 0.1% solution

10 mg/mL DNase in CMF-HBSS (Roche Applied Science
10104159)

Trypsin (0.5%)/0.2% EDTA (Sigma-Aldrich 59418C; Invitrogen
1525300-054)

Alternatively, trypsin (2.5% wt/v) (Invitrogen 15090-046) stock
kept at �20�C

Trypsin inhibitor

Polylysine (30,000–70,000 MW, Sigma-Aldrich P2636 or P7405),
1 mg/mL solution in borate buffer

Borate buffer (boric acid + tetraborate) 0.1 M, pH 8.5

Sorensen’s phosphate buffer (133 mM)

0.133 M Na2HPO4

0.133 M KH2PO4

Mix 71.5 mL of Na2HPO4 and 28.5 mL of KH2PO4 to obtain
pH 7.2

CMF-HBSS medium (Ca2+, Mg2+, and bicarbonate-free Hank’s
balanced salt solution [BSS] buffered with 10 mM HEPES, pH 7.3)

10� Hanks’ BSS (Invitrogen 14185-052)

1 M HEPES buffer, pH 7.3 (Invitrogen 15630-080)

Hanks’ Plus (HBSS+) medium with antibiotic

HBSS (without Ca2+ and Mg2+).

HEPES (Sigma-Aldrich) 10 mM.

Glucose 33.3 mM.

Gentamicin (Sigma-Aldrich), 5 μg/mL.

Store up to 1 month at 4�C.
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Neuronal dissociation medium

Hanks’ balanced salt solution plus (HBSS, GIBCO BRL 24020-
091)

0.3% (w/v) BSA (Sigma-Aldrich or Thermo Scientific)

0.25% trypsin (Gibco, Invitrogen Life Science, Carlsbad; Sigma T-
9253)

Alternatively, trypsin/EDTA premixed solution (Biochrom
L2143)

Trypsin inhibitor solution

25 mg albumin (bovine: Sigma A-4503)

25 mg trypsin inhibitor (Sigma T-9253)

10 mL 10% FCS medium (5% FCS medium), warmed to 37�C

Plating medium

MEM supplemented with glucose (0.6% wt/vol) and containing
10% (vol/vol) horse serum or 5% (vol/vol) fetal bovine serum:

D-glucose (Sigma-Aldrich G8769)

MEM with Earle’s salts and L-glutamine (Invitrogen Life Science
11095-080)

5% (v/v) bovine fetal serum (Invitrogen 16000) or 10% horse
serum (Thermo Scientific)

Neuronal maintenance N2 medium [45]

MEM containing the N2 supplement. It is prepared by combining
nine parts MEM supplemented with:

Glucose (0.6% wt/vol) and one part 10� N2 supplement

10�N2 supplement contains the following ingredients prepared in
MEM:

10 mM sodium pyruvate (Sigma P2256)

1 mM putrescine (Sigma P5780)

0.2 mM progesterone (Sigma P8783)

0.3 mM selenium dioxide (Sigma 200107)

1 mg/mL bovine transferrin (Sigma T1428)

50 mg/mL insulin (Sigma I5500)

Alternatively,
Neurobasal medium for hippocampal neuronal culture [45]
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Neurobasal medium (GIBCOBRL 10888-022; Invitrogen 21103-
049) supplemented with:

2% (v/v) B27 serum-free supplement (Invitrogen 17504-044;
GIBCO BRL 17504-044)

GlutaMAX-I supplement (Invitrogen 35050-061)

100 U/mL penicillin

100 μg/mL streptomycin

1 mg/mL ovalbumin

Microsurgical tools (dry-heat sterilize in a metallic instrument steril-
ization container with lid)

10-cm diameter glass Petri dishes to dissect embryos

Sharp-ended scissors for caesarean section of adult rodent

100-mm straight Graefe tissue forceps with teeth for caesarean
section

No. 2 Dumont tweezers 0.3 � 0.13 tip (Agar Sci. or Electron
Microscopy Sciences)

No. 5 Dumont 45� tip forceps (F.S.T., Fine Science Tools)

Ophthalmological straight scissors (e.g., McPherson-Vannas scis-
sors (Asico)) or 105-mm Castroviejo corneal scissors (Katalyst
Surgical)

Rounded-end micro-spatula

Stainless steel instrument sterilization container with lid
(MedicalExpo)

15-mL tubes

Pasteur pipettes, sterile (glass or disposable plastic ones)

Glass coverslips and material for cleaning them

Carefully select coverslips one by one, discarding those with
scratches or digs (which generate diffraction and stray light), and
submit them to the cleaning procedure (to avoid dirt and/or
fluorescent background):

Glass coverslips (e.g., 18-mm round No. 1.5 coverslips, Warner
Instruments CS18-R CS-18R15)

Toxic gas fume hood

N2 cylinder or central air/air compressor system with filter

Magnetic/hot stir plate and magnetic bar

Coverslip-staining jars with lid

Ceramic coverslip-staining rack (e.g., Thomas Scientific 8542E40)

12-well cell culture plates

Metal plastic-coated tweezers or plastic tongs
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250-mL tall beaker

250-mL flat bottom wide beaker (“crystallization-type”)

Plastic squirting bottle with methanol

Millipore-filtered, deionized, and distilled water

Ammonium hydroxide

Hydrogen peroxide

2.2 Plasmids and

Transfection Material

As its name indicates, PALM localization super-resolution micros-
copy is based on the use of photoactivatable fluorescent proteins
(see review in [46]). If this technique is to be employed for the
study of synaptic proteins, a variety of probes are already available.
Several commercial firms have a wide selection of such plasmids
covering the visible excitation spectrum (e.g., Addgene, https://
www.addgene.org/fluorescent-proteins/ containing 3,300 plas-
mids from Michael Davidson’s collection, Florida State University;
BioVision, http://www.biovision.com/) and specific target orga-
nelles, cytoskeletal proteins, or subcellular structures (Golgi appa-
ratus, mitochondria, centrioles, actin, F-actin, centrosomes,
lysosomes, etc.).

Lipid carrier transfection techniques applied to primary neuro-
nal cell cultures have relatively low efficiency. On average, only
10–20 neurons can be identified in a coverslip. For most purposes,
this is sufficient to image the relevant areas in super-resolution
mode.

Viral vectors, and in particular lentivirus and adenovirus, yield
higher efficiencies. Techniques for constructing, packing, and deliv-
ering adeno-associated viral vectors and lentivirus are outside the
scope of these protocols. The reader is referred to Ref. [47] for a
review on the application of these techniques in primary neuronal
cultures with 85–90% efficiency.

Self-labeling of proteins using Halo tags, SNAP, dihydrofolate
reductase (DHFR) targeting with trimethoprim conjugates, or
CLIP tags is a recent alternative in super-resolution studies (e.g.,
[48]). A variety of fluorescent dyes can be used in single-molecule
super-resolution microscopy utilizing the SNAP-tag labeling sys-
tem, as successfully reported for live-cell STORM nanoscopy of
histone H2B proteins using rhodamine and green and tetra-
methylrhodamine dyes [49]. Dy549 and CF640 have been recom-
mended as the best choices for single-molecule tracking studies.
The possibility of dual-color single-molecule imaging of SNAP-
tagged fusion proteins is also analyzed in a recent study [50].

The conventional fluorescent protein heterologous expression
requires a few components:

1. Plasmid expressing the protein of interest engineered in a
construct with the photoconvertible fluorescent protein (e.g.,
BFP, CFP, GFP, EGFP, YFP, mCherry, mTurquoise2, tdEos,
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tdTomato, mRuby, mEmerald, DRONPA, LifeAct,
mTurquoise2)

2. Opti-MEM I reduced serum medium (Invitrogen)

3. Lipofectamine 2000 reagent (Invitrogen 11668) for transfec-
tion with the plasmid of choice

2.3 Extrinsic

Fluorescent Probes

Appropriate extrinsic fluorescent probes and fluorescent-labeled
antibodies for tagging the protein(s) of interest when using
STORM/GSDIM techniques are also available from various
sources. Small organic dyes have much higher photon outputs
than fluorescent proteins (e.g., 6,000 photons emitted by a Cy5
dye in contrast to 490 photons detected from a mEos protein
[51]). An important advancement in this topic was the appreciation
that conventional organic fluorophores could be used for super-
resolution imaging in cell biology [27, 30].

1. ATTO-TEC GmbH, Siegen, Germany (http://www.atto-tec.
com/), has a collection of fluorescent probes covering the
350–750-nm excitation range and fluorescent-labeled lipids
(DPPE, DOPE, PPE, DMPE) conjugated to ATTO dyes,
which exhibit high quantum yield and photostability for locali-
zation super-resolution microscopy, some of them with a large
Stokes shift, as well as “quenching labels,” designed as energy
transfer acceptors in experiments using Förster’s resonance
energy transfer (FRET). The ATTO dyes for the red region
of the excitation spectrum are particularly advantageous in
localization nanoscopy (e.g., ATTO-647N exhibits fluores-
cence emission intensity more than twice the strength of Cy5).

2. The ATTO dyes are also commercialized by various other
sources (Sigma-Aldrich, Alomone Labs, Abberior, Invitrogen
Life Sciences, Miltenyi Biotec).

3. Synaptic Systems (https://www.sysy.com/) has a large collec-
tion of purified antibodies against a wide variety of synaptic
proteins (Ca2+ binding proteins, neurotransmitter transpor-
ters, neurotransmitter receptors, SNARE proteins, synaptic
adhesion proteins, glial proteins, snRNPs, postsynaptic pro-
teins like gephyrin, Homer, PSDs).

4. Alomone Labs (http://www.alomone.com/) specializes in
fluorescent-labeled antibodies against a wide selection of syn-
aptic proteins, in particular ion channels and neurotransmitter
receptors/transporters, GPCRs, pumps, and proteins involved
in Ca2+ homeostasis.

5. Secondary antibodies labeled with Alexa Fluor or ATTO fluor-
ophores, from the same sources quoted in steps 1–4 above.
Miltenyi Biotec provides a custom service to derivatize antibo-
dies with ATTO STAR dyes from Abberior.
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2.4 Solutions for

Fixation of Cultured

Neurons

1. Phosphate buffer saline (PBS, Sörensen buffer), pH 7.3–7.4.

2. Fixative solution: 4% paraformaldehyde (PFA) (e.g., USB
Corp. 19943) in PBS, pH 7.4, containing 4% sucrose.

3. Blocking solution: 10% normal serum containing 0.1% Triton
X-100/PBS (normal serum from the host species of the sec-
ondary antibodies is recommended for blocking).

4. Incubation solution: 3% serum/0.1% Triton X-100/PBS (Tri-
ton may be omitted; normal serum from the host species of the
secondary antibodies is recommended for blocking).

2.5 Mounting Media

2.5.1 Fixed Specimens

1. Polyvinyl alcohol (PVA) (MW 25,000) (9002-89-5, www.poly
sciences.com), a low-toxicity resin soluble in water at 96�C.

2. The commercial mounting medium VECTASHIELD (H-
1000, Vectorlab) has been recommended for specimens labeled
with Alexa Fluor647 (Life Technologies), especially for 3-D
imaging in STORM [52]. Olivier and coworkers also used a
combination of VECTASHIELD and 95% glycerol-50 mM
Tris buffer, pH 8.

3. The commercial mounting medium ProLong® Gold Antifade
Mountant (Thermo Fisher Sci. P10144) is a curing medium
with a refractive index of 1.47 which allows long-term storage
of the sample. It is available with or without DAPI nuclear
stain. It is not recommended for imaging fluorescent proteins,
in which case ProLong® Diamond is suggested by the manu-
facturers. The use of the former mounting medium has been
reported in STED intracellular imaging of pneumococcal auto-
lysin LytA-infected cells [53], but to my knowledge it has not
been used in imaging of the synapse.

2.5.2 Live Cells There have been important developments on this front. Some were
inherited from FRET know-how, some newly introduced to adapt
to the demands of super-resolution microscopy, especially in rela-
tion to the control of photobleaching transitions, blinking fre-
quency, and ultimately on–off transitions. In STORM-type
nanoscopy, initial studies were performed with fluorescent probes
capable of undergoing photoswitching transitions which arrested
them in the off state. This was the case with cyanine dyes which can
be induced to undergo transitions in the presence of a second
fluorophore [8]. An important development in the field was the
recognition that conventional fluorophores could also undergo
photoswitching [27, 28, 30], leading to the development of a
simplified and more universal single-molecule imaging procedure,
direct STORM (dSTORM) [27]. This called for appropriate buffer
systems [26]. There are excellent reviews on the use and pros and
cons of different buffers and reducing–oxidizing additives [51]. In
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all cases: filter through a 0.22-μm filter to reduce fluorescent con-
taminations. Some media can be stored at –20�C, but those con-
taining oxidative/reducing enzyme are better prepared fresh. The
pH of the STORM buffers is critical and should be carefully
controlled.

Standard buffer I

120 mM NaCl

3 mM KCl

2 mM CaCl2

2 mM MgCl2

10 mM glucose (Sigma-Aldrich)

10 mM HEPES (Sigma-Aldrich)

Adjust pH to 7.35

This imaging buffer can be stored up to 1 month at 4�C.

STORM buffer I, an oxygen-scavenging buffer on the basis of a PBS
buffer, pH 7.4, containing:

5% glucose

10 U mL�1 glucose oxidase

200 U mL�1 catalase

100 MEA

Buffer recommended for Alexa Fluor647

Same buffer, containing:

5% glucose

4 U mL�1 glucose oxidase

80 U mL�1 catalase

100 mM glutathione

Oxygen-scavenging medium for improving dye stability in single-
molecule experiments [54]

Protocatechuic acid (PCA) (Sigma-Aldrich).

Protocatechuate 3,4-dioxygenase (PCD) (Sigma-Aldrich).

Trolox (97%).

COT (98%).

NBA (99%) (Sigma-Aldrich).

Resuspend in DMSO and add to Tris-polymix buffer to a final
concentration of 2 mM.

Simple PBS containing 10 mM β-mercaptoethylamine (MEA)
adjusted to pH 7.4
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This oxygen-scavenging buffer should be prepared fresh before use.
Dissolve the MEA (cysteamine, Sigma-Aldrich 30070) in PBS
and adjust to pH 7.4. MEA concentration can be varied
between 10 and 100 mM.

3 Super-Resolution Microscopy Setup

1. Low-profile quick-change chamber (e.g., Warner Instruments
model W4 64-0368 RC-41LP for 18-mm round coverslips);
other models exist for 12-, 15-, and 25-mm round coverslips.
(“Low-profile” design is intended to facilitate low entry angle
for microelectrodes in electrophysiological recordings.)

2. Alternatively, plastic sample chambers having the size of a
microscope slide with glass coverslip bottoms (Labtek, Nalge
Nunc International Corp) can be used. They come in different
sizes; we find the eight-chamber model (Labtek Prod. No.
155411) to be the most convenient. We prefer the quick
chamber (alternative 1 above), because the flat chambers
allow perfusion and rapid change of medium of the cells; they
are apt for electrophysiological recording, are easier to keep at a
given temperature, and can be conveniently cleaned and thus
used indefinitely.

3. Vibration isolation system connected to a nitrogen gas tank or
air compressor (we use the 780 Performance Series CleanTop
Optical tabletop model 781-432-02R mounted on a Micro-G
4-Post Gimbal Piston isolator system with safety tie bars from
TMC vibrational control).

4. Inverted fluorescence microscope (we use a Nikon TE-2000
stand with multiple optical bench/optical/laser additional
components).

5. Objective lens(es). Minimally, one high-quality objective lens.
TIRF plan-apochromatic oil immersion objective 60�/
1.49 N.A. or 100�/1.49 N.A. will produce excellent results.
Oil immersion objectives provide higher N.A., but water-
immersion objectives, with lower N.A., reduce spherical aber-
rations resulting from refractive index mismatches of living cells
in aqueous media.

6. Stage. Having tried various sophisticated (and particularly
expensive) piezoelectric-driven stages as replacement for the
original X,Y stage of the epifluorescence microscope, we set-
tled for a purely mechanical, highly stable stage driven by very
sturdy micrometer screws (Physik Instrumente GmbH, Karls-
ruhe, Germany, model MN-545.2MN). This is an important
element for minimizing drift.
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7. Epifluorescence light source (we use a LED system with four
different excitation wavelengths, from the firm Tolket, Argen-
tina) for initial wide-field microscopy. Of course a conventional
Hg arc source suffices.

8. Activation laser. A 405-nm UV laser, or a powerful LED or Hg
lamp source, for activation in case of PALM super-resolution
microscopy (in our microscope setup, the laser excitation
sources are via the TIRF port simultaneously with the LED
or Hg arc excitation from wide-field illumination port).

9. A 532-nm DPSS laser (our main excitation source for red
emission STORM super-resolution microscopy, 300 mW).
Excitation source for various rhodamine-based fluorochromes,
tetramethyl-rhodamine, Cy3, Alexa Fluor532, Alexa Fluor546,
Alexa Fluor555, Alexa Fluor568, Texas Red, HcRed, Cherry and
related fluorescent proteins, etc. There are various commercial
sources for this type of DPSS laser: Coherent, RGB, and
Quantum Laser.

10. A 561-nm diode-pumped solid-state (DPSS) laser (alternative
excitation source for tdEos fluorescent protein, Ds Red fluo-
rescent protein, Alexa Fluor568, phycoerythrins, etc. Commer-
cial sources of this laser: Cobolt Jive, RGB Laser, and GEM
561 from Quantum Laser).

11. A 660-nm DPSS laser. Excitation source for Cy5, Cy5.5, Alexa
Fluor660, DyLight649, FluoSpheres Dark Red fluorescent
microspheres, etc.

12. Filter cubes matching the wavelength characteristics of the
above illumination sources.

13. Sensitive electron-multiplying charge-coupled-device (CCD)
camera. We use the iXon + 897 EM-CCD camera (Andor
Technology, Belfast, UK) and the QEM512SC Photometrics
(Tucson, AZ) CCD camera. Both have the same chip with a
pixel size of 16 μm and a high quantum efficiency (>90%
peak QE).

14. In the last few years, the fast complementary metal-oxide semi-
conductor (sCMOS) camera sensors and ancillary technology
(most importantly specific software development) have found a
niche for super-resolution microscopy applications [55]. High-
throughput applications requiring fast acquisition rates benefit
from the use of these cameras.

15. For co-localization studies, a dual-viewer instrument (e.g., DV2
splitter, Photometrics) positioned on the emission side before
the CCD camera enables one to simultaneously project the
emission of two different channels onto the same CCD camera
(see, e.g., [56]), thus enabling one to acquire two spatially
identical but spectrally different images simultaneously. We
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have a similar instrument built at the workshop of the Max
Planck Institute for Biophysical Chemistry in Göttingen.

16. Computer. Super-resolution image acquisition and storage in
the single-molecule localization modalities (PALM, STORM/
GSDIM) is computer CPU and storage-space demanding.
Acquiring 10,000–50,000 images at the highest CCD camera
frame rates (few milliseconds/frame) is preferably done by
streaming the image data directly to memory. It is thus best
to have a fast CPU, at least 16 GB of storage memory, a fast and
robust hard disk (2–4 TB), and a high-resolution monitor to
focus the specimen and for image inspection and subsequent
analysis.

4 Software

1. Camera control and image acquisition: In the case of the Andor
cameras, the software packages Solis and the IQ CCD camera
control software from Andor Technology are simple, conve-
nient tools developed by the manufacturer. We control this
camera with the image acquisition and hardware control soft-
ware SlideBook (Intelligent Imaging Innovations, Boulder,
CO) (www.intelligent-imaging.com).

2. In the case of the Photometrics QuantEM:512SC back-
illuminated EMCCD camera, we also use SlideBook to drive
the acquisition.

3. The open-source image processing package ImageJ (https://
imagej.nih.gov/ij/), developed by Dr. Wayne S. Rasband at
the National Institutes of Health, is a very convenient software
package with several possibilities for analyzing super-resolution
microscopy images.

4. One such possibility, developed specifically for PALM stochas-
tic localization microscopy, is QuickPALM developed by Dr.
Ricardo Henriques, currently at the MRC in University Col-
lege London (https://code.google.com/p/quickpalm/).

5. MATLAB software (Image Processing Toolbox, MathWorks) is
a very comprehensive and versatile software package which can
be adapted to essentially all aspects of image analysis (localiza-
tion, tracking, statistics, etc.)

6. The École Polytechnique Fedérale de Lausanne (EPFL) has
compiled and maintains a catalog of available software for
stochastic localization super-resolution microscopy and decon-
volution. At the time of writing this protocol, there were 54
different software packages listed under http://bigwww.epfl.
ch/smlm/software/.
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7. The software package Localizer https://bitbucket.org/
pdedecker/localizer, developed and regularly updated by
Prof. Dr. Peter Dedecker and colleagues at the Department
of Chemistry of the University of Leuven, Belgium, is a modu-
lar and very comprehensive software package for both static
localization and single-particle tracking (SPT) running under
Igor Pro (WaveMetrics, Inc.).

8. Google Inc. and Drs. Stefan Bollmann and Felix R€udinger
(Univ. Aachen and Biozentrum at the Departments of Biotech-
nology and Biophysics of the University of W€urzburg, Ger-
many) have developed rapidSTORM, a project containing a
software package for the analysis of stochastic localization
microscopy images and with capabilities for hardware control
(http://www.super-resolution.biozentrum.uni-wuerzburg.
de/research_topics/rapidstorm/).

9. Ovésny and coworkers from the Charles University in Prague,
Czech Republic, have developed ThunderSTORM, a software
package for PALM and STORM nanoscopies with Bayesian
statistical analysis [57]. http://code.google.com/p/thunder-
storm/.

10. For SPT analysis of molecular motions, a MATLAB-based
single-particle tracking package analysis is freely available
from http://physics.georgetown.edu/matlab/.

5 Methods

5.1 Cell Culture

5.1.1 Before Use of the

Cell Culture Hood

1. If UV lamp is routinely used overnight, turn it off. Turn on
hood lights and air filter.

2. Wear gloves. Clean them with 70% ethanol. Do the same with
working surfaces, tube and pipette holders, and other materials
to be introduced under the hood.

5.1.2 During Use of the

Cell Culture Hood

1. Do not interpose hands or arms interrupting clean air flow on
sterile material.

2. Avoid touching working surfaces with your hands or arms. If
you inadvertently do so, clean surface with ethanol.

3. Follow safety rules and throw waste in appropriate container as
you follow the procedures.

4. Return Petri dishes/flasks to the CO2 incubator. Check gas and
water levels and tightness of doors.

5.1.3 After Using the Cell

Culture Hood

1. If you are using glass pipettes, immerse the used ones in the
storage/wash cylinder, cotton-filled side up.

2. Turn off Bunsen or alcohol burner if you used one.
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3. Wipe working surface of the hood/tube racks, etc., with 0.1%
SDS followed by 70% ethanol.

4. Check the occupancy of waste material and dispose of container
when 80% of its volume is full.

5. Turn off gas valve if you used a gas Bunsen burner.

6. Close hood.

7. Turn off air filter.

8. Turn on UV lamp.

6 Cleaning and Poly-L-Lysine Coating of the Coverslips for Neuronal Cell Primary
Culture

Coverslips are a most important but often neglected component in
light microscopy. One should bear in mind that they sit immedi-
ately adjacent to the main optical element of the light microscope –
the objective lens – and as such they are not only the physical
support for the adhered cells but also part of the imaging system
itself. Two main considerations for optimally contributing to the
image quality are (1) their physical and chemical composition
(high-performance thin borosilicate glass) and (2) the uniformity
of their thickness (e.g., 0.17 mm for No. 1.5 glass coverslips). If the
coverslip departs too much from the optimal thickness of 170 nm,
axial shift of the best focus may result. This affects spatial resolution
(particularly in the z-axis) and reduces the fluorescence intensity.
The rather painstaking cleaning procedure – not without risk – is
worth the while for obtaining aberration-free, good-quality super-
resolution images.

6.1 Simplified

Procedure for Cleaning

Glass Coverslips for

Routine Experiments

1. Lay glass coverslips in a flat bottom crystallizer flask and cover
them with a small volume of 1 N HCl. Leave overnight in acid.

2. On the next day, rinse abundantly with distilled water followed
by 70% EtOH.

3. Coverslips may be stored in 95% EtOH and sterilized by pass-
ing them briefly over the flame of a Bunsen burner before
coating them with poly-L-lysine.

6.2 Cleaning

Coverslips for Critical

Super-Resolution

Microscopy and Poly-

L-Lysine Coating

1. Turn on the air extraction of the chemical fume hood. Wear
gloves, goggles, and lab coat. Avoid exposure of skin and most
importantly eyes to the highly corrosive glass cleaning solution
used in steps 4 or 5.

2. Put the coverslips in a ceramic staining rack, immerse into the
glass coverslip-staining jars, and fill the jars with acetone. Incu-
bate for 1 h, drain the acetone, and wash ten times with
deionized water.
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3. Prepare the etch solution by mixing 125 mLMillipore-filtered,
distilled, and deionized water, 25 mL ammonium hydroxide,
and 25 mL hydrogen peroxide in a 250-mL tall cylindrical
beaker sitting on top of the stirring hot plate. Heat the mixture
to 80�C. Place the staining rack with coverslips into the etch
solution with metal plastic-coated tweezers or plastic tongs.
Leave the coverslips overnight with gentle stirring to avoid
spilling.

4. Lift the rack carefully with the metal plastic-coated tweezers or
plastic tongs and transfer it into a flat bottom (“crystallizer-
type”) beaker filled with Millipore-filtered, deionized, and dis-
tilled water. Rinse the rack profusely, replacing the water several
times.

5. An alternative to the etch solution is the “piranha” solution,
requiring shorter incubation times: Put 60 mL of hydrogen
peroxide solution (30% in water) and slowly add 100 mL of
sulfuric acid (final ratio of acid to hydrogen peroxide solution is
5:3). The mixture will heat up.

6. When using the “piranha” solution, it is convenient to carry
out the operation in glass coverslip-staining jars with lids.
Immerse the ceramic coverslip rack with the coverslips into
the jars, close the lids, and place the jar on the hot stirring
plate at 80�C for about 1 h. Wash coverslips as in step 4.

7. Neutralize residual acid remaining on the coverslips after “pira-
nha” treatment by filling the coverslip-staining jars with 0.1 M
KOH, incubate 10 min, and wash ten times with Millipore-
filtered, deionized, and distilled water.

8. Carefully hold and remove the cleaned coverslips from the rack
with plastic forceps and rinse both sides by squirting methanol
from a squeeze plastic bottle.

9. Blow excess methanol by gently blowing N2 or filtered air from
a plastic pipette tip connected via rubber tubing to either a N2

cylinder or a central air/air compressor system with filter,
respectively.

10. A pipette tip can be connected with tubing to the air supply and
used as an aid in blowing away the methanol.

11. Connect the burner to the butane (or natural gas) and light.
Pass the coverslip quickly through the topmost portion of the
flame, and repeat this process a couple of times for a few
seconds passage under the flame to avoid cracking.

12. An even shorter cleaning procedure is to use a plasma cleaner
set at 30 W for 15 min. Pressure inside the cleaning chamber is
set at 100–200 mTorr. Both atmospheric and compressed
oxygen can be used.
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13. Store the cleaned coverslips preferably in vertical position in a
staining rack kept in a clean vessel with lid until use.

14. Move the necessary amount of racks to suit your experiments
to the cell culture hood. As an additional precaution, if cover-
slips have been stored for a prolonged period, dip them in
spectroscopic-grade methanol, flame briefly to dry, let cool
for a few seconds, and then place them in Petri dishes or 6-
well culture plates.

15. Immediately before use, prepare the poly-L-lysine (e.g., Sigma
P7405) solution at a final concentration of 10 mg/mL in
0.1 M borate buffer, pH 8.5, and sterilize by filtration. Add a
few drops of this solution spreading with a sterile tip or swirling
the plate to cover the surface of the coverslip. Incubate for 1 h
at 37�C in the cell culture incubator or leave them covered in
the hood with the air blower off at room temperature for
12–24 h.

16. Wash coverslips thrice with sterile water, for a total of 3 h.
Leave the coverslips in plating medium in the incubator until
ready to plate cells.

17. Remove the water and add neuronal plating medium. Place the
coverslips in the incubator to reach temperature.

7 The Hippocampal Embryonic Neuronal Cell Culture

The hippocampal neuronal cell cultures constitute a useful in vitro
model system to study physiological and structurally relevant
issues in neurobiology, from neuronal development, the birth of
the axon – the “symmetry-breaking event” [58] in the establish-
ment of neuronal polarity, synaptogenesis, spinogenesis, localiza-
tion, and trafficking of synaptic proteins (the purpose of these
protocols) and organelles – to changes in dendritic spine morphol-
ogy associated with long-term potentiation, purportedly linked to
learning, memory, and several other physiologically relevant pro-
cesses. The procedure outlined in these protocols is circumscribed
to the culture of neuronal cells obtained from embryonic day 18
(E18) rat hippocampi, the stage at which pyramidal neurons have
already developed, following a procedure involving caesarean sec-
tion of the parental rodent, extraction and sacrifice of the pups,
enzymic-mechanical dissociation of the nervous tissue, and estab-
lishment of the neuronal cell only or mixed neuronal–glial cell
cultures in a Petri dish. The original procedure developed by Gary
Banker and colleagues [59] and its subsequent improvements (see,
e.g., [45]) have been field-tested over the course of the last few
decades and by now are well established, having generated abun-
dant literature on the subject, thus facilitating comparisons
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between laboratories. The procedure is essentially the same for
cerebral cortex neuronal cell cultures, except that the cortex is
much easier and faster to dissect. In this sense, rat hippocampi are
easier to dissect than mouse hippocampi, but this difficulty is
counterbalanced by the fact that mice open the door to studying
knockout animals. There is abundant literature raising relevant
questions on various neurobiological topics addressed to the neu-
ronal cell model using embryonic stage 18 (E18) rodent pups.
There are also procedures for the cell culture of adult brain tissue
and for cells cultured on other simple substrates (plastic, meshes,
with or without special coatings) or even patterned (in the form of
microdots, meshes, channels) substrates. Here I describe a simple
procedure to establish high-density hippocampal primary neuronal
cell cultures on poly-L-lysine-coated glass coverslips. The reader is
encouraged to read the classical original work [59] and/or its well-
illustrated updated protocol [45]. Comprehensive protocols on
this and related subjects have appeared more recently, e.g., Cold
Spring Harbor Protocols (http://cshprotocols.cshlp.org/) (see
also [60–62]), especially for implementing the hybrid Banker’s
sandwich cultures of low-density neuronal cells growing on a feeder
layer of astroglial cells in an adjacent coverslip, providing nutrients
and growth factors that diffuse through the medium to reach the
neuronal layer. The sandwich cultures provide the best results for
super-resolution imaging because the low-density neuronal cells
and especially their neurites, lie flat on a single plane with very
low contamination from glial cells: however, these cultures are
more involved, requiring the preparation of glial feed cultures
2 weeks in advance. Also, the preparation of the coverslips is
lengthier and more elaborate.

8 Dissection of Brain Tissue for Primary Embryonic Neuronal Cell Culture

1. Prepare all necessary materials, including stereomicroscope,
sterile surgical instrumentation, media, 70% ethanol in plastic
squirting bottle, ice, etc., on clean labtop area for the first part
of the procedure and under the laminar flow hood for the
second half.

2. Place a 60-mm Petri dish on the stereomicroscope stage and fill
up to 3/4 of its volume with ice-cold medium for dissecting
embryos’ heads (CMF-HBSS or HBSS+ medium with
antibiotic).

3. Anesthetize an E18-period pregnant rodent with CO2 and
euthanize following the protocol authorized in your research
establishment (e.g., head dislocation).

4. Perform caesarean section by opening the abdominal wall with
sharp-end scissors, with an incision from anus to diaphragm

176 Francisco J. Barrantes

http://cshprotocols.cshlp.org/


region. Remove embryos and place in a 100-mm glass dish
filled with ice-cold CMF-HBSS. The remainder of the opera-
tion should be conducted in a sterile environment, ideally in a
laminar flow hood. For this purpose, transfer the Petri dish
containing embryos to the hood.

5. The second half of the procedure is performed under sterile
conditions. Wash embryos in sterile cold dissection medium
and transfer to clean glass Petri dish. Decapitate embryos by
cutting the head behind the ears, and proceed to remove their
brains. To do this, hold the head of an embryo with forceps at
the level of the brainstem, and cut the skin and skull through
the midline with fine scissors under the stereomicroscope. Lift
the skin and skull to expose the brain. Transfer the brain into a
60-mm dish containing ice-cold dissection medium or CMF-
HBSS using a micro-spatula. Using eye-surgical (iridectomy)
fine spring scissors, proceed to separate hemispheres. The hip-
pocampus can be recognized on the medial internal surface by
its characteristic hippocampal fissure, with blood vessels mark-
ing the separation with adjacent entorhinal cortex.

6. Dissect meninges and adherent choroid plexus to expose the
hippocampus using fine shanks forceps. Flip the brain upside
down such that the hypothalamus is facing up. Dissect the
hippocampus from adjoining entorhinal cortex, cutting first
parallel to the hippocampal fissure and secondly using trans-
verse cuts at its rostral and caudal ends using the iridectomy fine
spring scissors while holding the rest of the tissue with fine
Dumont forceps [59]. Always maintain the dissected hippo-
campi under cold medium.

9 Enzymic Digestion and Mechanical Dissociation of Hippocampal Embryonic
Tissue

9.1 According to

MacGillavry and

Blanpied [63]

1. Chop embryonic day 18 (E18) hippocampal tissue into pieces
smaller than the opening of a 200-μL pipette tip, and pipette
the small pieces of hippocampal tissue into a 15-mL sterile
plastic tube containing 4 mL ice-cold HBSS dissociation
medium.

2. Rinse tissue with 10 mL ice-cold dissection medium.

3. Centrifuge tissue for 30 s at 120 � g, at RT, and remove
supernatant with a Pasteur pipette.

4. Resuspend hippocampal tissue in 4 mL of trypsin/EDTA solu-
tion (prewarmed to 37�C) and digest hippocampal tissue
5–8 min at 37�C, slowly agitating from time to time. During
incubation, dissolve 3 mg DNase in 3 mL trypsin/EDTA
solution.
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5. Centrifuge cells for 30 s at 120 � g, at RT, and remove super-
natant with a Pasteur pipette.

6. Incubate with filter-sterilized, prewarmed trypsin inhibitor
solution for 3–5 min at 37�C.

7. Centrifuge for 1 min at 120 � g at room temperature, and
aspirate supernatant with a Pasteur pipette. If cells are still
stringy with DNA and the supernatant cannot be removed,
add a more concentrated, filter-sterilized solution of DNase
(e.g., 2 mg in 500 μL for 4 mL tissue), and incubate until
supernatant can be removed (1–2 min).

8. Gently resuspend tissue on ice in 2 mL dissection medium,
avoiding air bubbles. First, use a fire-polished glass Pasteur
pipette, and then use a fire-polished Pasteur pipette with a
smaller tip diameter. Finally, use a third pipette with an even
smaller diameter.

9.2 According to

Kaech and Banker [45]

1. When all of the hippocampi have been removed, place them in a
15-mL conical centrifuge tube and bring the volume to 4.5 mL
with CMF-HBSS. Add 0.5 mL of 2.5% trypsin and incubate for
15 min in a water bath at 37�C.

2. Gently remove trypsin solution, leaving the hippocampi at the
bottom of the tube; add 5 mL of CMF-HBSS and let stand for
5 min at room temperature. Repeat this twice to allow residual
trypsin to diffuse from the tissue. Bring the final volume to
2–3 mL.

3. Dissociate the hippocampi by repeatedly pipetting them up and
down in a Pasteur pipette. Begin with five to ten passes through
a regular pipette and then continue with five to ten passes
through a Pasteur pipette that has been flame-polished so
that its tip diameter is narrowed by half. Expel the suspension
forcefully against the wall of the tube to minimize foaming. By
the end, there should be no chunks of tissue left. The diameter
of the flame-polished pipette is important. A too narrow tip will
damage the cells; a too wide tip will not fully dissociate the
tissue. Pipette only as many times as is necessary to obtain a
homogeneous solution with no tissue pieces.

4. Determine the cell density by adding a drop of the cell suspen-
sion to a hemocytometer. Also determine the total yield, which
should be 400,000–500,000 cells per hippocampus. The via-
bility, according to exclusion of trypan blue, should be
85–90%. Adjust the cell density to about 1–1.5 million cells/
mL.

5. Using a micropipette, add the desired number of cells to each
of the dishes containing the poly-L-lysine-treated coverslips in
neuronal plating medium.
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6. After 3–4 h, examine the dishes to ensure that most of the cells
have attached and then establish the mixed neuron–glial hybrid
cultures as described under procedure 12 below.

10 Preparation of Astroglial Feeder Cells [45]

1. Kill three or four postnatal rat pups following the procedure
described above.

2. Remove the brains and place them in a dish containing CMF-
HBSS. The tissue needs to remain submerged at all times.

3. Remove the cerebral hemispheres and carefully strip away the
meninges with fine forceps. Make sure to remove meningeal
tissue penetrating deep in cerebral fissures, which contains
fibroblasts that can overgrow astroglial cultures.

4. Transfer the hemispheres to a drop of CMF-HBSS and chop
the tissue as finely as possible with scissors.

5. Transfer the tissue pieces to a 50-mL conical centrifuge tube in
a final volume of 12 mL CMF-HBSS and add 1.5 mL each of
2.5% trypsin and 1% (wt/vol) DNase. Incubate in a 37�C water
bath for 5 min, swirling the tube occasionally.

6. Triturate by passing the solution up and down 10–15 times in a
10-mL pipette. Return to the water bath for another 10 min,
swirling occasionally. Triturate another 10–15 times with a 5-
mL pipette until most chunks disappear.

7. Pass the cell suspension through a cell strainer to remove
chunks of undissociated tissue and collect in a 50-mL conical
tube containing 15 mL glial medium.

8. Centrifuge the cells for 5–10 min at 120 � g to remove
enzymes and lysed cells. Discard the supernatant and resuspend
the cell pellet in 15–20 mL glial medium. Count cells using a
hemocytometer – the yield should be in the order of 107 cells
per brain.

9. Plate 7.5 � 106 cells per 75-mL flask and add glial medium to a
final volume of 15–20 mL.

10. After 1 day, feed cultures with glial medium. First, swirl the
flask to remove loosely attached cells, then aspirate off the
medium, and replace with fresh medium.

11. Feed the culture every 2–3 days. Before removing the medium,
slap the flask 5–10 times against your hand to dislodge loosely
attached cells.

12. Contaminating cells such as O2A progenitors and microglia
(macrophages) sometimes grow on the surface of the astrocyte
monolayer. Removing loosely attached cells at this step helps to
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minimize their number. Microglia (recognizable as round,
phase-bright, loosely attached cells) release cytokines that are
highly neurotoxic. Preparations with high numbers of micro-
glia should be discarded.

13. Harvest the astroglia when the cells are near confluence (usu-
ally within 7–10 days). Rinse each flask briefly with 3–5 mL of
trypsin/EDTA, then add 2–3 mL of trypsin/EDTA, and incu-
bate at 37�C until the first cells just begin to lift off (usually in
less than 2 min). Add 5 mL glial medium to stop the trypsin
enzymic digestion, release cells by repetitive pipetting, transfer
the cell suspension to a conical centrifuge tube, and pellet the
cells at 120 � g for 7 min. Resuspend in glial medium and
passage into 60-mm dishes (10–30 dishes per flask).

14. Extra cells can be resuspended in cell-freezing medium at
~2 � 106/mL, frozen in cryotubes and stored in liquid nitro-
gen, and then thawed and plated as needed.

15. One to two days before seeding the neuronal cells, remove the
medium from the glial feeder cultures and add 6 mL neuronal
maintenance medium, either N2 or Neurobasal/B27, for
preconditioning.

11 Counting the Number of Neuronal Cells

1. Remove a 10 μL sample of cells and dilute into 90 μL of 0.4%
trypan blue stain. Mix.

2. Take a 10 μL aliquot of the cell suspension and pipette into a
hemocytometer, determining the number of cells per unit
volume.

12 Plating the Cells

12.1 Neuronal Cell-

Only Cultures

1. Plate 50,000–70,000 cells/mL of the initial plating medium in
each well (or ~150,000 cells/well for low-density cultures
suitable for imaging). Return multiwell to the incubator and
let the cells plate for 2 h at 37�C in plating medium.

2. After 2 h, aspirate the medium and replace with medium for
culturing hippocampal neurons (Neurobasal medium contain-
ing B27 serum-free supplement) and incubate cells at 37�C.

3. Aspirate half the volume of medium twice a week, replacing the
volume with fresh medium. Some researchers do not carry out
this step, maintaining the original medium.
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12.2 Neuronal–Glial

Cell Hybrid Sandwich

Cultures

1. As stated in procedure 10 above, 1–2 days before establishing
the hybrid culture, the medium from the glial feeder culture
should be removed and replaced by neuronal maintenance
medium, either N2 or Neurobasal/B27 for preconditioning.

2. Follow the same steps as in Sect. 12.1 above, except that glial cell
feeder coverslips with spacers are transferred to the plastic multi-
well (or Petri dish) containing the neuronal culture and placed
upside downon their spacer feet.Make sure the upper glial cover-
slips are submersed in the N2 or Neurobasal/B27medium.

3. Three days after plating, add cytosine arabinoside (1-b-D-ara-
binofuranosylcytosine) to a final concentration of 5 mM to
inhibit glial proliferation.

13 Transfection of Dissociated Hippocampal Cultured Neurons (Modified from
Ref. [63])

The predominant type of cell in the hippocampus is the pyramidal
neuron. Interneurons are fewer in number and can be distinguished
on a morphological basis from the pyramidal cells. Of further aid in
the distinction between different neuronal subtypes are a few spe-
cific markers for some of the interneurons.

1. Transfect neuronal cell cultures 1–3 days before imaging using
Lipofectamine 2000. This reagent has a low transfection effi-
ciency (<1%), but the apparent drawback may prove conve-
nient for very dense cultures.

2. Dilute 0.5–2.0 μg plasmid DNA in 25 μL of serum-free
medium or Opti-MEM I reduced serum medium.

3. Dilute 1.0 μL Lipofectamine 2000 in 25 μL serum-free
medium or Opti-MEM I reduced serum medium. Allow the
tubes to stand for 5 min at room temperature.

4. Combine the contents of the two tubes containing the suspen-
sions (Lipofectamine and DNA), mix them vigorously by
pipetting with a micropipette, and leave them for 20–30 min
at room temperature to allow the DNA–Lipofectamine com-
plexes to form.

5. Retrieve the multiwell containing the coverslips with the cells
from the incubator, and add the DNA–Lipofectamine suspen-
sion dropwise (about 50 μL per well).Mix by gently swirling the
plate by hand or sitting it on a rotary shaker. Return the multi-
well plate to the incubator and let it stand for 90–120 min.

6. Retrieve the multiwell from the incubator, remove coverslips,
and place them in a new multiwell plate. If a mixed coculture
with glial cells is used [62], place the coverslips with the
cultured neuronal cells facing the glial monolayer below
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them. Return to the incubator and retrieve for microscopy
24–48 h later.

7. The use of viral vectors and of adenovirus and lentivirus in
particular is very advantageous for introducing foreign con-
structs in neuronal cells in culture. The reader is referred to
recent protocols for the preparation of the virus vectors [47]
and transfection of neuronal cells [64].

8. Similarly the “self-labeling techniques” (Halo tag, SNAP tags,
etc.) mentioned under Materials are gaining momentum and
could find wider application in the labeling of synaptic proteins.

14 Fixation and Immunostaining

Fixatives are carcinogenic. Wear gloves and other appropriate pro-
tective equipment and avoid contact with skin or eyes.

Strong and/or prolonged fixation is detrimental for fluores-
cence microscopy. Inclusion of glutaraldehyde in a cocktail with
paraformaldehyde, as is customary in electron microscopy, is par-
ticularly critical; glutaraldehyde concentrations >1% practically
abolish emission from fluorescent proteins.

Fix cells in 4% (wt/vol) paraformaldehyde (electron micros-
copy grade is recommended, e.g., from Electron Microscopy
Sciences) fixative solution following the protocol below.

14.1 Method A 1. Wash coverslips twice with 0.1 M (Sörensen’s) phosphate
buffer saline (PBS, Invitrogen), pH 7.3–7.4.

2. Fix cells with 3 mL/well paraformaldehyde solution for
15–20 min at RT or 4�C (on ice).

3. Wash three times with PBS for 10–20 min.

4. Incubate for 30 min with blocking solution (4% goat normal
serum, NGS, Jackson ImmunoResearch Laboratories, West
Grove).

5. Put a piece of Parafilm on a wet Whatman paper inside a Petri
dish and apply 200 μL of primary antibody solution in incuba-
tion solution (appropriate dilution must be determined experi-
mentally). Lay coverslips upside down on antibody-containing
solution and incubate for 1–2 h at RT.

6. Transfer coverslips to multiwell plate and wash three times with
PBS for 10 min.

7. Repeat steps 4–7 with secondary antibody (optimal dilution
must be determined experimentally).
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14.2 Method B.

Fixation-

Permeabilization for

Immunostaining

Intracellular Proteins

1. Fix cells as in steps 1–3 above.

2. Incubate for 30 min with blocking solution (4% goat normal
serum) containing 0.1% Triton X-100 (Sigma) in PBS for
15 min.

3. Wash with PBS for 15 min.

14.3 Method C 1. Fix cells with 3 mL/well paraformaldehyde solution at RT.

2. Immediately transfer to freezer and leave at �20�C for 5 min.

3. Without washing, transfer coverslip to spectroscopic-grade
methanol at �20�C and leave for 15 min in the freezer at this
temperature.

4. Wash thrice with PBS.

5. Permeabilize with 0.2% Triton X-100 solution in PBS for
10 min.

6. Block in 10% goat serum in PBS for 1 h.

7. Dilute primary antibody in blocking solution. Incubate sample
with primary antibody at final concentrations which vary
according to antibody (e.g., 1:200 for anti-glutamate receptor
antibody, 1:1.000 for myc, etc.). The optimal dilution should
be found by the combination of manufacturer’s recommenda-
tion + one’s own experience.

8. Wash thrice with PBS.

9. Incubate with fluorescent-labeled secondary antibody for
45 min–1 h at room temperature. Dilutions also vary (e.g.,
1:500 for Alexa Fluor488, 1:1,000 for Alexa Fluor647).

10. Wash thrice with PBS buffer and mount for microscopy as
described in Sect. 16.

11. In the case of fluorescent proteins, if the neuronal specimens
are to be imaged after fixation, bear in mind that neurons
transfected with Venus-FP or Tomato-FP withstand fixation
better than GFP or EGFP.

12. It is advisable to run a “control” experiment using a marker of
the glutamatergic nerve terminals (e.g., vesicular glutamate
transporter 1, VGLUT1) and a dendritic marker (e.g.,
microtubule-associated protein 2 [MAP2]) to ensure the qual-
ity of the specimen and the entire fixation/immunostaining
procedure.

13. Incubate coverslipswith a polyclonal, guinea-pig anti-VGLUT1
antibody (e.g., AB5905, Chemicon-Millipore, Billerica, MA)
(1:2,000 dilution) and a polyclonal, rabbit anti-MAP2 antibody
(AB5622, Chemicon-Millipore) (1:2,000 dilution) in PBSwith
4% NGS (blocking solution) for 3 h.

14. Wash with PBS for 15 min.
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15. Incubate coverslips with goat anti-guinea-pig IgG (H + L)
antibody conjugated with, e.g., Alexa Fluor594 (A-11076, Invi-
trogen) (1:1,000 dilution in blocking solution) and goat anti-
rabbit IgG (H + L) antibody conjugated with Alexa Fluor488

(1:1,000 dilution) for 60 min.

16. Rinse thrice with PBS for a total of 30 min.

14.4 Staining

Specific Synaptic

Proteins and

Counterstaining Whole

Neurons, Axonal, and

Dendritic

Arborizations

1. A variety of presynaptic protein markers is available: anti-
vGlut1 (Antibodies Inc., NeuroMab) labels glutamatergic
terminals and antibodies against Vamp, synapsin 1, synaptotag-
min, synaptophysin (Abcam), synapsin (Synaptic Systems),
synaptopodin, Bassoon, Munc18, etc.

2. Similarly, various antibodies against postsynaptic proteins pro-
duce very strong signals, like anti-PSD-95 (Synaptic Systems,
NeuroMab), anti-extracellular epitopes of various subunits of
the NMDA receptor (Alomone Labs), GluN1 and GluNR2
obligatory pore-forming subunits (Chemicon mAb397), nico-
tinic acetylcholine receptor subunits (Alomone Labs), etc.

3. Various synaptic proteins can be visualized using fluorescent
peptides (e.g., for actin, F-actin-binding peptides, F-tractin
from Clontech, phalloidin conjugated to various
fluorophores).

4. In addition to specific neuronal protein markers, it is conve-
nient to counterstain with antibodies against MAP-2 (a neuro-
nal dendritic marker, Novus Biological) and the tau protein to
identify each type of neurite.

5. To differentiate between inhibitory and excitatory synapses,
one can employ antibodies against vGAT (presynaptic)/
gephyrin (postsynaptic) for inhibitory synapses, occurring pre-
dominantly on dendritic shafts, and vGlut1 (pre)/PSD-95
(postsynaptic) for excitatory synapses, mostly present on den-
dritic spine heads.

6. For quantifying dendritic spines, the developmental protein
drebrin can be used as a general marker (1:500 anti-drebrin
fromMed. Biol. Labs followed by a 1:500 dilution of a fluores-
cent anti-mouse IgG antibody).

15 Excitation Modalities in Super-Resolution Microscopy

In order to efficiently detect single molecules in the focal imaging
plane, one must suppress fluorescence emission from those emitters
that are out of plane. The illumination modality plays a key role in
accomplishing this task. The position at which the laser beam enters
the back aperture of the objective lens determines the angle at
which the light will excite the sample. In conventional wide-field

184 Francisco J. Barrantes



epifluorescence microscopy, the laser beam is symmetrically cen-
tered and parallel to the z-axis of the objective lens (and the micro-
scope); the resulting illuminated field is an inverted cone-shaped
volume of the cell above and below the focus. Displacement of the
laser beam off the central axis of the objective lens will result in
oblique illumination, a condition which reduces the volume of the
cone of light exciting fluorophores and scattering in the cell above
the focus. If the incident excitation laser beam is positioned at an
angle larger than the critical angle α ¼ 61�, where sin(α) ¼ ηw/ηg,
the ratio of the refractive indices of water (the medium in which the
cells are embedded and that of the cells proper) and immersion oil/
cover glass (the two media that the light must transverse before
hitting the cell), respectively, we meet the condition of another
wide-field technique, total internal reflection fluorescence (TIRF)
microscopy (see, e.g., [65]). In this mode of illumination, an
evanescent electromagnetic field is used to selectively illuminate
and excite fluorophores in a restricted volume of the specimen,
immediately adjacent to the glass–water interface. The incident
light is reflected back into the high refractive index medium at the
interface, whereas a non-propagating evanescent wave is used to
excite the fluorophores.

The good and the bad thing about TIRF illumination is that
the evanescent wave, decaying exponentially from the interface,
penetrates to depths between 80 and 200 nm (depending on the
incident angle) into the low-refractive-index aqueous medium con-
taining the specimen. Thus only fluorescent molecules in a narrow
disk of about 100-nm height are excited. When using coverslip-
adhered cells and epi-illumination in an inverted fluorescence
microscope, this is undoubtedly the best choice for interrogating
fluorescent molecules in the ventral, glass-attached cell membrane,
rendering an improvement in contrast of about fourfold over con-
ventional wide-field illumination, and considerably reducing the
background fluorescence. In the case of primary cultures of neuro-
nal cells, TIRF microscopy is best for imaging molecules in the
ventral surface of the soma, the growth cones at early culture stages
(D2–D5), and fully developed dendritic spines at culture stages
D15–D25. TIRF illumination in the form of a standing wave can
further produce a marked improvement in spatial resolution [66,
67]. The most dramatic improvement in axial resolution has been
recently reported by George Patterson and colleagues at the NIH:
TIRF illumination at varying penetration depths, produced by
tuning the angle of the TIRF beam in combination with photo-
bleaching. The latter preferentially affected the fluorescence from
the shallow layers, allowing observation of deeper layers. Images
constructed by sequential imaging and photobleaching the fluores-
cent molecules rendered, upon reconstruction, an axial resolution
of ~20 nm [68]. Although primarily intended for illumination of
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cell-surface components, some illumination modalities such as the
so-called “highly inclined and laminated optical” (HILO) sheet
microscopy [69] or “selective-plane illumination” microscopy
(SPIM) [70] have also been specifically developed for single-
molecule imaging deeper inside cells, achieving improved signal-
to-noise ratio. HILO illumination is also at the root of the so-called
uPAINT super-resolution technique, which makes use of oblique
illumination from a slightly below the critical angle laser beam to
reject background fluorescence of unbound fluorescent ligands.
These techniques are ideal for studying plasma membrane-resident
proteins, cell-surface neurotransmitter receptors being ideal targets
among synaptic proteins. The uPAINT technique is particularly
attractive for dynamic measurements, such as following the trajec-
tories of ligands bound to surface proteins, degree of confinement,
and organization of the target proteins in clusters [40, 41].

16 Preparation of the Samples for Imaging

Super-resolution microscopy shares with conventional microscopy
many of the requirements for identifying structures illuminated
with visible light and interrogated with fluorescence. The first
common requisite with wide-field microscopy is to make objects
visible. This can be accomplished by using extrinsic fluorescent
probes that tag proteins or subcellular structures or by constructing
chimeras of, e.g., the protein of interest with a foreign fluorescent
protein, introducing the construct into the cell via the resulting
plasmid, and letting the cell express the fluorescent product. The
technique for labeling proteins, lipids, and other cellular chemical
components have been worked out in great detail, and the use of
fluorescent proteins in fluorescence microscopy, a younger field, has
also reached a stage of maturity. In addition to these and other
aspects common with conventional light microscopy, super-
resolution techniques have demanded new developments in sample
preparation, coverslip handling, protein tagging, embedding
media, oxygen-scavenging requirements, mounting of the speci-
mens, etc. Sample preparation is an important step for successful
nanoscopy.

The commonly used cyanine and Alexa Fluor dyes are known to
undergo dark state transitions over a broad range of time scales.
Fluorophore dark states have been attributed to cis–trans isomeri-
zation within the conjugated polyene cores, the buildup of triplet
states, charge-relay mechanisms, photo-ionization, photooxida-
tion, and the absorbance of short-wavelength photons from the
first excited singlet state [71]. Several procedures have been
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developed to curb this phenomenon, including the use of oxygen-
scavenging imaging buffers containing oxygen-scavenging
enzymes for wet live specimens or dry coatings for fixed specimens.
Other requirements in some super-resolution experiments arise
from the need to match the high numerical aperture of the immer-
sion lenses with the aqueous mounting media, calling for nontoxic
embedding media capable of suppressing the refractive index mis-
match. One such mounting medium is based on the use of 2,20-
thiodiethanol, which, by being miscible with water at any ratio,
allows fine adjustment of the average refractive index of the sample
from that of water (1.33) to that of immersion oil (1.52). The thiol
compound thus enables super-resolution imaging deep inside fixed
specimens with objective lenses of the highest available aperture
angles [72].

16.1 Fixed

Specimens

1. Coat the coverslip with the fixed neuronal cells with a few
microliter (this will depend on the diameter of the coverslip)
of a 1% aqueous solution of polyvinyl alcohol in Millipore-
filtered distilled water (25,000 MW PVA, Sigma-Aldrich
184632; Polysciences 02975-00).

2. Spin the coverslip in a spin coater (e.g., SCS G3 spin coater,
Kisco; spin coater model WS-400 from Laurell Technologies).

3. A simple procedure developed in our laboratory replaces a
commercial spin coater with a tabletop centrifuge. Remove
the rotor from the tabletop centrifuge. Place a strip of Parafilm
on the shaft of the tabletop centrifuge and adhere firmly. Place
the round coverslip with the wet side up on the Parafilm,
adhere gently but firmly, close the lid of the centrifuge, and
spin for 30 s–1 min. The PVA film will form a uniform dry thin
film. Let dry for about five additional minutes before imaging.
The thin PVA film suffices to prevent oxygen quenching to the
biological sample. Dried samples in the dark have been success-
fully imaged after several months of storage in the dark.

4. The commercial mounting medium VECTASHEILD has been
recommended for STORM super-resolution imaging with
Alexa Fluor dyes, with optimal results with Alexa Fluor647

[52]. The authors state that this medium yields images compa-
rable or superior to those obtained with more complex buffers,
especially for 3-D super-resolution imaging. VECTASHIELD
has a refraction index of ca. 1.45 measured at 590 nm. A
mixture of 25% VECTASHIELD–75% Tris-glycerol buffer
was also suggested by these authors.

16.2 Live Specimens 1. Wash the coverslip containing the neuronal cells with extracel-
lular imaging buffer and place in coverslip chamber containing
imaging buffer to cover the cells (a few microliter, depending
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on coverslip diameter and model of chamber but sufficient to
keep the specimen wet even after a long imaging session).

2. If available, maintain the temperature of the specimen relatively
constant. One of our setups combines the super-resolution
microscope with a Peltier-element thermostated holder for
temperature-controlled patch-clamp recordings (Luigs &Neu-
mann, Ratingen, Germany).

17 Single-Molecule Stochastic Localization Microscopy

Since the publication of the first step-by-step protocols on
stochastic localization microscopy only a few years ago [73], several
methodological advances have occurred. Among them are the
explosion in the number of available fluorescent proteins for
PALM microscopy and the recognition that most fluorophores
undergo off–on dark–light transitions, thus enormously broaden-
ing the possible probes that can be used in nanoscopy. In this
section, a formula-less practical protocol is provided for the
implementation of stochastic localization super-resolution micros-
copy of synaptic components in the PALM or STORM/GSDIM
modalities. More detailed protocols can be found in the literature
(e.g., [63, 74]).

17.1 Image

Acquisition

1. Set the image acquisition conditions to be used in the actual
experiment using a standard “sea of fluorescence” specimen
and set the incidence angle of the TIRF beam for oblique
illumination of the sample.

2. Knowledge of the number of photons detected by the camera
after background subtraction is necessary to calibrate both the
latter and the precision with which a single molecule is loca-
lized. Calibrate camera photoelectron conversion – the number
of photons per image pixel intensity units – a parameter that is
required to calculate the number of photons emitted per mole-
cule and thus estimate the localization precision of the
recorded single molecules. Calibration can be obtained as fol-
lows: (1) record images under uniform Koehler illumination at
several different intensities, covering the dynamic linear range
of the camera, at a given CCD camera gain setting; (2) calculate
the mean pixel value and variance of the uniformly illuminated
region at each intensity; (3) plot variance as a function of mean
pixel value; and (4) the slope of the variance as a function of
mean pixel value is a good approximation of the ratio of
recorded pixel value per detected photon [75].

3. Switch to the actual specimen and turn on transmitted light,
coarse focusing the specimen. At this stage, one may take a
snapshot image in a contrast-enhancing mode (phase contrast,
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DIC interference contrast, Hoffmann contrast microscopy) to
record the fine overall morphology of the cells.

4. Switch to fluorescence epi-illumination, turning on a standard
light source (Hg arc, LED). Use the minimal excitation inten-
sity compatible with localizing a region of interest (ROI)
through the eyepiece or preferably use the CCD camera in
your imaging software to carry out the procedure digitally
using the focusing mode at a reasonably high camera gain.

5. In the case of PALM localization microscopy, carry out these
preliminary steps imaging the unconverted state of the fluores-
cent protein using the appropriate filter combination. As Mac-
Gillavry and Blanpied [63] warn, one should avoid long
exposures, since photoactivatable fluorescent proteins are
already activated and partially depleted at wavelengths used
for wide-field epifluorescence visualization. For visualizing
unconverted green Eos, a standard EGFP filter set is recom-
mended. For photoactivation and imaging of converted red
Eos, use a filter cube containing a dual-band excitation filter
(405 and 561 nm), a dual-band dichroic to reflect these laser
lines, and a red-pass emission filter [76].

6. Set out all acquisition parameters (camera gain, frame rate) to
maximize efficient performance and check microscope hard-
ware conditions (filter combinations, projection lens resulting
in adequate camera pixel size, etc.) and switch to camera acqui-
sition mode. Select a region of interest (ROI), minimizing the
void areas outside the cell(s), thus maximizing acquisition rates
and, correspondingly, minimizing off-line analysis time. The
actual pixel size of our Andor iXon-897 or Photometrics CCD
cameras is 16 μm.We use the 1.5� projection lens of the Nikon
TE-2000 to obtain a 160-nm pixel size in the image.

7. Switch off LED or Hg lamp and turn on laser(s). After the
initial burst of fluorescence, individual blinking events will
appear stochastically, and their number should be modified by
varying the intensities of the excitation and activation lasers. We
do this manually with precision potentiometers to reach a
number of blinking events which are adequate for off-line
analysis. Since the acquisition rate is about 10 ms/frame, and
the refreshing rate of the visualization mode is much slower
than this, it is a matter of experience acquired by trial and error
to set the relative intensities of the two lasers (essential for
PALM imaging) or the single laser (in STORM/GSDIM
mode) to acquire the series of several thousand individual
frames that will make the “movie.” In the SlideBook software
package, we set the “streaming mode” to record the individual
images and store them directly in memory. A standard “movie”
consists of a stack of 5,000–30,000 individual frames
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depending on the size of the chosen ROI and the brightness
and stability of the specimen.

8. In SlideBook, the compound image is recorded as a *.sld file,
which can be read directly by ImageJ Fiji or converted and
exported as a TIF or MATLAB file for subsequent image
analysis.

17.2 Image Analysis At the time of writing this protocol, there are a few dozen software
packages for analyzing super-resolution single-molecule localiza-
tion microscopy images, as listed in Sect. 4 above. It is difficult to
recommend a given one because the applications vary, and the
know-how of the microscopists differs. It is advisable to read the
literature on nanoscopy applied to specific problems and select
approaches similar to those that the experimentalist is tackling,
trying a few. Some software packages are more user-friendly and
demand less knowledge of computer programming than others.
Some software packages have been conceived as “key in hand”
and require little effort from the experimentalist. There is always a
compromise between the size of the interrogated area, speed, com-
puter “muscle” devoted to the analysis, accuracy required to iden-
tify and localize single molecules, and whether it is a still, fixed
specimen or living cell.

17.2.1 Fixed Specimens If one inspects the stream of images collected in the acquisition step
in a typical stochastic localization experiment, each frame should
contain a sparse number of blurred spots stochastically appearing
and disappearing in successive frames. This results from the turning
on and off of the individual molecules undergoing transitions
between light-emitting and dark states. The movie is, however, a
series of wide-field photomicrographs with diffraction-limited
spots from which one must extract x and y positions at the molecu-
lar scale. In other words, the main task of the stochastic super-
resolution microscopy analysis is to extract with sub-diffraction,
nanometer precision the centroid of the photon-emitting particle
(the molecule) from the blurred, diffraction-limited intensity pro-
file of the spots recorded by the CCD. This is accomplished by
fitting the PSF of the intensity distribution of each spot with an
appropriate function (Gaussian, 2-D Gaussian, elliptical Gaussian,
etc.). This will result in a 2-D map of all localizations in the
captured stream of data. Most software analysis packages produce
a table of x and y coordinates of all centroids and provide ancillary
modules to eliminate uncertain localizations, correct for drift, etc.

1. Select a ROI size in your streamed stack of image frames in the
file format suitable for the next image analysis program.

2. Run the initial analysis of the raw data files using a software
package of your choice, e.g., QuickPALM [77] in ImageJ
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(NIH, USA, http://rsb.info.nih.gov/ij/). QuickPALM pro-
duces immediate graphic outputs which enable one to assess
the quality of the experimental data and obtain preliminary
parameters. Localizer (BitBucket Localizer), written by
Dedecker and coworkers [78, 79]: http://www.igorexchange.
com/project/Localizer, implemented in Igor Pro (http://
www.wavemetrics.com), also offers the possibility of rapidly
evaluating the quality of the experimental data. The first output
is a list of all sub-pixel localizations generated through a least-
square fitting of the PFSs, resulting from application of a
generalized likelihood ratio test algorithm specifically designed
to identify PSF-shaped, that is, Gaussian-like, spots. There is a
choice between symmetrical (round-shaped) and asymmetrical-
shaped (elliptical) 2-D Gaussian functions describing the PSFs.
Calculate the standard deviation of the PSFs.

3. If, e.g., ThunderSTORM (GitHub thunderstorm) (https://
code.google.com/p/thunder-storm/) [57] was employed in
the ImageJ environment, choose an appropriate filter (e.g.,
Wavelet, B-spline) for image filtering and perform approximate
localization of molecules using the modules local maximum
and PSF:integrated Gaussian for sub-pixel localization of mole-
cules. ThunderSTORM has provision for performing lateral
drift correction using cross correlation.

4. Estimate the drift. Hardware measures preventing drift (ther-
mostated room, high-quality vibrational isolation system, sta-
ble stage) or correcting it online also via hardware (automatic
focal drift correction) in combination with short acquisition
times are the best alternatives. Inclusion of fiduciary markers
(e.g., 50 nm gold, nanoshell particles or fluorescent beads) in
the specimen is also helpful. Most super-resolution software
packages include a drift correction algorithm, which may or
may not require fiduciary markers. In Localizer [78] the con-
secutive drift estimations are interpolated using a polynomial fit
and used to determine the approximate position of the sample
relative to the starting point at each time point. The resulting
offset is subtracted from the fluorophore positions to obtain
the drift-corrected positions. Other methods of drift correction
for single-molecule localization microscopy include sub-pixel
cross correlation of 2-D histograms binned for single-molecule
localizations every n number of frames [10, 80] and also see a
comprehensive treatment of drift correction for various super-
resolution techniques in [81].

5. Estimate the precision of the single-molecule localizations. The
accuracy of the localizations, the result of model fitting to the
emission pattern, is a measure of the confidence in the esti-
mated position of the single-molecule localizations. It scales
inversely with the square root of the number of photons
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collected per molecule, N, and increases with the amount of
background noise, given by the standard deviation, σ, of the
spatial response function of the optical system to an infinitely
small object (i.e., the point-spread function, PSF). This can be
approximated by σ/N1/2 in the absence of negligible back-
ground [82].

6. Exclude poorly localized molecules by selecting only localiza-
tions that have a high photon count (e.g., >100) and accept-
able localization precision (e.g., <30 nm).

7. Produce a rendering of the spatial distribution of the collection
of localized molecules. This can be done in multiple ways,
ranging from the simple x and y point distribution of all
centroids superimposed on a black and white depiction of the
wide-field image to color-coded distributions depicting den-
sity, time of appearance, or any other property comparing
representative samples under different experimental
conditions.

8. Perform statistical analysis of the distribution of single mole-
cules. Even an elementary property such as the number of
particles per unit area may provide information on the func-
tional arrangement or other relevant properties of proteins in
the synapse. Knowledge of the photophysical properties of the
fluorophores is important in determining the actual number of
proteins in quantitative PALM super-resolution experiments
[83].

9. Various other analytical tools can be employed to extract rele-
vant information from images of synaptic proteins in fixed
neuronal cultures. We are interested in the supramolecular
organization of neurotransmitter receptors in the cell-surface
membrane, a property which can be interrogated with various
statistical analytical tools like Ripley’s K function [84, 85] and
other tests of two-dimensional spatial point pattern distribu-
tion [86, 87]. We have used Ripley’s K function to analyze the
nanocluster organization of adult muscle-type nicotinic acetyl-
choline receptors [20]. The use of Ripley-like functions has
improved considerably and is successfully applied to the analysis
of protein nanoclusters in the immunological synapse imaged
with PALM and STORM techniques [88]. The pair correlation
or cross correlation function G(r) estimates the probability of
finding another particle at a distance r and compares the
data to the expected values for a random distribution of parti-
cles. Gs(r) > 1 correlations can be attributed to clustering of
labeled molecules [89–91] and hence can be employed to
determine the length scale of the clustering.
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17.2.2 Live Specimens The basic questions in a live-cell experiment concern the time-
dependent evolution of some physiologically relevant dynamic phe-
nomenon. In single-molecule super-resolution experiments, this
immediately refers to the displacement of the molecule(s) in a
functionally adequate time window, to establish molecular trajec-
tories by single-particle tracking (SPT) analysis, determine the
speed of the motions (the mean square displacement [MSD]),
and derive the apparent diffusion coefficient D of the molecules.

1. In addition to particle detection steps 1–3 as in fixed specimens,
the single-molecule analysis in a dynamic time-lapse sequence is
more complex, since in addition to the detection of the centroid
of connected components of segmented objects, the analysis
should include application of modules which build the trajec-
tories of the connected components, perform additional steps to
reject potentially overlapping false maxima in motion, and vali-
date the trajectories using physically meaningful models that
predict the particle positions in a frame based on the positions
in the past.

2. The MATLAB-based SPT analysis from http://physics.geo
rgetown.edu/matlab/, the equivalent module in Localizer, or
the software package ThunderSTORM can be applied to track
individual molecules that appear in consecutive frames and
assemble them into a molecular trajectories. In brief, the essen-
tial requirement in this step is to set an a priori maximum
allowable frame-to-frame displacement, i.e., the tracking radius
of the molecule along its trajectory, on the basis of the expected
diffusion coefficient D of the given molecule.

3. Calculate the MSD of the population(s) of molecules.

4. Calculate the mean diffusion coefficient for each track. In two
dimensions, the relationship between the MSD and the effec-
tive diffusion coefficient (Deff) is given by MSD ¼ 4Deff Δt,
where Δt is the interval between observations. For freely dif-
fusing molecules, the MSD increases linearly with time,
whereas for confined diffusion (as found when molecules are
confined within a cytoskeletal corral of filamentous actin, for
instance), this relationship plateaus after an initial linear rise. In
such cases, one can calculate the instantaneous Deff from the
slope of the first few time points of the linear fit of the MSD
versus time curve at 2Δt, 3Δt, and 4Δt, referred to as short-
range diffusion coefficient or D2–4 [92]. D2–4 is convenient
because it can be determined independently of the motional
modes. On average, D2–4 is larger than the values of D deter-
mined using Eqs. 5–12 of Kusumi and coworkers [92–94] by a
factor of 1.2 in the case of constrained or restricted diffusion.

5. Produce graphical displays of single-molecule trajectories. For
very high molecular densities, the complete set of trajectories
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may produce overcrowded and uninformative graphical repre-
sentations, and it may be advisable to select identical intervals
under different experimental conditions for comparison.
Color-coded individual molecular trajectories on the basis of
frame intervals can help to identify changes in the behavior of
molecular mobility and can also help to detect artifactual lateral
drift.

6. It is useful to construct a “probability map” in the form of a 2-
D Gaussian with standard deviation σxy with pixel values pro-
portional to the probability that a molecule can be found at
that location [95].

18 Summing Up

These protocols are intended to provide practical guidelines to
perform super-resolution imaging of single molecules in synapses
using the most inexpensive of currently available nanoscopy tech-
niques, namely, the stochastic single-molecule localization
approach. The methodology is relatively easy to implement using
an existing fluorescence microscope as the basic body on which to
mount the additional building blocks, i.e., the laser lines, CCD
camera, filters, and other optical components. As stated in Sect. 3,
the objective lens – and its quality – is the most vital individual piece
of equipment. The mechanical stability of the optical system is also
critical, and investing in a good optical isolation table in combina-
tion with a purely mechanical stage pays off good dividends. The
other actor in the play is, of course, the specimen. I have reserved
these final lines to confess that (at least in our hands) primary
neuronal cells from the hippocampus are not easy to maintain in
culture, but they provide a unique middle ground between slices
and biochemically isolated molecules for in vitro studies of the
latter in situ. The field is developing at a fast pace, and the techni-
ques are likely to need frequent update.
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Chemical Methods for Monitoring Protein Fatty Acylation

Xiaoqiu Yuan and Howard C. Hang

Abstract

Protein fatty acylation encompasses different forms of lipidation and plays critical roles in regulating protein
membrane binding and trafficking, stability, and activity. Due to the importance of protein fatty acylation in
many different biological processes, there has been significant interest in sensitive detection and enrichment
methods. To facilitate the analysis of protein fatty acylation in biology, fatty acid analogs bearing alkyne or
azide tags have been developed that enable fluorescent imaging and proteomic profiling of modified
proteins using bioorthogonal chemistry methods. In this chapter, we will briefly introduce various kinds
of protein fatty acylation, their regulation and function, as well as associations with human diseases. The
focus of the chapter will be on metabolic labeling using chemical reporters of protein fatty acylation and
other complementary approaches to analyze protein S-fatty acylation, including ABE, acyl-RAC, and acyl-
PEG exchange methods.

Keywords Bioorthogonal chemistry, Chemical reporters, Fatty acylation, N-Myristoylation,
S-Palmitoylation

1 Introduction

The covalent attachment of fatty acids to proteins provides an
important mechanism to alter the hydrophobicity of proteins and
regulate their membrane affinity and activity in all kingdoms of life
(Fig. 1) [1–3]. Protein fatty acylation can be divided into different
subclasses depending on the type of lipid modification and linkage
to protein side chains. In bacteria, fatty acids are primarily attached
to the N-terminus of canonical lipoproteins through N-acyl S-
diacylglyceryl group [4] but can also be directly attached to lysine
(Lys) or cysteine (Cys) side chains [4, 5]. Plants and eukaryotes
have different forms of fatty-acylated proteins that can be divided
into N-myristoylation, S-palmitoylation, O-fatty acylation, and Lys
fatty acylation (Fig. 1). Protein S-fatty acylation is reversible and
can act like a switch to regulate protein activity, association with
specific membrane domains, and other proteins as well as con-
trolled interplay with other posttranslational modifications
(Fig. 2). Due to the importance of protein fatty acylation in
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regulating protein function in many different biological processes,
there has been significant interest in sensitive detection and enrich-
ment methods. Unlike phosphorylation and other posttranslational
modifications, no robust antibodies specific to lipid-modified pep-
tides or proteins are readily available. Bioinformatic predictions of
fatty acylation are also limited since some lipid modifications,
S-fatty acylation in particular, do not have clear consensus motifs
(Table 1). Historically, the analysis of protein fatty acylation relied
on radioactive lipid labeling [15, 16]. However, this classical
method is cumbersome, potentially hazardous, and has relatively
low sensitivity that often requires long exposure times, from days to
weeks. More sensitive detection methods for protein fatty acylation
have been recently developed and described in this chapter.

1.1 Lipid Chemical

Reporters for

Bioorthogonal

Detection

Bioorthogonal chemistry developed in the recent years has permit-
ted improved detection and large-scale analysis of many different
protein and nucleic acid modifications [1, 17]. The two-step strat-
egy involves metabolic labeling with chemical reporters and then
detection using bioorthogonal chemistry with secondary reagents
such as fluorophores or affinity tags (Fig. 3) [18–20]. The advan-
tages of separating incorporation and detection are that (1) steri-
cally demanding fluorophores or affinity tags would not interfere
with enzymatic incorporation and (2) bioorthogonal reaction with
appropriately functionalized fluorophores or biotin probes provides
more sensitive and immediate detection compared to radioactive
methods. The azide or alkyne chemical reporters are typically
designed to mimic natural metabolites (i.e., lipids) to facilitate
recognition by enzymes in vitro and in cells (Table 2). For example,
alk-12 efficiently labels N-myristoylated and S-fatty-acylated pro-
teins [20], whereas longer-chain fatty acid reporters such as alk-16
preferentially label S-fatty-acylated proteins [20, 29, 30] and can be

Fig. 1 Different types of fatty-acylated proteins. (a) S-Palmitoylation. (b) N-Myristoylation. (c) Palmitoylation on
Ser or Thr. (d) Lys myristoylation
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used to monitor dynamic S-fatty acylation by pulse-chase analysis
[30, 31]. In vitro labeling can also be done using fatty acyl-CoA
reporter analogs. Although both azide and alkyne reporters have
been used in the past, alkyne chemical reporters and azide reagents
provide less nonspecific labeling and better signal to noise with Cu
(I)-catalyzed azide-alkyne cycloaddition (CuAAC) (Fig. 4) [32]. In
addition to N-myristoylation and S-palmitoylation, alkyne fatty
acid reporters can be used to monitor Lys fatty acylation [33].
Beyond fluorescence detection, chemical reporter-labeled proteins
can be functionalized with affinity tags for the identification and
quantitative proteomic analysis of fatty-acylated proteins (Fig. 3).

Fig. 2 Function of protein fatty acylation. Protein fatty-acylation regulates the interaction of the modified
proteins with cellular membrane. The presence or absence of fatty-acylation also regulates protein stability,
degradation and complex formation. Specific fatty-acylation might determine the cellular microdomain
targeting and cellular vesicle shuttle
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These reagents and methods have significantly improved the detec-
tion of different forms of protein fatty acylation and enabled the
discovery of novel fatty-acylated proteins, which are highlighted
with a few examples below.

1.2 Selective

Chemical Labeling

Methods for Protein

S-Fatty Acylation

Complementary chemical labeling methods have been developed
for analyzing protein S-fatty acylation (Fig. 1a). Unlike N-/O-
acylation, thioester linkage is sensitive to nucleophilic reagents
that can be exploited for detection and enrichment. Drisdel and
Green originally developed acyl-biotin exchange (ABE) chemistry
to take advantage of the free thiol that is liberated by hydroxylamine
(NH2OH) to be labeled with a Cys-reactive reagent [34]. In the

Table 1
List of fatty acylation prediction sites

Myristoylation predictor http://mendel.imp.ac.at/myristate/ [6]
http://web.expasy.org/myristoylator/ [7]
http://plantsp.genomics.purdue.edu/myrist.html [8]

Palmitoylation predictor http://doc.aporc.org/wiki/CKSAAP-Palm [9]
http://csspalm.biocuckoo.org/ [10]
http://nbapalm.biocuckoo.org/ [11]
http://14.139.227.92/mkumar/palmpred/ [12]
http://bioinfo.ncu.edu.cn/WAP-Palm.aspx [13]

Prenylation site predictor http://mendel.imp.ac.at/sat/PrePS/ [14]

Fig. 3 Detection of protein fatty acylation using chemical reporters. Alkyne-bearing chemical reporters are fed
to the cells. After uptake and metabolic incorporated into proteins, cells are lysed and subjected to subsequent
CuAAC ligation with either fluorophore for imaging or biotin for proteomics study
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first step, cell extracts are treated with N-ethylmaleimide (NEM) to
block free Cys residues. One-half of the sample is then treated with
NH2OH to remove fatty acids fromCys residues, whereas the other
half is the control sample. Reactive biotin reagents like HPDP-
Biotin (N-[6-(Biotinamido)hexyl]-30-(20-pyridyldithio)propiona-
mide) can then be used to label newly liberated Cys residues.
Biotinylated proteins are then captured on a streptavidin column
and eluted. Eluted proteins can be either visualized by sodium
dodecyl sulfate (SDS)-PAGE or analyzed by proteomics (Fig. 4a).
An S-palmitoylated protein should be present in the NH2OH-
treated sample but absent from the control sample.

ABE is readily adapted to immunoblotting techniques and is
also adaptable to mass spectrometric-based identification of indi-
vidual S-acylated proteins [35–37]. However, the detection of
biotinylated proteins requires repeated protein precipitations,
SDS neutralization, and streptavidin pulldown. An alternative to
ABE that uses the detection of S-acylated proteins via acyl-
resin-assisted capture (acyl-RAC) instead of biotinylation was
proposed [38–40]. Specifically, acyl-RAC method was initially
described as a methodology to identify S-nitrosylation sites in

Table 2
List of chemical reporters for fatty acylation

Acylation Reporter chemical structure References

S-Palmitoylation , alk-16 or ODYA [21, 22]

, HDYOA [23]

, alk-14 [20, 22]

, az-15 [20, 24]

, az-14-CoA [25]

N-Myristoylation , alk-11 [22]

, alk-12 [20, 22, 26]

, alk-12-CoA [26]

, az-11 [26]

, az-12 [20, 24, 27]

, az-11-CoA [26, 28]
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proteins and later developed to be applied on S-fatty acylation.
Coupled with mass spectrometry proteomics, acyl-RAC can be
also used to enrich and identify S-acylproteome (Fig. 4b). Com-
pared with ABE, which involves multiple steps of precipitation and
resolubilization of samples, acyl-RAC method uses Thiopropyl
Sepharose to eliminate the biotin enrichment steps so the purifica-
tion scheme is relatively simplified [41]. This method can also be
generalized to study other cysteine-based reversible modifications,
including disulfide formation, S-nitrosylation (SNO), and
S-glutathionylation (SSG), by various reducing reagents such as
ascorbate, glutaredoxin, and DTT or NH2OH, respectively [42].
Acyl-RAC has been used to detect S-fatty acylation of overex-
pressed and endogenous H-Ras in mammalian cell system in an
NH2OH-dependent manner. Double mutants, C181 and 184S,
which are not S-acylated, were not detected, which further validate
the specificity of acyl-RAC method [39]. Coupled with mass spec-
trometry and isobaric labeling method, acyl-RAC was able to iden-
tify new S-acylated substrates, such as the β-subunit of the protein
translocating system (Sec61b), ribosomal protein S11 (Rps11), and
microsomal glutathione S-transferase 3 (MGST3) [39].

Fig. 4 Methods for analysis of fatty-acylated proteins. (a) Acyl-biotin exchange (ABE). (b) Acyl-RAC. (c) Acyl-
PEG exchange (APE)
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To evaluate endogenous levels of S-fatty acylation, our labora-
tory developed a mass-shift labeling method that exploits the
NH2OH sensitivity of thioesters and selective reactivity of Cys
residues for site-specific alkylation with maleimide-functionalized
polyethylene glycol reagents, termed acyl-PEG exchange (APE)
(Fig. 4c) [43], which is similar to acyl-PEG switch method [44].
APE induces a mass shift on S-acylated proteins that can be readily
monitored by Western blot analysis of target proteins and circum-
vents the need for metabolic labeling or affinity enrichment of
proteins. More importantly, acyl-PEG exchange method reveals
the ratio of unmodified versus S-fatty-acylated proteins or multiple
sites of S-fatty acylation, which is critical for understanding how
quantitative differences in S-fatty acylation level control protein
function and associated cellular phenotypes. APE provides a sensi-
tive and readily accessible method of evaluating endogenous S-fatty
acylation levels and should facilitate the quantitative analysis of this
dynamic lipid modification in diverse cell types and tissues [43].

Compared to the chemical reporter method, S-acylation-
specific labeling methods do not require metabolic labeling so
they can be used to analyze S-acylated proteins in cell lysates,
tissues, and biofluids [41]. ABE has been used to analyze global
protein palmitoylation in the yeast, which identified 35 new
S-palmitoyl proteins including many soluble N-ethylmaleimide-
sensitive factor attachment protein receptor (SNARE) proteins
and amino acid permeases as well as other participants in cellular
signaling and membrane trafficking pathway [35]. Nonetheless, it
should be noted that other non-fatty-acylated proteins can be
modified with thioesters (i.e., E2 and E3 ubiquitin-conjugating
enzymes) and also be labeled. These methods and chemical
reporter labeling are thus complementary and are best used
together to fully validate protein S-fatty acylation.

1.3 S-Fatty Acylation Protein S-fatty acylation is the posttranslational modification of
long-chain fatty acids onto Cys residues through a thioester linkage
[45] (Fig. 1a). This form of fatty acylation is frequently referred to
as S-palmitoylation, since 16-carbon palmitic acid is the predomi-
nant fatty acid. However, other long-chain and unsaturated fatty
acids have also been observed [46]. Historically, radioactive label-
ing using [3H]palmitate had been the major method to study
palmitoylation. G-protein-coupled receptors (GPCRs) [47], Gα
subunits [48], Src family kinases [49], Ras proteins [50], and
soluble N-ethylmaleimide-sensitive factor attachment protein
receptor (SNARE) [51] are among the list of proteins that were
identified using this approach. Protein S-fatty acylation is a revers-
ible process, a key property that distinguishes it from other lipid
modifications. Pulse-chase experiments on N-Ras with [3H]palmi-
tate highlighted the reversibility of S-fatty acylation (half-life
~20 min) [52], which is 10–20 times faster than turnover of the
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protein [53, 54]. However, marked differences can exist in the
turnover rates of different S-fatty acylation sites in the same protein
[55]. Indeed, rates of palmitate turnover at individual Cys
residues can be dramatically different. For example, although
S-palmitoylation at the proximal site of the β-adrenergic receptor
is remarkably stable, S-palmitoylation at the distal site is rapidly
turned over [55]. Major functions of protein S-fatty acylation
include targeting proteins to discrete intracellular membrane com-
partments, control of protein stability, and modulation of protein-
protein interactions [45]. Furthermore, the reversibility of S-fatty
acylation offers spatial and temporal control of protein function,
which regulates stable association and release of peripheral mem-
brane proteins from ordered lipid bilayers (Fig. 2).

While protein S-palmitoylation was first documented more
than 30 years ago [56], the enzymes responsible for this
modification took over 20 years to identify [57, 58]. S-Fatty
acylation is enzymatically mediated by a family of zinc finger
DHHC (zDHHC) motif-containing protein acyltransferases
(DHHC-PATs) that catalyze S-palmitoylation. There are seven
DHHC-PATs in budding yeast [59], five in fission yeast [60], and
more than 20 DHHC-PATs in mammalian species, all of which are
multi-pass transmembrane proteins. Early work on DHHC-PAT
enzymatic activity toward postsynaptic density protein of 95 kDa
(PSD-95) showed that DHHC-PATs 2, 3, 7, and 15 were the most
active [61]. The analysis Schizosaccharomyces pombe DHHC-PATs
showed that regulated expression of the Erf2/4 DHHC-PAT com-
plex enhanced meiotic entry of fission yeast, which was primarily
mediated through site-specific S-palmitoylation of small GTPase
Rho3 [60]. More recent genetic studies have implicated DHHC-
PATs in different aspects of mammalian physiology and diseases
including neurological disorders and cancer [62]. Notably, recent
enrichment and mass spectrometry-based proteomics approaches
have significantly expanded the scope and potential functions of
dynamic protein S-fatty acylation [41, 63].

1.4 N-Myristoylation Protein N-myristoylation describes the covalent modification of
N-terminal glycine (Gly) residues with a 14-carbon fatty acid (myr-
istic acid) [64] (Fig. 1b). N-Myristoylation is mediated by
N-myristoyltransferase (NMT), 50–60 kDa monomeric enzyme
that catalyzes the transfer of myristate from myristoyl-CoA to
suitable peptides and proteins. The structure of the yeast Saccharo-
myces cerevisiae NMT1p was solved as a ternary complex and
revealed how myristoyl-CoA and peptide substrates bind to the
enzyme [65]. N-Myristoylation is necessarily preceded by proteol-
ysis to reveal an N-terminal glycine, the only completely conserved
motif across all known NMT substrates. N-Myristoylation typically
targets to proteins to membranes that are further regulated by
additional binding motifs, such as polybasic regions, represented
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by the myristoylated Ala-rich C-kinase substrate (MARCKS) pro-
tein [66]. Alternatively, X-ray crystal structures of c-Abl 1b isoform
show that the N-terminal myristoyl modification can be buried
in hydrophobic pocket and induce an autoinhibited conforma-
tion [67]. These studies underscore the critical role that
N-myristoylation plays not only in proper localization of proteins
but also regulating their activity. N-Myristoylation can also occur
posttranslationally during apoptosis, when cell death-induced pro-
teolysis reveals N-terminal glycine residues for NMT modification
[68].

Recent chemical proteomics approaches have identified many
N-myristoylated proteins during normal cellular growth and apo-
ptosis [27, 69], which significantly expands the scope of proteins
with diverse functions that undergo cotranslational or posttransla-
tional N-myristoylation, such as c-Abl [67], c-Src [70], Bid [71],
PAK2 [72], and gelsolin [73], to name a few. Although usually
non-eukaryotic species lack NMT that is required for this modifi-
cation, there are instances of pathogen-host interaction around N-
myristoylation. Indeed, since first discovered in the early 1980s,
many viral proteins have been found to be myristoylated by NMTs
of their eukaryotic hosts [6]. N-Myristoylation of viral proteins has
roles in assembly, structure, budding, viral entry, and intracellular
host interactions. Furthermore, bacteria effectors injected into host
cells through type III secretion system (TTSS) can also be myris-
toylated [74]. A recent study found that Shigella flexneri virulence
factor invasion plasmid antigen J (IpaJ) cleaves N-myristoylated
glycines of eukaryotic proteins as a pathogenic mechanism in host
cells [75, 76]. Specifically, mass spectrometry showed that IpaJ
cleaved the peptide bond between N-myristoylated Gly2 and
Asn3 of human ARF1, thereby providing a new mechanism for
host secretory inhibition by a bacterial pathogen [75, 76]. These
approaches should help uncover potential roles of N-myristoylation
in host-pathogen interactions, cancer, and neurodegenerative
disease.

1.5 O-Fatty Acylation Protein O-acylation is a less common form of fatty acylation at
serine or threonine residues. A notable example of O-acylation is
O-palmitoleoylation on Wnt proteins (Fig. 1c). Wnts are secreted
signaling molecules that are covalently modified with palmitoleic
acid (16:1) at a serine residue [77, 78]. Other O-acylated proteins
include ghrelin [79, 80], PLTX-II [81], and histone H4 protein
[82]. Serine-3 of ghrelin is acylated with an eight-carbon fatty acid,
octanoate, which is required for its endocrine actions. Notably, Wnt
has been studied extensively because first of all, Wnt protein family
is one of the largest secreted protein families that are responsible for
extracellular signaling in virtually all animal development stages and
secondly posttranslational fatty acylation is essential for its activity.
Interestingly, mass spectrometry studies and recent bioorthogonal
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fatty acid labeling on Wnt3a have shown that Ser209 is O-
palmitoleoylated rather than Cys77 [77, 78]. The enzyme that is
responsible for the modification is called porcupine, a member of
membrane-bound O-acyl transferase (MBOAT). Chemical
reporter methods also demonstrated that porcupine is
S-palmitoylated, which negatively regulates Wnt signaling [83].

1.6 ε-N-Lys
Acylation

Fatty acylation on Lys side chain via formation of an amide bond is
another potentially regulated lipid modification (Fig. 1d). Tumor
necrosis factor alpha (TNF-α) precursor and interleukin-1-α were
shown to undergo myristoylation on specific inner lysine residues
[84, 85]. ε-N-Lys acylation has been long thought to be non-
hydrolyzable due to the irreversible nature of amide bond linkage,
but the recent discovery of SIRT6, a sirtuin family NAD+-depen-
dent protein deacetylase that can also remove long-chain fatty acids
on Lys side chains, reignites interests on dynamics regulation of
fatty N-acylation. SIRT6 promotes the secretion of TNF-α by
removing the fatty acyl modification on K19 and K20 of TNF-α
[33]. Subsequently, in vitro studies of all sirtuins to hydrolyze 13
different acyl groups have revealed the specificity of sirtuin enzymes
for deacylating Lys modified with a broad range of fatty acids [86,
87]. Interestingly, free fatty acids (FFAs) could stimulate deacetyla-
tion activity of SIRT6 toward long-chain acylated peptides. Crystal
structure of SIRT6 reveals that, different from the other four
members of mammalian sirtuin family, there is a large hydrophobic
pocket that can accommodate long-chain fatty acyl groups rather
than shorter acetyl groups. The new findings of protein deacylation
enzyme activity provide a road map to uncover the biological
functions of protein ε-N-Lys fatty acylation modifications with
previously unknown functions.

2 Materials

HeLa cells, HEK293T cells, or other cultured cells of interest were
obtained from ATCC.

DMEM (Thermo Fisher). FBS and 2% charcoal-stripped fetal
bovine serum (GE Healthcare Life Sciences, cat. 12676029)

50 mM alkyne fatty acid chemical reporter stock in DMSO alk-16
(Sigma-Aldrich, cat. O8382, and also see Charron et al. [20])

Brij97 (Sigma-Aldrich, cat. P6136). Triton X-100 (Sigma-Aldrich,
cat. X100)

RIPA buffer (Thermo Fisher, cat. 89900)

N-Ethylmaleimide, NEM (Sigma-Aldrich, cat. 04259)

Hydroxylamine, HA (Sigma-Aldrich, cat. 159417)

HPDP-Biotin (Thermo Fisher, cat. 21341)
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Streptavidin Agarose (SA-agarose, Thermo Fisher, cat. 20349)

Methyl methanethiosulfonate (MMTS, Thermo Fisher, cat.
23011)

Thiopropyl Sepharose (GE Healthcare Life Sciences, cat. 17-0420-
01)

DTT (Thermo Fisher, cat. R0861)

Protease inhibitor cocktail (Roche, cat. 11697498001)

PMSF (Sigma-Aldrich, cat. P7626)

EDTA (Sigma-Aldrich, cat. EDS)

Benzonase (Sigma-Aldrich, cat. E1014)

BCA assay (Thermo Fisher, cat. 23227)

Neutralized tris(2-carboxyethyl)phosphine (TCEP, Thermo Fisher,
cat. 77720)

Methoxy polyethylene glycol-maleimide (mPEG-Mal, 5 or 10 kDa,
Sigma-Aldrich, 63187/712469)

Anti-calnexin (1:2000 ab22595, Abcam)

Anti-Pan Ras (1:500, Ras10, Millipore)

Anti-mouse IFITM3 (1:1000, ab15592, Abcam)

Anti-FLAG (1:1000, F1804, Sigma-Aldrich)

Anti-HA (1:1000, ab9134, Abcam)

HRP-conjugated anti-HA (3F10, Roche)

HRP-conjugated goat anti-rabbit (DC03L, Calbiochem)

HRP-conjugated goat anti-mouse (ab97023, Abcam)

3 Methods

3.1 Metabolic

Labeling of Chemical

Reporters of Protein

Fatty Acylation in

Living Cells

HeLa and HEK293T cells were cultured in DMEM (Thermo
Fisher) and supplemented with 10% fetal bovine serum (FBS).
Cells are maintained in a humidified 37�C incubator with 5%
CO2. Trypan blue exclusion was used to determine cell viability.
Cells are treated with alk-16 (Sigma-Aldrich. cat. O8382, and also
see Charron et al. [20]) at concentrations from 20 to 100 μm (final
concentration) or DMSO control in 2% charcoal-stripped fetal
bovine serum (GE Healthcare Life Sciences, cat. 12676029).
Charcoal-stripped fetal bovine serum removes lipids in serum,
minimizing uptake competition of natural lipids with chemical
reporters. Cells are then incubated with chemical reporters for
1–3 h at 37�C depending on how fast protein S-acylation turn-
overs. So this should be titrated for each protein of interest. Harvest
the cells by scraping them into suspension and centrifuging 3min at
1,000� g, 4�C.
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3.1.1 Fluorescent

Profiling of Fatty-Acylated

Proteomes in Whole Cell

Lysates

Chemical reporter-labeled cells (e.g., �1 � 106 HeLa cells) are
lysed by adding 50 μl of 4% SDS buffer with EDTA-free protease
inhibitors and 1 μl (250 U) of Benzonase to the cell pellet. After
quantifying the protein concentration by a standard BCA assay,
aliquots of equal amounts of protein (�50 μg) of each sample are
dispensed into 1.5 ml microcentrifuge tubes, and bring the
volumes to 44.5 μl with 4% SDS buffer plus EDTA-free protease
inhibitors. 5.5 μl of the click chemistry master mix (Table 3) is
added to each protein sample for a final volume of 50 μl, and
vortexed to mix. Click chemistry master mix should be prepared
fresh each time, and CuSO4�5H2O solids should be used to prepare
mix each time to avoid loss of reactivity during solution storage
(oxidation of Cu(I)). After mixing, samples are incubated for 1 h at
room temperature, and a chloroform/methanol (CM) precipita-
tion is performed to remove residual dye and excessive compounds.
After redissolving protein pellet into 4% SDS buffer, 4� loading
buffer (Thermo Fisher, cat. 84788) and β-ME (or DTT) are added
for SDS-PAGE analysis.

3.1.2 Fluorescent

Visualization of Fatty

Acylation of Protein

of Interest

To analyze fatty acylation of the protein of interest, proteins labeled
with chemical reporters are immunoprecipitated prior to click
chemistry ligation with azido-rhodamine and SDS-PAGE. Similar
to the previous method about global metabolic labeling, metaboli-
cally labeled cells are lysed in 1% Brij97 (Sigma-Aldrich, cat. P6136)
buffer with EDTA-free protease inhibitors. Centrifuge 5 min at
1,000� g, 4�C, to remove cellular debris. Note that protease
inhibitors containing EDTA are not compatible with click chemis-
try. Quantify protein concentration using BCA assay, and dispense
500 μg of protein for each sample into 1.5 ml microcentrifuge
tubes. After bringing the volumes to 100 μl with 1% Brij97 buffer
with EDTA-free protease inhibitors, protein samples are incubated
with antibody-conjugated agarose beads, followed by washing
three times with lysis buffer. Resuspend beads with 22.25 μl of
lysis buffer, and add 2.75 μl of the click chemistry reagent master

Table 3
Click chemistry master mix recipe

Name Concentration Volume

Azido-/alkynyl-rhodamine 5 mM 1 μl

TCEPa 50 mM 1 μl

TBTAb in 1:4 (v/v) DMSO/butanol 2 mM 2.5 μl

CuSO4 50 mM 1 μl
aTris(2-carboxyethyl)phosphine hydrochloride (TCEP)
bTris[(1-benzyl-1H-1,2,3-triazol-4-yl)methyl] amine (TBTA)
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mix (Table 3) to each sample. After incubation for 1 h, beads are
washed three times with RIPA buffer (Thermo Fisher, cat. 89900).
1 � loading buffer with 2-ME or tris(2-carboxyethyl)phosphine
(TCEP) is added to the beads, and boil on 95�C heat block for
5 min.

3.1.3 Chloroform/

Methanol Protein

Precipitation

For chloroform/methanol protein precipitation step, 200 μl meth-
anol, 75 μl chloroform, and 150 μl water are added in each 50 μl
sample tube followed by vortexing and centrifuging for 15 min at
20,000� g at 4�C. Reagents should be ice-cold in this step. Upper
aqueous phase is then discarded, leaving the lower organic phase
and the white layer of protein between the two layers. The lower
organic layer contains the pink-colored rhodamine. 1 ml of ice-cold
methanol is added to each sample, and the mixture is centrifuged
for 10min at 20,000� g, 4�C. Protein pellet will sink to the bottom
of the tube. Carefully remove all of the liquid by pipetting, leaving
the white protein pellet at the bottom. Pay attention not to disturb
the pellet. Protein pellet is then washed three times by adding 1 ml
of ice-cold methanol and inverting the tube followed by centrifu-
ging for 10 min at 20,000� g, 4�C. Methanol is then removed
carefully by pipetting, leaving behind the protein pellet. The tube is
left open for 20 min at room temperature to evaporate methanol.
50 μl of 4% SDS buffer with EDTA-free protease inhibitors is added
to redissolve the protein pellets.

3.2 Acyl-Biotin

Exchange Method for

S-Fatty Acylation

Detection and

Enrichment

Mammalian cells are growing in suitable media and dishes. Cells are
harvested after they reach certain confluency, and then Triton
X-100 (Sigma-Aldrich, cat. X100) is added to 1.7% for detergent
solubilization. Incubate with end-over-end rotation at 4�C for 1 h.
Remove particulates and unbroken cells by low-speed centrifugation
(250� g, 4�C, 5 min). Chloroform/methanol (CM) precipitation is
performed using the method above. To each protein pellet, add
300 ml 4% SDS buffer with 10 mM NEM (Sigma-Aldrich, cat.
04259). Themixture is incubated for 10min at 37�Cwith occasional
agitation of the tube to dissolve pellet. The protein denaturation
accompanying this step facilitates access of NEM to Cys that are
buried within the folded protein interior. 900 ml of lysis buffer with
1 mMNEM, 1 � protease inhibitor, 1 mM PMSF, and 0.2% Triton
X-100 is added to each tube. The resulting solution is transferred to
1.5 ml screw cap centrifuge tubes and incubated on rocker overnight
at 4�C with gentle rocking. NEM is removed from samples by three
sequential CM precipitations. After the third and final CM precipita-
tion, protein pellet is dissolved in 250 ml 4% SDS buffer at 37�C for
10 min. Samples are diluted fivefold with the addition of 960 ml
of the hydroxylamine (Sigma-Aldrich, cat. 159417) containing
buffer followed by incubation at room temperature for 1 h with
end-over-end rotation. CM precipitation is performed, and each
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resulting protein pellet is dissolved in 240 μl 4% SDS buffer with
addition of 960 μl HPDP-Biotin (Thermo Fisher, cat. 21341) for
room temperature incubation for 1 h. Then three CM precipitations
are performed to remove unreacted HPDP-Biotin before loading to
Streptavidin Agarose (SA-agarose, Thermo Fisher, cat. 20349) affin-
ity incubate at room temperature for 30 min (dilute SDS to 0.1%
before adding samples to Streptavidin Agarose). Supernatant is cen-
trifuged and transferred to new tubes containing Streptavidin Aga-
rose for end-over-end rotation incubation for 90 min. Elute bound
proteins through reduction of the protein-biotin disulfide linkage or
on-beads digestion for proteomics study.

3.3 Acyl-RAC Method

for S-Fatty Acylation

Detection and

Enrichment

Free cysteines can be blocked by either NEM similar to ABE
method or methyl methanethiosulfonate (MMTS, Thermo Fisher,
cat. 23011). Take MMTS blocking reagent as an example; crude
protein lysates obtained from cell lysis were purified to get rid of cell
debris and quantified with BCA assay using BSA as the standard.
Equal amounts of protein are diluted to a concentration of 2 mg/
ml in blocking buffer (100 mM HEPES, 1.0 mM EDTA, 2.5%
SDS, 0.1% MMTS, pH 7.5) and incubated at 40�C for 10 min with
frequent vortexing. Proteins were precipitated using chloroform/
methanol or cold acetone precipitation. Following centrifugation
of the solution at 5,000� g for 10 min, the pellet is extensively
washed with 70% acetone, resuspended in 300 μl of binding buffer
(100 mMHEPES, 1.0 mMEDTA, 1% SDS, pH 7.5), and added to
40 μl of prewashed Thiopropyl Sepharose (GE Healthcare Life
Sciences, cat. 17-0420-01). To this, mixture is added 40 μl of either
2 MNH2OH (freshly prepared in water fromHCl salt and brought
to pH 7.5 with concentrated NaOH) or 2 M NaCl. Binding reac-
tions are carried out on a rocker at room temperature for 2–4 h.
Resins are washed several times before elution with buffer contain-
ing 50 mMDTT (Thermo Fisher, cat. R0861) for immunoblotting
and proteomics study.

3.4 Acyl-PEG

Exchange Method for

S-Fatty Acylation

Detection

Cell samples are lysed with 4% sodium dodecyl sulfate (SDS, Fisher)
in triethanolamine (TEA) buffer (pH 7.3, 50 mM triethanolamine,
150 mM NaCl) containing 1� protease inhibitor cocktail (Roche,
cat. 11697498001), 5 mM PMSF (Sigma-Aldrich, cat. P7626),
5 mM EDTA (Sigma-Aldrich, cat. EDS), and 1,500 units/ml
Benzonase (Sigma-Aldrich, cat. E1014). The protein concentra-
tion of the cell lysate is then measured using a BCA assay (Thermo
Fisher, cat. 23227) and adjusted to 2 mg/ml with lysis buffer.
Typically, 200 μg of total protein in 92.5 μl of lysis buffer is treated
with 5 μl of 200 mM neutralized tris(2-carboxyethyl)phosphine
(TCEP, Thermo Fisher, cat. 77720) for a final concentration of
10mMTCEP for 30min with nutation. N-Ethylmaleimide (NEM,
Sigma-Aldrich, cat. 04259), 2.5 μl from freshly made 1 M stock in
ethanol, is added to a final concentration of 25 mM and incubated
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for 2 h at room temperature. Reductive alkylation of the proteins is
then terminated by chloroform/methanol precipitation. The reac-
tions are then mixed by inversion and centrifugation at 20,000� g
for 5 min at 4�C. To pellet the precipitated proteins, the aqueous
layer is removed, 1 ml of prechilled methanol is added, and the
Eppendorf tube is inverted several times and centrifuged at
20,000� g for 3 min at 4�C. The supernatant is then decanted,
and the protein pellet is washed once more with 800 μl of prechilled
methanol, centrifuged again, and dried using a speed vacuum. To
ensure complete removal of NEM from the protein pellets, the
samples are resuspended with 100 μl of TEA buffer containing 4%
SDS, warmed to 37�C for 10 min, briefly (~5 s) sonicated, and
subjected to two additional rounds of chloroform/methanol pre-
cipitations as described above.

For hydroxylamine (NH2OH) cleavage and methoxy polyeth-
ylene glycol-maleimide (mPEG-Mal) alkylation, the protein pellet
is resuspended in 30 μl TEA buffer containing 4% SDS and 4 mM
EDTA and treated with 90 μl of 1M neutralized NH2OH dissolved
in TEA buffer pH 7.3, containing 0.2% Triton X-100 to obtain a
final concentration of 0.75 M NH2OH. Note that in this step,
protease inhibitor cocktail or PMSF should be omitted, as these
reagents can interfere with the NH2OH reactivity. Control samples
not treated with NH2OH were diluted in 90 μl TEA buffer with
0.2% Triton X-100. Samples were incubated at room temperature
for 1 h with nutation. The samples were then subjected to chloro-
form/methanol precipitation as described above and resuspended
in 30 μl TEA buffer containing 4% SDS and 4 mM EDTA, warmed
to 37�C for 10 min, briefly (~5 s) sonicated, and treated with 90 μl
TEA buffer with 0.2% Triton X-100 and 1.33 mM methoxy poly-
ethylene glycol-maleimide (mPEG-Mal, 5 or 10 kDa, Sigma-
Aldrich, 63187/712469) for a final concentration of 1 mM
mPEG-Mal. Samples were incubated for 2 h at room temperature
with nutation before a final chloroform-methanol-H2O
precipitation. Dried protein pellets are resuspended in 50 μl 1 �
Laemmli buffer (Bio-Rad) and then heated for 5 min at 95�C.
Typically, 15 μl of the sample is loaded in 4–20% Criterion-TGX
Stain-Free polyacrylamide gels (Bio-Rad), separated by SDS-
PAGE, and analyzed by Western blot. For Western blots, primary
antibodies used were anti-calnexin (1:2000 ab22595, Abcam),
anti-Pan Ras (1:500, Ras10, Millipore), anti-mouse IFITM3
(1:1000, ab15592, Abcam) anti-FLAG (1:1000, F1804, Sigma-
Aldrich), anti-HA (1:1000, ab9134, Abcam), and HRP-
conjugated anti-HA (3F10, Roche). Secondary antibodies used
are HRP-conjugated goat anti-rabbit (DC03L, Calbiochem) and
HRP-conjugated goat anti-mouse (ab97023, Abcam). Protein
detection is performed with ECL detection reagent (GE Health-
care Life Sciences) on a Bio-Rad ChemiDoc MP Imaging System.
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Quantum Dot Toolbox in Membrane Neurotransmitter
Transporter Research

Lucas B. Thal, Danielle M. Bailey, Oleg Kovtun, and Sandra J. Rosenthal

Abstract

Quantum dot-based fluorescence techniques enable multi-scale molecular profiling ranging from real-time
single molecule dynamics to expression trends in million-cell populations. In comparison to currently
available probes, quantum dots are particularly well suited for such studies by virtue of their unique
photophysical properties. We discuss in this chapter methodological components of what makes up the
“Quantum Dot Toolbox” in neurotransmitter transporter studies along with specific work our group has
published. First, we describe ensemble analysis of subcellular transporter localization and provide visualiza-
tion of transporter residence in distinct cellular surface features. Second, we provide discussion on high
content analysis of changes in transporter surface levels and give insight into the advantages of using
quantum dot probes in flow cytometry. Third, we review the fundamental principles of subdiffraction-limit
fluorescence microscopy and single molecule analysis of transporter surface dynamics. Included in this
chapter are three protocols with experimental considerations specific to each technical section.

Keywords: Flow cytometry, Neurotransmitter transporters, Quantum dot-based fluorescence, Quan-
tum dots, Subcellular transporter localization

1 Introduction

Quantum dots (QDs) are semiconductor nanocrystals typically
ranging from 4 to 10 nm in diameter. Owing to their inorganic
nature, QDs exhibit unique photophysical properties controlled by
shape, size, and composition (e.g. broad absorption spectra, high
extinction coefficients, high quantum yield, narrow Gaussian emis-
sion spectra, photochemically stable). Nearly two decades ago,
QDs were introduced as a new class of fluorescent probes for
biological imaging [1, 2]. In contrast to organic dyes and fluores-
cent proteins, QDs undergo minimal photodegradation under
continuous excitation and are easily resolved at video imaging
rates. Consequently, QD probes have been particularly useful in
the field of molecular neuroscience, where tracking of QD-labeled
transmembrane neuronal receptors has shed light on the molecular
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mechanisms underlying receptor trafficking regulation [3–6]. Our
group focuses on the family of sodium-coupled transmembrane
neurotransmitter transporters (NTTs), including serotonin trans-
porter (SERT) and dopamine transporter (DAT). To address the
lack of suitable antibodies against extracellular NTT epitopes, we
pioneered the use of ligand-conjugated QDs for labeling NTTs and
has expanded these constructs to high-resolution microscopy, flow
cytometry-based high content assays, and single QD tracking
(Fig. 1).

This chapter provides a set of detailed instructions and experi-
mental considerations to allow readers to successfully implement
our ligand-conjugated QD labeling approach in the study of NTTs
and other neuronal transmembrane proteins. Specifically, we dis-
cuss the use of laser-scanning confocal microscopy, flow cytometry,
and single particle tracking (SPT) to analyze localization, expres-
sion, and surface dynamics of NTTs, respectively.

Fig. 1 Quantum dot toolbox in NTT studies. We provide fluorescence detection methodology, achieved
sensitivity, and obtained molecular parameters for each tool box component
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2 Materials

1. No. 1.5 35-mm MatTek glass-bottom dishes (14 mm cover-
slip, MatTek Catalog # P35G-1.5-1.4-C)

2. Fluorobrite™ DMEM (ThermoFisher Catalog # A1896701)

3. 12 � 75 mm round bottom test tubes or 96-well round bot-
tom microtiter plates

4. Phosphate-buffered saline (PBS; ThermoFisher Catalog
#10010023)

5. Biotinylated NTT-specific ligand (1 mM stock in PBS)

6. Streptavidin-conjugated QDs (Sav-QDs; emission maximum at
655 nm; 1 μM stock; ThermoFisher Catalog #Q10123MP)

7. QD binding buffer (borate buffer supplemented with 215 mM
sucrose, 0.05% sodium azide, 1–5% bovine serum albumin
(BSA) and/or 1–2% fetal bovine serum (FBS))

8. Staining buffer (PBS supplemented with 1–2% FBS)

9. Adherent cells transiently expressing NTT of interest

10. Analysis software (Microsoft Excel, ImageJ, MATLAB,
FlowJo)

11. 24-well flat bottom culture plates

12. Optional: poly-D-lysine (working concentration of
0.01 mg/mL) to pre-coat 24-well culture plates when working
with weakly adherent cell lines

13. Cell Stripper™ non-enzymatic cell dissociation solution
(Corning Catalog #25-056-CI)

14. Optional: 0.25% Trypsin-EDTA (ThermoFisher Catalog
#25200056)

15. 2.0-mL microcentrifuge tubes

16. 5-Laser BD LSRII flow cytometer configured with 355, 405,
488, 535, and 633 nm excitation lines as well as 8 PMT
detectors

17. Carl Zeiss LSM 5 Live configured with a 63� 1.4NA oil-
immersion objective, solid-state laser diode (488 nm,
100 mW), and a linear array CCD

3 Subcellular Localization of QD-Bound Neurotransmitter Transporters

Ensemble fluorescence microscopy has emerged as an essential tool
in biological research. Specifically, QD probes provide the user a
spatial and visual guide for biomolecule accumulation and localiza-
tion at subcellular levels. Our labeling approach based on
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antagonist-conjugated QDs has allowed us to visualize NTT deliv-
ery and localization within morphologically distinct subcellular
compartments. Our group performed ensemble analysis utilizing
a unique serotonin transporter (SERT) antagonist, IDT318, to
demonstrate polarized expression of QD-serotonin transporter
(QD-SERT) in Xenopus laevis oocytes [7]. We used the same
ligand-QD system to show QD-SERT residing in ganglioside
GM1-rich plasma membrane microdomains of immortalized rat
serotoninergic RN46A neuron [8]. QD-based ensemble fluores-
cence microscopy has further enabled us to detect stimulated endo-
cytosis of NTTs by monitoring the time course of QD
internalization. By labeling dopamine transporters with
streptavidin-conjugated QDs in conjugation with a biotinylated
cocaine analog, IDT444, we detected internalization of QD-
dopamine transporter (QD-DAT) complexes upon protein kinase
C (PKC) activation [9].

We recommend using point scanning confocal microscope sys-
tems to generate high-resolution maps of NTT subcellular localiza-
tion (Fig. 2). We provide in this section a general labeling approach
for subcellular detection of NTTs in adherent cells (e.g., HeLa,
HEK293, N2A, CAD, SH-SY5Y) with antagonist-conjugated
QDs.

Fig. 2 Visualization of NTT subcellular localization using laser-scanning confocal microscopy. (a) QDs permit
the user to readily identify whether NTTs are targeted to morphologically distinct membrane compartments
(cell body, filopodia, lamellipodia). (b) QDs allow the user to observe and monitor the time course of NTT
intracellular accumulation
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3.1 Protocol 1. Culture NTT-expressing cells in a No. 1.5 glass-bottom 35-mm
MatTek dish. Optimal cell density for single-cell imaging is in
the 0.5–5 � 104 cells/cm2 range.

2. Prepare cells by aspirating complete growth medium and add
2 mL of 0.01–10 μMbiotinylated NTT-specific ligand diluted in
Fluorobrite™ DMEM. Alternatively, add a small aliquot of the
1 mM ligand stock solution directly to the complete growth
medium.

3. Incubate the coverslip for 10–30 min in the cell culture incuba-
tor at 5% CO2 and 37�C.

4. Aspirate biotinylated NTT-specific ligand solution and wash the
coverslip 3 times with pre-warmed Fluorobrite™ DMEM.

5. Promptly add a solution of 0.5–2.5 nM Sav-QDs in pre-warmed
Fluorobrite™ DMEM supplemented with 1–5% BSA and/or
1–2% FBS to the MatTek dish.

6. Incubate the MatTek dish for 5–10 min in the cell culture
incubator at 5% CO2 and 37�C.

7. Aspirate the QD solution and wash the MatTek dish 3–5 times
with pre-warmed Fluorobrite™ DMEM.

8. Replenish the MatTek dish with pre-warmed Fluorobrite™
DMEM to prepare for imaging.

9. Immediately mount the MatTek dish on a heated microscope
stage and acquire individual images using DIC and appropriate
fluorescence bandpass filters.

3.2 Experimental

Considerations

1. All QD labeling steps should be done with minimal exposure to
light.

2. Use a complete set of controls including unstained cells, NTT-
expressing cells labeled with Sav-QD only (-biotinylated NTT-
specific ligand), non-expressing cells labeled with biotinylated
ligand and QDs, and NTT-expressing cells pre-incubated with a
high-affinity inhibitor to block the transporter–ligand
interaction.

3. If the user is observing non-specific QD binding, decrease cell
debris on coverslip by keeping cells in viable media, temperature,
and atmosphere, increase percentage of BSA when incubating
QDs, treat with other passivation reagents (casein, newborn calf
serum, dehydrated fat-free milk) in addition to or replacing FBS,
and/or increase number of wash steps.

4. If the user is experiencing low signal-to-noise ratio, adjust pin-
hole size, gain, and amplitude, increase excitation intensity,
and/or adjust Sav-QD concentration in step 5 in the labeling
protocol.
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4 Flow Cytometric Detection of Quantum Dot-Labeled Neurotransmitter
Transporters in Single Cells

Flow cytometry has emerged as one of the premier analytical tools
that enables rapid multi-parameter molecular phenotyping and
functional profiling with a single-cell sensitivity. With recent
advances in hardware, reagent availability, and software, it is now
possible to routinely implement polychromatic (up to 17 spectrally
distinct fluorophores on a 5-Laser BD LSRII instrument) flow
cytometry analyses. QDs are particularly well suited for polychro-
matic applications of flow cytometry aimed at detection of surface
biomolecules due to broad absorption spectra and size tunable
narrow emission spectra. We have recently utilized antagonist-
conjugated QDs to monitor changes in DAT surface levels and
DAT-mediated antagonist binding in response to external stimuli
in HEK293 cells stably expressing transmembrane DAT molecules
[10]. This report was an experimental demonstration that flow
cytometric detection of QD-labeled cells represents an attractive
alternative to the current “gold standard” techniques in the field of
NTT research – radioligand uptake assay and Western blot – effec-
tively eliminating the need for radiolabeled isotopes and time-
consuming, expensive immunoblotting. In this section, we provide
detailed guidelines for detecting surface NTT molecules transiently
expressed in an adherent cell platform (e.g., HeLa, HEK293, N2A,
CAD, SH-SY5Y) with ligand-conjugated QDs and implementing
flow cytometric analysis of the resulting cell suspension.

4.1 Protocol 1. Allow NTT-expressing cells growing in a 24-well plate culture
plate to reach 80–90% confluency.

2. Prepare cells by aspirating complete growth medium and add
500 μL of a 0.01–10 μM biotinylated NTT-specific ligand
diluted in PBS.

3. Incubate the 24-well plate for 10–30 min in the cell culture
incubator at 5% CO2 and 37�C.

4. Carefully aspirate the ligand solution, dissociate the cells from
the plate bottom using Cell Stripper™ (use 0.25% Trypsin-
EDTA for lifting strongly adherent cells), and transfer the
resulting cell suspension to 2.0 mL microcentrifuge tubes.

5. Pellet the cells by centrifugation at 1,000–3,000 rpm for 5 min.

6. Discard supernatant by gentle aspiration and resuspend the
labeled cells in 500 μL of cold QD binding buffer containing
0.5–2.5 nM streptavidin-conjugated QDs. Incubate on ice for
5–10 min.
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7. Pellet the cell by centrifugation at 1,000–3,000 rpm for 5 min.
Discard supernatant by aspiration and wash the cells by resus-
pending in cold staining buffer followed by immediate centri-
fugation at 1,000–3,000 rpm for 5 min.

8. Repeat for a total of two washes, discarding supernatant
between washes.

9. Resuspend the pellet in 500 μL of cold staining buffer and
transfer samples to either round bottom test tubes or a 96-
well round bottom microtiter plate.

10. [OPTIONAL] Add a viability dye to each sample to exclude
dead cells from analysis.

11. Acquire data on a flow cytometer. A representative data set is
displayed in Fig. 3.

12. Use forward scatter (indicator of size) and side scatter (indica-
tor of surface roughness, granularity, and internal complexity)
pulse width, height, and area to discriminate single cells from
cell doublets and cell debris.

13. Collect 20,000–100,000 single-cell events for the gated
population.

4.2 Experimental

Considerations

1. Single-cell suspensions at a density of 106–107 cells/mL are
ideal.

2. All QD labeling steps should be done with minimal exposure to
light.

3. Always include a rigorous set of controls and use a negative
control to set voltages and gates. Recommended controls
include unstained cells, NTT-expressing cells labeled with QD
only, non-expressing cells labeled with biotinylated NTT-
specific ligand and QDs, and NTT-expressing cells pre-
incubated with a high-affinity inhibitor to block the transpor-
ter–ligand interaction.

4. Include BSA and/or FBS to block non-specific interactions of
QDs with the cell surface.

5. Determine the number of single-cell events that must be col-
lected to ensure that your sampling is statistically significant
(104–105 single viable cells per final scatter gate per sample is
usually sufficient).

6. For multicolor experiments, always include single-color controls
to determine fluorescence compensation settings to address the
spectral overlap of fluorophores used.
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5 Single Particle Tracking of Neurotransmitter Transporters

In contrast to ensemble approaches discussed in Sects. 3 and 4, SPT
permits real-time observation of NTTs in the plasmamembrane at a
subdiffraction-limited spatial resolution and imaging rates at
�10 Hz. As surface NTT trafficking appears to be an important

Fig. 3 Flow cytometric detection QD-labeled cells transiently expressing NTT of interest. Forward scatter (FSC)
and side scatter (SSC) pulse area, height, and width are used to discriminate single-cell events from cell
doublets and cell debris. The histogram of the gated population shows a fluorescence intensity distribution of
single cells. The characteristic bimodal pattern indicates the presence of a dim population (non-transfected
cells, hence low QD fluorescence intensity) and a bright fraction (transfected cells, higher QD fluorescence
intensity)
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post-translational regulatory mechanism, SPT analysis can provide
invaluable information about NTT lateral diffusion dynamics,
membrane compartmentalization, and dynamic interactions with
its binding partners. QDs are bright, robust point-like emitters
characterized by a narrow, well-defined point-spread function
(PSF) and therefore a probe choice in SPT studies (Fig. 4) [11].
QDs act as point emitters (Fig. 4) that can be modeled with the
point-spread function (PSF) for use in SPT. The point emitters
must be separated farther than the diffraction-limited regime and
thus must be in sufficiently low concentration. The centroid posi-
tions can then be localized with subpixel accuracy by fitting the
intensity distribution to a 2D Gaussian function:

I xy ¼ A0 þA � e
x�x0ð Þ2þ y�y0ð Þ2

w2

where Ixy is the pixel intensity, A is signal amplitude, A0 is local
background, x0 and y0 are the local maximum coordinates of the
Gaussian fit, and w is the width of the curve [12]. The accuracy of
the fit depends on the signal-to-noise ratio (SNR):

SNR ¼ I 0ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
σ2bg þ σ2I 0

q

where I0 is the signal intensity, σbg is the variance of the background
intensity, and σI is the variance of the signal intensity [12]. QDs
significantly increase the SNR compared to common organic fluor-
ophores, providing another advantage as single molecule imaging
probes. Once precise localization data (x, y) is determined, QD
positions in successive frames must be linked to construct trajec-
tories. We previously described in detail basic analysis using ImageJ
[12]. Once trajectories are constructed, net displacement and velo-
cities can be determined, as well as mean square displacement
(MSD) (Fig. 5):

Fig. 4 Typical video frame sequence of single QDs bound to NTT molecules. Bottom: Raw image sequence of
diffusing QDs. Top: Corresponding surface intensity plots used for QD localization
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MSD nΔtð Þ ¼ N � nð Þ�1
XN�n

i¼1

xiþn � xið Þ2 þ yiþn � yi
� �2h i

where nΔt is the time interval in which the MSD is calculated, N is
the total number of frames, and xi and yi are positions of the particle
over time. Our recent group efforts focused on visualizing and
analyzing NTT membrane dynamics using antagonist-conjugated
QDs. We first utilized a SERT antagonist, IDT318, to specifically
label individual SERT proteins within the membranes of serotoner-
gic RN46A cells. We observed two distinct populations, one that
freely diffused across the membrane and one that displayed
restricted mobility and was confined to membrane microdomains.
Upon SERT stimulation, individual proteins remained confined
within microdomains but displayed untethering from cytoskeletons
that allowed for increased mobility through a p38 MAPK pathway
[8]. Next we visualized the dynamics of wild-type and ADHD-
associated mutant (R615C) DAT using a high-affinity biotinylated
cocaine analog, IDT444, and streptavidin-conjugated QDs in liv-
ing transfected HEK293 cells. From QD trajectory analysis, the
R615C mutant showed increased lateral mobility in the membrane
compared to the wild-type protein and lacked response to choles-
terol depletion and amphetamine stimulation [13]. These findings
demonstrate, for the first time, how a disease-associated mutation
affects the surface dynamics of single DAT molecules, which opens
up possibilities for future studies linking disease states with individ-
ual molecular behavior. This protocol outlines QD labeling in
NTT-expressing adherent cell lines and provides a set of common
troubleshooting tips.

Fig. 5 Basic analysis of example trajectories shows plots of displacement from the starting position and MSD
for a confined (red) and freely diffusing (blue) particle
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5.1 Protocol 1. Culture NTT-expressing cells in glass-bottom dishes until they
are 50–60% confluent.

2. Prepare a solution of 0.01–0.1 nM Sav-QDs in warm
Fluorobrite™ DMEM media containing 2–5% BSA or 1–2%
dialyzed FBS. Vortex for 5 s to break up aggregates.

3. Add 0.1–0.5 nM biotinylated NTT-specific ligand directly to
culture media and incubate for 5 min.

4. Wash cells gently 3–5 times with phenol-red free DMEM or
Fluorobrite™ DMEM.

5. Add QD solution to cells and incubate at 37�C for 5 min.

6. Wash cells gently 3–5 times with warm Fluorobrite™ DMEM.

7. Place the dish on a heated (37�C) microscope stage and acquire
time-lapse images.

5.2 Experimental

Considerations

1. A frame rate of 10 frames per second or faster is recommended
using an appropriate filter for the type of QD. A 600/30 band-
pass filter is used for 605 QDs.

2. Image in a low-background buffer, like Fluorobrite™ DMEM,
to improve signal-to noise ratio.

3. Include a blocking reagent, such as BSA, dialyzed FBS, or casein,
to decrease non-specific labeling of QDs.

4. Avoid QD internalization by imaging immediately after labeling.

5. Decrease QD incubation time if QDs are internalizing.

6. Determine ligand specificity using controls (see Sect. 3.2 for
example control experiments).

References

1. Bruchez M, Moronne M, Gin P, Weiss S, Ali-
visatos AP (1998) Semiconductor nanocrystals
as fluorescent biological labels. Science
281:2013–2016

2. Chan WCW, Nie S (1998) Quantum dot bio-
conjugates for ultrasensitive nonisotopic detec-
tion. Science 281:2016–2018

3. Dahan M et al (2003) Diffusion dynamics of
glycine receptors revealed by single-quantum
dot tracking. Science 302:442–445

4. Bouzigues C, Morel M, Triller A, Dahan M
(2007) Asymmetric redistribution of GABA
receptors during GABA gradient sensing by
nerve growth cones analyzed by single quan-
tum dot imaging. Proc Natl Acad Sci
104:11251–11256

5. Rosenthal SJ, Chang JC, Kovtun O, McBride
JR, Tomlinson ID (2011) Biocompatible
quantum dots for biological applications.
Chem Biol 18:10–24

6. Frischknecht R et al (2009) Brain extracellular
matrix affects AMPA receptor lateral mobility
and short-term synaptic plasticity. Nat Neu-
rosci 12:897–904

7. Chang JC et al (2011) A fluorescence
displacement assay for antidepressant drug
discovery based on ligand-conjugated quan-
tum dots. J Am Chem Soc
133:17528–17531

8. Chang JC et al (2012) Single molecule analysis
of serotonin transporter regulation using
antagonist-conjugated quantum dots reveals
restricted, p38 MAPK-dependent mobilization
underlying uptake activation. J Neurosci
32:8919–8929

9. Kovtun O et al (2011) Visualization of the
cocaine-sensitive dopamine transporter with
ligand-conjugated quantum dots. ACS Chem
Nerosci 2:370–378

Quantum Dot Toolbox 229



10. Kovtun O, Ross EJ, Tomlinson ID, Rosenthal
SJ (2012) A flow cytometry-based dopamine
transporter binding assay using antagonist-
conjugated quantum dots. Chem Commun
48:5428–5430

11. Chang JC, Rosenthal SJ (2013) A bright light
to reveal mobility: single quantum dot tracking
reveals membrane dynamics and cellular
mechanisms. J Phys Chem Lett 4:2858–2866

12. Chang JC, Rosenthal SJ (2013) In:
Sandra Rosenthal J, David Wright W (eds)
NanoBiotechnology protocols. Humana
Press, New York, pp 71–84

13. Kovtun O et al (2015) Single-quantum-dot
tracking reveals altered membrane dynamics
of an attention-deficit/hyperactivity-disorder-
derived dopamine transporter coding variant.
ACS Chem Nerosci 6:526–534

230 Lucas B. Thal et al.



Generation of Synthetic Antibody Fragments to Detergent
Solubilized Membrane Proteins

Serdar Uysal and Anthony Kossiakoff

Abstract

Structural determination of membrane proteins is extremely challenging due to the physical characteristics
of membrane proteins themselves and the lack of adequate tools and technologies to perform the studies.
Recent developments in micro-focus X-ray beams, novel detergents, protein thermo-stabilization, and
protein engineering have been essential in expanding the pool of membrane proteins deposited in PDB.
Despite these advances, crystallization of membrane proteins still remains the main bottleneck in obtaining
high quality structures. Recently, the use of antibody and non-antibody scaffold binding partners as
crystallization “chaperones” has emerged as a powerful method to obtaining well-diffracting crystals of
membrane proteins. In this chapter, a protocol is provided to generate synthetic antibody fragments for use
as crystallization chaperones for membrane proteins.

Keywords: Crystallization chaperones, Phage display, Synthetic antibodies

1 Introduction

Membrane proteins (MPs) represent one-third of the proteins
found in eukaryotic genomes [1]. Their functions are governed
by myriad types of stimuli including tension, light, and voltage
[2–4]. In order to couple these diverse stimuli to function, mem-
brane proteins have evolved to utilize dynamic transitions between
different energy states, which are manifested in programmed con-
formational movements. The challenge for studying these confor-
mational intermediates by crystallography is that many are transient
in nature making these molecules highly dynamic and extremely
sensitive to local environment.

MPs reside in cellular membranes and their native environment
is comprised of diverse lipids providing necessary chemical compo-
sition for folding, stability, and function. However, to conduct any
structural study, they need to be extracted from membrane and
their unique amphipathic nature requires the use of detergents. It is
appreciated that detergents can disrupt membrane protein lipid
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interaction and cover hydrophobic surface of MP thus creating a
protein detergent complex (PDC) [5]. Even though PDC is water
soluble and further used for crystallization, in most cases, it is far
from being an ideal medium for structural studies. Once the MP is
extracted from lipid bilayer as a PDC, the lateral pressure applied by
membrane is dissipated, increasing the already existing flexibility of
MP. Consequently, the conformationally non-homogeneous spe-
cies formed within PDC diminishes the probability of forming well-
diffracting crystals. The problem is further exacerbated by the size
and the shape of detergent micelles. Assembling around the
hydrophobic face of an MP with an MW of as large as 100 kD
[6], detergent micelles may impede formation of 3D crystal lattice
by inhibiting lattice contacts needs to be provided by protein–pro-
tein interactions.

Virtually all MP structures deposited in PDB were determined
from three-dimensional (3D) crystals formed either as type I or
type II [7]. In meso methods such as lipidic cubic phase and bicelle
are known to form type I crystals whereby proteins assemble in
two-dimensional planar sheets via hydrophobic faces which then
2D planar sheets stack on top of each other using polar interactions
to form the third dimension [8, 9]. In contrast, water soluble PDCs
are observed to form type II crystals; hydrophilic portions of pro-
tein mediate the necessary contacts for 3D lattice formation. Deter-
gent micelles masking the hydrophobic surface of the protein are
not involved in ordered crystal lattice formation resulting in crystals
with large water content.

To circumvent the problem, especially in case of generating
type II crystals, application of both antibody fragments and non-
antibody scaffolds emerged as a promising method. The potential
of using antibody fragments to crystallize MPs has been estab-
lished. For example, application of an Fv and a Fab fragment
enabled structure determinations of bacterial cytochrome c and
potassium channel KcsA, respectively [10, 11]. In each case, anti-
body fragments expanded the hydrophilic surface dramatically and
provided all the crystal contacts within the lattice demonstrating
the validity of the antibody-assisted MP crystallography. Early on
MP structures solved through the application of antibody frag-
ments mainly relied on chaperones generated via animal immuniza-
tion [12, 13]. While successful, generation of antibody fragments
by hybridoma technology is costly and time consuming. In addi-
tion, producing antibodies to MPs is even harder due to difficulties
associated with maintaining the stability of detergent solubilized
MP in serum for extended period of time after injection.

In vitro display technologies have emerged as an alternative
method in creating binding partners to MPs (Fig. 1). Phage,
yeast, ribosome, bacterial in vitro display systems all share a com-
mon principle; coupling genotype to phenotype (binding protein)
[14–17]. Fabs, Camelid single chain antibodies also known as
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nanobodies (VHH), and scFvs are among the antibody scaffolds
that have utilized display methods to create binding partners for
biological applications [18–20]. These methods also provide for
expanding the possible chaperone types to include non-antibody
scaffolds. For instance, designed ankyrin repeat proteins (DAR-
Pins), Fibronectin type III domains (FN3) monobodies, anticalins,
and affibodies are successfully employed as synthetic binding scaf-
folds to generate affinity reagents to various targets [21–24]. What
makes display methods so powerful is that diversity is introduced at
the DNA level that encodes binding proteins to be displayed and
tailored in vitro selection schemes can be highly controlled allowing
generation of binding molecules with desired properties for a given
target. Importantly, contrary to animal immunization, ability to
control both selection conditions and presentation of target mole-
cules, display systems provide a unique opportunity to generate
binding proteins to specific epitopes and conformations.

While each scaffold type has its strengths and weaknesses,
arguably, the Fab domain has been the most widely used scaffold
in facilitating the crystallization of MPs. This success can be

Fig. 1 Representatives of membrane protein structures with antibody and non-antibody scaffolds generated
via in vitro display systems (PDB IDs: (a) 4DX5, (b) 4G7V, (c) 3EFF, (d) 5FXB). Crystallization chaperones are
colored red. All binding proteins are produced through library sorting in MPB with proper detergent. Restricted
amino acid diversity library was used to generate Fabs for structures (b) and (c)
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attributed to its relatively large size (~50 kD) and high structural
stability making it a prime candidate as crystallization chaperone. In
the case of animal immunization, Fabs can be recovered after papain
cleavage of IgGs that are produced by hybridoma B-cells. Immuni-
zation of antigen can be carried out either in detergent or in
liposomes [25, 26]. Immediate dilution of detergent in serum
brings detergent concentration below critical micelle concentration
(CMC), which may lead to protein denaturation and unsuccessful
antibody production but yet, even conformationally sensitive anti-
bodies were shown to be produced with this method [25].

On the other hand, Fabs can be relatively easily generated
recombinantly using in vitro display systems. Phage display Fab
libraries have been produced from naı̈ve, immunized (biased), and
synthetic repertoire [18, 27]. Naı̈ve and immunized libraries are
produced via reverse transcription of IgG mRNAs from B-cells and
cloning them into phage display vectors [28]. In contrast, con-
struction of synthetic Fab libraries starts with a framework scaffold
where diversity is introduced chemically into the antigen-binding
loops [29]. There are six antigen-binding loops called complemen-
tarity determining regions (CDRs). There are three CDR loops on
each of the heavy and light chains of the variable region of the Fab.
While library diversity can be targeted into all six loops, the most
important CDR is the H3 loop of the heavy chain. Currently,
synthetic library repertoires can easily exceed 1010 variants creating
great potential to generate binders to variety of antigens including
MPs and ribonucleic acids [30, 31]. Together with designed
in vitro selection schemes for particular desired applications, gen-
erating engineered Fab fragments at nanomolar affinity with great
specificity from synthetic libraries is routine nowadays. Addition-
ally, through the sub-libraries one can affinity mature already gen-
erated antibodies to the sub-nanomolar range, thereby exceeding
antibody affinities that of natural immune system [32].

Any important attribute of display approaches is that it is possi-
ble to design the selection step to preferentially bind to a particular
conformational state or region on the target protein’s surface. This
provides a way to isolate and study particular properties of the
membrane protein. For instance, synthetic Fabs enabled structure
determinations of closed and open conformations of full-length
KcsA and voltage sensor domain of Ciano intestinalis (Ci-VSD)
[30, 33, 34]. In each instance, Fabs were generated against deter-
gent solubilized MPs under selection conditions suited for MP
stability. For the full-length structure of KcsA, Fabs could be spe-
cifically selected for the cytoplasmic domain of the channel known
to be highly flexible and removed at earlier structural studies [35].
Selecting binders specific for the cytoplasmic domain helped to
stabilize the full-length channel leading to its structure
determination.
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Within this chapter, an outline will be given on how to generate
synthetic antibody fragments to detergent solubilized MPs, which
can be used as crystallization chaperones (Fig. 2). The phage dis-
play library that was used in these experiments is built upon Her-
ceptin scaffold. An unconventional and revolutionary approach was
taken by the authors in constructing the libraries whereby the
CDRs were randomized by limited number of amino acids.
Restricting chemical diversity to limited number of amino acids
which are highly populated in antibody antigen interfaces, authors
were able to randomize many more positions than conventional
synthetic phage libraries. The details of the library construction are
beyond the scope of this chapter but there are excellent literature
and reviews on this issue [36–39]. However, the principles and
methods presented below are not limited to any particular library
and can be used with minor modifications with other scaffold types.

2 Materials

2.1 Phage Selection 1. Phage display library

2. KingFisher™Magnetic Particle Processors (Thermo Scientific)

3. EZ-Link NHS-SS-PEG4-Biotin (Thermo Scientific)

Phage library

Binding

Wash
Elution with
DTT

Pick individual
clones

Amplification in E.coli
and reselection

Phage ELISA screen for
target-specific binding

Soluble Fab
expression

Size exclusion
chromatography

(SEC) for Fab-MP
complex formation

Candidate Fabs for
crystallization

Streptavidin
magnetic beads

Biotinylated MP

Fig. 2 Flowchart of library sorting with phage display and characterization of binding Fabs
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4. Streptavidin magnetic beads: Streptavidin MagneSphere Para-
magnetic Particles (Promega)

5. MagneSphere® Technology Magnetic Separation Stand
(Promega)

6. XL-1 Blue E. coli

7. 2xYT

8. Kanamycin (Biobasic)

9. Ampicillin (Biobasic)

10. Tetracycline (Biobasic)

11. M13 KO7 helper phage (NEB)

12. Reservoir strips and combs for Kingfisher Magnetic particle
processor

13. 10% DDM (Affymetrix)

14. SDS-PAGE and proper electrophoresis system

2.2 Phage ELISA 15. HRP/anti-M13 antibody conjugate (GE Healthcare)

16. 1-step ultra TMB substrate (Thermo)

17. BSA (Fisher)

18. PD10 columns (GE healthcare)

19. 96-well Maxisorp plates (Nunc)

20. 96-well deep well plates (Greiner)

21. Breathable and non-breathable sealing film (Corning)

22. Streptavidin (NEB, 1 mg/ml)

23. 1 M H3PO4

3 Methods

3.1 Biotinylation

of MP

In order to carry out phage selection, the MP needs to be displayed
on a surface. We use streptavidin magnetic beads and biotinylate
target protein for immobilization purposes. EZ-Link NHS-SS-
PEG4-Biotin reagent is chosen since it contains a cleavable disulfide
bond within the pegulated arm to release protein with bound
phages off the beads at the end of selection. This reduces the
possibility of enriching streptavidin binding phages that could be
detrimental to selection. Chemical biotinylation via amine groups
requires buffer composition to be free from primary amines (Tris-
based buffers are not recommended). The manufacturer’s biotiny-
lation reaction is robust enough to be carried out in a variety of
detergents where MPs are solubilized. In some cases, heavy precip-
itation can occur due to either aggressive surface modification or
modification of “structural lysines” by the biotin moiety which
necessitates to optimize biotinylation reaction. Excess biotin can
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be removed using PD10 columns at the end of the reaction. Note,
however, that chemical biotinylation can affect the MP stability and
it is best to use the smallest amount possible.

3.2 Testing

Biotinylated MP Pull

Down

To determine the efficiency of biotinylation and amount of beads
required for phage selection, a pull down assay needs to be
performed.

1. Wash 750 μl of Streptavidin MagneSphere Paramagnetic Parti-
cles twice with membrane protein buffer (MPB). Aliquot 50,
150, 450 μl of magnetic beads to 1.5 ml eppendorf tubes. Using
magnetic stand, remove buffer and suspend beads in 50 μl MPB.

2. Add 2 μg of biotinylated protein to each tube including one with
no beads (50 μl buffer only) as a control. Incubate for 15 min on
a rotator.

3. Recover 50 μl of protein solution using magnetic stand.

4. Run SDS-PAGE of the collected 50 μl samples. With increasing
amount of magnetic beads, gradual decrease of protein amount
within the samples needs to be observed as an indication of
capture efficiency. Around 50% of pull down is sufficient at this
step.

5. Biotinylated protein will be kept at 4�C for further phage selec-
tion experiments.

3.3 Phage Selection:

First Round

The first round of library sorting will be carried out manually to
recover as many binders as possible at this stage. Recovered phages
will be propagated to be used as an input phage pool in successive
rounds. The stringency for the selection will be determined by
defining protein concentration for phage binding. In the first
round, 200 nM of MP may be used for immobilization on the
surface of magnetic beads. Protein concentration will decrease
throughout phage selection to increase stringency of selection in
order to enrich high affinity binders.

1. Start growing XL-1 Blue E. coli cells in 2 ml of 2xYT supple-
mented with 5 μg/ml tetracycline the day before phage selec-
tion at 37�C and 230 rpm over night (O/N).

2. Next day, inoculate 200 μl O/N grown XL-1 blue cells into
4 ml of 2xYT and grow 1–2 h at 37�C and 230 rpm until OD
reaches 0.5–0.8 in order to collect log phase cells for phage
infection.

3. Calculate the amount of magnetic beads needs to be used to
immobilize 200 nM of MP based on pull down experiment.
Wash the beads twice with 1 ml MPB.

4. Resuspend magnetic beads in 500 μl of MPB and add MP to
have the final protein concentration to be 200 nM in 1 ml
volume. Incubate beads and MP for 15 min to capture protein.
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5. In parallel to protein capture, start to prepare phage solution.

6. Dilute 1 ml of phage library (1011–1012/ml particles) in 15 ml
PBS and add 4 ml of PEG/NaCl (20% PEG 8000, 2.5 M
NaCl). Mix by inversion and let the mixture sit on ice for
20 min.

7. Spin down phage solution in 50 ml conical tubes at 9,000 rpm
for 15 min. Discard supernatant and white pellet should be
visible. Resuspend pellet in 1 ml of MPB-0.1%BSA solution.
Fabs on the surface of phage are prone to proteolytic degrada-
tion; therefore phage solution needs to be kept on ice until
further use.

8. From step 2, wash beads twice with MPB to remove excess
protein that is not captured. Resuspend beads with 1 ml phage
solution (step 7) and rotate for 15 min at RT for phage
binding.

9. Wash beads twice with MPB and resuspend beads in 300 μl of
PBS.

10. 150 μl of phage solution is mixed with tenfold excess (1.5 ml)
of log phase XL-1 blue E. coli cells and place in a shaker at 37�C
for 20 min at 230 rpm for phage infection.

11. Dispense 150 μl of M13KO7 (1010 pfu/ml) helper phage into
XL-1 blue E. coli cells from step 10 and shake the cells at 37�C
for 40 min at 230 rpm for helper phage infection.

12. Inoculate 1.9 ml of phage and helper phage infected XL-1 E.
coli cells into 35 ml 2xYT supplemented with 100 μg/ml
ampicillin and 25 μg/ml kanamycin.

13. Shake flask 20–22 h at 37�C and 230 rpm for phage
propagation.

14. Spin down culture at 8,000 rpm for 10 min. Transfer superna-
tant to 50 ml conical tube.

15. Add 1/5th of the O/N culture volume of PEG/NaCl (20%
PEG 8000, 2.5 M NaCl) into phage solution. Stand it on ice
for 20 min.

16. Spin down solution at 9,000 rpm for 15 min. Resuspend phage
pellet in 3 ml of MPB-0.1%BSA. Keep on ice until next round
of phage selection.

3.4 Phage Selection:

Second, Third and

Fourth Rounds

Phage selection for the following three rounds will be performed
semiautomatically using Kingfisher Magnetic particle processor.
Kingfisher reservoir strip can be prepared according to the follow-
ing protocol:

(a) Well A: 100 nM of biotinylated membrane protein and 50 μl
of phage particles from first round (Sect. 3.3, step #14), 50 μl
of MPB
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(b) Well B: 40 μl of magnetic beads (washed three times) and 60 μl
of MPB

(c) Well C–G: 100 μl of MPB

(d) Well H: 100 μl of 100 mM DTT solution

1. Place the comb and load the plate with the strip into
KingFisher. Perform library sorting according to the
protocol:

(a) Mix vigorously well A for 15 min

(b) Collect beads from well B, transfer to well A, and mix
vigorously for 15 min

(c) Collect beads from well A, transfer to well C, and mix
vigorously for 40 s

(d) Transfer beads into wells D–G and mix vigorously for
40 s.

(e) Collect beads from well G, transfer to well H, and mix
vigorously for 10 min

(f) Collect beads from well H and transfer back to well G
and release the beads.

2. Transfer 50 μl of phage solution from well H into 500 μl of
log phase XL-1 Blue E. coli cells. Incubate in a shaker at
37�C, 230 rpm for 20 min.

3. Add 50 μl M13KO7 (1010 pfu/ml) into phage infected E.
coli cells and incubate in a shaker at 37�C, 230 rpm for 40
min.

4. Inoculate 600 μl of phage and helper phage infected XL-1
E. coli cells into 30 ml 2xYT supplemented with 100 μg/ml
ampicillin and 25 μg/ml kanamycin.

5. Follow steps 11–14 from Sect. 3.3

6. Input protein concentration for phage selection will be
100 nM and 10 nM for the third and the fourth round,
respectively.

7. Perform phage tittering for third and fourth rounds of
selection. Make up to five tenfold serial dilutions of eluted
phages in a 96-well plate. Mix 10 μl of phages with 30 μl of
log phase XL-1 blue cells. Incubate for 20 min in a shaker.
Plate 40 μl of cells on LB-agar plates with 100 μg/ml
ampicillin. Grow plates O/N at 37�C. Enrichment of
more than fivefold is a good indication of a successful
library sorting.

3.5 Phage ELISA In order to determine individual binders, phage ELISA experi-
ments need to be performed. Individual colonies can be picked
from plates used for phage tittering from Sect. 3.4.
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1. Dispense 350 μl of 2xYT supplemented with 100 μg/ml ampi-
cillin and 109 pfu/ml M13KO7 into 96-well deep well plate.
Pick 24 colonies to inoculate individual wells. Seal the plate
with breathable seal for proper aeration. Place plate in a shaker
at 37�C, 230 rpm for 20–22 h.

2. Prepare 6 ml of 2 μg/ml of streptavidin in 50 mM sodium
carbonate pH 8.5 coating buffer. Dispense 100 μl of streptavi-
din solution into 48 well in a 96-well maxisorp plate (24 wells
as negative control) and place the plate O/N at 4�C.

3. Spin down 96-well deep well plate at 4,000 rpm for 10 min at
4�C. In parallel, dispense 125 μl of twice the concentration of
MPB-0.1%BSA solution into 48 wells in a 96-well plate (MBP-
BSA solution will be diluted with phage solution). Transfer
125 μl of phage solution from deep well plate into MPB-BSA
solution plate and mix well with pipetting.

4. Discard coating solution and wash once with PBS. Block the
plate with 2% BSA for 2 h at room temperature. Remove BSA
solution and wash twice with MPB. Dispense 100 μl of
5–10 μg/ml biotinylated MP in MPB into 24 wells. Transfer
100 μl of MPB into 24 control wells. Rotate at RT, 150 rpm for
20 min.

5. Discard solution and wash three times with MPB. For each
individual phage, transfer 100 μl of individual phage solution
from step 3 into each MP and control well. Rotate at RT,
150 rpm for 1 h.

6. Discard phage solution and wash four times with MPB.

7. Prepare 5 ml of HRP-conjugated anti M13 antibody in MPB.
Dispense 100 μl into each well. Rotate at RT, 150 rpm for
30 min.

8. Remove HRP-conjugated anti M13 antibody solution and
wash 4 times with MPB.

9. Add 100 μl of turbo TMB solution to each well and develop for
4–7 min. Blue signal will appear for binding phages. Quench
the reaction with 100 μl of 1M H3PO4. Signal will turn yellow,
and read plate at 450 nm with a plate reader.

10. Pick colonies having more than threefold ELISA signal differ-
ence between protein and streptavidin only coated control
wells and grow them in 5 ml of LB supplemented with
100 μg/ml ampicillin O/N at 37�C.

11. Prepare miniprep DNA for sequencing. Determine individual
binders based on DNA sequences.
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4 Notes

1. It is imperative to confirm individual binders further using size
exclusion chromatography (SEC). Detailed protocols for crea-
tion of expression plasmid and bacterial Fab expression can be
found elsewhere [40, 41]. Tandem affinity purification (TAP)
can be carried out first with protein A, then with IMAC (We
prefer to express Fabs with 4His at carboxy terminus of the
heavy chain). TAP will yield Fabs with purity more than 90%.
Purified Fabs are incubated and complexed with MP and run on
SEC using FPLC. Generally, an obvious shift in the chromato-
grams is observed for Fab-MP complex with respect to MP
alone. In some cases, due to micelle size and detergent displace-
ment by antibody binding, a clear shift may not be seen. None-
theless, running fractions from FPLC with SDS-PAGE will
reveal complex formation.

2. Chemical biotinylation can be harsh for some proteins. It is
important to optimize reaction with modifying biotin-protein
ratio by decreasing biotin amount. Adding biotinylation reagent
into reaction solution with incremental amounts may also help
to resolve precipitation problem. If precipitation persists, in vitro
or in vivo Avitag BirA biotinylation system can be used instead
[41]. This system requires expression of MP with Avitag
though.

3. It is important to include detergent during library sorting to
eliminate “sticky” phage binders. Tween 20 (0.05%) is generally
the choice of detergent for library sorting for soluble proteins.
To maintain the stability throughout phage selection, the deter-
gent used to stabilize membrane protein should replace Tween
20. So far, common detergents (CHAPS, DDM, DM, LMNG)
used for MP solubilization in literature were found to be not
problematic in eliminating “sticky” binders. For crystallization
purposes, it is preferred to use detergent concentration close to
CMC to avoid phase separation. In contrast, it may be required
to increase detergent concentration to increase efficiency of
washing steps in library sorting for successful phage select.
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Pulse-Chase Covalent Labeling Technique for Monitoring
GPCR Endocytosis

Hidetoshi Kumagai and Yuichi Ikeda

Abstract

G protein-coupled receptors represent one of the largest families of cell-surface receptors. They play
important roles in various physiological systems in response to a range of ligands with diverse physicochem-
ical properties. Ligand stimulation triggers G protein-coupled receptor (GPCR) endocytosis, which con-
trols cellular desensitization and resensitization processes by regulating the number of GPCRs on the
plasma membrane. Notably, it has recently been shown that endosome-localized GPCRs contribute
significantly to both G protein-dependent and G protein-independent signaling in the acute and subacute
phase. Studying individual GPCR behaviors during endocytosis is thus becoming increasingly more
important in GPCR research. Here we describe a simple and versatile protocol for monitoring GPCR
endocytosis utilizing a pulse-chase covalent labeling technique based on the HaloTag technology.

Keywords Covalent bond formation, Endocytosis, GPCR, HaloTag technology, Pulse-chase
labeling, Trafficking

1 Introduction

The superfamily of G protein-coupled receptors (GPCRs), one of
the largest receptor families expressed on the cell surface, plays
significant roles in various physiological systems in response to a
range of ligands with diverse physicochemical properties [1].
Ligand binding initiates conformational alterations of the receptor
and subsequently activates heterotrimeric G proteins. The receptor
in its active conformation is then phosphorylated by GPCR
kinases (GRKs), resulting in the recruitment of β-arrestins,
ubiquitously expressed adapter proteins, from the cytosol to the
phosphorylated receptor. β-Arrestin recruitment shuts off the
canonical G protein-dependent signaling through steric hindrance
at the plasmamembrane and simultaneously promotes receptor
endocytosis by facilitating association of receptors with the struc-
tural components of clathrin-coated pits (CCPs). By internalizing
CCPs, GPCR-β-arrestin complex formation leads to the activation
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of G protein-independent signaling, such as MAP kinase activation,
which is influenced by the endocytic behavior of individual GPCRs
[2]. Notably, it has been shown that endosome-localized GPCRs
contribute significantly to G protein-dependent signaling in the
subacute phase by directly activating G proteins, and that β-arrest-
ins accumulated in CCPs, which have been primed into their active
forms at the plasma membrane, can trigger G protein-independent
signaling even in the absence of GPCR-β-arrestin complex forma-
tion in CCPs [3–6]. These conceptually novel findings demonstrate
that GPCR endocytosis does not simply control cellular desensiti-
zation and resensitization processes by regulating the number of
functional GPCRs on the cell surface, but also affects both G
protein-dependent and G protein-independent signaling in the
acute and subacute phase, providing another layer of complexity
to the conventional paradigm of GPCR signaling and trafficking.
Hence studying individual GPCR behaviors during endocytosis is
increasingly more important in GPCR research.

A catalytically inactive derivative of a bacterial hydrolase named
HaloTag was recently developed [7, 8]. The HaloTag is able to
form a covalent bond with synthetic HaloTag ligands possessing a
reactive chloroalkane linker. Utilizing this HaloTag as an artificially
designed tag, a chimeric GPCR, genetically engineered to have the
HaloTag at its N-terminal end (HT-GPCR), can be irreversibly and
covalently labeled with various kinds of HaloTag ligands conju-
gated with functional reporters, including fluorophores or a high-
affinity handle (such as biotin) (Fig. 1). Significantly, a HaloTag
PEG ligand, which cannot enter the cell because of its hydrophilic
ethylene glycol moiety, allows selective labeling of HT-GPCRs on
the cell surface at any given moment. This nonradioactive pulse-
chase covalent labeling thus offers a simple and versatile assay for
monitoring GPCR endocytosis (see Note 1) [9].

HaloTagTM

FLAG tag epitope GS linker

Preproprolactin signal sequence

GPCR

Plasma membrane

HT-GPCR

Fig. 1 A schematic of HT-GPCR [9]
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2 Materials

2.1 Plasmid 1. HT-GPCR-expressing plasmid: The bovine prolactin signal
sequence (MDSKGSSQKGSRLLLLLVVSNLLLCQGVVS),
followed by a FLAG epitope tag (DYKDDDDK), the HaloTag
sequence without the first methionine, the GS linker (G4S x3),
and the GPCR sequence without the first methionine were fused
in-frame and subcloned into a mammalian expression vector
(Fig. 1).

2.2 Cell Culture

Preparation

1. CHO-K1 cells (American Type Culture Collection) stably
expressing the HT-GPCR of interest

2. CHO-K1 growth medium: Dulbecco’s modified Eagle medium
(DMEM) supplemented with 5% fetal calf serum (FCS) and 1%
nonessential amino acids

3. Phosphate-buffered saline (PBS), Ca2+� and Mg2+-free

4. 0.05% trypsin-EDTA

5. 10 cm tissue culture-treated dishes

6. Tissue culture-treated 96-well plates

2.3 HaloTag GPCR

Endocytosis Assay

1. HaloTag PEG-Biotin Ligand (Promega)

2. GPCR ligands

3. Streptavidin-horseradish peroxidase (SA-HRP, Pierce)

4. HRP substrates (1-Step Ultra TMB-ELISA, Pierce)

5. 4% paraformaldehyde (PFA)

6. 2N H2SO4

7. 0.3% Triton X-100

8. Streptavidin (SA, Pierce)

9. 0.3% H2O2/PBS

10. Victor V plate reader (PerkinElmer)

3 Methods

3.1 Pulse-Chase

Covalent Labeling of

HT-GPCRs on the Cell

Surface

CHO-K1 cells, stably expressing the HT-GPCR (CHO-HT-GPCR
cells), are maintained in 10 cm tissue culture-treated dishes and
trypsinized and plated in tissue culture-treated 96-well plates at a
cell density of 2–4 � 104 cells/well. After 24h,HaloTagPEG-Biotin
Ligand is added to the wells to label HT-GPCRs for 15 min at 37�C
(HaloTag PEG-Biotin Ligand, final conc. 5 μM) (see Note 2).
Following 15 min incubation, CHO-HT-GPCR cells are washed
three times in fresh CHO-K1 growth medium to remove unreacted
HaloTag PEG-Biotin Ligands (seeNote 3).
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3.2 Quantitative

Measurement of HT-

GPCRs on the Cell

Surface (Fig. 2)

After pulse-chase labeling performed by following the protocol
described above, CHO-HT-GPCR cells are treated with various
concentrations of GPCR agonists for 1 h (see Note 4). Following
1 h stimulation with the agonists, CHO-HT-GPCR cells are
washed three times in PBS and immediately fixed in 4% PFA for
30 min at room temperature (RT). After washing in PBS, fixed cells
are treated with SA-HRP (0.2 μg/ml) for 20 min at RT. After
eliminating unreacted SA-HRP by washing three times in PBS,
cells are incubated with 50 μl of HRP substrates (1-Step Ultra
TMB-ELISA) for 20 min at RT. The reaction is suspended by
directly adding 50 μl of 2N H2SO4 to the wells, and the optical
density (OD) at 450 nm is then measured with a plate reader.

Following this standard protocol, we measured the relative
amount of the labeled HT-hBRS3s on the cell surface after HT-
hBRS3s were stimulated with various concentrations of the surro-
gate hBRS3 ligand ([D-Phe6, β-Ala11, Phe13, Nle14]-Bombesin
(6–14); Phoenix Pharmaceuticals, Inc.). The number of labeled
HT-hBRS3s on the cell surface decreased in response to the surro-
gate ligand in a dose-dependent manner (Fig. 3).

Plate cells expressing HT-GPCR of interest in 96 well plates
(2-4 x 104 cells/ well)

Incubate cells with HaloTag PEG-Biotin Ligand (5 µM)
 for 15 min at 37 °C

Incubate cells with a GPCR ligand at 37 °C

Fix cells in 4% PFA for 30 min at RT

Incubate fixed cells with SA-HRP (0.2 µg/ml)
 for 20 min at RT

Incubate with HRP substrates for 20 min at RT

Stop the reaction by adding 2N H2SO4

Measure the optical density (OD) at 450 nm

Wash x 3

Wash x 3

Wash x 3

Wash x 3

Pulse-chase labeling 
of HT-GPCRs expressed
in the cell surface

Fig. 2 A brief overview of the protocol for measuring the relative amount of HT-GPCRs remaining on the cell
surface [9]
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3.3 Quantitative

Measurement of

Internalized HT-GPCRs

(Fig. 4)

After pulse-chase labeling, CHO-HT-GPCR cells are stimulatedwith
various concentrations of GPCR agonists for 1 h (see Note 4).
Following 1 h incubation with the agonists, CHO-HT-GPCR cells
are washed three times in PBS and immediately fixed in 4% PFA for
30min at RT. After washing in PBS, fixed cells are incubated with SA
(5 μg/ml) for 20min at RT (seeNote 5). After removal of unreacted
SA by washing three times in PBS, cells are incubated with 0.3%
Triton X-100 for 10 min at RT in order to permeabilize the cell
membrane (see Note 6). Following three washes in PBS, cells are
treatedwith 0.3%H2O2 /PBS for 30min at RT to block endogenous
peroxidase activities. Cells are then incubated with SA-HRP (0.2 μg/
ml) for 20 min at RT. After eliminating unreacted SA-HRP by PBS
washing, cells are incubated with 50 μl of HRP substrates (1-Step
Ultra TMB-ELISA) for 20 min at RT. The reaction is suspended by
directly adding 50 μl of 2N H2SO4 to the wells, and the optical
density (OD) at 450 nm is then measured with a plate reader.

Following this protocol, we measured the relative amount of
the internalized HT-hOX2Rs after HT-hOX2Rs were stimulated
with various concentrations of orexin-A (OXA) peptides. The num-
ber of the internalized HT-hOX2Rs increased in response to OXA
in a dose-dependent manner (Fig. 5).

Log [Surrogate hBRS3 ligand] (M)

%
 R

ec
ep

to
r 

at
 th

e 
ce

ll 
su

rf
ac

e

100

50

0
-10 -9 -8 -7

HT-hBRS3

**

** **
**

**
** **

Fig. 3 Agonist-induced GPCR internalization. The number of HT-hBRS3s on the
cell surface decreased in response to the surrogate hBRS3 ligand in a dose-
dependent manner [9]
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4 Notes

1. In general, the assays described in this chapter can be applied to
any GPCR of interest. However, it is possible that attaching the
HaloTag to the N-terminal end of GPCRs interferes with
ligand-receptor interactions because some GPCRs are known

Plate cells expressing HT-GPCR of interest in 96 well plates
(2-4 x 104 cells/ well)

Incubate cells with HaloTag PEG-Biotin Ligand (5 µM)
 for 15 min at 37 °C

Incubate cells with a GPCR ligand at 37 °C

Fix cells in 4% PFA for 30 min at RT

Incubate fixed cells with SA-HRP (0.2 µg/ml)
 for 20 min at RT

Stop the reaction by adding 2N H2SO4

Measure the optical density (OD) at 450 nm

Incubate with HRP substrates for 20 min at RT

Wash x 3

Wash x 3

Wash x 3

Wash x 3

Wash x 3

Incubate fixed cells with SA (5 µg/ml)
 for 20 min at RT

Incubate with 0.3% Triton X-100 for 10 min at RT

Incubate with 0.3% H2O2/ PBS for 30 min at RT

Wash x 3

Wash x 3

Fig. 4 A brief overview of the protocol for measuring the relative amount of internalized HT-GPCRs [9]
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to recognize the ligands through their N-terminal extracellular
domain (Fig. 1).

2. Since its hydrophilic ethylene glycol moiety prevents the Halo-
Tag PEG-Biotin Ligand from entering the cell, HT-GPCRs on
the cell surface are selectively labeled by the HaloTag PEG-
Biotin Ligand.

3. Stable covalent labeling of HT-GPCRs with HaloTag ligands
allows extensive washing to minimize the background and also
ensures that labeled HT-GPCRs can be tracked until they are
degraded in the lysosome.

4. Individual GPCRs have incredibly diverse basal turnover rates.
We noted that some receptors exhibit less than a 2 h elimination
half-life even without agonist stimulation. We therefore exam-
ined agonist-induced GPCR internalization by stimulating the
receptor for an hour in our standard protocol. However, incu-
bation time with the ligands should be adjusted depending on
the GPCR of interest and the purpose of the experiment.

5. SA treatment blocks all the free biotin sites that have been
attached to the pulse-chase labeled HT-GPCRs remaining on
the cell surface.

6. Permeabilization of the cell membrane makes the internalized
HT-GPCRs, which have been pulse-chase labeled with the
HaloTag PEG-Biotin Ligand, accessible to the SA-HRP.

7. An important caveat is that endocytic behaviors of individual
GPCRs may be dependent on the cell type in which the assay is
performed. Although we used CHO cells in our protocol, more
relevant cell types may have to be chosen depending on the
purpose(s) of the assay.
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Fig. 5 Direct measurement of internalized HT-GPCRs. The number of internalized
HT-hOX2Rs increased in response to OXA in a dose-dependent manner [9]
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Sample Preparation of Rhodopsins in the E. coli Membrane
for In Situ Magic Angle Spinning Solid-State Nuclear
Magnetic Resonance Studies

Meaghan E. Ward, Vladimir Ladizhansky, and Leonid S. Brown

Abstract

Determination of the structure and dynamics of membrane proteins in complex, native cellular environ-
ments is one of the primary targets of structural biology. Here, we present a protocol for the preparation of
recombinant membrane proteins in the native E. coli membrane environment for solid-state NMR
(SSNMR) studies. This protocol has been developed on Anabaena sensory rhodopsin (ASR), a seven-
transmembrane α-helical light receptor, but should be easily transferable to similar recombinant membrane
protein systems. In order for SSNMR studies to be possible on such complex systems, it is desirable to
remove as much background signal as possible. This is achieved both through physically separating
segments of the membrane containing ASR and through isotopic labeling strategies which strategically
limit isotopic incorporation into background proteins. Through the implementation of these methods and
3D SSNMR spectroscopy, we find that it is possible to resolve and characterize 40% of the previously
assigned residues of ASR in the E. coli membrane environment.

Keywords Chemical shift, E. colimembrane, Isotope labeling, Multidimensional spectroscopy, Over-
expression, Rhodopsin, Solid-state NMR
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ASR Anabaena Sensory Rhodopsin
EM E. coli membrane
IM Inner membrane
MAS Magic angle spinning
NA Natural abundance
NIC Non-induced cells
NMR Nuclear magnetic resonance
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rbUCN/rbUN Reduced-background UCN/UN labeled
SSNMR Solid-state NMR
UCN Uniformly 13C,15N-labeled
UN Uniformly 15N-labeled
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1 Introduction

Membrane proteins are a diverse class of biomolecules which
account for a third of the proteome of living cells. They play
many critical roles in all types of cells, being responsible for signal
transduction, transport of various substances across lipid mem-
branes, enzymatic activities, etc. Studying the structure and dynam-
ics of membrane proteins in a cellular environment in which they
are subjected to a plethora of interactions with the natively present
cellular components, e.g., other proteins, nucleic acids, lipids,
cofactors, etc., is the ultimate goal of structural biology. Chemical
heterogeneity of such systems often translates into structural het-
erogeneity, and, with a few exceptions [1, 2], such systems are not
readily amenable to high-resolution methods of structural biology
that require long-range order.

Nuclear magnetic resonance (NMR)-based methods, however,
do not require long-range order and can be used to characterize
many biological systems, including globular proteins in native-like
solubilized states, lipid-associated proteins, proteins in an aggre-
gated state, or large macromolecular complexes, which are not
amenable to other high-resolution structural methods. In particu-
lar, solid-state NMR (SSNMR) methodologies have matured over
the past two decades to a point where three-dimensional structures
can be reliably determined, and protein interactions and dynamics
can be studied at atomic resolution [3–9]. In addition, both solu-
tion and solid-state NMR have been successfully applied to study
molecules in cellular environments, either in the cytosol or in
cellular membranes, respectively [10–21].

Below we present a protocol for the preparation of isotopically
labeled recombinant membrane proteins in the E. coli membrane.
The procedures described produce samples which are suitable for
studies of the effects of the cellular membrane environment on
protein structure and dynamics using magic angle spinning
(MAS) solid-state NMR. These methods were optimized on the
C-terminally truncated 6-His-tagged version of Anabaena sensory
rhodopsin (ASR) from Anabaena sp. PCC 7120 [22]. ASR is a
seven-helical transmembrane light sensor which is believed to be
involved in gene regulation in cyanobacteria. It can be conveniently
overexpressed and isotopically labeled in E. coli cells (estimated
crude yields are ~10–20 mg per liter of culture), and solid-state
NMR studies on purified ASR reconstituted into proteoliposomes
(PL-ASR) have yielded extensive spectroscopic assignments [23,
24] as well as a high-resolution structure [25]. Though this proto-
col will be described in the context of its application to ASR, we
believe that it should be easily transferable to similar recombinant
systems. The application of this protocol to other rhodopsins is a
particularly attractive option, as these proteins contain retinal
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molecules which absorb light and give the proteins a visible color,
greatly simplifying purification procedures.

To initiate solid-state NMR studies of membrane proteins in
the complex environment of native cell membranes, a few chal-
lenges must be addressed. Firstly, in order to suppress NMR signals
from background proteins and to simplify the spectra and data
analysis, isotopic 13C and 15N labels supplied through the growth
media need to be incorporated primarily into the recombinant
protein. Secondly, as the solid-state NMR sample volume is limited,
it is beneficial to remove nonessential membrane components (i.e.,
parts of the membranes that do not interact with ASR). This not
only further simplifies the spectra but also allows for an increased
amount of the recombinant protein in the sample.

The main steps taken to address these challenges and prepare
ASR in the E. coli membrane for SSNMR studies (we denote this
sample as EM-ASR) are shown in Fig. 1. In order to preferentially
incorporate isotopic labels into ASR, cells are initially grown to
the exponential phase in unlabeled media and are later resus-
pended in a lower volume of isotopically enriched media for the
expression of the recombinant protein (samples made from cells
grown in this fashion are denoted as rbUN or rbUCN) [26]. In
this way, the majority of cellular components are produced in
unlabeled media and therefore do not contain isotopic labels,
while ASR is produced in isotopically labeled media and therefore
contains a higher proportion of isotope labels. The effectiveness
of this process could potentially be increased by combining the
above method with the use of a mutant E. coli BL21Star(DE3)
strain which lacks the two major OM proteins OmpF and OmpA
[11], the repression of endogenous protein expression through
the addition of rifampicin [27] and/or lower incubation tempera-
tures during expression [12].

Next, as ASR partitions primarily in the inner membrane (IM)
of E. coli cells, the background proteins present in the outer mem-
brane (OM) are removed through the application of a sucrose
gradient [28]. Background proteins in the IM fraction are then
further removed through taking advantage of the presence of a His-
tag by applying this fraction to a two-phase separation system [29,
30] which uses Ni2+–NTA–agarose resin to bind the His-tag of
ASR and partition IM fragments containing ASR to a denser
phase, while those which do not contain ASR partition to the less
dense phase and can therefore be removed.

Through these steps ASR NMR signals were sufficiently
isolated from the background signals, and basic three-dimensional
SSNMR spectroscopy could be recorded to resolve individual ASR
resonances. However, the low signal-to-noise ratio and spectral
overlap precluded obtaining de novo chemical shift assignments.
Therefore, interpretation of the NMR experiments required two
additional reference samples: (1) ASR reconstituted in synthetic
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lipids [23, 24], on which spectroscopic assignment experiments
have previously been carried out (PL-ASR), and (2) an additional
negative control sample which contains all cell membrane compo-
nents but excludes ASR (EM-NIC). The latter sample was
obtained by performing all steps of the isolation procedure
described below on cells which were not induced to express
recombinant ASR. In this way, NMR spectra obtained on all
three samples can be compared to confidently identify spectro-
scopic signals which arise from ASR. Through these methods and
the implementation of 3D SSNMR spectroscopy, we were able to

Fig. 1 Summary of isotopic labeling and sample preparation strategies. To reduce NMR signal from the
background proteins, cells are grown to the exponential phase in NA media and then resuspended at a high
concentration in labeled media before protein expression is induced (denoted as rbUN or rbUCN labeling). The
inner and outer membranes are then separated through a sucrose gradient. IM vesicles not containing ASR are
then separated using a two-phase system which partitions ASR-containing vesicles to the heavy phase
through resin binding

256 Meaghan E. Ward et al.



confidently identify and analyze 40% of the previously assigned
residues in PL-ASR, in the more complex environment of the E.
coli membrane [31].

2 Materials

2.1 Protein

Expression with

Reduced Isotopic

Labeling of

Background Proteins

1. E. coli host strain transformed with vector containing a 6�His-
tagged rhodopsin sequence (see Note 1).

2. LB medium: 10 g/L NaCl, 10 g/L tryptone, 5 g/L yeast
extract. Autoclave. Add filtered 100 mg/L ampicillin and
50 mg/L chloramphenicol (see Note 2).

3. M9minimal medium: 6 g/LNa2HPO4, 3 g/L KH2PO4, 1 g/
L NH4Cl or

15NH4Cl, and 0.5 g/L NaCl. Autoclave. Add
filtered 1 mM MgSO4, 0.1 M CaCl2, 500 μl trace metals (see
below), 4 g/L glucose or 13C6 glucose, 10 ml/L 100� BME
Vitamins solution, 100 mg/L ampicillin, and 50 mg/L
chloramphenicol.

4. Trace metals: 100 mMFe2(SO4)3 · n(H2O), 180 mMFeSO4 ·
7(H2O), 38 mM ZnCl2, 32 mM CuSO4, 32 mM H3BO3,
33 mM MnSO4 · 4(H2O), and 29 mM Na2MoO4 · 2(H2O)
(filter sterilized).

5. M9 salt solution: 6 g/L Na2HPO4, 3 g/L KH2PO4, 0.5 g/L
NaCl. Autoclave.

6. Retinal stock solution in ethanol (~10–20 mM).

7. 1 M IPTG (filter sterilized).

8. 150 mM NaCl.

2.2 Lysis of Cells and

Preparation of

Membrane Fraction

1. Lysis buffer: 0.15 M NaCl (pH 7.2), 0.05 M Tris, 1 mM
MgCl2, 2 μg/ml DNase 1, and 0.2 mg/ml lysozyme

2.3 Sucrose Gradient

to Separate Inner and

Outer Membranes

1. Ultracentrifuge with swinging bucket rotor (i.e., Thermo
Scientific Sorvall WX Ultra Series, SureSpin 630)

2. Sucrose gradient buffer: 50 mM TEA (pH 7.5), 1 mM EDTA,
and 1 mMDTT, with 0, 9, 30, 35, 40, 45, 50, and 55% sucrose

3. 10 mM Tris (pH 8)

2.4 Two-Phase

System and Final

Sample Preparation

1. Two-phasesystem:10mMTris(pH8),0.3MNaCl,6.45%(w/w)
PEG 3350, 8.45% (w/w) dextran, 320 μl of Ni2+–NTA–agarose
resin slurrypermilliliterof system(seeNote3)

2. Washing buffer: 10 mM Tris (pH 8), 0.3 M NaCl, 6.45% (w/
w) PEG 3350

3. Elution buffer: 5 mM Tris (pH 8), 0.5 M imidazole

4. NMR buffer: 10 mM NaCl, 24 mM CHES (pH 9)
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3 Methods

3.1 Protein

Expression with

Reduced Isotopic

Labeling of

Background Protein

1. Inoculate 2 ml of LB media (see Note 2) with transformed E.
coli cells. Shake at 37�C and 240 rpm for ~15 h.

2. Once the culture has reached the maximal stationary OD600,
use the 2 ml culture to inoculate a 25 ml culture. The starting
OD600 must be at least 0.1. Shake at 37�C, 240 rpm for
~15 h.

3. Once the culture has reached the maximal stationary OD600,
use this 25 ml to inoculate 1 L of LB media. The starting
OD600 must be at least 0.1. Shake at 240 rpm and 37�C until
the OD600 reaches ~0.7–0.8.

4. Collect the cells through gentle centrifugation (15 min;
3,500 � g; 4�C) in autoclaved tubes. Discard supernatant
under aseptic conditions.

5. Under aseptic conditions, resuspend pellet in ~50ml of M9 salt
solution. Likely Step 4 will be performed with multiple tubes,
so at this point, combine the pellets from all tubes into one.

6. Collect cells through gentle centrifugation (15 min;
3,500 � g; 4�C). Discard supernatant under aseptic
conditions.

7. Under aseptic conditions, resuspend pellet in 250 ml of
M9 minimal media labeled with appropriate isotopes (see
Note 4).

8. Allow cells to shake in M9 media at 240 rpm at 30�C for 1 h.

9. Induce the cells with IPTG at a concentration of 1 mM, and
add retinal to a final concentration of 7.5 μM. Increase the rate
of shaking to 275 rpm.

10. After ~4 h collect the cells by centrifugation (15 min;
3,500 � g; 4�C) (see Note 5).

11. Discard the supernatant. Resuspend the cell pellet in ~50 ml of
150 mM NaCl and combine fractions.

12. Collect cells by centrifugation (15 min; 3,500 � g; 4�C).

3.2 Lysis of Cells and

Preparation of

Membrane Fraction

1. Resuspend the cell pellet in 10 ml of lysis buffer and mix gently
at room temperature for ~3 h. Freeze.

2. Thaw cell pellet and sonicate cells to break cell membranes (see
Note 6).

3. Centrifuge the cell lysate at low speed (15 min; 3,500 � g;
4�C) to check for unbroken cells and to remove insoluble cell
debris. If there is recombinant protein evident in the pellet,
then resuspend the pellet and repeat sonication. If there is
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none, collect the supernatant, and repeat low-speed centrifu-
gation until there is no or minimal pellet.

4. Centrifuge the membrane fraction in order to collect the mem-
brane pellet and separate soluble debris (50 min; 37,000 � g;
4�C).

5. Discard supernatant. Resuspend pellet in ~10 ml of sucrose
gradient buffer (0% sucrose).

3.3 Sucrose Gradient

to Separate Inner and

Outer Membranes

1. Apply the membrane fraction to the top of a two-step sucrose
gradient composed of discrete 9 and 55% (from top to bottom)
sucrose layers.

2. Centrifuge the gradients in a swinging bucket rotor (2.5 h;
210,000 � g; 4�C).

3. Collect the membrane fraction from the top of the 55% sucrose
layer.

4. Dilute the collected membrane fraction by at least 3� with
sucrose gradient buffer (0% sucrose) and apply to the top of a
six-step sucrose gradient composed of discrete 30, 35, 40, 45,
50, and 55% (from top to bottom) sucrose fractions.

5. Centrifuge gradients in a swinging bucket rotor (15 h;
210,000 � g; 4�C).

6. Collect the inner membrane fraction from the top of the 40%
sucrose layer (see Note 7).

7. Dilute the inner membrane fraction by at least 3� with 10 mM
Tris, and centrifuge to collect the pellet (30 min; 30,000 � g;
4�C).

8. To ensure excess sucrose has been removed from the sample,
resuspend pellet in 10 mM Tris, and recollect the pellet
through centrifugation (30 min; 30,000 � g; 4�C).

3.4 Two-Phase

System and Final

Sample Preparation

1. Incubate the inner membrane fraction with the two-phase
system for ~30 min with gentle mixing (see Note 8).

2. Separate the phases by low-speed centrifugation (5 min;
1,600 � g; 4�C).

3. Collect the top phase and measure an absorption spectrum to
determine the protein content (OD280). The phases should be
clearly visible due to the color of the protein. Discard the top
phase.

4. Replace the top phase with an equal volume of washing buffer.

5. Repeat Steps 2–4 until the absorption spectrum shows a lack of
protein in the top phase.

6. Elute the membranes from the affinity beads by replacing the
top phase with an equal volume of elution buffer and incubat-
ing with gentle mixing.

Preparing Rhodopsins in the E. coli Membrane for SSNMR 259



7. Use low-speed centrifugation (2 min; 1,000 � g; 4�C) to sedi-
ment the affinity beads, and collect the membranes from the
top phase. Repeat Steps 6–7 as necessary (see Note 9).

8. Pellet the membranes through gentle centrifugation (30 min;
30,000 � g; 4�C).

9. Resuspend pellet in ~10 ml of NMR buffer.

10. Repeat Steps 8–9 once.

11. Repeat Step 8.

12. Resuspend membrane pellet using 1 ml NMR buffer.

13. Ultracentrifuge sample (3 h; 900,000 � g; 4�C).

14. Remove supernatant and replace with 20 μl of NMR buffer
placed directly on the cell pellet.

15. Centrifuge the sample (3 h; 900,000 � g; 4�C). Remove as
much liquid as possible from the membrane pellet.

16. Pack sample into an NMR rotor.

3.5 Creation of

Reference Sample Not

Containing ASR

Though we have found the above protocol to be effective in reduc-
ing the level of isotopic labeling in background proteins, these
signals are not completely eliminated, and we still see a significant
level of background proteins in our samples (Fig. 2b). Distinguish-
ing cross-peaks of ASR from those originating from the back-
ground cannot be done with confidence in regions of high
spectral overlap. In order to facilitate assignments, a control sample
must be produced in which all steps of culture growth and inner
membrane isolation are identical to those performed above, but

Fig. 2 NCA SSNMR spectra of (a) UCN PL-ASR, (b) rbUCN EM-ASR (black), and rbUCN EM-NIC (red). All peaks
are labeled according to their assignments in PL-ASR. Overlap of the two EM spectra in (b) reveals many
peaks in the EM-ASR sample which are not present in the EM-NIC sample, indicating that these peaks
originate from ASR. Comparisons of the chemical shifts of these peaks to the PL-ASR sample in (a) allow for
amino acid assignments to be transferred between the two samples. Reprinted with modifications from
Biophysical Journal, 108, Ward ME et al., In Situ Structural Studies of Anabaena Sensory Rhodopsin in the E.
coli Membrane, 1683–1696 (2015), with permission from Elsevier
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without the induction of ASR expression (i.e., Step 9 in Sect. 3.1 is
omitted). We refer to this sample as EM-NIC (non-induced cells).
Such a negative control sample contains only the background pro-
teins but no ASR signals, and a direct comparison of the spectra
collected on the two samples can be used to confirm the ASR cross-
peak assignments, as demonstrated in Fig. 2.

3.6 Monitoring

Protein Separation

1. Complete the entire protocol using natural abundance (NA)
M9minimal media at Step 7 in Sect. 3.1. This will allow you to
determine the optimal length of induction, as described in
Note 5. The effectiveness of the removal of background pro-
teins in this sample can be monitored through a number of
methods, as shown in Fig. 3. SDS/PAGE can be used to
monitor the removal of background proteins. While many
stains, such as Sypro Ruby Protein stain (Fig. 3a), display all
proteins in the sample, more selective stains, such as InVision
His6-tag stain (Fig. 3b), can be used to selectively stain pro-
teins, like recombinant ASR, which contain a His6-tag. Alter-
natively, a Western blot could provide the same information. If

Fig. 3 (a) Sypro Ruby Protein and (b) InVision His6-tag-stained SDS/PAGE analysis of E. coli membranes from
BL21-Codon-plus-RIL cells containing the plasmid for ASR which have been induced (ASR) and not induced
(NIC). Samples were taken pre-induction (PI) as well as before (cell pellet) and after EM purification.
Membranes were boiled in SDS before electrophoresis. The positions of PL-ASR and a high abundance
37 kDa protein, which we have identified to be an outer membrane protein, are indicated with white and
black-dashed boxes, respectively. Reprinted from Biophysical Journal, 108, Ward ME et al., In Situ Structural
Studies of Anabaena Sensory Rhodopsin in the E. coli Membrane, 1683–1696 (2015), with permission from
Elsevier
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available, the removal of outer membrane proteins can be
monitored through Fourier transform infrared spectroscopy,
as shown in Fig. 4a. The Amide I band is sensitive to protein
secondary structure with peaks representing the NA α-helical
and β-sheet content being present between
~1,658–1,647 cm�1 and ~1,638–1,632 cm�1, respectively.
Narrowing of the Amide I peak around the NA α-helical fre-
quencies indicates the removal of outer membrane β-barrel
proteins.

2. Create a sample using 15N M9 minimal media (UN) at Step 7
in Sect. 3.1 (rbUN labeling) and sample where cells are grown
without the media swap performed in Sect. 3.1 (UN labeling).
Comparisons of the 1D 15N spectra of these samples should
indicate preferential incorporation of the 15N labels into α-

Fig. 4 (a) FTIR spectra of NA EM-ASR throughout the inner membrane isolation process. By observing the
narrowing of the Amide I peak and the reduction of its β-shoulder, the reduction of outer membrane content
(β-barrel proteins) can be monitored. (b) FTIR spectra of rbUCN ASR before (cell pellet) and after (EM-ASR) the
IM isolation process. Peaks corresponding to the NA α-helical and β-strand (αNA and βNA) peaks as well as
their isotopically labeled counterparts (αUCN and βUCN) are indicated with dashed lines. A noticeable increase
in the UCN α-helical peak in EM-ASR as compared to the cell pellet is observed. (c) 1D 15N spectra of (i) UCN
PL-ASR, (ii) UN EM-ASR, and (iii) rbUN EM-ASR. The relative increase in UN-labeled α-helical proteins in rbUN
EM-ASR is evident from the relative increase in the downshifted maximum of the spectra (dashed line), as well
as the appearance of resolved peaks representing the Schiff base (SB) and histidine side chains. (d) 1D 15N
spectra of UCN PL-ASR and rbUN EM-ASR scaled such that the three resolved peaks (SB, His8, His69)
approximately match in intensity, showing that ASR accounts for only ~1/4 of the labeled protein content in
EM-ASR. Reprinted with modifications from Biophysical Journal, 108, Ward ME et al., In Situ Structural Studies
of Anabaena Sensory Rhodopsin in the E. coli Membrane, 1683–1696 (2015), with permission from Elsevier
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helical proteins in the rbUN sample, as shown in Fig. 4c. In
addition, comparisons between resolved resonances in the PL
sample and the EM sample should allow for the quantification
of the amount of recombinant protein in the EM sample. In the
case of ASR, three resolved resonances are visible in the
160–180 ppm region and correspond to the Schiff base (SB)
and side-chain histidine resonances, as seen in Fig. 4c. By
scaling the spectra with respect to these resonances, the relative
amount of UN ASR in the EM-ASR sample can be estimated,
as seen in Fig. 4d.

3. Create a sample grown on 13C-15NM9minimal media (UCN).
The relative content of UCN-labeled α-helical proteins in the
EM-ASR and EM-NIC samples can be further analyzed using
FTIR through observation of the Amide I band, which is
dominated by CO stretching and is therefore sensitive to 13C
labeling, and the Amide II band, which is sensitive to both 13C
and 15N labeling. Isotopic labeling causes a downshift of the
vibrational frequency of the amino acids containing the heavier
atoms by ~20–50 cm�1, and therefore the peaks representing
the 13C and/or 15N-labeled proteins are downshifted from the
frequencies observed in unlabeled proteins. As seen in Fig. 4b,
even in the cell pellet spectrum the Amide II band is clearly split
into two peaks representing isotopically labeled and natural
abundance proteins. The Amide II peak representing isotopi-
cally labeled proteins shows a relative increase in the EM-ASR
spectrum, indicating the removal of unlabeled proteins. Simi-
larly, Amide I peaks representing the NA α-helical and β-sheet
content are present between ~1,658–1,647 cm�1 and
~1,638–1,632 cm�1, respectively, with their isotopically
labeled counterparts being significantly downshifted by
~40 cm�1 from these wavelengths. Although all four peaks
have similar intensities in the cell pellet spectrum, the increase
in the relative content of isotopically labeled α-helical proteins
is evident in the EM-ASR spectrum.

4 Notes

1. Before attempting this protocol, it is important to ensure that
the E. coli strain used correctly expresses the recombinant
protein in M9 minimal medium and incorporates it into the
membrane. As the preparation of a purified, lipid-reconstituted
protein sample (i.e., PL-ASR) is necessary for data analysis and
for determining the resin binding affinity of the protein (see
Note 8), it is recommended that this procedure be developed
and implemented before proceeding to create a sample of the
recombinant protein in the native E. coli membrane
environment.

Preparing Rhodopsins in the E. coli Membrane for SSNMR 263



2. The LB medium used to initially grow the cells could be
replaced with NA M9 medium. This may lead to a reduction
in isotopic labeling of background proteins. Other methods for
reducing the isotopic labeling of background proteins have
been developed by the Baldus group and include the use of a
mutant E. coli BL21Star(DE3) strain which lacks the twomajor
OM proteins OmpF and OmpA [11] and the repression of
endogenous protein expression through the addition of rifam-
picin [27] at the time of induction. Additionally, lowering the
incubation temperature during protein expression has also
been shown to result in reduced isotopic incorporation in
background proteins [12].

3. As is recommended by the manufacturer, we find that a
high concentration of NaCl is necessary to bind ASR to the
Ni2+–NTA–agarose resin. In cases when binding the affinity
resin is possible without the presence of a high salt concentra-
tion, it is beneficial to remove the NaCl from the system as it
reduces lipid aggregation.

4. It is advisable to test this protocol using NA M9 medium and
then subsequently 15N M9 medium and monitor the effective-
ness of the selective isotopic incorporation into the recombi-
nant protein, as well as the removal of background proteins, as
described in Sect. 3.6 before proceeding to 13C- and 15N-
labeled media.

5. The length of protein expression time should be optimized on
a case-to-case basis. While longer expression periods are often
necessary to increase the concentration of the recombinant
membrane protein and to ensure uniform posttranslational
modifications, they also lead to increased isotopic labeling of
the background proteins and in some cases protein degrada-
tion and cell death. Optimization of the length of expression
can be done by inducing a cell culture grown in NA media and
taking 1 ml samples every hour or half hour after the induced
culture begins to show protein color. After spinning down the
media, the cell pellets can be visually compared for color
intensity. If there is no noticeable increase in color intensity
between subsequent tests, then continued incubation likely
will not lead to an increase in recombinant protein content.
Incubation can be continued if it is necessary to ensure that
the resulting protein is uniformly modified; however, this
could lead to an increase in isotopic labeling of background
proteins or protein degradation and cell death which will be
indicated by a brown color in the pellet.

6. It is important to ensure that the temperature of the cell lysate
does not rise too high during sonication. Therefore, it is advis-
able to keep the cell lysate on ice during sonication, to sonicate
in short pulses (~30 s) followed by an equal rest period for a
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maximum pulse time of ~150 s before allowing the sample to
rest for approximately the total sonication cycle time (~300 s).
The duration and power of sonication necessarily will vary
between E. coli strains and equipment used.

7. During this step we saw that the IM fraction was quite smeared
throughout the 35% sucrose layer (Fig. 5) with the color clearly
changing from the bottom to the top. Careful collection of
these two layers and FTIR analysis reveals that the β content of
the lighter layer is significantly lower than that of the heavier
layer. Therefore, if similar observations are made, it is recom-
mended to separately collect the fractions and analyze their
content before continuing the protocol.

8. To determine the volume of two-phase system to use, you can
first determine the binding affinity for your protein to the resin
by solubilizing and quantifying your protein and testing resin
binding. Based on this result and an estimation of your yield,
the amount of resin necessary to bind your protein can be
estimated. For ASR, we used approximately 10 ml of resin per
liter of culture. In addition, it is often easier to resuspend the
IM fraction in the appropriate volume of 10 mM Tris before

Fig. 5 Example of the smearing of the inner membrane fraction observed during
the six-phase sucrose gradient. The inner membrane fraction sits on top of the
40% sucrose layer and is separated into a light and a heavy fraction which are
distinguishable based on the differing color. FTIR analysis of the two fractions
indicates that the lighter fraction contains significantly less β-barrel proteins
than the heavier fraction, and therefore the two fractions were kept separate,
with only the lighter fraction being used in the final NMR sample
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adding the remaining components of the two-phase system to
this suspension.

9. This step can be difficult as the membranes will often sit on top
of the lower phase. Often it is easiest to put the tube in the
refrigerator and wait for the resin to fall out without
centrifugation.
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