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I am pleased to present this book, Biophysical Regulation of Vascular Differentiation 
and Assembly in the series Biological and Medical Physics, Biomedical 
Engineering.

The ability to grow stem cells in the laboratory and to guide their maturation to 
functional cells allows us to study the underlying mechanisms that govern vasculature 
differentiation and assembly in health and disease. Accumulating evidence suggests 
that early stages of vascular growth are exquisitely tuned by biophysical cues from the 
microenvironment, yet the scientific understanding of such cellular environments is 
still in its infancy. Comprehending these processes sufficiently to manipulate them 
would pave the way to controlling blood vessel growth in therapeutic applications. 
This book assembles the works and views of experts from various disciplines to 
provide a unique perspective on how different aspects of microenvironment regu-
late the differentiation and assembly of the vasculature. In particular, it describes 
recent efforts to exploit modern engineering techniques to study and manipulate 
various biophysical cues.

The book opens with a description of the emergence of blood and blood vessels 
during development; understanding their emergence increases our understanding of 
postnatal and disease processes (Sills and Hirschi). The following chapters describe 
the critical role of the three-dimensional extracellular matrix milieu in controlling tube 
morphogenesis and stabilization (Davis, Stratman, and Sacharidou), in directing 
vascular differentiation of human embryonic stem cells (Kraehenbuehl, Aday, and 
Ferreira), in affecting the intra- and extracellular microrheology of endothelial cells 
(Fraley, Hale, Bloom, Celedon, Lee, and Wirtz), and in modulating blood vessel 
formation through biophysical cues (Critser and Yoder). The book then details the 
hypoxic regulation of vascular remodeling through the mediation of hypoxia-
inducible factor 1 (Sarkar and Semenza), in the context of the three-dimensional 
extracellular matrix during development and regeneration (Abaci, Hanjaya-Putra, 
and Gerecht), and as one of the complex microenvironmental factors in tumor 
angiogenesis (Infanger, Pathi, and Fischbach). The final chapters consider the 
design of biologically inspired culture systems to control multiple microenviron-
mental factors during differentiation (Freytes and Vunjak-Novakovic), with a focus on 
understanding the effects of hemodynamic forces and their application to vascular 
graft engineering (Diop and Li).

Preface



vi Preface

This book provides an interdisciplinary view of vasculature regulation by various 
biophysical cues and presents recent advances in measuring and controlling such 
parameters. I hope it will inspire life scientists, biophysicists, and engineers to 
pursue unconventional approaches to answering fundamental questions in vascular 
differentiation and assembly.

I am grateful to all of the authors for their excellent contributions and thank 
Springer for implementing this project; especially, I want to thank Christopher 
Coughlin, the publishing editor of the book, for initiating and supporting this project 
and Ho Ying Fan for his excellent production work.

Baltimore, 2010	S haron Gerecht
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1.1 � Introduction

Emergence of vascular endothelial cells and blood cells occurs within a similar 
time frame in mammals, and the vascular and hematopoietic systems continue 
to develop in parallel throughout embryogenesis. There are several specialized 
centers of hematopoietic activity in the developing embryo, including the yolk sac, 
aorta-gonad-mesonephros (AGM) region, fetal liver, and fetal bone marrow (where 
hematopoietic activity persists after birth). Elegant in vivo experiments and localiza-
tion studies have shown that specialized endothelial cells residing within the yolk sac 
and AGM have the ability to give rise to (and/or support the maturation of) 
hematopoietic stem cells (HSC) and hematopoietic progenitors (HP). Whether similar 
vascular microenvironments (niches) exist within fetal liver and fetal bone marrow 
remains to be defined; however, sinusoidal endothelium within adult bone marrow is 
known to similarly support HSC/HP activity. Other recent studies in embryonic stem 
cell models (mouse and human) have further demonstrated that endothelial cells 
function as precursors of HSC/HP in  vitro. All of these observations collectively 
confirm the century-old speculation of the existence of hemogenic endothelial cells 
and their pivotal role in hematopoiesis. It remains critical to define the phenotype and 
regulation of the subset of specialized vascular endothelium with hemogenic func-
tion within the embryo, and determine whether an adult counterpart exists. It would 
also be imperative to determine the relationship of the putative postnatal hemogenic 
endothelial cells to vascular and hematopoietic progenitors in the adult, and investi-
gate whether postnatal blood and vascular disease states are mediated by aberrant 
hemogenic endothelial cell function. Only in so doing, can we then determine the 
usefulness of hemogenic endothelial cells in therapeutic applications.

K.K. Hirschi (*) 
Interdisciplinary Program in Cell and Molecular Biology, Departments of Pediatrics  
and of Molecular and Cellular Biology, Center for Cell and Gene Therapy and Children’s 
Nutrition Research Center, Baylor College of Medicine, One Baylor Plaza, Room N1020, 
Houston, TX 77030, USA 
e-mail: khirschi@bcm.tmc.edu

Chapter 1
The Emergence of Blood and Blood Vessels  
in the Embryo and Its Relevance to Postnatal 
Biology and Disease

Tiffany M. Sills and Karen K. Hirschi 
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1.2 � Concepts in Development of Blood and Blood Vessels

In mammals, the development of blood and blood vessels is highly interdependent. 
Genetic manipulation studies in multiple model systems have revealed that blood 
does not form in the absence of vasculature [1, 2], and the vasculature does not 
remodel in the absence of blood circulation [3]. Interestingly, the biomechanical 
forces exerted by blood circulation upon the onset of cardiovascular function also 
regulate developmental hematopoiesis [4]. In addition to the concurrent develop-
mental timelines of these systems, blood and blood vessels work in concert to 
deliver oxygen and nutrients, remove metabolic waste, and distribute circulating 
effectors and cells to all tissues of the developing organism. In order to more fully 
understand the dependency of one system on the other, we first briefly overview the 
development of each system separately and then discuss a putative cellular link 
between the two, via hemogenic endothelium, with a focus on development in the 
mouse model system.

1.2.1 � Embryonic Vasculogenesis

Embryonic vasculogenesis is the de novo differentiation of endothelial cells and 
formation of blood vessels within the developing yolk sac and embryo. After gas-
trulation in the murine yolk sac, the visceral endoderm induces adjacent mesoder-
mal progenitors to differentiate into endothelial cells, which first emerge in blood 
islands at E7.25 near the placental cone. Newly formed endothelial cells coalesce 
to form the primary vascular plexus, which is established throughout the entire yolk 
sac tissue by E8.0. Over the next 36 h (until E9.5), the yolk sac plexus is remodeled 
into a differentiated vascular network by both molecular signaling and hemody-
namic forces generated at the onset of cardiac function, which begins ~E8.25 (7–8 
somites). Vasculogenesis also occurs within the embryo proper, leading to the for-
mation of early vessels including the paired dorsal aorta by E8.0, which fuse by 
E9.0 to supply the backbone for angiogenic sprouting and branching of most of the 
remaining major embryonic vessels. The embryonic vitelline and umbilical vessels 
also develop concurrently with the aorta and connect to the yolk sac and placenta, 
respectively. Throughout gestation such early vessels will remodel by angiogenic 
sprouting and pruning, while also connecting to vasculogenic regions of new vessel 
formation.

Remodeling of the vascular network also involves “specification” (or specialization) 
of primordial (or primitive) endothelial cells into phenotypically and functionally 
distinct endothelial cells that line arterial, venous, and lymphatic vessels. While 
VEGF-A signaling is required for global vascular development, it appears that 
VEGF-A-induced Notch signaling promotes arterial specification, and the orphan 
nuclear receptor COUP-TFII acts to negatively regulate Notch function in presump-
tive venous endothelial cells. In fact, loss of COUP-TFII results in venous structures 
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acquiring arterial-like properties including expression of components of the Notch 
signaling pathway and appearance of hematopoietic cell clusters in vessel lumens 
[5]. The homeobox gene Prox1 has been shown to be required for both initiation and 
maintenance of lymphatic vessel endothelial cells, which arise from a subset of the 
venous endothelium [6–8]. Other factors and pathways involved in arterial/venous/
lymphatic specification include angiopoietin and the hedgehog signaling pathway, 
which function coordinately to control the endothelial cell migration and cell–cell 
association (reviewed in detail in [9]). Sufficient evidence has established that physi-
ologic influences secondary to blood flow also play a role in the final composition 
of blood vessels within the circulatory system (reviewed recently in [10]). 
Furthermore, studies of the ligand/receptor pair ephrin-B2 and Eph-B4 suggest that 
there may be some genetic determination of arterial/venous specification prior to 
angiogenesis [11]. Thus, subsets of endothelium could, in fact, be specified geneti-
cally prior to extrinsic signaling, perhaps even shaping their locations within the 
developing vascular plexus.

Another type of endothelium that is formed during embryonic vascular remodeling 
is hemogenic endothelium that has the capacity to give rise to multilineage blood 
cell progenitors and contribute to definitive hematopoiesis. Whether hemogenic 
endothelium is genetically “predetermined,” or specialized in response to soluble 
and mechanical factors is not yet clearly defined. This population of cells, and its 
relevance to hematopoiesis in the embryo and adult, is further discussed later in this 
chapter.

1.2.2 � Embryonic Hematopoiesis

The formation of blood, or hematopoiesis, is a critical process during embryogen-
esis and throughout postnatal life, as is vasculogenesis. During mammalian devel-
opment, hematopoiesis occurs in two distinctly different stages, termed primitive 
and definitive hematopoiesis (timeline summarized in Fig. 1.1). In mice, the first 
wave of primitive hematopoiesis occurs ~E7.25 when primitive (nucleated) eryth-
roblasts arise in blood islands of the yolk sac in close proximity to primordial 
(nonspecialized) endothelial cells. The second wave of blood formation in the 
developing embryo, definitive hematopoiesis, leads to the formation of all cell 
types of the blood lineage (erythroid, myeloid, and lymphoid). The generation of 
multilineage progenitors occurs in the extraembryonic yolk sac at ~E8.25 [12–14] 
and within several intraembryonic tissues, the first of which is the AGM region 
beginning at ~E10.5 [13, 15, 16].

In the AGM, emergence of clusters of blood cells within the lumen of the aorta 
marks the initiation of hematopoietic activity in this area. Further examination 
reveals that the emerging intra-aortic cell clusters are bound by tight junctions to 
the underlying endothelium [17, 18]. These AGM-derived HSC/HP are proposed to 
then seed and proliferate in the fetal liver at ~E14.5 before taking up residence in 
fetal bone marrow at ~E17.5. Whether multilineage HSC/PC emerge independently 
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within fetal liver and bone marrow, and perhaps from hemogenic endothelium, is 
not yet known. It is well documented, however, that quiescent HSC reside predomi-
nantly within bone marrow postnatally, and various physiologic, pathologic, and 
pharmacologic events induce a cycling (proliferative) phenotype that gives rise to 
all blood lineages throughout postnatal life.

1.2.3 � Historical Observations of the Lineage Relationship  
of Endothelium and Blood

The lineage connection between blood and endothelial cells during embryonic 
development has been heavily debated for more than 100 years. Their coincident 
temporal and physical emergence during embryogenesis has led to two hypotheses: 
(1) blood cells arise from specialized (hemogenic) endothelial cells and (2) blood 
and endothelial cells arise from the same progenitor, referred to as a “heman
gioblast.” We will briefly recount the historical observations that led to these 
hypotheses and review the current evidence for each in the field.

Seminal work by Florence Sabin in the 1920s [19], studying the chick yolk sac, 
describes blood islands as structures in which hematopoietic cells are anchored to, 
and derived from, surrounding endothelium. Specifically, she wrote:

Fig. 1.1  Timeline reflecting the parallel development of endothelium and blood at the major sites 
of hematopoietic activity in the developing murine embryo. Mustard bar and red arrow above 
timeline represent the two waves of hematopoiesis during embryonic development, while copper 
arrows below represent primary vascular phenomena. Spatial locations of all phenomena are 
denoted by black arrows, and dotted arrow indicates initiation of cardiac function in the murine 
embryo
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Red blood-corpuscles can be seen to grow from the endothelial lining of blood-vessels. 
They may develop from little masses of the original angioblasts, which become partially 
separated by the liquefaction of cytoplasm around them. Such a mass of cells becomes a 
blood-island by having haemoglobin develop within the cells. The color of haemoglobin 
can be detected in the living cells earlier than I have been able to fix and stain it. Again an 
endothelial cell of a blood-vessel will divide so that one daughter cell projects into the 
lumen. This cell becomes filled with basophilic granules and develops haemoglobin. It is 
then a unicellular blood-island. It divides and the mass is increased also by the addition of 
other cells, which differentiate from the endothelium in the neighborhood and creep along 
the wall to join the first cell. These cells soon form a yellow syncytial mass projecting into 
the lumen of the vessel. At this stage the islands have a smooth, sharp contour. As they 
develop, cells begin to round up on their surface until the whole mass comes to look like a 
mulberry and then the red cells break free from the mass and float away in the blood-
plasma [19].

Soon afterwards, observations by others including P.D.F. Murray in 1932 [20] 
spawned the definition of the “hemangioblast,” a progenitor cell with the capability 
to give rise to both endothelial and HSC. This describes a separate, distinct phe-
nomenon of a grouping of progenitor cells where those along the periphery become 
primitive endothelial cells and the inner cells remain free to differentiate into primi-
tive blood. In attempting to clarify the differences among angioblasts, blood 
islands, and hemangioblasts, he wrote the following:

The “angioblasts” are masses of cells or single cells formed from the mesenchyme, from 
which develop the endothelial vessels containing plasma and the blood islands; the blood 
islands proper are the groups of cells or single cells derived directly from the “angioblasts,” 
which persist attached to the endothelial walls, and whose component cells, when sepa-
rated from one another by the dissolution of the blood islands, become the primitive blood 
cells. Such a distinction is justified, for “angioblasts” and blood islands are two distinct 
developmental stages differing from one another in prospective significance and in struc-
tural relationships. To “angioblast,” however, I prefer the term “haemangioblast.” This 
expresses the fact that both endothelium and blood develop from the solid mass, whereas 
the term “angioblast” strictly refers only to the vessels, i.e., to the endothelium [20].

Even in this instance, Murray describes a “hemangioblast” as a tissue mass that 
gives rise to both endothelium and blood, not necessarily a progenitor that gener-
ates two distinct lineages, hematopoietic and endothelial cells. However, by the 
1980s, the term “hemangioblast” had come to be used to describe such a bipotent 
cell, which was presumed to be generated in the primitive streak and exist tran-
siently for establishment of the blood and vascular systems. While there is some 
evidence for a multipotent Brachyury+Flk-1+ progenitor involved in primitive 
hematopoiesis in the yolk sac, indirect tracking of this cell type reveals that it also 
generates vascular smooth muscle cells therein [21]; thus, it is not truly bipotent. 
Furthermore, there remains minimal data supporting a direct role for this type of 
cell in intraembryonic definitive hematopoiesis [21, 22]. In contrast, there is 
evidence that endothelial and hematopoietic cell lineages are independently fated 
during gastrulation, even during primitive hematopoiesis in the yolk sac [23].

Regardless of this debate, which appears to be relevant to only primitive 
hematopoiesis, it is now generally accepted that definitive blood cells arise from 
hemogenic endothelium, and that even “hemangioblast-derived” blood cells are 
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produced via an endothelial-intermediate [24]. Therefore, definitive hematopoiesis 
cannot occur in the absence of proper vascular development, which is why there is 
no generation of definitive blood cells in experimental animal models with defec-
tive endothelial cell development [1, 2].

1.3 � Review of Hemogenic Endothelium Function  
During Embryogenesis

1.3.1 � Yolk Sac

The embryonic yolk sac is the first site of definitive hematopoiesis. It has been 
extensively studied with regard to early development of both endothelial and blood 
cells due to its structural simplicity, accessibility for dynamic imaging, and ease of 
cell isolation there from, relative to the embryo proper. Previous work in our labora-
tory, exploiting the Hoechst dye-efflux property (side population or SP phenotype) 
attributed to adult bone marrow HSC, revealed that hemogenic endothelial cells also 
exhibit dye-efflux properties relative to non-blood-forming endothelial cells within 
the developing embryo, presumably due to overexpression of multidrug-resistant 
pumps such as ABCG2 [25, 26]. We further characterized these cells phenotypically 
by fluorescence-activated cell sorting (FACS) analysis and functionally on a clonal 
level using in vitro assays, and found them to be Flk-1+cKit+CD31+VE-Cad+/−CD45− 
SP cells [14, 27]. We also found that retinoic acid signaling is critical for their 
specification [14].

Other groups have shown that expression of CD41, an earlier marker of 
hematopoietic potential than CD45, is restricted to intraluminal cells in yolk sack 
vascular channels. Using Tie2, Flk1/VEGFR2, and CD41 to discriminate different 
cell types, it was shown that a Tie2+FlkdimCD41− population, after coculture on 
murine OP9 bone marrow stromal cells, could give rise to endothelial-like struc-
tures or hematopoietic colonies. The hematopoietic colonies contained cells that 
gained expression of CD41 after coculture [28]. CD41 expression may also bias 
progenitors to certain hematopoietic lineages depending on the tissue in which 
these cells reside [29].

1.3.2 � Aorto-Gonado-Mesonephros Region

The murine AGM region is regarded as the first site of intraembryonic definitive 
hematopoiesis, and thus has been the target of substantial study regarding 
hemogenic endothelium. Earlier studies in this region were largely carried out 
using avian and transgenic mouse models, FACS sorting, and culturing of wild-
type cells/tissues [15, 30–32]. While they revealed some insights into the relationship 



71  The Emergence of Blood and Blood Vessels in the Embryo and Its Relevance

between endothelium and blood, significant questions remained about the immediate 
precursor to definitive blood cell types. VE-cadherin-Cre lineage-tracing models 
have more recently been used to demonstrate that multilineage hematopoietic cells 
have an endothelial cell origin. These studies also suggested that the Runx1 transcrip-
tion factor plays an important role in mediating the endothelial-to-hematopoietic 
cell transition [33, 34]. Other studies involving live imaging of AGM explants from 
Sca-1:GFP and CD41-YFP mice have shown emergence of presumptive HSC/HP 
directly from the mouse aortic wall [35].

A summary of published murine markers of endothelial cells, hemogenic 
endothelial cells, and hematopoietic stem/progenitor cells of yolk sac and AGM 
tissues are shown in Fig.  1.2. Hemogenic endothelial cells are localized in the 
E11.5 AGM in situ via immunofluorescent costaining of endothelial cell marker 
VE-cadherin and hematopoietic stem/progenitor marker cKit (Fig. 1.3). While the 
formation and function of hemogenic endothelium has been most thoroughly stud-
ied in avian, zebrafish, and murine models, limited human embryonic studies have 
revealed similar cell populations, exhibiting similar functions, during the equivalent 
time course in human embryos [36–41].

Fig. 1.2  Schematic representation of primitive endothelium, hemogenic endothelium, hematopoietic 
progenitors, and differentiated blood cells within the context of the developing aorta at E10.5. 
Adjacent color-matched columns list murine phenotypic markers for each subset of cells, and 
italicized words represent transcription factors placed at arrows where this signaling exerts its 
effect in specification of HEC and blood. EC endothelial cell; HEC hemogenic endothelial cell; 
HP hematopoietic progenitors; BC blood cell
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1.3.3 � Stem Cell Models of Vascular and Blood Cell Development

In addition to the characterization of developmental vasculogenesis and hematopoiesis 
in avian, murine, and human embryonic models, work using both mouse and human 
embryonic stem (ES) cells further established an endothelial-intermediate in blood 
cell development. By examining the expression of various hematopoietic factors in 
spontaneously differentiating embryoid bodies by RT-PCR and evaluating the kinetics 
of precursor development, it was determined that blood progenitors are derived from 
mouse ES cells in a temporal order similar to that exhibited in the murine embryo. 
More specifically, primitive erythroid progenitors arise at day 4 of embryoid body 
formation, 24 h before definitive erythroid and macrophage development, followed by 
neutrophils/macrophage differentiation at day 6, production of multilineage progenitors 
at day 8, and finally mast cell differentiation at day 10 [42, 43].

Embryoid bodies also give rise to endothelial cells during this same time frame, 
as Flk-1+CD31+ cells appeared as early as day 4 of embryoid body formation, and 
expression of additional endothelial markers Tie-1, Tie-2, and VE-cadherin occurs 
by day 5. Furthermore, it was shown that embryoid bodies differentiated to the 
point of vascular-like structures at day 11 often contained definitive hematopoietic 
precursors [44], providing more evidence of the intimate relationship between 
endothelial and vascular development. Recent studies in mouse ES cells have estab-
lished the roles of BMP4 and Wnt3a in hematopoietic differentiation through the 
induction of HoxB4 and Cdx4 [45, 46].

Fig. 1.3  Immunofluorescent staining of E11.5 aorta and associated vasculature reveals coexpression 
of endothelial and stem cell markers used to isolate hemogenic endothelium. (Left panel) Areas 
of aortic wall with coexpression of VE-cadherin (green) and cKit (red) (indicated with white 
arrows) with blood cells in close approximation. (Right panel) VE-cadherin+ (green)/cKit+ (red) 
cells in E11.5 vessel lumen (indicated by white arrows), likely representative of blood cells 
derived from endothelial precursors which subsequently entered embryonic circulation. Scale 
bar = 100 mm
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As in the murine ES cell model, human ES cell differentiation has also 
successfully modeled mammalian endothelial-hematopoietic development of the 
early embryo. Human ES cell differentiation has provided evidence of mesodermal-
hemato-endothelial colonies that exhibit striking morphological resemblance to 
clusters of cells of the human yolk sac during primitive hematopoiesis. Continued 
culturing of these colonies leads to emergence of cells with HSC and HP character-
istics. Cells isolated from human embryoid bodies at days 9 and 10 of spontaneous 
differentiation exhibit an embryonic endothelial cell phenotype (CD31+/CD34+ or 
VE-Cad+/CD45−) that give rise to CD45+ erythroid/myeloid cells and CD56+ 
Natural Killer (NK) cells [47–50].

Although cells with hematopoietic phenotypic characteristics, and in  vitro 
colony forming ability, are generated from ES cell differentiation systems, clear 
demonstration that they, indeed, represent adult-type HSC/HP has been ham-
pered by lack of their successful transplantation into irradiated adult hosts. 
Nonetheless, several groups have shown that expression of factors thought to be 
involved in embryonic HSC maturation in vivo significantly improves engraft-
ment of ES-derived HSC/HP [48, 51, 52]. In addition, both murine ES cell-
derived Flk-1+ and mesodermal cells have recently been used to track the 
formation of nonadherent CD41+ and CD45+ blood cells from sheets of cells 
expressing canonical endothelial markers and exhibiting endothelial cell mor-
phology in vitro by time-lapse imaging [53]. In this system, it was also estab-
lished that Tal1/Scl is necessary for the formation of hemogenic endothelial cells 
from blast colonies [24].

1.3.4 � Phenotype and Origin of HSC in the Adult

Adult bone marrow HSC are among the most well-characterized stem cells in terms 
of cell phenotype and in vivo function. A variety of different techniques exist to 
isolate these cells from their bone marrow niche, including FACS based on cell 
surface marker expression and/or dye-efflux properties (SP phenotype). Presently, 
HSC are regularly and consistently purified from whole bone marrow as the cKit+, 
Sca-1+ and blood lineage marker− (also referred to as Lin−; blood cell lineage markers 
include CD4, CD8, B220, Mac-1, Gr-1, and Ter119) or “KSL” fraction, the 
Hoechst dye-effluxing side population (SP) fraction, or a combination of both SP 
and KSL (termed SP-KSL or “SParKLS”) [54–56]. Furthermore, we are learning 
much more about the microenvironment (niche, discussed below) in which the 
HSC reside from in vivo imaging and molecular regulation studies. However, there 
is relatively little known about the origin of HSC in adult bone marrow. Thus, 
despite the fact that there is increasing evidence from animal and stem cell culture 
studies indicating that HSC and definitive blood cell lineages arise from the endothe-
lium during embryonic development, there is no proven counterpart in the adult. 
Thus, the origin of the adult HSC, and its lineage relationship to the vasculature, is 
not clear.
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1.3.5 � Vascular Niche for Adult HSC

Adult HSC are known to exist in a quiescent, nondividing state awaiting local and/or 
systemic signals to cycle and mobilize, as necessary. While significant evidence 
establishes a role for osteoblasts and an endosteal HSC niche in adult bone marrow 
[57, 58], immunofluorescence analysis for the SLAM family of receptors revealed 
that the majority of CD150+CD48−CD41− HSC are intimately associated with the 
fenestrated endothelium of sinusoidal bone marrow and spleen [59], emphasizing 
an important relationship between HSC and specialized endothelium.

Supportive of the in  vivo localization studies, ex vivo culture of primary 
endothelial cells from adult bone marrow and embryonic yolk sac or AGM region 
reveal their ability to promote or maintain adult bone marrow/HSC phenotype, 
expansion, differentiation, and in vivo repopulating ability [60–62]. Furthermore, 
bone marrow endothelial cells constitutively express several cytokines and adhesion 
molecules important for mobilization, homing and engraftment of HSC, as well as 
other blood progenitors [63, 64]. Hence, HSC residing in this vascular niche would 
be well maintained, and available to respond quickly to perturbations in hematopoi-
etic homeostasis and begin proliferation and differentiation, as needed. Interestingly, 
even endothelium isolated from adult nonhematopoietic tissues such as brain, heart, 
liver, and lung are supportive of HSC maintenance and repopulating function, but 
kidney endothelium decreased these processes [65].

1.4 � Future Directions

1.4.1 � Potential Relationship of Hemogenic Endothelial Cells  
to Postnatal Vascular and Hematopoietic Progenitors?

While there exists a growing body of literature focusing on the role of specialized 
endothelium in the support and maintenance of HSC in the adult bone marrow 
niche, there is little discussion regarding the possibility of this endothelium (or any 
other in the adult murine and human systems) contributing to de  novo HSC/HP 
generation. As hemogenic endothelium has been proven a major source of blood 
production during embryonic development, it is reasonable to postulate that this 
phenomenon could be contributing to the pool of HSC/HP in mature bone marrow 
as a naturally occurring process. While current dogma stipulates that the long-term 
HSC provide a sufficient reservoir for blood production throughout the course of 
adult life, it would not be surprising if the supporting endothelium, closely associ-
ated with HSC in the niche, also contributed to maintenance of the HSC pool in a 
manner similar to their initial production of cells with similar function during 
embryonic development.

Similarly, it is possible that certain pathologic states or toxicities result in gene 
expression changes causing some injured adult endothelium to revert to a state in 
which it produces HSC and/or HP. A 2002 study by Montfort et al. showed that 
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donor-derived vessel grafts protected hosts from lethal irradiation via production 
of donor hematopoietic cells over a 50-day time course [66]. While the tissue 
harvesting procedure and subsequent implantation into the kidney could have 
caused numerous changes in gene expression and molecular signaling, this vali-
dates the notion of differentiated cells residing in the vasculature have the ability 
to produce blood. Possibly, there are idiopathic myeloproliferative disorders 
(MPD) resulting from aberrant production of blood from the vasculature, which 
until recently would not have been considered a potential source for such cases. 
Interestingly, several studies of blood malignancies have shown that the same 
chromosomal translocations/deletions present in hematopoietic cells are present in 
at least some marrow-derived endothelial cells and can contribute to both malig-
nant angiogenesis and hematopoiesis [67–71]. Further investigation may reveal a 
host of previously unknown targets for hematologic malignancies and disorders 
refractive to current therapies.

Endothelial progenitor cells (EPC) are broadly classified as nonendothelial cells 
that can give rise to vascular cells in vitro and contribute to blood vessel formation 
in vivo. First isolated from human peripheral blood as CD34+ cells (and as either 
CD34+ or Flk-1+ circulating cells in mice) [72], EPC show great therapeutic promise 
for repair of vascular injury and regenerative therapies. While there remains much 
debate about the origin and phenotype of, and interrelationship among, all vascular 
progenitor cell populations, there is evidence that vascular progenitors can arise 
from within, or around, the vasculature of specific tissues (reviewed recently in 
[73]). There is also evidence that EPC can be generated directly from HSC and 
perhaps other hematopoietic cell types (i.e., myeloid progenitors) (reviewed most 
recently in [74–76]).

Therefore, it is confusing to sort out the lineage interrelationship(s) between the 
vascular and hematopoietic systems in the adult. If EPC are derived from the vas-
culature, they may have very little association with the hematopoietic system 
expect for the fact that they circulate within peripheral blood. However, if EPC are 
derived from a hemogenic endothelial cell type that persists in adults, then perhaps 
they can be thought of as specialized hematopoietic progenitors that retain vascular 
potential. Although this latter hypothesis can be supported by many published studies, 
it does not account for the fact that transplanted HSC can also give rise to EPC and 
endothelial cells. Thus, important questions remain to be answered regarding the 
existence of hemogenic endothelium in the adult, the origin of both HSC and EPC 
from embryogenesis throughout adulthood, as well as their lineage relationship(s) 
(postulated interrelationships are summarized in Fig. 1.4).

1.4.2 � Therapeutic Applications for Hemogenic Endothelium

As the role of hemogenic endothelium in blood production has been established, at 
least in the embryo and stem cell culture systems, it is reasonable to hypothesize 
that under certain circumstances, adult endothelium may contribute, or be altered 
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to contribute, to HSC repopulation and/or EPC generation. Many groups are 
working to understand the properties of “stemness” and using this knowledge to 
dedifferentiate somatic cell types into induced pluripotent stem (iPS) cells [77–80]. 
In the case of endothelium, perhaps induction of some primordial state could allow 
generation of functional hemogenic endothelium for the production of HSC and/or 
EPC in vitro or in vivo.

The ability to generate HSC/HP from isogenic endothelium would be particularly 
useful in the setting of bone marrow diseases and blood cancers. Numerous hema-
tologic malignancies and MPD necessitate depletion of the bone marrow through 
radiation and/or chemotherapy; afterward, individuals most often rely on allogenic 
bone marrow transplants to repopulate the full complement of blood components. 
Advances in medical science to reprogram adult endothelium (or EPC) to a hemo-
genic phenotype could be used to generate new, adult-type definitive HSC and 
progenitors in  vivo. This would eliminate complications such as lack of suitable 

Fig. 1.4  Proposed “circulatory loop” of hemogenic endothelium, HSC, and EPC. (a) Representation 
of endothelial subset becoming specified as hemogenic endothelial cells, which give rise to HSC/
progenitors within YS and AGM region. (b) Simplified schematic of definitive hematopoiesis 
beginning with HEC in the embryo, generating HSC that then produce the full complement of 
blood lineages. (c) Circulating EPC mobilizing to endothelium in response to injury or disease, 
leading to integration into vasculature and replacement of damaged EC. Question marks denote 
current areas of uncertainty in these processes
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donors, graft vs. host disease, graft rejection, and risks associated with the 
procedure. A major caveat is that the endothelium would have to be screened to 
ensure that the defect originally causing the malignancy is not present; otherwise, 
such measures would likely recapitulate the initial disease state. To this end, a recent 
study by Ye et  al. showed that iPS cells derived from CD34+ blood cells from 
patients with MPD maintain the pathologic phenotype of the patient source upon 
redifferentiation [81]. Hence, while the utility of inducing blood-forming endothe-
lium in the adult system is apparent, there are many areas of uncertainty that must 
be more thoroughly investigated before deeming this a practical therapeutic option.

1.4.3 � Conclusions

Overlapping development of the vascular and hematopoietic systems reflects a 
unique interdependence between these earliest-functioning organ systems during 
embryogenesis. Furthermore, identification of endothelial cells as a major source 
of hematopoiesis during embryogenesis provides insight into the signaling hierar-
chy required for initial HSC emergence within vertebrate systems. Gaining further 
understanding of the complex processes leading to specification and regulated 
function of hemogenic endothelium, as well as determining whether these processes 
are relevant in the adult, may enable us to target therapeutic and regenerative 
medicine strategies to better treat vascular and hematologic pathologies.

Acknowledgments  The authors would like thank Dr. Sharon Gerecht for the opportunity to 
contribute to this book and additional reviewers for critiques of the manuscript.

References

	 1.	 Shalaby, F., et  al., Failure of blood-island formation and vasculogenesis in Flk-1-deficient 
mice. Nature, 1995. 376(6535): p. 62–6.

	 2.	 Shalaby, F., et  al., A requirement for Flk1 in primitive and definitive hematopoiesis and 
vasculogenesis. Cell, 1997. 89(6): p. 981–90.

	 3.	 Lucitti, J.L., et al., Vascular remodeling of the mouse yolk sac requires hemodynamic force. 
Development, 2007. 134(18): p. 3317–26.

	 4.	 Adamo, L., et al., Biomechanical forces promote embryonic haematopoiesis. Nature, 2009. 
459(7250): p. 1131–5.

	 5.	 You, L.R., et al., Suppression of Notch signalling by the COUP-TFII transcription factor regu-
lates vein identity. Nature, 2005. 435(7038): p. 98–104.

	 6.	 Wigle, J.T. and G. Oliver, Prox1 function is required for the development of the murine lym-
phatic system. Cell, 1999. 98(6): p. 769–78.

	 7.	 Wigle, J.T., et al., An essential role for Prox1 in the induction of the lymphatic endothelial cell 
phenotype. EMBO J, 2002. 21(7): p. 1505–13.

	 8.	 Johnson, N.C., et  al., Lymphatic endothelial cell identity is reversible and its maintenance 
requires Prox1 activity. Genes Dev, 2008. 22(23): p. 3282–91.



14 T.M. Sills and K.K. Hirschi

	 9.	 Harvey, N.L. and G. Oliver, Choose your fate: artery, vein or lymphatic vessel? Curr Opin 
Genet Dev, 2004. 14(5): p. 499–505.

	10.	 Culver, J.C. and M.E. Dickinson, The effects of hemodynamic force on embryonic develop-
ment. Microcirculation, 2010. 17(3): p. 164–78.

	11.	 Wang, H.U., Z.F. Chen, and D.J. Anderson, Molecular distinction and angiogenic interaction 
between embryonic arteries and veins revealed by ephrin-B2 and its receptor Eph-B4. Cell, 
1998. 93(5): p. 741–53.

	12.	 Palis, J., et al., Development of erythroid and myeloid progenitors in the yolk sac and embryo 
proper of the mouse. Development, 1999. 126(22): p. 5073–84.

	13.	 Cumano, A., F. Dieterlen-Lievre, and I. Godin, Lymphoid potential, probed before circulation 
in mouse, is restricted to caudal intraembryonic splanchnopleura. Cell, 1996. 86(6):  
p. 907–16.

	14.	 Goldie, L.C., et al., Cell signaling directing the formation and function of hemogenic endothe-
lium during murine embryogenesis. Blood, 2008. 112(8): p. 3194–204.

	15.	 Medvinsky, A. and E. Dzierzak, Definitive hematopoiesis is autonomously initiated by the 
AGM region. Cell, 1996. 86(6): p. 897–906.

	16.	 Muller, A.M., et al., Development of hematopoietic stem cell activity in the mouse embryo. 
Immunity, 1994. 1(4): p. 291–301.

	17.	 North, T., et al., Cbfa2 is required for the formation of intra-aortic hematopoietic clusters. 
Development, 1999. 126(11): p. 2563–75.

	18.	 Marshall, C.J. and A.J. Thrasher, The embryonic origins of human haematopoiesis.  
Br J Haematol, 2001. 112(4): p. 838–50.

	19.	 Sabin, F.R., Preliminary note on the differentiation of angioblasts and the method by which 
they produce blood-vessels, blood-plasma and red blood-cells as seen in the living chick. 
1917. J Hematother Stem Cell Res, 2002. 11(1): p. 5–7.

	20.	 Murray, P.D.F., The development in vitro of the blood of the early chick embryo. Proc R Soc 
Lond B Biol Sci, Containing Papers of a Biological Character, 1932. 111(773): p. 497–521.

	21.	 Huber, T.L., et  al., Haemangioblast commitment is initiated in the primitive streak of the 
mouse embryo. Nature, 2004. 432(7017): p. 625–30.

	22.	 Choi, K., et al., A common precursor for hematopoietic and endothelial cells. Development, 
1998. 125(4): p. 725–32.

	23.	 Kinder, S.J., et al., The orderly allocation of mesodermal cells to the extraembryonic struc-
tures and the anteroposterior axis during gastrulation of the mouse embryo. Development, 
1999. 126(21): p. 4691–701.

	24.	 Lancrin, C., et al., The haemangioblast generates haematopoietic cells through a haemogenic 
endothelium stage. Nature, 2009. 457(7231): p. 892–5.

	25.	 Zhou, S., et al., The ABC transporter Bcrp1/ABCG2 is expressed in a wide variety of stem 
cells and is a molecular determinant of the side-population phenotype. Nat Med, 2001. 7(9): 
p. 1028–34.

	26.	 Zhou, S., et al., Bcrp1 gene expression is required for normal numbers of side population stem 
cells in mice, and confers relative protection to mitoxantrone in hematopoietic cells in vivo. 
Proc Natl Acad Sci USA, 2002. 99(19): p. 12339–44.

	27.	 Nadin, B.M., M.A. Goodell, and K.K. Hirschi, Phenotype and hematopoietic potential of side 
population cells throughout embryonic development. Blood, 2003. 102(7): p. 2436–43.

	28.	 Li, W., et  al., Endothelial cells in the early murine yolk sac give rise to CD41-expressing 
hematopoietic cells. Stem Cells Dev, 2005. 14(1): p. 44–54.

	29.	 Hashimoto, K., et al., Distinct hemogenic potential of endothelial cells and CD41+ cells in 
mouse embryos. Dev Growth Differ, 2007. 49(4): p. 287–300.

	30.	 de Bruijn, M.F., et al., Hematopoietic stem cells localize to the endothelial cell layer in the 
midgestation mouse aorta. Immunity, 2002. 16(5): p. 673–83.

	31.	 Hirai, H., et al., Hemogenic and nonhemogenic endothelium can be distinguished by the activity 
of fetal liver kinase (Flk)-1 promoter/enhancer during mouse embryogenesis. Blood, 2003. 
101(3): p. 886–93.

	32.	 Fraser, S.T., et  al., Definitive hematopoietic commitment within the embryonic vascular 
endothelial-cadherin(+) population. Exp Hematol, 2002. 30(9): p. 1070–8.



151  The Emergence of Blood and Blood Vessels in the Embryo and Its Relevance

	33.	 Zovein, A.C., et al., Fate tracing reveals the endothelial origin of hematopoietic stem cells. 
Cell Stem Cell, 2008. 3(6): p. 625–36.

	34.	 Chen, M.J., et al., Runx1 is required for the endothelial to haematopoietic cell transition but 
not thereafter. Nature, 2009. 457(7231): p. 887–91.

	35.	 Boisset, J.C., et al., In vivo imaging of haematopoietic cells emerging from the mouse aortic 
endothelium. Nature, 2010. 464(7285): p. 116–20.

	36.	 Labastie, M.-C., et al., Molecular identity of hematopoietic precursor cells emerging in the 
human embryo. Blood, 1998. 92(10): p. 3624–35.

	37.	 Oberlin, E., et  al., Blood-forming potential of vascular endothelium in the human embryo. 
Development, 2002. 129(17): p. 4147–57.

	38.	 Peault, B., E. Oberlin, and M. Tavian, Emergence of hematopoietic stem cells in the human 
embryo. C R Biol, 2002. 325(10): p. 1021–6.

	39.	 Tavian, M., et al., Aorta-associated CD34+ hematopoietic cells in the early human embryo. 
Blood, 1996. 87(1): p. 67–72.

	40.	 Tavian, M., M.F. Hallais, and B. Peault, Emergence of intraembryonic hematopoietic precur-
sors in the pre-liver human embryo. Development, 1999. 126(4): p. 793–803.

	41.	 Tavian, M., et al., The human embryo, but not its yolk sac, generates lympho-myeloid stem 
cells: mapping multipotent hematopoietic cell fate in intraembryonic mesoderm. Immunity, 
2001. 15(3): p. 487–95.

	42.	 Keller, G., et  al., Hematopoietic commitment during embryonic stem cell differentiation in 
culture. Mol Cell Biol, 1993. 13(1): p. 473–86.

	43.	 Wiles, M.V. and G. Keller, Multiple hematopoietic lineages develop from embryonic stem (ES) 
cells in culture. Development, 1991. 111(2): p. 259–67.

	44.	 Vittet, D., et al., Embryonic stem cells differentiate in vitro to endothelial cells through suc-
cessive maturation steps. Blood, 1996. 88(9): p. 3424–31.

	45.	 Lengerke, C., et al., BMP and Wnt specify hematopoietic fate by activation of the Cdx-Hox 
pathway. Cell Stem Cell, 2008. 2(1): p. 72–82.

	46.	 Lengerke, C., et al., The cdx-hox pathway in hematopoietic stem cell formation from embry-
onic stem cells. Ann NY Acad Sci, 2007. 1106: p. 197–208.

	47.	 Wang, L., et al., Endothelial and hematopoietic cell fate of human embryonic stem cells origi-
nates from primitive endothelium with hemangioblastic properties. Immunity, 2004. 21(1):  
p. 31–41.

	48.	 Wang, Y., et al., Embryonic stem cell-derived hematopoietic stem cells. Proc Natl Acad Sci 
USA, 2005. 102(52): p. 19081–6.

	49.	 Zambidis, E.T., et  al., Blood-forming endothelium in human ontogeny: lessons from in utero 
development and embryonic stem cell culture. Trends Cardiovasc Med, 2006. 16(3): p. 95–101.

	50.	 Zambidis, E.T., et  al., Hematopoietic differentiation of human embryonic stem cells pro-
gresses through sequential hematoendothelial, primitive, and definitive stages resembling 
human yolk sac development. Blood, 2005. 106(3): p. 860–70.

	51.	 Kyba, M., R.C. Perlingeiro, and G.Q. Daley, HoxB4 confers definitive lymphoid-myeloid 
engraftment potential on embryonic stem cell and yolk sac hematopoietic progenitors. Cell, 
2002. 109(1): p. 29–37.

	52.	 Kyba, M., et al., Enhanced hematopoietic differentiation of embryonic stem cells conditionally 
expressing Stat5. Proc Natl Acad Sci USA, 2003. 100(90001): p. 11904–10.

	53.	 Eilken, H.M., S. Nishikawa, and T. Schroeder, Continuous single-cell imaging of blood gen-
eration from haemogenic endothelium. Nature, 2009. 457(7231): p. 896–900.

	54.	 Okada, S., et al., In vivo and in vitro stem cell function of c-kit- and Sca-1-positive murine 
hematopoietic cells. Blood, 1992. 80(12): p. 3044–50.

	55.	 Goodell, M.A., et al., Isolation and functional properties of murine hematopoietic stem cells 
that are replicating in vivo. J Exp Med, 1996. 183(4): p. 1797–806.

	56.	 Lin, K.K. and M.A. Goodell, Purification of Hematopoietic Stem Cells Using the Side 
Population, In: Methods in Enzymology, edited by L. Irina Klimanskaya and Robert Lanza. 
2006, Academic Press, New York, NY, p. 255–64.

	57.	 Zhang, J., et al., Identification of the haematopoietic stem cell niche and control of the niche 
size. Nature, 2003. 425(6960): p. 836–41.



16 T.M. Sills and K.K. Hirschi

	58.	 Calvi, L.M., et  al., Osteoblastic cells regulate the haematopoietic stem cell niche. Nature, 
2003. 425(6960): p. 841–6.

	59.	 Kiel, M.J., et al., SLAM family receptors distinguish hematopoietic stem and progenitor cells 
and reveal endothelial niches for stem cells. Cell, 2005. 121(7): p. 1109–21.

	60.	 Ohneda, O., et al., Hematopoietic stem cell maintenance and differentiation are supported by 
embryonic aorta-gonad-mesonephros region-derived endothelium. Blood, 1998. 92(3):  
p. 908–19.

	61.	 Li, W., et al., Primary endothelial cells isolated from the yolk sac and para-aortic splanch-
nopleura support the expansion of adult marrow stem cells in vitro. Blood, 2003. 102(13):  
p. 4345–53.

	62.	 Rafii, S., et al., Human bone marrow microvascular endothelial cells support long-term pro-
liferation and differentiation of myeloid and megakaryocytic progenitors. Blood, 1995. 86(9): 
p. 3353–63.

	63.	 Sipkins, D.A., et al., In vivo imaging of specialized bone marrow endothelial microdomains 
for tumour engraftment. Nature, 2005. 435(7044): p. 969–73.

	64.	 Avecilla, S.T., et al., Chemokine-mediated interaction of hematopoietic progenitors with the 
bone marrow vascular niche is required for thrombopoiesis. Nat Med, 2004. 10(1): p. 64–71.

	65.	 Li, W., et al., Hematopoietic stem cell repopulating ability can be maintained in vitro by some 
primary endothelial cells. Exp Hematol, 2004. 32(12): p. 1226–37.

	66.	 Montfort, M.J., et al., Adult blood vessels restore host hematopoiesis following lethal irradia-
tion. Exp Hematol, 2002. 30(8): p. 950–6.

	67.	 Gunsilius, E., et al., Evidence from a leukaemia model for maintenance of vascular endothe-
lium by bone-marrow-derived endothelial cells. Lancet, 2000. 355(9216): p. 1688–91.

	68.	 Della Porta, M.G., et al., Immunophenotypic, cytogenetic and functional characterization of 
circulating endothelial cells in myelodysplastic syndromes. Leukemia, 2008. 22(3): p. 530–7.

	69.	 Rigolin, G.M., et al., Neoplastic circulating endothelial cells in multiple myeloma with 13q14 
deletion. Blood, 2006. 107(6): p. 2531–5.

	70.	 Streubel, B., et al., Lymphoma-specific genetic aberrations in microvascular endothelial cells 
in B-cell lymphomas. N Engl J Med, 2004. 351(3): p. 250–9.

	71.	 Wu, J., et al., Dominant contribution of malignant endothelial cells to endotheliopoiesis in 
chronic myeloid leukemia. Exp Hematol, 2009. 37(1): p. 87–91.

	72.	 Asahara, T., et al., Isolation of putative progenitor endothelial cells for angiogenesis. Science, 
1997. 275(5302): p. 964–7.

	73.	 Tilki, D., et  al., Emerging biology of vascular wall progenitor cells in health and disease. 
Trends Mol Med, 2009. 15(11): p. 501–9.

	74.	 Chao, H. and K.K. Hirschi, Hemato-vascular origins of endothelial progenitor cells? 
Microvasc Res, 2010. 79(3): p. 169–73.

	75.	 Hirschi, K.K., D.A. Ingram, and M.C. Yoder, Assessing identity, phenotype, and fate of 
endothelial progenitor cells. Arterioscler Thromb Vasc Biol, 2008. 28(9): p. 1584–95.

	76.	 Steinmetz, M., G. Nickenig, and N. Werner, Endothelial-regenerating cells: an expanding 
universe. Hypertension, 2010. 55(3): p. 593–9.

	77.	 Takahashi, K. and S. Yamanaka, Induction of pluripotent stem cells from mouse embryonic 
and adult fibroblast cultures by defined factors. Cell, 2006. 126(4): p. 663–76.

	78.	 Wernig, M., et al., In vitro reprogramming of fibroblasts into a pluripotent ES-cell-like state. 
Nature, 2007. 448(7151): p. 318–24.

	79.	 Takahashi, K., et al., Induction of pluripotent stem cells from fibroblast cultures. Nat Protoc, 
2007. 2(12): p. 3081–9.

	80.	 Okita, K., T. Ichisaka, and S. Yamanaka, Generation of germline-competent induced pluripo-
tent stem cells. Nature, 2007. 448(7151): p. 313–7.

	81.	 Ye, Z., et al., Human-induced pluripotent stem cells from blood cells of healthy donors and 
patients with acquired blood disorders. Blood, 2009. 114(27): p. 5473–80.



17S. Gerecht (ed.), Biophysical Regulation of Vascular Differentiation  
and Assembly, Biological and Medical Physics, Biomedical Engineering,
DOI 10.1007/978-1-4419-7835-6_2, © Springer Science+Business Media, LLC 2011

2.1 � Introduction

Considerable progress has been made in our understanding of molecular events 
underlying the development of the vasculature and how it is regulated in postnatal 
life, particularly in the context of tissue injury and tumorigenesis [1, 17, 28, 49]. 
A key point is that the major advances in the field appear to be directly related to 
our understanding of basic events that control these processes such as cell survival, 
proliferation, migration, invasion, and morphogenesis. Also, it should be pointed 
out that both in vitro and in vivo studies have played major roles in advancing this 
understanding, and it remains essential that both types of approaches are utilized 
to approach the complexities inherent in the developing and postnatal vasculature.

The molecular control of the vasculature is affected by many factors and signals, 
and in this chapter, we focus on the influence of extracellular matrix (ECM), matrix 
metalloproteinases (MMPs), and endothelial cell (EC)–pericyte interactions in 
controlling vascular development and postnatal vascularization events. In general 
terms, the ECM is a fundamental regulator of vascularization in that it presents a 
physical scaffold containing adhesive and growth factor modulatory signals that are 
necessary for blood vessels to form and mature [24, 26, 51, 72]. Vascular cell recog-
nition of ECM occurs through a variety of receptors including both integrin and 
nonintegrin adhesion receptors [24, 51, 83], and these mediate the complex signals 
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that are delivered. There is considerable evidence that ECM can provide both 
stimulatory and inhibitory signals [24, 26], and thus, the ECM composition, the 
vascular cell types, and the biological context of the signaling dictate the cellular 
response that occurs. An important regulator of ECM structure and function are 
MMPs, which can not only degrade matrix components [25, 26, 41, 46] but can also 
release liberate factors such as cytokines from these matrices to affect vascular cell 
behavior. Within the vascular wall, homotypic interactions between ECs [31] and 
heterotypic interactions of ECs and mural cells affect ECM production and deposi-
tion, [81] as well as its ability to be degraded by MMPs [77]. Many new studies are 
now focused on such interactions to understand how mural cells affect EC behavior 
during development and under various disease conditions [1, 5, 42, 50, 81]. In this 
chapter, we review past and present work that addresses mechanisms by which 
ECM, MMPs, and EC–pericyte interactions influence vascular tube assembly and 
remodeling, tube stabilization, and vascular regression to control tissue vasculariza-
tion in normal versus disease states.

2.2 � Concepts in Vascular Tube Morphogenesis in 3D 
Extracellular Matrices

2.2.1 � Extracellular Matrix and Vascular Morphogenesis

A critical regulator of vascular morphogenesis is the ECM, which serves as a physical, 
mechanical, and agonistic substrate to affect survival, motility, invasion, and morpho-
genic events of both endothelial cells (ECs) and mural cells, including pericytes and 
vascular smooth muscle cells [1, 24, 26, 51, 72]. Interestingly, different types of 
ECM have opposite effects depending on the biologic context with evidence for 
promorphogenic and proregressive activities [24, 26]. Also, certain ECM environ-
ments may present quiescence signals to vascular cells that play an important role in 
vascular stabilization. Alterations in the ECM through proteolysis or conformational 
changes are known to generate matricryptic sites, which activate cells, and thus, the 
ECM is a critical regulator of how cells perceive their environment and sense an 
injurious stimulus [21, 29]. Furthermore, the ECM is a scaffold that possesses adhe-
sive signals for cells by binding to both integrin and nonintegrin surface receptors, 
and it also binds and presents specific growth factors to cells [24, 51, 52]. Also, the 
ECM modulates the activation of specific growth factors and, thus, can modulate 
growth factor action to affect the vasculature [52]. Also, it is clear that cosignaling 
between integrins and growth factor receptors is a critical regulator of vasculariza-
tion events both during development and in postnatal life. The ECM is also mecha-
nosensitive and responds to mechanical forces generated by cells that exert tensional 
forces on this matrix. A key mechanosensitive ECM component is fibronectin, 
which contains matricryptic sites that affect its self-assembly, particularly its III-I 
domain [39, 69, 85, 89]. Interestingly, this domain is exposed in instances where 
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fibronectin is absorbed to surfaces such as cell surfaces or ECM [29, 85] and appears 
to be particularly exposed when cells exert mechanical force on fibronectin through 
integrin-based interactions [89]. This facilitates fibronectin binding to itself, which 
promotes a self-assembly reaction (i.e., including disulfide exchange to form cova-
lent bonds between fibronectin molecules) necessary to form an insoluble matrix 
[69]. Since fibronectin is one of the few ECM proteins with clear mechanosensitive 
domains, it suggests that fibronectin may play a particularly important role in ECM 
assembly events that depend on mechanical forces such as those observed during 
vascular morphogenic events in a variety of contexts [81, 90].

2.2.2 � Differential Effects of ECM Components on Vascular 
Tube Morphogenesis

Certain ECM components are potent stimulators of vascular tube morphogenesis, 
while others appear inhibitory. Interestingly, collagen type I, the most abundant 
ECM component particularly in adult animals, is a potent stimulator of vascular tube 
morphogenesis in 3D matrices [24, 86]. An accumulating view is that fibrillar 
collagen matrices are potent ECM agonists for these events. Another strong ECM 
agonist for EC tube morphogenesis is fibrin [70], a provisional matrix component 
that is deposited along with fibronectin during tissue injury [24]. Interestingly, the 
collagen-binding integrins a2b1 and a1b1 have been shown to control EC tube 
morphogenic events in  vitro and in  vivo in collagenous matrices [9, 22, 24, 79], 
while the fibrin/fibronectin-binding integrins avb3 and a5b1 have been shown to 
control tube morphogenesis in fibrin matrices [9, 10]. Because of the strong promor-
phogenic influence of collagen and fibrin matrices, these have been predominantly 
used to establish 3D EC tube morphogenic models [58, 70] that have strongly 
enhanced our knowledge concerning the molecular basis for EC tubulogenesis, 
sprouting, and tube maturation events. Overall, the ECM and integrin data strongly 
suggests that vascular tube morphogenesis is connected to integrin-mediated recog-
nition of different promorphogenic ECM components and that multiple members of 
the integrin family can participate in stimulating EC tubulogenesis in 3D matrix 
environments [24]. It does not appear that any particular integrin family member is 
special with respect to its ability to affect tube morphogenesis, and their influence is 
dictated by the ECM environment in which the morphogenic process takes place. In 
contrast, it appears that laminin-rich matrices are likely to present inhibitory signals 
to endothelial cells to interfere with morphogenic events [24, 26, 63]. As blood ves-
sels mature, laminin matrix deposits as a component of the vascular basement mem-
brane matrix, an assembly event that is strongly enhanced by EC–pericyte 
interactions in 3D matrices [81]. Vascular basement membrane assembly generally 
is thought to be a tube maturation stimulus, and hence, decreased morphogenesis is 
coincident with its appearance around the ablumenal surface of EC-lined tubes. This 
point needs to be investigated in more detail, but early information suggests that some 
laminin isoforms have inhibitory activity toward ECs during morphogenic events [63].  
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The vasculature appears to predominantly express laminin-8 (a4, b1, g1), laminin-9 
(a4, b2, g1), laminin-10 (a5, b1, g1), and laminin-11 (a5, b2, g1) isoforms [24, 44, 
68]. Previously and more recently, we have reported that these subunits are differen-
tially expressed by both ECs and pericytes during vascular tube morphogenesis and 
maturation events [11, 81]. The biological role of each isoform has not yet been 
elucidated in sufficient detail during these processes.

One critical aspect that similarly has not been investigated in sufficient detail is 
the nature of the embryonic ECM environment where vascular development takes 
place [26, 51]. It is clear that there is much less fibrillar collagen during develop-
ment, while the matrices are known to be rich in glycosaminoglycans, such as 
hyaluronic acid, proteoglycans, and fibronectin. It appears that developing embryos 
strongly depend on the presence of fibronectin (perhaps its importance relates to its 
mechanosensitive ability to self-assemble) [51]. Fibronectin knockout mice show 
severe defects in vascular development along with other abnormalities [6, 36]. 
Fibronectin is also alternatively spliced, and several splice isoforms (IIIA and IIIB) 
appear to play a critical functional role to promote vascular tube assembly and 
maturation during development [6]. One of the problems with investigating such 
issues in more molecular detail is that there currently are no 3D systems available 
that mimic an embryonic ECM environment, an important future direction for 
in vitro model development using vascular or other cell types.

2.3 � Review of Work

2.3.1 � Molecular Events Regulating Vascular Tube 
Morphogenesis and EC Sprouting in 3D Matrices

A major effort of our laboratory has been to elucidate the molecular and signaling 
requirements for ECs to form tube networks when suspended within 3D matrices and 
to sprout and form tubes from a monolayer surface into 3D matrices [24, 28, 53]. To 
this end, we have developed 3D matrix microassay systems to assess both of these 
phenomena in assays that mimic vasculogenesis and angiogenic sprouting events 
using either collagen or fibrin matrices [58]. Other laboratories have developed 
related systems to investigate these events [3, 70]. The majority of our work has 
focused on a model that mimics embryonic vasculogenesis, whereby human ECs 
are seeded as single cells within a 3D matrix [22, 58]. Using appropriate media 
conditions, ECs undergo dramatic morphologic changes that lead to the development 
of interconnecting networks of EC-lined tubes (Fig. 2.1). In Fig. 2.1a, two ECs are 
observed in a time-lapse series to form intracellular vacuoles, which fuse within each 
cell, and then through exocytic events, the two cells then interconnect to form early 
multicellular lumen and tube structures. There is no intermixing of cytoplasmic 
contents when this occurs, so the tube consists of adjacent ECs, which interact through 
cell–cell adhesive contacts. In addition, the ECs are attached to the ECM to form 
the wall of a lumenal space and need to maintain these adhesive contacts (i.e., both 
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cell–ECM and cell–cell adhesion) to remain stable on this lumenal wall. Intracellular 
vacuoles can be observed to form through integrin- and cytoskeletal-dependent 
pinocytic events, and these vacuoles are targeted to a pericentrosomal location in a 
polarized fashion and then move to fuse with the developing lumenal membrane as 

Fig. 2.1  Temporal analysis of endothelial tube formation events in 3D collagen matrices during 
vasculogenesis and angiogenic sprouting. (a) A time-lapse series is shown whereby two ECs are 
shown to form intracellular vacuoles that eventually coalesce inside each cell and then following 
cell–cell contact with the neighboring cells form a lumenal space in between the two cells. 
Vacuole fusion events are observed while they are contacting each other. L indicates EC lumen; 
arrowheads indicate vacuolating ECs. Bar equals 25 mm. (b) Confocal images of ECs expressing 
GFP-Rac1 fusion proteins that label intracellular vacuoles, the developing lumenal membrane as 
well as the plasma membrane during lumen formation events at 24 h of culture. Upper panels –  
L indicates EC lumenal space and arrowheads indicate intracellular vacuoles. Bar equals 20 mm. 
Over time ECs form inconnecting networks of tubes, which are illustrated using fixed and toluid-
ine-blue stained cultures. Arrows indicate tube structures; L indicate EC lumen; Bar equals 
200 mm. (c) EC sprouting was stimulated by the combination of sphingosine-1-phosphate (1 mM) 
and SDF-1a (200 ng/ml), which were mixed in the collagen matrix. A time-lapse series (over a 
46 h period) was taken beneath the surface of the monolayer to examine sprouting events and 
lumen development in assays mimicking angiogenesis. White arrow and arrowheads indicate EC 
tip cells that are sprouting through the 3D collagen matrices; black arrowheads indicate intracel-
lular vacuoles that are observed particularly in ECs directly trailing tip cells; black arrows indicate 
the cell border of EC tubes; L indicates EC lumen. Bar equals 50 mm
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shown in Fig. 2.1b (upper panel) [8, 22, 28, 55]. In Fig. 2.1b, intracellular vacuoles 
are strongly labeled with a GFP-Rac1 construct [8]. We have previously observed 
labeling of intracellular vacuoles with GFP-Rac1, GFP-Cdc42, and GFP-RalA 
[8, 28]. This GFP-Cdc42 was expressed using an EC-specific promoter in zebrafish, 
revealing that intracellular vacuoles are observed and participate in the lumen forma-
tion process of intersegmental vessels during vascular development [55].

Both Cdc42 and Rac1 are required for intracellular vacuole formation as well as 
EC lumen and tube formation [8, 28, 57]. We have performed these experiments 
using either dominant negative mutants of Cdc42 and Rac1 or specific siRNAs to 
these GTPases. Developing multicellular lumenal structures then interconnect into 
more extensive networks over time (Fig. 2.1b, middle and lower panels). Using an 
angiogenic sprouting model [9, 58], time-lapse images are shown, which reveal 
how invading ECs interact, develop intracellular vacuoles, and migrate toward each 
other to form multicellular lumen and tube structures over time (Fig. 2.1c).

After much effort over many years, we have elucidated molecular requirements and 
signaling pathways that underlie the ability of human ECs to form lumen and tube 
structures in 3D matrices [8, 23, 24, 27]. Most of our studies have focused on collagen 
matrices, and thus, a major requirement for these events is the a2b1 integrin, a colla-
gen-binding integrin [22]. Blocking antibodies directed to a2b1 markedly block 
lumen formation as do a2 integrin subunit siRNAs. Interestingly, blocking antibodies 
directed to many other integrin subunits, including a5b1, a fibronectin receptor, have 
no effect in this system. Also, considerable work has shown that the a2b1 integrin is 
important for vascularization events in vivo and in both developmental and postnatal 
life contexts [75, 79]. In contrast, when our studies utilized fibrin matrices, we identi-
fied that both avb3 and a5b1 were required for EC lumen and tube formation [10], 
while a2b1 was not shown to be involved. Importantly, both of these integrins have 
been shown to be involved during vessel formation in development and in postnatal 
mice [51, 83]. Thus, an important point is that the in vitro models of our laboratory and 
others accurately predicted the in vivo findings made by other groups. Another key 
point is that the in vitro model systems demonstrated first that multiple integrin chains 
can be utilized by ECs to regulate tube morphogenesis, and there is little evidence to 
suggest that any particular integrin is unique or special in this property to regulate the 
morphogenic cascade necessary to form new blood vessels. The role of particular 
integrins in morphogenesis appears to be directly linked to the ECM environment (and 
the predominant ECM components) that is in contact with the ECs.

2.3.2 � Functional Role of the Rho GTPases, Cdc42 and Rac1, 
and the Effectors, Pak2 and Pak4, in EC Tube 
Morphogenesis

An important question raised by the above studies is which downstream signaling 
pathways are activated by integrins to control these morphogenic processes. 
Integrins have been known to activate Rho GTPases among other molecules [43] 
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such as a variety of kinases, including Src and focal adhesion kinase [24, 51]. 
Our laboratory reported that Cdc42 was a critical GTPase controlling EC lumen 
formation [8]. This was also the first report from any system implicating Cdc42 and 
tube formation. Subsequent studies have revealed that Cdc42 is a critical regulator 
of lumen formation from both ECs and epithelial cells [8, 23, 57, 59, 67, 74]. We 
reported a role for Rac1 in EC tubulogenesis [8, 57], while RhoA had no influence 
on these events. Both Cdc42 and Rac1 were shown to be activated during the mor-
phogenic cascade in 3D collagen matrices [57, 74]. To address the question of 
downstream effectors that are responsible for the influence of Cdc42 and Rac1, we 
screened a series of known effectors using siRNA treatment of ECs. Major blocking 
phenotypes were observed using siRNAs to p21-activated kinase (Pak)-2 and Pak-4 
[57]. Both EC tube formation and EC sprouting into 3D collagen matrices were 
markedly inhibited by these siRNAs. We also demonstrated that a time course of 
Pak-2 and Pak-4 activation, as indicated by phosphorylation, directly correlated 
with the EC lumen formation process [57]. It was further demonstrated that acti-
vated Pak-2 and Pak-4 could be demonstrated to be associated with activated Cdc42 
during these events [57]. Expression of a dominant negative mutant of either Pak-2 
or Pak-4 was shown to completely inhibit EC lumen formation [57]. Interestingly, 
both Cdc42 and Rac1 are able to activate Pak-2, while Cdc42 selectively activates 
Pak-4 [16, 38]. Recent experiments have revealed important roles for both Pak-2 
and Pak-4 during vascular development [38, 62, 84], which again corroborate the 
in vitro findings.

2.3.3 � Functional Role for PKCe and Src in EC Tube 
Morphogenesis and Subsequent Pak Activation Events

Other known kinases that are activated by cell–ECM interactions include protein 
kinase C isoforms and Src family kinases. In our studies of EC lumen formation in 
3D collagen matrices, we have shown that PKCe, but not PKCa or PKCd, is 
involved in the process [57, 59]. siRNA suppression experiments or expression of 
dominant negative mutants of PKCe blocks lumen formation and downstream Src 
and Pak activation [59]. Interestingly, increased expression of PKCe strongly 
stimulates EC lumen and tube formation as well as both increased Src, Pak-2, and 
Pak-4 phosphorylation events that directly correlate with its morphogenic influence 
[59]. Our studies indicate that PKCe is upstream of Src activation, while Src 
activation is upstream of Pak activation [59]. Blockade of Src kinases by siRNA 
suppression, increased expression of the Src inhibitor CSK (i.e., C-terminal Src 
kinase), or treatment with chemical inhibitors (e.g., PP2) completely interferes with 
EC tube formation. Expression of a dominant negative Csk construct strongly 
increased lumen formation, again suggesting a positive role for Src in EC lumen 
formation [59]. Interestingly, Src and Pak kinases are known to activate Raf kinases 
to affect processes such as cell survival that has previously been shown to influence 
angiogenesis in vivo [2], and we have recently shown that they are required for 



24 G.E. Davis et al.

EC lumen formation [59]. Mouse knockout of B-Raf shows an embryonic lethal 
phenotype that is due to vascular abnormalities [37]. Of great interest is that we 
have shown that Raf kinase activation (of both C-Raf and B-Raf) occurs downstream 
of Src and Pak activation and controls EC tube morphogenic events along with 
survival [59]. This is accompanied by Erk1/2 activation, which also directly correlates 
with the ability of these ECs to form tube networks. Interestingly, expression of a 
phosphatase, MKP-3, with selectivity for phospho-Erk1/2, markedly decreases Erk 
phosphorylation and strongly blocks lumen formation [59]. A dominant negative 
MEK kinase inhibitor also abrogates lumen formation and Erk1/2 phosphorylation 
events. What is interesting about these results is that a known pathway to regulate 
both proliferation and survival is utilized by ECs to regulate a separate tubulogenic 
pathway in 3D matrices. In our systems, there is little to no evidence for prolifera-
tion during these processes, so the signaling cascade appears particularly focused 
on tube morphogenesis [28]. Overall, this morphogenic pathway is coupled to 
cytoskeletal signaling (i.e., PKC, Src, Pak), survival (i.e., Raf), and transcriptional 
events (i.e., Erk) to coordinately control this process [28, 57, 59]. Also, it is likely 
that these kinases are not limited to affecting only one of these critical functions 
during these events.

2.3.4 � Cdc42 Coupling to Cell Polarity Pathways Controls  
EC Lumen and Tube Formation

A major function of Cdc42 is its ability to affect cell polarity signaling by interfacing 
with the polarity proteins, Par6, Par3, and atypical PKC isoforms [34, 65]. Cell 
polarity signaling controls directional cell motility that involves Cdc42 [34]. In fact, 
active Cdc42 (i.e., Cdc42-GTP) binds directly to Par6, which then couples to Par3, 
a scaffold protein that also interacts with atypical protein kinase C isoforms such as 
PKCz [65]. We have recently reported that Cdc42-dependent EC lumen and tube 
formation is dependent on Par6b, Par3, and PKCz [57]. Thus, this work reveals a 
fundamental role for Cdc42-dependent polarity signaling in EC tubulogenesis. Par3 
is known to interact with a number of other cell surface proteins including members 
of the junction adhesion molecule (Jam) family (i.e., Jam-A, Jam-B, and Jam-C) 
[32, 33]. Our most recent work has revealed that JamB and Jam-C associate with 
Par3 in ECs to control EC lumen formation in 3D collagen matrices [74]. 
Furthermore, these Jam proteins coassemble into a defined EC lumen signaling 
complex consisting of a2b1, MT1-MMP, Jam-C, Jam-B, Par3, Par6b, and Cdc42-
GTP that is responsible for the ability of ECs to form tubes in 3D collagen matrices 
[74] (see later on). Disruption of any member of this complex markedly interferes 
with the ability of ECs to form tubes [74]. These lumen signaling complexes are 
also directly coupled to the kinase cascade discussed earlier including PKCe, Src, 
Pak, Raf, and Erk 1/2, since blockade of these complexes completely interferes 
with the downstream kinase signaling necessary to regulate vascular tube morpho-
genesis [74]. Cdc42 and Par3 have also been shown to control lumen formation in 
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epithelial cells, and a recent study has shown that Par3 and b1 integrins coregulate 
arteriolar lumen formation in vivo using a conditional b1 integrin subunit knockout 
mouse system [93]. Thus, the latter work again confirms our prior conclusions 
obtained in vitro, showing that b1 integrins, Cdc42, and polarity proteins control 
the lumen and tube formation process in 3D matrix environments [28, 57, 74].

2.3.5 � Critical Functional Role for MT1-MMP in EC Lumen  
and Tube Formation in 3D Collagen Matrices

Matrix metalloproteinases (MMPs) are a family of zinc-dependent metalloendo-
peptidases that degrade a variety of substrates to affect the vasculature and other 
tissues [25, 41]. Their targets include the ECM, cytokines, and cell surface receptors 
to affect vascularization as well as many other cellular responses [25, 41]. Our work 
and that of others have demonstrated a role for MT1-MMP (i.e., MMP-14) in EC 
morphogenic events in 3D matrix environments [19, 77, 82]. MT1-MMP is a trans-
membrane protein, and its cell surface expression is required for it to perform the 
localized ECM degradation necessary to control cell movement in 3D matrices. 
MT2-MMP is also able to participate in these types of events, while the function of 
MT3-MMP is less clear, although several studies show that it is does not play a 
major role. Mouse knockout of MT1-MMP is compatible with embryogenesis, but 
the mice are small and fall ill and die within a month or two after birth [91]. 
Attempts to induce angiogenesis in these mice reveal that these responses do not 
occur [91]. Furthermore, aortic ring assays in 3D collagen matrices show no 
sprouting in either 3D collagen or fibrin matrices using MT1-MMP knockout 
tissues compared to control [19]. Thus, this work demonstrates an important role 
for MT1-MMP in vascular morphogenic events in 3D matrices and during in vivo 
angiogenic responses.

To elucidate the molecular mechanisms by which MT1-MMP controls vascular 
morphogenesis as well as cellular invasive events, our laboratory has examined this 
question using models of vasculogenesis and angiogenesis [9, 77, 82]. We have 
utilized protein and chemical MMP inhibitors, as well as siRNA suppression 
approaches. In our initial studies, we demonstrated that EC sprouting in response 
to sphingosine-1-phosphate (incorporated into the collagen matrices) was blocked 
by the broad-spectrum inhibitor, GM6001, as well as tissue inhibitor of metallopro-
teinase (TIMP)-2, TIMP-3, and TIMP-4, but not TIMP-1 (Fig. 2.2a) [9]. Interestingly, 
MT-MMPs are insensitive to TIMP-1, but the other inhibitors utilized will block 
their activity. When EC lumen and tube formation assays were performed, GM6001, 
TIMP-2, TIMP-3, and TIMP-4 blocked completely, while TIMP-1 had no influence. 
One important distinction among the TIMPs is that TIMP-3 is able to block not 
only the activity of MT-MMPs but also that of many members of the ADAM family 
of cell-surface-expressed metalloproteinases [7]. To functionally dissect EC surface-
expressed metalloproteinases that are relevant during EC sprouting and lumen 
formation, we performed siRNA suppression analysis. Our results suggest that the 
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dominant metalloproteinase controlling these events is MT1-MMP (Fig. 2.2b), with a 
lesser influence of MT2-MMP during both sprouting and lumen formation [77, 82]. 
We observed a partial blocking effect of ADAM-15 siRNA knockdown in EC 
sprouting assays using stromal-derived factor-1a as the invasion stimulus [77]. We 
did not observe an effect of either MT3-MMP or ADAM-17 siRNAs in our assays 
[77], although a recent study using a similar system has revealed a potential role for 
ADAM-17 in modulating the invasion response [60]. The fact that TIMP-2 and 
TIMP-4 have dramatic blocking effects on both sprouting and lumen formation is 
more supportive of a major role for MT-MMPs rather than ADAMs, since there is 
currently no evidence to suggest that they can block ADAM proteinases [7].

A further important experiment that demonstrates a role for MT1-MMP during EC 
tubulogenesis showed that increased expression of MT1-MMP using viral vectors 
leads to marked increases in lumen formation that depends on its MMP catalytic 
domain [82]. Furthermore, addition of GM6001 to block MT1-MMP completely 

Fig. 2.2  MT1-MMP plays a critical role in EC sprouting in 3D collagen matrices from a monolayer 
surface in assays that mimic angiogenesis. (a) A time-lapse series was performed of EC sprouting 
viewed from the side into 3D collagen matrices where either no addition or recombinant TIMPs 
were added. Sphingosine-1-phosphate (1 mM) was added to the collagen matrix. Arrowhead indi-
cates EC monolayer surface; arrows indicate EC sprouts. TIMP-2 and TIMP-3 block sprouting in 
an equivalent manner, while TIMP-1 has no blocking influence relative to the control. Bar equals 
100 mm. (b) An siRNA suppression experiment was performed to examine the influence of an 
MT1-MMP siRNA versus a luciferase control. Sprouting assays were performed using the treated 
cells, and the latter were seeded on collagen matrices containing 1 mM sphingosine-1-phosphate. 
Cultures were fixed, stained, and photographed after 24 h. Bar equals 100 mm
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inhibits the stimulatory influence of the recombinant protein. In support of this result 
is that a catalytically dead full-length MT1-MMP construct (EA mutant) has no ability 
to stimulate EC lumen formation [82], while interestingly, it does not exert an inhibi-
tory influence. In very recent experiments, we have further shown that increasing the 
expression of wild-type, full-length MT1-MMP increases both the rate and extent of 
EC lumen formation in 3D collagen matrices [74]. Of great interest is that we have 
created a construct that appears to be a dominant negative mutant of MT1-MMP in 
this system where we mutated the active site and at the same time deleted its cyto-
plasmic tail [74]. When expressed in ECs, the cells are completely unable to make 
lumens in 3D collagen matrices. An additional finding is that expression of wild-type 
MT1-MMP without its cytoplasmic tail markedly stimulates the rate and extent of EC 
lumen formation compared to full-length wild-type MT1-MMP expression [74]. A 
number of studies suggest that its cytoplasmic tail plays a role in endocytic recycling, 
and thus, deleting the tail increases cell surface expression, which in our case, leads 
to additional increases in EC lumen formation events. Overall, these results demon-
strate that MT1-MMP is a major regulator of EC lumen and tube formation and that 
it works closely in conjunction with the a2b1 integrin as well as Cdc42 and Rac1 to 
control this process.

2.3.6 � MT1-MMP-Dependent EC Lumen and Tube Formation 
Leads to the Formation of a Network of Physical Spaces 
Within the ECM Termed Vascular Guidance Tunnels

During the course of the above studies, we made the novel observation that during 
EC lumen and tube formation, ECs are also creating a network of physical spaces, 
which we term vascular guidance tunnels. These form as a result of MT1-MMP-
mediated proteolysis of collagen matrices [82]. In every instance that has been 
examined, there is a direct relationship between EC tube formation and the forma-
tion of vascular guidance tunnels [82]. The tunnels were first detected by staining 
the collagen type I matrix with a monoclonal antibody that recognizes native type I 
collagen and not denatured collagen (which is generated at 37°C when it is cut with 
mammalian collagenases). The lumen and tube formation creates an extensive 
interconnecting network of these tunnel spaces within the 3D collagen matrices 
[82]. To further prove that these represent physical spaces in the ECM, they were 
microinjected with silicone oil [82]. Dramatic filling of networks was demonstrated 
showing that EC tube formation leads to the formation of interconnecting vascular 
guidance tunnel spaces. We further showed that the ECs produced twice as many 
tunnel spaces than were occupied by EC-lined tubes [82], raising the interesting 
possibility that vessel remodeling could occur through these preformed physical 
tunnel spaces. Although MT1-MMP was required for the formation of vascular 
guidance tunnel formation, once they were formed, blockade of MT1-MMP did not 
affect the ability of ECs to migrate within the spaces [82]. Thus, EC migration 
events, which are necessary for EC tube formation, are completely inhibited in 3D 
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collagen matrices if MT1-MMP is blocked from the beginning of culture. However, 
once vascular guidance tunnels have formed through MT1-MMP-mediated events, 
ECs are then able to migrate within these physical spaces in an MMP-independent 
manner [82]. Thus, vascular guidance tunnel spaces are similar to 2D matrix surfaces 
where EC motility is insensitive to MT1-MMP inhibition (siRNA or inhibitors) 
[82]. We also observed that while the creation of vascular guidance tunnels by ECs 
requires the a2b1 integrin, a native collagen-binding integrin, the motility of ECs 
within MT1-MMP-generated tunnels was not sensitive to inhibition with anti-a2 
integrin subunit blocking antibodies. In contrast, EC motility was blocked using 
anti-av subunit blocking antibodies [82], which are known to bind cryptic RGD 
sites that are present within unfolded collagen molecules following proteolysis [29] 
(an event that controls the generation of the tunnel spaces).

Another important finding from this work is that inhibitors of EC lumen and 
tube formation including anti-a2 and anti-b1 integrin blocking antibodies, chemical 
inhibitors of PKC and Src, as well as MT1-MMP inhibitors, completely abrogate 
the formation of vascular guidance tunnels [82]. Thus, the formation of EC tubes is 
an obligate step in the formation of vascular guidance tunnels, and thus, these processes 
are directly linked in some fundamental manner. Several critical questions arise 
from these studies including how the lumen and tube formation processes are func-
tionally connected with the cell surface proteolytic machinery to create vascular 
guidance tunnels. Also, what is the functional purpose of vascular guidance tunnels 
during vascular tube assembly? Very recent work described below provides some 
insights into these questions.

2.3.7 � Cdc42 and MT1-MMP Are Functionally Interdependent 
Signaling Molecules, Which Are Components of an EC 
Lumen Signaling Complex That Controls EC 
Tubulogenesis in 3D Extracellular Matrices

Several new findings begin to shed light into how Cdc42-dependent signaling 
events, which activate kinase cascades and interact with cell polarity machinery 
(i.e., Par3, Par6, atypical PKC), intersect with MT1-MMP proteolysis to create EC 
lumens, tubes, and vascular guidance tunnels [57, 59, 74, 82]. One important point 
to be made is that the EC lumen and tube formation is a 3D matrix-specific process 
[27], in that tubulogenesis does not occur on a 2D matrix surface. In contrast, EC 
motility can occur quite readily on a 2D matrix surface, while it also occurs in 3D 
matrices, but in a manner that depends on MT1-MMP proteolytic events. 
Importantly, MT1-MMP activity is not required for EC motility on a 2D matrix 
surface as discussed above. With this introduction, our new findings show that 
blockade of MT1-MMP activity using siRNA suppression or MT1-MMP inhibitors 
leads to marked interference with Cdc42 activation (a critical step necessary for 
activation of effectors such as Pak2, Pak4, and Par6 that lead to EC tubulogenesis) 
in 3D collagen matrices [74]. However, this blockade of MT1-MMP does not affect 
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Cdc42 activation of ECs when they are seeded on 2D collagen surfaces, and 
coincidently, their motility is also not affected [74]. Expression of the dominant 
negative MT1-MMP construct also markedly blocks lumen formation and Cdc42 
activation [74]. Interestingly, the activation of RhoA, which is not involved in EC 
lumen and tube formation, is not affected by blockade of Cdc42 or MT1-MMP, nor 
is it affected by 2D vs. 3D collagen matrices. These results show that MT1-MMP 
activity is directly coupled to Cdc42 activation in 3D, but not 2D matrices, to control 
the tube formation process [74]. The reverse is also true, in that, blockade of Cdc42 
using siRNA suppression leads to marked decreases in vascular guidance tunnel 
formation, a consequence of inactivation of MT1-MMP-dependent proteolysis 
[74]. Thus, this work suggests a new hypothesis, which states that Cdc42 and MT1-
MMP are interdependent signaling molecules that control vascular morphogenic 
events specifically in a 3D matrix environment.

2.3.8 � Definition of an EC Lumen Signaling Complex  
That Controls Vascular Tube Morphogenesis

In order to explain how Cdc42 and MT1-MMP regulate each other during vascular 
morphogenesis, we wondered if they might be coassociated in a multimolecular 
complex. During our analysis of Cdc42 activation, we utilized Pak-beads, a specific 
adsorbant for Cdc42-GTP and Rac1-GTP (the beads do not bind the GDP-bound 
GTPases or RhoA-GTP). Eluates from these beads, in addition to revealing the pres-
ence of Cdc42-GTP, also contained MT1-MMP, the a2b1 integrin, Jam-C, Jam-B, 
Par3, and Par6b [74] (Fig. 2.3a). We also S-epitope tagged Cdc42, MT1-MMP, and 
Jam-B, and in all cases, we were able to demonstrate the coassociation of these 
molecules that constitute the definition of an EC lumen signaling complex in 3D 
collagen matrices [74]. Each of the molecules is required for lumen formation and 
disruption of each member leads to blockade of this process [74]. Our evidence sug-
gests that MT1-MMP and a2b1 integrin are tightly associated and that they interact 
together with Jam-C. SiRNA suppression of either component eliminates their bind-
ing to Jam-C and dissociates them from the signaling complex. This suggests that 
MT1-MMP and a2b1 are interdependent molecules. This makes considerable sense 
since they both bind to collagen triple helices to perform their functions. Jam-C 
shows affinity for Jam-B, and together, they bind through their cytoplasmic tails to 
Par3, a scaffolding protein with affinity for both Par6 and atypical PKC isoforms, 
such as PKCz. Par6 binds Cdc42-GTP to complete the signaling complex. The 
lumen signaling complex then activates the kinase signaling cascade involving 
PKCe, Src, Pak-2, Pak-4, B-Raf, C-Raf, and Erk1/2 that we have recently identified 
[74] (Fig. 2.3a). What is particularly interesting is that any situation in which MT1-
MMP cannot be cocaptured with Cdc42 is not compatible with the ability of ECs to 
form tube structures in 3D collagen matrices [74]. Thus, siRNA suppression of any 
of the components in between MT1-MMP and Cdc42 leads to complete blockade of 
EC lumen and tube formation. What is intriguing is that these findings indicate that 
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a physical interaction between these components is necessary for this process to 
occur within 3D matrices. It is interesting to speculate that the tensional forces 
inherent in the linkage between the ECM, EC surface, and underlying cytoskeleton 
during EC tube morphogenesis are such that a strong physical complex of proteins 
is necessary to compartmentalize the signaling events necessary to accomplish the 
appropriate cell shape changes for tube formation and maintenance.

Of particular importance to this lumen signaling complex is the necessity to 
bridge MT1-MMP together with Cdc42-GTP, and the molecules that control this 
interaction are a2b1, Jam-C, Jam-B, Par3, and Par6 [74] (Fig.  2.3). Using an 
epitope-tagged MT1-MMP, we demonstrate that a2b1 binds to MT1-MMP even if 
Jam-C is knocked down. Interestingly, siRNA suppression of Par3 allows us to 
detect Jam-B, Jam-C, MT1-MMP, and a2b1 complexes, but this is not compatible 
with tube formation, since Cdc42 and MT1-MMP are physically disconnected. 
Knockdown of Jam-C eliminates the binding of epitope-tagged Jam-B to MT1-MMP 

Fig.  2.3  Schematic diagram demonstrates EC lumen signaling complexes, which control EC 
lumen and tube formation events that allow pericyte recruitment, vascular basement membrane 
matrix assembly, and tube stabilization in 3D matrices. Cdc42 and MT-MMP are shown to be 
interdependent molecules that affect each other selectively in 3D matrices. They coassemble 
through the indicated EC lumen signaling complex, which activates a morphogenic and kinase 
signaling cascade, leading to tube formation as well as vascular guidance tunnel formation (processes 
dependent on both Cdc42 and MT1-MMP). Pericytes are recruited into vascular guidance tunnels 
and through dynamic cell–cell interactions and motility events along the ablumenal EC tube sur-
face lead to the deposition of vascular basement membrane matrices. Both ECs and pericytes 
cocontribute the indicated basement membrane matrix and MMP inhibitors, which control these 
events to stimulate vascular tube maturation and stability
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and a2b1, showing that Jam-C is present between these molecules. Epitope-tagged 
Jam-B is unable to bind MT1-MMP when either Jam-C or a2b1 is knocked down, 
and it is also unable to bind a2b1 when either Jam-C or MT1-MMP is knocked 
down. Thus, MT1-MMP and a2b1 are interdependent in these complexes such that 
they are unable to connect to Jam-C and Jam-B unless they are interacting [74]. In 
each case, these experiments were performed from lysates of ECs undergoing tube 
formation in 3D collagen matrices [74]. Expression of cytoplasmic tail deleted 
forms of either Jam-B or Jam-C completely inhibits EC lumen formation and Cdc42 
activation as well. This work indicates that interactions between Jam-B and Jam-C 
with Par3 are necessary for this process. A matter of great interest to us is to deter-
mine the identity of the Cdc42 guanine exchange factor (GEF) that is responsible 
for Cdc42 activation during these events. Also, we wish to determine how this 
Cdc42 GEF interacts with the EC lumen signaling complex, since we hypothesize 
that it shows affinity for one of the components within the complex. In conclusion, 
our data define an EC lumen signaling complex that is responsible for human ECs 
to form lumen and tube structures in a 3D matrix environment [74] (Fig.  2.3). 
Considerable future work is necessary to identify other components of this signaling 
complex as well as to identify both positive and negative regulators of the complex, 
which modulate these processes.

2.3.9 � Critical Role for MMPs in the Molecular Control  
of Vascular Tube Regression Responses in 3D Collagen 
Matrices

A critically important direction of research is to understand how blood vessels 
regress under physiologic and pathophysiologic situations. Physiologic regression 
occurs with hyaloid vessels in the developing eye, during the menstrual cycle in 
both the endometrium and ovaries, and during vascular remodeling events in devel-
opment [25]. Pathophysiologic regression characteristically occurs during wound 
repair and during processes such as hypertension and diabetes where vessel densi-
ties can decrease particularly in the distal limbs. Also, there have been considerable 
efforts to induce vascular tube regression responses in the context of the tumor 
vasculature by disrupting VEGF and PDGF signaling [14]. An important point here 
is that it is critical to understand how vascular regression is controlled at the 
molecular level in much the same way that the studies described earlier have been 
performed to determine how blood vessels form.

A variety of past and recent studies have identified MMPs that regulate vascular 
tube regression events [30, 76, 92]. A number of years ago, we identified the 
secreted MMPs, MMP-1 and MMP-10, as being involved in vascular tube regres-
sion responses in  vitro [25, 26, 30, 76] We showed that these enzymes were 
secreted as proenzymes and that they need to be activated by serine proteases, such 
as plasminogen/plasmin and plasma kallikrein, to cause vascular tube collapse and 
regression [76]. Disruption of their activity by TIMP-1 (which blocks both MMP-1 
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and MMP-10) or blockade of serine protease activity leads to inhibition of the 
MMP-1- and MMP-10-dependent regression response. Other studies using the aortic 
ring model reached similar conclusions with the exception that MT1-MMP was 
also found to be involved in both tube formation and regression [4]. We also identi-
fied ADAM-15 as being involved in the vascular regression response in a manner 
similar to that of MMP-1 and MMP-10 [77]. Interestingly, siRNA suppression of 
either MMP-1 or MMP-10 did not affect tube formation but markedly blocked tube 
regression following addition of plasminogen or plasma kallikrein to the serum-free 
media system [76]. Interestingly, a mouse knockout of histone deacetylase 7 
(HDAC7) caused a vascular hemorrhage phenotype in vivo during vascular devel-
opment, which led to embryonic lethality [18]. siRNA suppression of HDAC7 
resulted in marked increases in MMP-10 and marked decreases in TIMP-1 expres-
sion, which led to the vascular developmental regression phenomenon [18].

Of great interest is that the MMP-1 and MMP-10 regression phenomena are 
strongly abrogated in our in vitro model when pericytes are added along with the 
ECs [77]. Pericyte recruitment to the tubes occurs, and they become much more 
resistant to pro-regressive stimuli. Thus, our model mimics that observed in vivo 
where EC tubes without pericytes are much more susceptible to regression [5, 12, 13]. 
Interestingly, tumor vessels have associated pericytes, but the interactions are 
abnormal. In this case, despite these abnormalities, the tumor vessels persist, which 
may relate to the fact that many aggressive tumors overproduce TIMP-1 [87], 
which can interfere with the MMP-1 and MMP-10-dependent regression system 
[25]. We also observed that EC–pericyte interactions upregulate the production of 
EC TIMP-2 and pericyte TIMP-3, which together control how EC–pericyte interac-
tions protect against pro-regressive MMP-1 and MMP-10 and also ADAM-15 [77]. 
Pericytes are a rich source of TIMP-3 [77], which is interesting because of its 
ECM-binding ability (i.e., ability to bind cell surfaces and basement membrane 
matrices) and its dual ability to inhibit soluble and membrane MMPs as well as 
membrane ADAM proteinases [7]. In addition to interfering with pro-regressive 
stimuli, TIMP-3 and TIMP-2 block MT1-MMP to interfere with further EC tube 
formation. Thus, these TIMPs contribute to vascular tube stabilization by inhibiting 
both vascular tube regression phenomena as well as further vascular tube morpho-
genesis. In further support of their latter influence, both TIMP-2 and TIMP-3 are 
also antagonists of VEGFR2 signaling [71, 80], a critical promorphogenic signaling 
receptor.

One of the very interesting questions for future work is to assess in more func-
tional detail how MMPs and TIMPs interface with other key vascular regression 
factors such as soluble VEGFR1. Administration of this soluble VEGF antagonist 
leads to vascular regression in many instances including tumor vessels [66]. Also, 
elevated levels of this antagonist along with other soluble receptors are observed in 
women with preeclampsia where placental vascular insufficiency is a pathogenic 
feature. There are multiple VEGFR1 splice variants known that act as “VEGF 
traps,” and the question concerning the functional roles of these variants is fascinating 
since they vary in their C-terminal sequences [78]. It is interesting to speculate that 
these C-terminal sequences may confer specific targeting sequences for extracellular 
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molecules such as ECM or cell surfaces to affect function. Of interest is whether 
any of these “VEGF traps” are MMP targets and whether vascular regression could 
be affected by release of such traps. Also, VEGF itself is known to be cleaved by 
MMP-3 [61] (related to MMP-10), which may make it more susceptible to 
inhibition by VEGFR1 isoforms. Clearly, this direction of research is important for 
future work to further our understanding of how vascular regression is regulated at 
a molecular level.

2.3.10 � Critical Functional Role for EC-Generated Vascular 
Guidance Tunnels During Blood Vessel Assembly  
in 3D Matrices

As shown in Fig. 2.3, ECs utilize a lumen signaling complex to form tubes in 3D 
matrices while at the same time generating networks of vascular guidance tunnel 
spaces. ECs are able to migrate through these spaces in an MMP-independent 
manner. We have also shown that ECs can regrow within these spaces following 
tube collapse. EC-lined tubes were treated with thrombin, which reversibly 
causes tube collapse, leaving rounded up ECs within tunnel spaces [82]. After 
inhibition of thrombin with the thrombin inhibitor hirudin, the ECs regrow within 
tunnels to reassemble the collapsed tube [82]. Thus, preexisting tunnel spaces are 
matrix conduits that allow for rearrangement of tubes and migration of ECs, and 
thus, they are used for tube remodeling events. In early vascular development, 
there is considerable evidence for dramatic tube network remodeling that occurs 
following the onset of flow [20, 64, 73], and we hypothesize that this is possible 
in large part due to the presence of vascular guidance tunnels, which allows ECs 
to rapidly rearrange to accommodate the flows and pressure forces that are 
applied to the network. Also, at this stage of development, the ECM is likely to 
be elastic, and thus, the forces generated may be able to expand lumen or tunnel 
width by mechanical distension. We have also shown that groups of cells com-
prising a tube structure can migrate together through tunnel spaces to move and 
connect with adjacent EC tubes to regulate such vascular remodeling events [82]. 
As mentioned earlier, the EC lumen and tube formation process generates more 
vascular guidance tunnels than those that are utilized at any given time, which 
further suggests that this occurs to accommodate the necessary vascular remodeling 
events involved in generating a proper microcirculatory network.

Also, vascular guidance tunnels are important to consider in the context of 
vascular tube regression and regrowth of vessels. One of the ways to eliminate the 
possibility of vascular regrowth following regression events would be to induce regres-
sion of not only vascular tubes but also vascular guidance tunnels. In fact, the 
MMP-1 and MMP-10 regression mechanism discussed earlier does cause collapse 
of both structures. The presence of pericytes, which blocks the regression event, 
can thus protect not only the vascular tube structure but also the integrity of the 
vascular guidance tunnels. Of interest here is that tumor vessels are highly resistant 
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to vascular regression due to their production of regression inhibitors such as 
TIMP-1. Again, TIMP-1 is capable of protecting both the vessels and tunnel spaces. 
Also, when tumors are treated with vascular regression agents such as VEGF or 
VEGFR2 antagonists, vessels regress, but they can rapidly regrow (following 
withdrawal of the regression agent) in a similar fashion to recapitulate the original 
pattern of vessels [66]. This appears to occur through vascular guidance tunnels that 
were generated during initial tumor vessel formation. So, an important therapeutic 
consideration here would be to devise approaches to induce both vessel and 
vascular guidance tunnel regression. In this way, vessel regrowth is less likely to 
occur, allowing a better therapeutic opportunity to treat the tumors, their vascular 
supplies, and existing matrix conduits, which facilitate vascular regrowth.

It is also important to consider how events such as arteriovenous identity might 
be regulated by vascular guidance tunnels. The tunnels represent a 2D matrix 
surface in a 3D matrix environment [82]. There is important data showing that 
ephrinB2 (an arterial marker) and EphB4 (a venous marker) represent a repulsive 
signaling pair, which appears early in development to control the development of 
A-V identity [40]. These repulsive interactions allow differential cell sorting, and 
early in development, ECs expressing these markers are intermixed, but over time, 
they sort out and become segregated to either the arterial or venous side [40, 47, 56]. 
They also appear to sort very early even at the level of initial cardinal vein forma-
tion due to sprouting from the developing aorta. This process is very analogous to 
what has been described for lymphatic sprouting and development from the cardinal 
vein [88]. Notch signaling appears to control this phenomenon, and when overac-
tive Notch-4 is produced in ECs, venous ECs inappropriately express ephrinB2, and 
this contributes to the development of arteriovenous malformations [56]. Of great 
interest is that many of these lesions will regress following withdrawal of the over-
active Notch4. The important point to be made is that the repulsive ephrinB2–
EphB4 interactions are occurring within vascular guidance tunnels (formed as a 
result of EC tube assembly) and that the ability to sort following such interactions 
requires the ability of ECs to move around on 2D matrices at the vessel wall sur-
face. Also, the interactions are secondary to ECs contacting each other.

However, the concept of vascular guidance tunnels extends to recruitment and 
sorting of mural cells within the vessel wall as well. EphrinB2 is also expressed on 
vascular smooth muscle cells with selectivity in arteries, so similar repulsive inter-
actions are likely to control this cell distribution as well [35]. What is interesting 
here is that this type of interaction would require that mural cell recruitment to 
EC-lined tubes and within vascular tunnel spaces occurs in a polarized fashion 
exclusively on the EC ablumenal surface. In fact, we have recently discovered that 
this is precisely what occurs during pericyte recruitment to EC-lined tubes. They 
are recruited within vascular guidance tunnels and are localized only on the EC 
tube ablumenal surface [81]. Thus, mural cells could sort through not only repulsive 
interactions with each other but also secondary to repulsive interactions with ECs. 
The vascular guidance tunnel matrix conduit is a critical ECM structure that is 
necessary for EC–EC, mural cell–mural cell, and EC–mural cell interactions to 
occur and to also allow for motility events required for proper sorting. In support 
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of this possibility is the fact that ECs and mural cells are highly dynamic during 
vascular tube assembly, and in fact, we have recently shown that both ECs and 
pericytes are rapidly migrating in the ECM as well as within vascular guidance 
tunnels during tube coassembly and maturation events [81]. Also, ECs have been 
shown by a number of groups to be rapidly migrating in vivo during vascular devel-
opment to regulate both tube assembly and vascular remodeling [20, 64].

2.3.11 � Pericyte Recruitment to Vascular Guidance Tunnels 
Induces Vascular Tube Stabilization

Many studies indicate that microvessels covered with pericytes are not only more 
stable to pro-regressive stimuli but they also show reduced vascular permeability 
indicative of tube stabilization. Different vascular beds have varying pericyte 
numbers covering capillary networks, although many have approximately 20–25% 
coverage of pericytes relative to ECs. Individual pericytes can span to touch mul-
tiple ECs, which resemble other types of supporting cells such as glia in the nervous 
system interacting with multiple neurons. Tissues such as the central nervous system 
including the retina have a very high pericyte to EC ratio, which approaches 1:1. 
Thus, these interactions account in part for the blood–brain barrier with strongly 
increased permeability barrier functions relative to other vascular beds. Considerable 
work suggests that the high VEGF environment of tumors is one reason why peri-
cyte coverage is decreased compared to normal vascular beds [42, 54]. Treatment 
with VEGF antagonists has led to the finding that pericyte coverage increases, 
which results in improved microcirculatory function (i.e., vascular normalization) 
[54]. This approach has represented a new strategy to improve drug delivery into 
the tumor microenvironment, since poor perfusion exists due to the abnormal 
microcirculatory network that is present.

2.3.12 � Molecular Mechanisms Underlying Why Pericytes  
Are Able to Stabilize EC-Lined Tube Networks

A major question that has not been sufficiently addressed is why pericyte coverage 
stabilizes vessels and what their functions are when they arrive at the EC ablumenal 
surface. To address this question, we have established novel EC–pericyte coculture 
models in 3D collagen matrices. We have developed systems using either bovine 
retinal pericytes or human brain pericytes. In each case, the pericyte populations 
express the pericyte markers, NG2 proteoglycan, 3G5 ganglioside, smooth muscle 
actin and desmin. Perhaps the most important function of pericytes is to recruit to 
microvascular capillary beds. Using our model of EC vasculogenic tube assembly, 
we have developed a system whereby we randomly mix together ECs and pericytes 
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at a 5:1 or 5:1.25 ratio (i.e., 20–25% pericytes compared to 100% of ECs). 
Remarkably, the ECs form tube networks, and then, pericytes are recruited to these 
tubes [81] (Fig. 2.4). This ratio of ECs to pericytes is particularly optimal, and 
the reasons for this are currently not clear. It may be that too many pericytes 
(through their production of TIMP-3) [77] interfere with morphogenesis by inhibiting 
MT1-MMP-dependent signaling, or that they are physically in the way and counteract 

Fig. 2.4  EC–pericyte tube coassembly in 3D collagen matrices leads to vascular basement mem-
brane matrix deposition and tube stabilization. ECs were cocultured with bovine retinal pericytes 
(20% pericytes relative to 100% ECs) in 3D collagen matrices, and after 5 days of culture, the cells 
were fixed and photographed (a) or were processed for immunofluorescence microscopy. The 
pericytes were labeled with GFP, while the ECs and extracellular matrix were stained with the 
indicated antibodies. Fluorescent images were overlaid to assess the relationship of the ECs and 
matrices with the presence of pericytes. (b) CD31 staining to detect EC-lined tubes. Bar equals 
50 mm. (c) Laminin and (d) collagen type IV staining to detect vascular basement membrane 
matrix assembly. In the latter two cases, no detergent was utilized so that only extracellular anti-
gens would be detected. (e) RT-PCR and Western blot analyses of EC-only versus EC–pericyte 
cocultures demonstrate marked changes in integrin and basement membrane matrix protein 
expressed during this process
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the ability of ECs to find their neighbors to properly form multicellular tubes. It is 
clear that too many pericytes can disrupt EC–pericyte tube coassembly.

We further made the observation that EC tubes from EC-only cultures eventually 
become much wider than EC tubes from EC–pericyte cocultures. We examined this 
issue over time and observed that vascular diameters reached a range of 20–25 mm 
in EC–pericyte cocultures, which are vessel diameters observed in  vivo during 
vasculogenesis, while in EC-only cultures, diameters can reach 80–100 mm over a 
5-day period [81]. Thus, pericytes have a marked ability to negatively regulate 
vascular tube diameters, which may have to do with the induction of TIMP-2 and 
TIMP-3. As discussed earlier, they are induced in EC–pericyte cocultures [77] and 
can inhibit and restrict EC lumen diameters. A number of studies indicate that 
vascular diameters are greater when pericyte recruitment is reduced or when ECM 
components such as fibronectin are knocked out of ECs during vasculogenesis 
in vivo [6, 36].

The mechanisms whereby pericytes are recruited to EC-lined tubes remain 
unclear, although the literature supports the idea that PDGF plays a role [5, 15, 48]. 
In fact, in ongoing studies of our laboratory, it is clear that about one half of pericyte 
recruitment to EC-lined tubes can be blocked by PDGF-BB antagonists. This find-
ing is consistent with the work showing that EC-specific knockout of PDGF-BB 
leads to about a 50% decrease in pericyte coverage of vessels [15]. Of interest is that 
these mice show primary defects in microvessel beds (where pericyte coverage is 
present), while larger vessels are much less affected. This microvascular defi-
ciency phenotype manifests particularly in the kidney and central nervous system, 
which strongly resembles that observed in diabetic microangiopathy [15]. Loss of 
pericytes is a major pathogenic cause of this type of microvascular disease [45]. It 
is important to further understand the signaling mechanisms that underlie pericyte 
recruitment to EC-lined tubes to both identify other factors that regulate this recruit-
ment and understand how pericytes invade 3D matrices to recruit to these tubes. 
This is currently a major research direction of our laboratory.

2.3.13 � Pericyte Recruitment to EC-Lined Tubes Stimulates 
ECM Remodeling Events and Vascular Basement 
Membrane Matrix Assembly

Using our new model of EC–pericyte tube coassembly, we sought to identify how 
pericytes contribute to vascular tube maturation and stabilization events. At different 
time points of tube coassembly, we performed transmission electron microscopy 
and immunofluorescence microscopy to examine if basement membrane matrix 
assembly was affected [81]. In Fig.  2.4b, we show immunostaining for the EC 
marker CD31, while the pericytes stably express green fluorescent protein (GFP). 
This image shows EC tube networks that have associated pericytes at day 5 of 
culture. We also show a light microscopy image of the coculture system in Fig. 2.4a. 
As shown in Fig. 2.4c, d, there is marked deposition of laminin and collagen type IV, 
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two critical basement membrane matrix components. In addition, we have recently 
reported that fibronectin, nidogen-1, nidogen-2, and perlecan were also deposited 
around EC-lined tubes only when pericytes were cocultured with ECs [81] 
(Fig. 2.4e). Also, we demonstrated that basement membrane matrices were observed 
by transmission electron microscopy only when EC–pericytes were cocultured 
[81], and we have never observed basement membrane deposition in the absence of 
pericytes in electron microscopic studies over many years. Furthermore, we con-
firmed our results in vivo and demonstrated that pericyte recruitment to developing 
quail EC tubes directly correlates with vascular basement membrane assembly at 
day 7 of embryonic development [81]. Prior to pericyte recruitment, no vascular 
basement membranes around EC tubes were observed in vivo [81].

To perform the immunostaining experiments, we utilized detergent-free condi-
tions so that we examine only ECM that is deposited extracellularly [81] and not 
intracellular ECM molecules. We utilized this approach in our in vitro 3D cultures 
and also stained an in vivo tissue, the quail chorioallantoic membrane, in the same 
manner [81]. This is a key point because we have shown that extracellular deposi-
tion of vascular basement membrane matrix is markedly stimulated by pericyte 
recruitment [81]. Although increased production of individual basement membrane 
components was observed, this upregulation was not as marked as that observed in 
the immunostaining experiments. We utilized our human EC and bovine pericyte 
coculture system to determine which cell type produces particular ECM compo-
nents over time to regulate basement membrane matrix assembly (using species-
specific RT-PCR primer sets) [81]. Major findings were that ECs increased the 
production of fibronectin selectively in the presence of pericytes (and not in their 
absence) and that nidogen-1 was induced in pericytes that occurred selectively in 
the presence of ECs [81]. We also observed induction of particular laminin isoforms 
as well as perlecan at the mRNA level, which occurred through EC–pericyte inter-
actions. Thus, EC–pericyte contacts during tube coassembly events affected mRNA 
and protein levels for key basement membrane matrix molecules [81]. Interestingly, 
both fibronectin and nidogen-1 are known to bridge key molecules that compose 
the basement membrane matrix [24, 68]. Fibronectin shows affinity for collagen 
type IV and perlecan, while nidogen-1 binds collagen type IV and laminin iso-
forms. It is possible that these ECM components initiate a nidus that leads to the 
assembly of the insoluble matrix surrounding the EC-lined tubes that controls base-
ment membrane deposition as observed by electron microscopy. Most ECM 
proteins have self-assembly functions, but they need to interact with another to cre-
ate the complex meshwork that is characteristic of fully assembled basement mem-
brane matrices. It is also intriguing that collagen type IV, which is a fundamental 
basement membrane component that is greatly responsible for its structural integrity, 
shows affinity for both fibronectin and nidogen-1, which are selectively affected by 
EC–pericyte interactions [81].

One question that is of great interest is how continuous basement membrane 
assembly is accomplished along EC-lined tubes despite the fact that pericytes are 
only one fifth to one fourth of the total number of ECs. We believe that this occurs 
because of the motility of pericytes along the ablumenal EC tube surface, which 
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scan along the tubes to stimulate the deposition of the basement membrane in a 
continuous manner [81]. Furthermore, the movement of both pericytes and ECs 
along each other within vascular guidance tunnels will almost certainly exert 
mechanical stress on the newly deposited ECM to facilitate basement membrane 
assembly. Thus, it is intriguing that fibronectin, a mechanosensitive ECM compo-
nent and whose assembly is facilitated by cell-exerted tensional forces, is a critical 
protein that only strongly deposits around EC-lined tubes when pericytes are present 
along the tube surface [81]. Another interesting possibility is that the presence of 
pericytes along the EC ablumenal surface (and in a polarized fashion) [81] may 
stimulate the directional secretion and deposition of basement membrane compo-
nents from both cell types toward the other. Thus, both mechanical forces and 
vectorial secretion mechanisms might play a fundamental role in how pericyte 
recruitment to EC-lined tubes leads to vascular basement membrane matrix assembly, 
a major step toward further tube maturation and stabilization. As discussed above, 
the deposition of laminin isoforms may represent stimuli for ECs to stop undergoing 
morphogenesis to become a stable tube structure with a quiescent layer of ECs. 
Another molecule, TIMP-3, whose deposition in the basement membrane would 
lead to a similar phenotype, binds basement membrane perlecan as well as  
other components to suppress vascular morphogenesis [77]. The role of these indi-
vidual components as well as the questions raised above need to be investigated in 
more detail in future studies.

2.3.14 � Critical Functional Role for Fibronectin Matrix  
Assembly During Vascular Development

A series of studies indicate that fibronectin gene knockouts result in an embryonic 
lethal phenotype during vasculogenesis [36, 51]. Also, evidence has been presented 
that fibronectin alternative splicing (IIIA and IIIB isoforms) is important during 
these events [6]. Further work will be necessary to elucidate why these particular 
fibronectin isoforms are playing a role during these processes. Vessel diameters from 
these animals are extremely wide, which as discussed above may be secondary to 
defects in proper EC–pericyte interactions that result from abnormal basement 
membrane formation or reduced adhesiveness to these remodeled, but abnormal 
matrices. Also, EC-specific knockout of the a5 integrin also shows phenotypes that 
are manifested in a wider vessel phenotype, which appears to be further enhanced 
by knockout of av integrins, another class of fibronectin receptors [51].

Since we observed strong fibronectin upregulation in ECs as well as deposition 
selectively in EC–pericyte cocultures, we performed additional experiments to 
determine if fibronectin matrix assembly affected EC tube maturation events in this 
system. We incorporated a 70 kDa N-terminal fragment of fibronectin, which is 
known to block fibronectin matrix assembly [89], to assess if it had any influence 
during these events. Our work shows that disruption of fibronectin matrix assembly 
affects EC tube width by significantly increasing it [81], suggesting that deposited 
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fibronectin may play a role in restricting vascular tube diameter. Interestingly, this 
treatment also markedly disrupted collagen type IV matrix deposition [81] and had 
a lesser influence on laminin assembly. In support of these findings are experiments 
showing that selective blockade of EC a5b1 integrin, a fibronectin receptor, also 
significantly increases vascular tube width in the EC–pericyte cocultures, but not in 
the EC-only cultures, where this receptor appears to play minor role [81].

2.3.15 � Important Functional Role for Collagen Type IV  
in EC–Pericyte Tube Coassembly and Maturation Events

In addition to the critical roles for fibronectin and nidogen-1 as bridging proteins 
for ECM assembly, collagen type IV is another key basement membrane compo-
nent with affinity for both of these bridging molecules. Interestingly, pericyte-
induced fibronectin assembly around developing tubes appears to be involved in 
collagen type IV assembly [81]. To assess which cell types contributed the collagen 
type IV that was deposited extracellularly during these events, we performed 
siRNA suppression experiments revealing that ECs were the predominant source 
of collagen type IV [81]. Knockdown of collagen type IV in ECs strongly 
decreased collagen type IV assembly around tubes, and this resulted again in 
increased vascular tube width, an indicator of dysfunctional interactions between 
ECs and pericytes [81]. Knockdown of collagen type IV in pericytes had lesser but 
nonetheless significant inhibitory effects on both collagen type IV deposition and 
vessel tube width [81], suggesting that both ECs and pericytes contribute collagen 
type IV during basement membrane assembly.

2.3.16 � Pericyte TIMP-3 Contributes to Vascular Basement 
Membrane Matrix Assembly by Increasing Collagen  
Type IV Deposition or Stability

Another contributing role of pericytes during this process is the delivery of TIMP-3, 
a basement membrane- and ECM-binding protein. As discussed earlier, TIMP-3 
plays a critical role in pericyte-induced tube stabilization by blocking MMP-1, 
MMP-10, and ADAM-15, which promote vascular regression events, as well as by 
inhibiting further morphogenic events by blocking MT1-MMP [77]. In this new 
work, we show that TIMP-3 plays yet another role by facilitating collagen type IV 
assembly in EC–pericyte cocultures. siRNA suppression of pericyte TIMP-3 results 
in markedly decreased collagen type IV assembly [81], which may be due to less 
deposition or increased turnover due to lack of inhibition of MT1-MMP (which 
degrades type IV collagen). With decreased collagen type IV assembly around 
EC tubes, there was a significant increase in vessel diameter [81]. Thus, collagen 
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type IV assembly may be a primary determinant of vascular tube diameter. It is 
particularly intriguing to again consider the fact that EC-only tubes, which are not 
surrounded by basement membranes, become very wide during morphogenic 
events, suggesting a lack of inhibitory signals. In contrast, EC–pericyte coassem-
bled tubes are much narrower, suggesting that these inhibitory signals are present 
as a result of basement membrane assembly and signals are delivered to the ECs to 
suppress further morphogenesis and promote maturation. The marked differences 
in vessel diameter in these two situations demonstrate functional evidence for both 
the production and deposition of basement membrane matrices and also reveal that 
ECs recognize the proteins and respond by restricting tube diameter. Decreased 
vessel diameter and tube network areas are measurements that reflect the ability of 
pericytes to negatively regulate vascular tube morphogenesis while preventing 
pro-regressive stimuli from acting. Thus, EC tube diameter is also an important 
indicator of dysfunctional EC–pericyte interactions that lead to a variety of vessel 
abnormalities (which frequently show increased vessel diameter). In addition, it is 
well known that basement membranes can facilitate cell polarity functions by 
enhancing cell–cell contacts mediated through junctional contacts, such as through 
adherens and tight junctional proteins. Although, the EC apical membrane domain 
has been difficult to define in molecular terms, clear evidence of EC polarization in 
our coculture model is the deposition of basement membrane matrices specifically 
to the ablumenal surface and the prior recruitment of pericytes to the same ablumenal 
membranes [81].

2.3.17 � Specific Upregulation of EC and Pericyte Integrins 
Recognizing Basement Membrane Matrices During 
EC–Pericyte Tube Coassembly in 3D Collagen Matrices

Again using our coculture system with human ECs and bovine pericytes, we assessed 
how EC vs. pericyte integrins were regulated during this process. We assessed mRNA 
levels and performed function blocking experiments with anti-integrin monoclonal 
antibodies. As discussed above, blocking antibodies to the a5b1 integrin had function 
blocking effects that selectively occurred in the EC–pericyte cocultures, but not in 
EC-only cultures [81]. Interestingly, the EC a5 integrin subunit was induced at the 
mRNA level in EC–pericyte cocultures, but not in EC-only cultures where it was 
downregulated. An important theme which emerged from these studies is that integ-
rins, which recognize the newly remodeled ECM assembling between ECs and peri-
cytes, were induced, while others that recognized collagen type I matrices, such as the 
a2 integrin subunit from ECs, were downregulated [81] (Fig. 2.4e). Thus, as base-
ment membranes assemble around EC tubes, the direct interaction of ECs with 
collagen type I decreases, while their contact with basement membrane matrices 
increases. Concomitantly, we observed increases in the expression of integrin a5, a3, 
and a6 from ECs, which can recognize fibronectin, nidogens, and laminin isoforms, 
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while a5, a3, a6, and a1 integrin subunits were increased from pericytes, which 
recognize fibronectin, nidogens, laminin isoforms, and collagen type IV [81]. We also 
observed functional effects of these integrins, since blocking antibodies to the a5, a3, 
a6, and a1 integrin all caused abnormalities in the tube maturation process by signifi-
cantly increasing tube width [81]. None of these antibodies has any influence on 
EC-only cultures, which are solely dependent on the collagen-binding integrin a2b1 
[81]. These data strongly indicate that the purpose of the multiple b1 integrins on the 
EC cell surface is to recognize key ECM components that they encounter at different 
stages of the tube morphogenic and maturation process. When they are exposed to 
collagen type I matrices, which serve as a strong agonist for tubulogenesis, they 
utilize collagen-binding integrins such as a2b1. However, when EC-lined tubes 
attract pericytes, ECM remodeling occurs that induces deposition of basement mem-
brane matrices that are recognized by different sets of integrins such as a5b1 (a 
fibronectin receptor), a3b1 (a nidogen and laminin isoform receptor), a6b1 (a lami-
nin isoform receptor), and a1b1 (a collagen type IV, collagen type I, and laminin 
receptor) [81]. Interestingly, a1b1 appears to be predominantly pericyte-derived dur-
ing the EC–pericyte tube coassembly process, and thus, the effects of blocking anti-
bodies that have been observed may be due to an inhibitory influence on pericyte 
recognition of basement membrane matrices during these events [81]. Also, the 
EC-dependence on a2b1, which is continuously observed over time in EC-only cul-
tures, is lost with time in EC–pericyte cocultures as basement membrane matrix 
assembly occurs and exposure of ECs to collagen type I is strongly diminished. In 
conclusion, our findings show that EC–pericyte interactions control vascular 
basement membrane matrix assembly and that concomitant changes in EC and peri-
cyte integrins occur to recognize this newly remodeled matrix to facilitate further tube 
maturation and stabilization events.

2.4 � Future Directions

It is clear that major advances have occurred over the past two decades in elucidating 
the molecular mechanisms that underlie the ability of vessels to form, mature, and 
regress. In our view, it is this type of mechanistic research that will most likely lead 
to the generation of novel therapeutic strategies to manipulate blood vessels in the 
context of disease. It is also critical that both in vitro and in vivo approaches be 
continued and appreciated by individuals who focus on either side of these strate-
gies. As in vitro models and experimental strategies have evolved, it is more and 
more evident that very rapid advances are occurring in this area. Particular assay 
systems have repeatedly been shown to accurately reflect the biology of developing 
and postnatal vessels in vivo, and thus, these systems represent a critical experi-
mental approach to rapidly advance the field.

In terms of key future directions, it is clear that more cytokine and growth factor 
research is necessary, since the angiogenic cytokines that have been described to 
date are insufficient to explain many aspects of these processes. Another major area 
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of interest is how ECM binds to particular cytokines to regulate their function and 
how regression phenomena might be caused by perturbations in these types of 
interactions. This could apply to either stimulatory or inhibitory cytokine regulators. 
Thus, how cytokine receptor signaling interfaces with integrin signaling remains a 
direction of major importance. Another important concept that needs to be stressed 
is that molecules (cytokines, MMPs, ECM) work together in groups, and it is critical 
to understand how such signals integrate to provide the biological responses that are 
observed. The single molecule analysis that is inherent to many studies can be quite 
misleading in terms of our understanding of complex biological events. Systems 
approaches (i.e., DNA microarray, miRNA regulation, and proteomic approaches), 
which are difficult to perform well, are particularly important directions in future 
work to identify key new signaling pathways that regulate vascularization responses 
and to assess how these are altered in vascular disease.
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3.1 � Introduction

Human embryonic stem cells (hESCs) derived from the inner cell mass of blastocysts 
are an unlimited source of vascular cells and represent a potent model system for 
studying early vasculogenesis [1, 2]. These cells could help identify cues directing 
undifferentiated hESCs along vascular lineages and understand the de novo forma-
tion of vascular networks in  vitro and in  vivo. Early endothelial progenitor cells 
isolated from differentiating hESCs have been shown to give rise to the cell types 
involved in blood vessels, i.e. endothelial and smooth muscle cells [3]. These cells 
are very promising for the revascularization of ischemic tissues such as ischemic 
leg, chronic wounds, and infarcted heart [4, 5, 84].

Vasculogenesis is defined as the differentiation of endothelial precursor cells, also 
known as angioblasts, into endothelial cells (ECs) in combination with the formation 
of primitive vascular networks [6]. The key steps in vasculogenesis during embryo 
development are (1) establishment of the angioblasts from mesoderm, (2) assembly 
of angioblasts into vascular structures, (3) formation of vascular lumens, and  
(4) organization of continuous vascular networks. Vasculogenesis occurs at two distinct 
embryonic locations during development: the extraembryonic and intraembryonic 
tissues [2, 6]. The vascular precursor cells that contribute to the primary vascular 
plexus are initially scattered throughout the mesoderm and assemble either at the loca-
tion where they arise or, following migration, at the location of the developing vessel.

The mechanisms characterizing vasculogenesis are dynamic processes modulated 
by the cell–extracellular matrix (ECM) and cell–cell interactions in the presence of 
growth factors and morphogens [6]. The ECM plays a crucial role in embryonic vas-
culogenesis [7, 8]. Complex spatiotemporal interaction of inductive and repressive 
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signals from ECM is critical for vascular morphogenesis. To mimic the 3D 
architecture and biological role of the ECM, we and others have developed biomate-
rial scaffolds, which can be modulated to drive the differentiation of hESCs toward 
vascular cells [9–11]. These tissue-engineered constructs can add value to drug dis-
covery and help understand developmental biology better by elucidating biophysical 
and biochemical factors governing vascular tissue-specific development.

In this chapter, we give an overview on the following: (1) developmental cues 
for directed differentiation of hESCs into vascular cells, (2) 3D vascular differentia-
tion in embryoid bodies (EBs), (3) preparation of 3D scaffolds for the vascular 
differentiation of hESCs, and (4) the most significant studies combining scaffolding 
and hESCs for development of vascular-like tissue.

3.2 � Developmental Cues for hESC Differentiation  
into Vascular Cells

Vasculogenesis is initiated by the establishment of the angioblasts from  
mesoderm [2]. The angioblasts undergo sequential maturation to express a set of 
typical endothelial markers including VEGFR-2, CD31, vascular endothelial 
(VE)–cadherin, Tie-1, and Tie-2. The endocardium and great vessels are the first 
endothelial structures formed in the embryo during development (see [2, 12] for a 
review). Some of these steps have been reproduced and identified in the hESC 
differentiation system [13, 14]. A recent study has reported that hESC-derived 
hemangioblast (a precursor of endothelial and hematopoietic cells) expresses 
KDR and develops within 72–96 h of EB differentiation, the stage during which 
KDR and CD117 are expressed on distinct populations, prior to the expression of 
CD31 and CD34. These human hemangioblasts generate distinct blast colonies that 
display hematopoietic and endothelial potential [13].

The presentation of spatially and temporally orchestrated soluble and insoluble 
factors directs vascular differentiation of hESCs [15–18]. Directed vascular dif-
ferentiation of hESCs has been reported when different soluble growth factors/
inhibitors in combination or alone were used including VEGF, PDGF, TGF-b1, 
activin A, bone morphogenetic protein 4 (BMP4), basic fibroblast growth factor 
(bFGF, also known as FGF2), and dickkopf homolog 1 (DKK1, WNT inhibitor) 
[3, 17, 19–21]. Other factors have been identified to be necessary for vasculogen-
esis in mice, but their role in the differentiation of hESCs remains to be elucidated 
(see [2] for a review). In general, the protocols involve several steps and the isola-
tion of precursor cells at various differentiation levels [3, 15–17, 21]. Typically, 
the use of only one factor is insufficient to efficiently drive the differentiation of 
hESCs into vascular cells. Some factors induce the differentiation of hESCs into 
mesoderm lineage, including BMP-4 and activin [22]. hESCs treated with BMP-4 
for 7 days induce mesoderm differentiation [22]. Others have an important role in 
endothelial commitment, including VEGF and bFGF [3, 21]. hESCs treated with 
VEGF

165
 for more than 10 days highly coexpress CD34 and the VEGF

165
 receptor 
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KDR, indicating that these cells have vasculogenic potential. In addition, hESCs 
seeded on collagen IV-coated culture dishes and treated with VEGF

165
 differentiate 

partially into endothelial cells [17]. DKK1 is an important regulator of cardiovas-
cular lineages, thus affecting the differentiation into endothelial and smooth 
muscle cells [3]. Finally, PDGF and TGF-b1 induce the differentiation of hESCs 
into smooth muscle cells [17, 21].

ECM components have also an important effect in embryonic vasculogenesis. 
Fibronectin is the earliest and most abundantly expressed ECM molecule in the 
embryo [23]. Studies in mice indicate that fibronectins are essential for vascular 
morphogenesis but are dispensable for specification of vascular cells [24]. Studies 
in vitro indicate that the formation of vascular networks is defective in fibronectin-
null mouse EBs and that a5 integrin subunit is important for blood vessel develop-
ment in mouse embryos [23]. It is unclear whether the role of fibronectin is similar 
in the vascular differentiation of hESCs.

To isolate vascular progenitor cells from phenotypically different cells, several 
methods were shown to be useful, including magnetic beads, fluorescence-activated 
cell sorting (FACS), or mechanical separation, resulting in highly purified vascular 
progenitor cells (>90%, CD31+, CD34+) [15, 18, 21]. The isolation of vascular pro-
genitor cells by expression of CD34 or KDR/Flk-1 was reported to yield both 
endothelial and smooth muscle cells within ~10 days upon selection, in some cases 
with addition of VEGF (endothelial cells) or PDGF (smooth muscle cells) [3, 21]. 
In contrast, the selection by CD31 expression resulted in endothelial cells [15]. The 
markers used for characterization of the developed cells have been recently reviewed 
[18, 25, 26].

3.3 � EBs as a 3D Embryonic Vasculogenic Model

EBs recapitulate many aspects of human embryonic development. They have been 
used to study not only the earliest stages of endothelial specification but also later 
stages related to the formation of primitive vasculature [2, 27]. The vascular dif-
ferentiation of human EBs occurs by the sequential upregulation of the endothelial 
markers VE-CAD, CD34, and PECAM1, reaching expression peaks between 13th 
and 15th days [15, 18, 21]. Gene array analysis also demonstrated that temporal 
gene expression changes in EBs correlate substantially with human embryonic 
hematopoietic and endothelial differentiation data [28]. Therefore, this 3D system 
recapitulates in many aspects the in vivo vasculogenesis and can be used to inves-
tigate the process of blood vessel development.

Several methods have been used to obtain EBs from hESCs, including (1) liquid 
suspension culture in bacterial-grade dishes, (2) culture in methylcellulose (MC) 
semisolid media, and (3) hanging drop. Low-adhesion polystyrene dishes have 
often been used to favor cell aggregation and EB formation [21]. However, since 
the number and size of EBs differ, the obtained EBs are typically heterogeneous in 
number and size. Hematopoietic and endothelial cells have been efficiently 
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generated using EBs formed by a MC approach [29]. However, this technique has 
shown disadvantages such as limited mass transfer and handling difficulties. The 
hanging-drop approach has been used to obtain EBs with controllable size [30]. 
Although this method has been widely used to generate a broad spectrum of cell 
types including smooth muscle and hematopoietic cells, the limited volume (less 
than 50 ml) and difficulty in exchanging small volume of medium led researchers 
to develop alternative approaches.

Microscale engineering approaches are a powerful tool for controlling EB size 
and the cellular microenvironment. Microfabrication techniques and microcontact 
printing have been used to obtain EBs with uniform size for high throughput 
screening [31, 32]. In addition, the formation of controllable size EBs in a robust 
and scalable manner has been achieved by a centrifugal forced-aggregation tech-
nique developed in combination with a centrifugal extraction (spin-in, spin-out, 
SISO) approach [20, 33].

The vascular differentiation of EBs is affected by different factors such as input 
hESC composition, input colony size, EB size, composition of culture media (solu-
ble factors), cell–cell and cell–ECM interactions [34]. Successful induction of EBs 
into mesoderm and cardiac lineages has been observed for EBs with large diameter 
when they were generated from Gata6/Pax6 (endoderm-biased) input hESCs. 
Interestingly, a recent study has demonstrated that endothelial cell differentiation 
increased in smaller EBs (150 mm in diameter) [35]. EB-size mediated differentia-
tion was driven by differential expression of WNTs, particularly noncanonical WNT 
pathway. The higher expression of WNT5a in smaller EBs enhanced endothelial cell 
differentiation [35]. Interestingly, the results of the study seem to indicate that as the 
size of the EBs increase with culture time, there is a downregulation of WNT5a and 
an upregulation of WNT11 that favor a cardiac differentiation [35].

The agglomeration of EBs at later stages of differentiation has negative effects 
on cell differentiation. Typically, large EBs have high probability to exhibit necrotic 
cell areas [36]. Bioreactors can be used to generate scalable quantities of EBs, pre-
vent EB agglomeration, facilitate process control strategies, and simplify the cell 
differentiation process. The ability to measure and control culture conditions in 
stirred-suspension bioreactors is a valuable tool for understanding and optimizing 
delivery profiles of exogenous factors that affect ES cell differentiation [37]. 
Spinner flasks and rotating cell culture systems (RCCS) developed by NASA have 
been used to produce large numbers of EBs for vascular differentiation [36, 38]. In 
the spinner flasks, impeller type and speed (shear stress) are the main parameters 
that affect EB size and homogeneity [38–40]. The RCCS are geometrically 
designed to enable efficient gas exchange and to confer a very low shear environ-
ment [36]. Quantification of cell density at day 28 of differentiation revealed that 
cell density was approximately three times higher in the bioreactor than on the 
static culture system.

EBs comprise multiple cells having cell–cell interactions that may be important 
for the vasculogenesis program. However, the complexity of the EBs can also be a 
disadvantage, since the diffusive transport of inductive factors may be impaired by 
the multiple layers of cells and basement membranes. This may hamper the 
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interpretation of the results. It has been shown that during the initial days of EB 
differentiation, ECM proteins are deposited on the EB exterior [41]. This shell 
consists of a superficial outer ECM layer formed by collagen type I, a squamous 
cell layer bound by E-cadherin, and an underlying basement membrane formed 
primarily by collagen type IV and laminin. Disruption of the basement membrane 
by either inhibiting its formation with noggin or permeabilizing it with collagenase, 
resulted in recovery of diffusive transport [41].

EBs cultured in suspension differentiate spontaneously into the three germ layers 
of the embryo including ectoderm, endoderm, and mesoderm, which makes it dif-
ficult to control their differentiation into vascular cells. For example, between 2 and 
10% of cells in EBs can be isolated as endothelial cells or endothelial progenitor 
cells after 10–13 days of differentiation [15, 21]. Recently, we have reported a 
strategy to control the vasculogenic program of EBs by the incorporation of par-
ticulate growth factor-delivery vehicles in EBs [20]. This approach increased the 
growth factor concentration within the EBs and likely extended the duration of 
exposure of cells to the growth factors, which otherwise tend to have short half-
lives. The results showed that the incorporation of these particles had a minimal 
effect on cell viability and proliferation but a large impact on differentiation [20]. 
In some cases, the effect on vascular differentiation of particles containing growth 
factors (VEGF, or PlGF, or bFGF) was superior to that observed by exposing EBs 
to large extrinsic doses of the same growth factors [20]. The vascular induction was 
superior when microparticles-containing PlGF were used. Concomitantly, the use 
of microparticle-containing factors reduced the differentiation of hESCs toward 
ectoderm and endoderm germ layers.

Although EBs recapitulate in many aspects the embryonic vasculogenesis, it is 
likely that complex processes that might involve extrinsic factors and high structural 
organization may be underrepresented. For example, although the differentiation of 
hESCs into ECs is reproduced, the subsequent differentiation into arterial, vein, or 
brain endothelial cells is typically difficult to observe. Furthermore, the vascular 
development in EBs progresses in the absence of blood flow, and this aspect may 
be important for certain studies as flow induces shear stress, which might influence 
remodeling of the vascular system [42]. Another drawback is that the vascular 
organization in individual EBs is much more variable compared with the precise 
vascular patterning in embryos [14]. Therefore, the use of 3D scaffolds, which are 
able to confer a higher level of tissue organization and in some cases having 
mechanical properties that resemble the ones found in blood vessels, might be an 
important tool to address some of these issues.

3.4 � Scaffolds for Vascular Differentiation

In nature, tissue development is driven by cell–cell contacts and cell–matrix 
interactions. A complex interplay of ECM signals drives undifferentiated or progenitor 
cells along tissue-specific lineages [43]. It is crucial for vascular scaffold design to 
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identify the spatiotemporal signals of natural ECM required for vasculogenesis. 
Several vascular key factors have been identified as being able to trigger vascular 
differentiation in 3D environments, including mechanical properties (elasticity etc.), 
and, as mentioned in previous sections, the kinetic pattern of soluble and immobilized 
factors (growth factors, cell adhesion ligands, etc.). Several of these biophysical and 
biochemical factors have been incorporated into 3D biomaterial scaffolds to develop 
vascular constructs. The ideal scaffold for vascular differentiation should provide 
(1) the mechanical environment similar to the natural vascular environment in terms 
of elasticity, compressibility, viscoelasticity, tensile strength, and failure strain, (2) a 
degradation rate that matches the rate of newly forming vascular tissue, (3) a pattern 
of insoluble signals such as cell adhesion ligands displayed in a time-dependent manner 
to drive the undifferentiated cells through several stages of maturation, and (4) tem-
porally and spatially controlled release of differentiation stage-specific factors, such 
as growth factors and/or hormones (Fig. 3.1).

Recent studies have indicated that cell growth, self-renewal, and differentiation 
can be induced by above-mentioned biochemical and biophysical inputs to the 
cells [44–46]. Both, natural and synthetic matrices have been applied to direct dif-
ferentiation of hESCs. While natural materials have many advantages in displaying 
biological signals to direct the stem cell fate, it is relatively difficult to control their 
biophysical and biochemical properties without losing their 3D structure or bioac-
tivity. In contrast, synthetic materials allow for better control over biophysical and 
biochemical properties, and degradation profile. These materials can incorporate 

Fig. 3.1  Elements provided by the scaffold that might enhance vasculogenesis. The scaffold can 
provide a pattern of insoluble and soluble factors that are able to drive the differentiation of hESCs 
or hESC-derived progenitor cells, might prevent agglomeration of the cells, and might induce 
hypoxia and mechanical stress
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growth factors, cytokines, peptides, and other ligands at a density not amenable for 
natural materials [47]. For example, 3D networks of nanofibers formed by the 
self-assembly of peptide amphiphilic molecules present a higher density of neurite-
promoting laminin epitope IKVAV than laminin [47].

3.4.1 � General Considerations About Structure and Bioactivity  
of Scaffolds

Materials with variable physicochemical properties can be used to prepare scaffolds 
with the ability to drive the differentiation of hESCs. These materials have been 
fabricated into hydrogels, fibrous, or porous scaffolds. Hydrogels are a class of 
biomaterial scaffolds that store large amounts of water, resembling soft biological 
tissue [48, 49]. These hydrogels are cross-linked by hydrophilic polymer chains of 
natural or synthetic origin. Among commonly used natural hydrogels for encapsu-
lation of hESC are collagen, fibrin, hyaluronic acid (HA), alginate, dextran, or 
chitosan, whereas a major class of synthetic hydrogels are built from polyethylene 
glycol (PEG). hESCs have been encapsulated through various approaches, includ-
ing ionic cross-linking (alginate, dextran, chitosan, HA, etc.) or photopolymeriza-
tion (PEG with acrylate or methacrylate groups). These gels degrade by enzymatic 
reaction triggered by the encapsulated cells (collagen, fibrin, HA, dextran, chitosan; 
MMP-cross-linked PEG) or by slow dissolution (alginate).

One of the main disadvantages of synthetic hydrogels is their lack of bioactivity. 
To overcome this hurdle, researchers modulated synthetic hydrogels with specific 
bioactive molecules identified in natural matrices. These biomolecules can be 
incorporated into the scaffolds by different means including (1) physical immobili-
zation, (2) chemical immobilization, and (3) incorporation into micro- and nano-
particles that are physically immobilized in the scaffold (Fig. 3.2). In the physical 
immobilization approach, the biomolecule is mixed with a polymer solution that is 
cross-linked by the effect of light, pH, temperature, or other means, resulting in a 
3D scaffold with the immobilized biomolecule. This approach can be easily imple-
mented for hydrogel-based scaffolds, and the release of the biomolecule is con-
trolled by varying the cross-linking density [50, 51].

To extend the delivery of biomolecules, they can be incorporated into micro- or 
nanoparticles, which are then immobilized in the scaffold (Fig. 3.2). These micro 
or nanoparticles can be prepared from different polymers including alginate, HA, 
chitosan, and poly(d, l-lacticglycolic acid) (PLGA), among others. PLGA is very 
often used, since it is biocompatible, biodegradable, easily processed, and has been 
approved by FDA for drug-delivery use [52, 53]. In addition, it is possible to obtain 
PLGA copolymers with variable physicochemical properties (variable molecular 
weight, copolymer composition, crystallinity), which can be used to design micro- 
and nanoparticles with variable release properties. PLGA copolymer undergoes 
degradation (hydrolytic and enzymatic) in physiologic conditions through cleavage 
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of its backbone ester linkages. A number of techniques can be used to encapsulate 
the biomolecules within the micro- or nanoparticles, and the choice depends on the 
release profile required and the type of biomolecules used [53].

A third approach to incorporate the biomolecules in the scaffold is by chemical 
immobilization (Fig. 3.2). This approach is recommended for the immobilization 
of cell-adhesion peptides or to allow a stable, long-term presentation of growth 
factors. This approach can be used to present the biomolecules uniformly through-
out the bulk of the material at the same or variable concentration (i.e. gradients). 
Several functional groups in the amino acids of biomolecules can be used for the 
immobilization including amine, hydroxyl, carboxyl, and thiol groups [54].

Several types of biomolecules have been immobilized in scaffolds to drive the 
differentiation of hESCs. For example, RGD-peptides have been chemically immo-
bilized into synthetic PEG-hydrogels to support the attachment of hESC-derived 
committed chondrogenic cells [55]. Cells in the RGD-modified PEG-hydrogels 
demonstrated higher amounts of cartilage-specific markers, on both the gene and 
the protein level. Similarly, RGD-adhesion ligands have been covalently immobi-
lized in dextran-based hydrogels and VEGF physically immobilized in PLGA 
microparticles to induce the vascular differentiation of hESCs [10].

Morphological elements of natural matrices have been reproduced by nanotech-
nologies to guide the differentiation of hESCs. The fibrillar structure of collagen and 
fibrin can be reproduced by electrospinning, a process involving the extrusion of a 
charged polymer. The resulting fibres can have a diameter at the nanometer scale. 
These fibers have not only been reported to support hESC’s self-renewal capacity [56] 
but also directed differentiation into neuronal progenitor cells [57]. However, a major 
limitation of these nanofiber-based scaffolds is the limited cell infiltration. Other 

Fig. 3.2  Strategies to incorporate biomolecules into 3D scaffolds. Biomolecules can be incorpo-
rated by (1) physical immobilization, (2) chemical immobilization, and (3) incorporation into 
micro- and nanoparticles that are physically immobilized in the scaffold
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nanotechnology approaches have been used to capture the complexity of ECM and 
control the behavior of hESCs. An example is substrate nanotopography, which can 
alter morpohology and proliferation of hESCs in  vitro via contact guidance [58]. 
Fibronectin-coated poly(dimethyl siloxane) substrates applied with line grating 
(600 nm ridges with 600 nm spacing and 600 ± 150 nm feature height) contributed to 
hESC alignment and elongation, altered organization of cytoskeletal components 
including actin, vimentin, and a-tubulin, and reduced proliferation [58].

An alternative to hydrogel and nanofiber-based scaffolds is macroporous scaffolds. 
These scaffolds can form interconnected porous networks, which enable cellular infil-
tration, and control of cellular alignment. Poly(glycolic acid) (PGA), poly(l-lactic 
acid) (PLLA), and the copolymer PLGA have been extensively used [9, 59]. Most of 
these macroporous scaffolds are formed by salt leaching (size of salt particles defined 
pore size), porogen melting, or sintering. The degradation is triggered by hydrolysis 
due to the presence of ester bonds [53].

3.4.2 � Natural Scaffolds for Vascular Differentiation

Several scaffolds based on natural polymers have been proposed to support 3D 
vasculogenesis of hESCs, including alginate, dextran, hyaluronic acid (HA), aga-
rose, and collagen. Alginate is a hydrophilic, linear polysaccharide copolymer 
derived from seaweeds, consisting of (1–4)-linked b-d-mannuronic acid (M) and 
a-l-guluronic acid (G) monomers. In the presence of a divalent cation such as Ca2+, 
Ba2+, or Sr2+, it forms an ionically cross-linked hydrogel [60, 61]. The mechanical 
properties and pore size can be altered by varying the ratio of the copolymers, as 
well as the molecular weight of the polymer chains. Alginate scaffolds with ~90% 
porosity, interconnecting pore structure, and pore diameters between 50 and 
200 mm (average pore diameter of 100 mm) have been reported [62]. The Young’s 
modulus was assessed to be in a range of 500–1,136 kPa (dry state) [60, 62]. The 
hydrophilic nature of the alginate material enables rapid wetting of the scaffolds by 
the culture medium, which is relevant for rapid cell adherence and initial cell sur-
vival. The degradation of alginate is not triggered by cells, but by slow, uncon-
trolled dissolution. The embedded cells can be released from the scaffold by adding 
gentle agents to disrupt the ionic bonds of the alginate [63].

Enhanced vasculogenesis was demonstrated when undifferentiated hESCs were 
seeded into 3D alginate scaffolds [60]. EBs formed within the scaffold pores within 
48 h. At 30 days after seeding, the scaffold-borne hESCs displayed a significantly 
higher fraction of CD34+ cells (1.7-fold) than EBs cultured in static conditions or 
STLV bioreactors. The enhanced vasculogenesis process in the 3D alginate matrix 
might be due to its ability to control the EBs at a certain size (from 250 to 900 mm 
in diameter after 1 month of culture), while EBs grown in suspension typically 
aggregate forming millimeter structures [60]. In fact, recent data indicate that small 
EBs tend to differentiate at higher levels into vascular cells than large EBs [35]. 
Another explanation for the enhanced vasculogenesis is considering that the inter-
action of the EBs with the matrix favored vasculogenesis. However, this seems 
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unlikely, since alginate is known to discourage protein adsorption due to its 
hydrophilic character [64]. A final explanation is to consider that the physical 
confinement of the EBs in the alginate and consequent mechanical stress favored 
the vasculogenic process [36]. Further research is needed to clarify this issue.

Dextran-based hydrogels have been also proposed as a 3D scaffold for vasculo-
genesis. These hydrogels are cell nonadhesive materials, which enable to tailor the 
scaffold with vasculogenic factors [65, 66]. Dextran-based hydrogels can be photo-
polymerized and degraded by dextranases [10, 67]. Pore sizes in the range of 
0.035–210 mm have been reported [68], depending on the cross-linking density of 
the network. The Young’s modulus was assessed to be between 2 and 5 kPa [10].

Enhanced vasculogenesis was demonstrated when undifferentiated hESC aggre-
gates were encapsulated for 10 days in a dextran-based hydrogel [10] (Fig. 3.3). The 
gels were modified with fibronectin-derived RGD ligands, since fibronectin is the 
earliest and most abundantly expressed ECM molecule during embryonic vasculo-
genesis [23]. In addition to the cell adhesion ligand, soluble factors were incorporated 
into the dextran matrix, using VEGF-loaded PLGA microparticles. Remarkably, the 
fraction of encapsulated cells expressing VEGF receptor KDR/Flk-1, a vascular 
marker, was increased ~20-fold as compared to spontaneously differentiated EB [10] 
(Table 3.1). The incorporation of 0.5 mM RGD, but not 5 mM RGD, in the hydrogel 
network reduced the expression of KDR/Flk-1 marker as compared to cells encapsu-
lated in the hydrogel without this epitope [10]. Curiously, the incorporation of VEGF-
loaded microparticles within the dextran-based hydrogel did not increase the 
expression of KDR/Flk-1 marker in the hESC aggregates in a statistically significant 
manner for any concentration of VEGF released (Table 3.1).

The vasculogenic induction mediated by dextran-based hydrogels is poorly 
understood. Increased vasculogenesis in dextran-based hydrogel could be due to 
high levels of hypoxia in the encapsulated cells. It is known that VEGF is signifi-
cantly upregulated in response to hypoxia via activation of hypoxia inducible factors 
(HIFs), which bind to the hypoxia-response element in the VEGF promoter [69]. 
However, HIF-1a expression was not statistically significant in hESC aggregates 
encapsulated in dextran-based hydrogels, undifferentiating hESCs, and EBs [10]. In 
addition, the HIF-2a expression profile in the several experimental groups could not 
explain the enhanced vasculogenesis in dextran-based scaffolds [10].

HA gels have also been explored for the vascular differentiation of hESCs [70]. 
HA is one of the glycosaminoglycan components of the natural ECM, which binds 
specifically to receptors located at the cell surface and within the cellular cytosol [71]. 
HA gels are formed by covalent cross-linking with hydrazide derivatives or by the 
photo-cross-linking of acrylated HA [72, 73]. HA gels with pore diameters between 
30 and 50 mm, and Young’s moduli in a range of 2–100 kPa have been reported 
[72]. HA gels can be cleaved by a hyaluronidase enzyme [70].

hESC encapsulated in HA gels and cultured in differentiation medium 
supplemented with VEGF form sprouts and elongate after 48  h of culture [70]. 
After 1 week of culture, the sprouted cells stained positively for smooth muscle 
actin, whereas few were positive for CD34 marker [70]. Therefore, HA gels seem 
to induce the formation of smooth muscle cell progenitor cells.



593  Scaffolding for Three-Dimensional Embryonic Vasculogenesis

Agarose beads have also been used as a scaffold to drive the differentiation of 
hESCs into hematopoietic/vascular progenitor cells (CD34+ cells) [37]. Agarose is 
a purified linear polymer isolated from marine algae, consisting of alternating 
d-galactose and 3,6-anhydro-l-galactose units. Agarose beads are very often used 
for cell encapsulation [37, 74]. Elastic modulus of 0.04 MPa has been reported for 
agarose beads with sizes between 80 and 200 mm [75].

A platform has been established to generate a scalable amount of hESC-derived 
hematopoietic progenitor cells (CD34+ cells) [37]. hESC cell aggregates (1,000–5,000 
ES cells per aggregate) were encapsulated in 200–300 mm diameter agarose-based 
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capsules for 8 days. The agarose capsules were used to prevent EB agglomeration. It 
was shown that after 4 days, encapsulated cultures contained 10 times the number of 
cell aggregates as nonencapsulated cultures [37]. Interestingly, the differentiation of 
cells into CD34+ cells was similar when encapsulated or cultured in suspension (non-
encapsulated) under normoxic conditions for 7 days. Therefore, the agarose beads did 
not induce the vascular differentiation of stem cells. However, when the encapsulated 
cells were cultured under hypoxic (low-oxygen, 4%) conditions in a bioreactor, the 
frequency of hematopoietic progenitor cells was significantly greater than that under 
normoxia (standard oxygen conditions, 20%) [37]. These results indicate that hypoxia 
is a key factor during vasculogenesis.

Finally, collagen gels have been also used as a scaffold to drive the differentia-
tion of hESCs into vascular cells [4]. Collagen is a main component in ECM of 
mammalian tissues. Physically formed collagen gels are thermally reversible and 
offer a limited range of mechanical properties [76]. A recent study has reported a 
two-stage vascular differentiation protocol that involved EB formation and culture 
for 12 days (stage 1), and expansion of endothelial lineage by subculturing EBs in 
collagen (stage 2) [4]. Remarkably, CD31/CD144 expression was triggered and 
increased from 1 to 3% (EBs at day 12) to 10–15% after EBs were subcultured in 
3D collagen gels for 3 additional days. A highly pure population of endothelial 
cells (CD31+CD144+) was then isolated by flow cytometry, after gel digestion [4].

3.4.3 � Synthetic Scaffolds for Vascular Differentiation

PGA, PLLA, and the copolymer PLGA have been used as a 3D scaffolding for vas-
culogenesis [9, 59]. These materials degrade hydrolytically through bulk erosion due 
to the presence of ester bonds. Polymer molecular weight, copolymerization ratio, 
and polydispersity can be adjusted to alter stiffness, pore size, and to control degra-
dation rate [53]. Methods used for these alterations are well established and include 

Table  3.1  Expression of vascular markers on hESCs differentiated through an EB step or 
encapsulation in 3D scaffolds

Differentiation methodology Time

Vascular marker expression

ReferencesPECAM-1 CD34 Flk-1/KDR

Embryoid bodies (EBs) Day 10 <1.5% ~10.5% <2.5% [10]
Embryoid bodies Day 13      2% N/A N/A [15]
Dextran hydrogels Day 10 <1.5% ~8% ~19% [10]
Dextran hydrogels with 

RGD ligands
Day 10 ~1.5% ~11% 12.5% [10]

Dextran hydrogels with 
RGD ligands and VEGF 
delivery

Day 10 ~6% ~9% 17.5% [10]

PLGA/PLLA scaffolds 
coated with Matrigel®

Day 14 ~0.5% 1–1.5% N/A [9]

PLGA/PLLA scaffolds 
coated with fibronectin

Day 14 ~0.5% <0.5% N/A [9]
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salt leaching, sintering, porogen melting, and nanofiber electrospinning [53, 77]. 
Pore sizes ranging from 2 up to 800 mm and Young’s moduli in a range of 65–500 kPa 
have been described [78]. In some cases, to increase cell adherence and survival, 
these scaffolds were coated with Matrigel® or fibronectin [9, 59].

PLGA scaffold-supported hESCs were able to differentiate and organize into 
vessels [9]. Vascular differentiation was assessed by immunohistochemical staining 
for CD34 and CD31 markers (Table 3.1). Results showed that hESCs seeded on 
fibronectin-coated scaffolds resulted in higher levels of vascular differentiation 
(Fig. 3.4). Samples treated with retinoic acid neither formed capillary networks nor 
expressed CD34 or CD31 genes as shown by RNA analysis [9]. The study also 
demonstrated that hESCs cultured on fibronectin-coated scaffolds achieved a high 
level of structure organization than hESCs cultured in fibronectin-coated dish or as 
EBs [9]. hESCs seeded in PLLA/PLGA scaffolds and cultured in differentiation 
media supplemented with neurotrophins differentiate at some level into vascular 
cells [59]. Vascular structures (CD31-positive) were found throughout the 3D con-
structs surrounding the neuronal rosettes. Interestingly, the addition of retinoic acid 
inhibited vascular network formation.

Similar to the previously mentioned alginate gels, the porous structure of 
poly(glycerol-co-sebacate) acrylate (PGSA) (pore sizes between 20 and 200 mm, and 
Young’s moduli between 40 and 60 kPa) was demonstrated to support colony forma-
tion within the macropores within 24 h when seeding undifferentiated hESCs [79]. 
The hESCs were shown to proliferate, and they differentiated in vitro into tissue-
like structures containing cells types of all the three germ layers, Brachyuri-positive 
cells (mesoderm), cytokeratin 18 (ectoderm), and a-Fetoprotein (endoderm) after 
7 days [79]. However, no comparison was performed to the differentiation profile 
of EBs cultured in suspension.

3.5 � Future Directions

3D scaffolds are important tools to study embryonic vasculogenesis, since they confer 
a high level of tissue organization than EBs. In addition, controlling their mechanical, 
biochemical, (cell adhesion ligands, growth factors, etc.), and morphological (micro- 
and nanotopography) properties makes it possible to evaluate the effect of these 
variables in embryonic vasculogenesis. Our proposition is that a better understanding 
of embryonic vasculogenesis will depend in our ability to control scaffold properties. 
Future work should focus in the development of scaffolds with (1) variable chemistry, 
to assess the role of chemistry in the embryonic vasculogenesis, (2) micro- and nano-
scale resolution, to elucidate the role of biophysical cues governing 3D embryonic 
vasculogenesis [80], (3) micro- and nanoparticles, to release vasculogenic factors at 
desired concentrations and time frames, which will allow unraveling of certain 
molecular events at early or late vasculogenic stages [81], and (4) the ability to inter-
act with cells (for example, sensitive to cellular enzymes [11, 51]), since this will help 
in meeting the kinetic change required to drive the cell fate during differentiation, thus 
likely increase the lineage-specific output.
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High-throughput screening methodologies may contribute to discover chemical 
cues that can be incorporated into 3D scaffolds relevant for vascular differentiation 
of hESCs. Recently, a high-throughput platform for rapid, nanoliter-scale synthesis 

Fig. 3.4  Vasculogenesis in 3D PLLA/PLGA scaffolds (Copyright 2003, National Academy of 
Sciences, USA, [9]). (a) Differentiating hES cells (EB day 8) were seeded on PLLA/PLGA scaf-
folds by using two methods of cell attachment: seeding the cells onto the scaffold with Matrigel® 
(scaffold plus Matrigel®, s + m) or coating the scaffold with fibronectin (scaffold plus FN, s + fn). 
The constructs were incubated in a control medium (CON) or medium supplemented with TGF-b 
(TGF), activin-A (ACT), RA, or IGF. After 2 weeks of incubation, the samples were fixed, sec-
tioned, and immunostained by using anti-CD31, anti-CD34, or antismooth muscle actin (SMA) 
antibodies (scale bar = 50 mm). Note the complex network formation in control and IGF-treated 
samples in contrast to the absence of staining in RA-treated samples. (b) Quantitative analysis of 
antibody staining. Percentage of positive staining corresponds to area of antibody-positive cells within 
the tissue sections. The results shown are mean values (±SD) of five different sample sections
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of biomaterials has been developed, which allows to screen arrays of potentially 
relevant polymers [82]. The most promising polymers can then be used to prepare 
scaffolds for selective vascular differentiation of hESCs. Alternatively, bioactive 
small peptides identified by high-throughput approaches can be used for scaffold 
preparation. Billions of diverse sequences can be assessed by displaying random 
peptide sequences on the coat proteins of bacteriophages, rendering phage display 
a powerful means to identify peptides that function as cell-surface ligands. These 
peptides can be modified chemically to form 3D scaffolds [83].

Scaffolds with micro- and nanoscale resolution can be fabricated by the use of 
3D printing, microsyringe deposition, and electrospinning of nanofibers [80]. 
These methods allow one to control the spatial location of molecules within the 
scaffold, the scaffold topography at micro and nanoscale, and the assembly of the 
cells. For example, nanofiber-assembly scaffolds have high porosity and specific 
surface area, and they present nanometer-scale topographical cues that are potent 
effectors of cellular behavior. These tools might allow researchers to better control 
the vascular differentiation program of hESCs. Some of these microtechnologies 
can be acquired commercially and are inexpensive, and it is expected that they will 
be implemented in hESC biology laboratories in the next few years.

Many studies indicate that embryonic vasculogenesis is improved on 3D scaf-
folds relative to EBs. Yet, the mechanism is poorly understood. Factors that might 
account for this effect are (1) level of tissue organization, (2) hypoxia, (3) cell–
matrix interaction, (4) soluble factors released from the scaffold, and (5) mechani-
cal stress. Further research is needed to elucidate the role of each factor in the 
context of embryonic vasculogenesis. We anticipate some hurdles in this process. 
For example, the scaffold mechanical properties will likely have an important role 
during human embryonic vasculogenesis; however, it is difficult to demonstrate 
such a phenomenon in a 3D model. This is due to the difficulty in isolating this 
variable from others existing in a 3D model. For example, increasing the stiffness 
of a hydrogel by increasing the cross-linking density will likely affect the diffusion 
of oxygen and cellular nutrients, as well as cell migration.
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4.1 � Introduction

Cells that are moved from conventional flat surfaces to a physiologically more relevant 
3D matrix undergo dramatic morphological and functional changes. One of the best 
examples of such a functional switch is endothelial cells, which grow to confluent 
cobblestone structures on a traditional matrix-coated cell-culture dish, but form dis-
tinct tubular structures between thick matrix layers [1]. How cells sense and respond 
to the dimensionality of their environment – 2D for a flat culture dish vs. 3D for a 
matrix – remains unclear. Most of what we have learned about cellular functions and 
signaling pathways, including the molecular mechanisms regulating cell motility and 
adhesion, stem from studies on 2D surfaces [2]. However, even endothelial cells, 
which are anchored to the 2D basement membrane in vivo, have to negotiate and 
respond to a 3D environment during embryonic development, angiogenesis for tumor 
growth, and invasion into surrounding tissues in metastasis. Accumulating evidence 
suggests that the molecular and biophysical mechanisms by which cells move in a 3D 
matrix and adhere to the fibers that constitute the matrix could be fundamentally dif-
ferent from the far better known 2D case. Progress in our understanding of molecular 
cell functions in 3D has been limited by the lack of quantitative assays that can probe 
cells in the physiological 3D milieu. In what follows, we describe two quantitative 
assays based on high-resolution particle-tracking methods, which allow us for the 
first time to probe the physical properties of the intracellular and extracellular milieu 
for cells fully embedded inside a 3D matrix. In the first method, the extent of the 
Brownian movements of nanoparticles embedded in the cytoplasm are analyzed to 
measure the local micromechanical properties of endothelial cell inside a 3D matrix 
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and their response to vascular endothelial growth factor (VEGF). In the second 
method, the 3D movements of large beads tightly lodged in the extracellular matrix 
report in real time on the local 3D deformation of the matrix mediated by migrating 
cancer cells. This assay, particle-tracking matrix traction micromechanics, is used to 
resolve the controversial roles of matrix metalloproteinases and actomyosin contrac-
tility in mediating cell motility in a 3D matrix.

4.2 � Intracellular Microrheology of Cells Inside a 3D Matrix

4.2.1 � Fundamentals of Particle-Tracking Microrheology

Here, we describe the basic principles of the method of particle-tracking microrheology 
to probe the micromechanical properties of cells embedded inside a 3D matrix (see 
ref. [3] for more details). Spherical carboxylated fluorescent nanoparticles of submi-
cron diameter are first ballistically injected [4] inside endothelial cells grown in a 
culture dish (Fig.  4.1). The nanoparticles are injected instead of being passively 
engulfed by the cells to circumvent the endocytic pathway [5]. Endosomal vesicles 
containing the engulfed nanoparticles would transport them along cytoskeletal fila-
ments through motor proteins, which would render particle-tracking analysis in terms 
of cytoplasmic viscoelasticity ambiguous [6]. Instead of coating nanoparticles with 
nonadhesive polymers such as PEG, the surface of the nanoparticles is carboxylated 
to allow for limited binding of the nanoparticles to subcellular structures. The absence 
of direct binding interactions between nanoparticles and cytoplasm, as induced by 
PEG, would create a zone of depletion in the vicinity of the nanoparticles [7]. Hence 
PEGylated nanoparticles would probe a milieu, depleted of cytoskeletal filaments, of 
artificially low viscosity. Finally, carboxylated nanoparticles are preferred over 
amine-modified nanoparticles, which undergo directed motion in the cell, reminiscent 
of that observed for nanoparticles passively engulfed in the cell [5].

Nanoparticles are injected inside the cells as following. Helium is accelerated 
through a gas chamber, which forces a macrocarrier disk coated with the fluorescent 
nanoparticles to crash into a stopping screen (Fig. 4.1). The momentum of the macro-
carrier is transferred to the nanoparticles, which penetrate the target cells. If the pres-
sure drop accelerating helium is too low, nanoparticles may bounce off the cell surface; 
if too high, nanoparticles may too severely damage the cells. Ballistic injection as 
opposed to manual microinjection dramatically increases the number of cells amenable 
to particle-tracking measurements, from ~10 to 1,000 [4]. The number of nanoparticles 
delivered to individual cells is also more consistent, typically between 10 and 30 per 
cell. When compared with manual injection, ballistic injection greatly decreases the 
fraction of damaged cells. Of course, thorough washing post bombardment is critical 
to prevent nanoparticles that are not lodged inside the cells from entering the cells by 
endocytosis.

After overnight incubation, the cells are either detached from their substratum and 
placed inside the 3D matrix or deposited on conventional flat (2D) matrix-coated 
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substrates to compare the micromechanical properties of cells in 2D vs. 3D 
microenvironments. After further incubation, nanoparticles disperse throughout the 
cytoplasm, a reliable test of proper injection since endocytosed nanoparticles are 
driven toward and accumulate in the perinuclear region of the cell [4]. The movements 
of the centroids of the diffraction-limited images of the individual fluorescent nano-
particles are subsequently tracked by conventional time-resolved fluorescence 
microscopy (Fig. 4.1) [8]. Because the displacements, not the actual size, of the 
nanoparticles is evaluated, one can reach a spatial resolution in the displacements 
that is significantly smaller than a pixel size, 1–5 nm [8]. The displacements of the 
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Fig. 4.1  Intracellular particle-tracking microrheology of cells inside a 3D matrix. (a) Schematic 
illustration of endothelial cells fully embedded inside a 3D extracellular matrix. These cells are not 
amenable to traditional biophysical measurements, including AFM, optical tweezers, and micropi-
pette, because these techniques require a direct physical contact between the cell surface and the probe 
(i.e., the cantilever of the AFM, the bead of the optical tweezers, and the tip of the micropipette). 
In contrast, particle-tracking microrheology can probe intracellular mechanics at a distance by track-
ing the Brownian motion of cytoplasm-embedded beads with high spatial and temporal resolution. 
(b) Trajectories of 100-nm diameter beads inside the cytoplasm of an adherent cell. Nanoparticles 
are enlarged for ease of visualization. (c) Transfer of submicron beads to the cytoplasm of adher-
ent cells using ballistic injection. (1) Helium is accelerated through a gas chamber, (2 and 3) forces 
a macrocarrier disk coated with the fluorescent nanoparticles to crash into a stopping screen. (4) 
The momentum of the macrocarrier is transferred to the nanoparticles, which penetrate the target 
cells. (d) Nanoparticles inside adherent cells. Nanoparticles are enlarged for ease of visualization. 
(e) Comparison of the creep compliance of Swiss3T3 fibroblasts using nanoparticles transferred 
to the cytoplasm using either manual injection (blue curve) or ballistic injection (red curve). 
Adapted with permission from Panorchan et al. [14]
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nanoparticles are random in magnitude and direction and, as discussed below, are 
driven by thermal energy, not by nonthermal forces potentially caused by motor pro-
teins. This distinction is critical to evaluate local viscoelastic properties of the cyto-
plasm directly from the displacements of the probe nanoparticles.

The mean squared displacement of each nanoparticle in the plane of focus of the 
microscope,

[ ]22 2( ) ( ) ( ) ( ) ( ) ,r x t x t y t y t∆ = + − +  + −τ τ τ

is calculated fromthe time-dependent coordinates of the nanoparticles x(t) and y(t) in 
the x and y directions of the plane of focus; t is the elapsed time, t is the time lag or 
duration of observation, and the brackets represent time averaging. The value of the 
mean squared displacement of a nanoparticle at a given time lag t indicates how far 
it has traveled during that time period. To understand how viscosity and elasticity of 
the cytoplasm can be computed from the mean squared displacements of nanoparti-
cles, we consider the following two extreme cases: a nanoparticle in a viscous liquid 
(e.g. glycerol or water) and a nanoparticle in a perfectly elastic material (e.g. rubber) [3]. 
A submicron particle immersed in a quiescent viscous liquid continuously undergoes 
random Brownian motion. The movements of the nanoparticle can be described by 
Newton’s law in which inertial (gravity) effects are negligible because the nanoparticles 
are sufficiently small [3]. In a viscous liquid, the nanoparticle is only subjected to two 
forces of equal magnitude and opposite direction: a random stochastic force and a fric-
tional force that is proportional to the velocity of the nanoparticle and its friction 
coefficient, which is itself proportional to the size of the nanoparticles and the viscosity 
of the suspending liquid. Each time the nanoparticle moves in a direction driven by a 
random force caused by the bombardment of the liquid molecules on the surface of the 
nanoparticle, that nanoparticle instantaneously loses all memory of where it just came 
from, i.e. subsequent movements of the nanoparticles are completely uncorrelated in 
magnitude and direction. One can show [3] that, in these conditions, the mean displacement 
of the nanoparticles is zero, while the mean squared displacement of the nanoparticles is 
non-zero and proportional to the duration of observation and the diffusion coefficient 
of the nanoparticles. Therefore, according to the Stokes–Einstein relationship, the mean 
squared displacement of the nanoparticle is inversely proportional to the viscosity of the 
suspending liquid. In addition, one can directly measure the viscosity of a liquid from 
the measured mean squared displacements of probe beads embedded in that liquid.

The other extreme example illustrating the use of nanoparticles to probe the 
viscoelastic properties of complex fluids involves a nanoparticle embedded in a 
perfectly elastic solid material. Each time this nanoparticle attempts to move in an 
elastic milieu, driven by the thermal energy of the system, it is met by an equal and 
opposite restoring force that instantaneously pushes it back to its initial position. 
The mean squared displacement of this nanoparticle is finite, but independent of 
time. The magnitude of this constant mean squared displacement is inversely 
proportional to the elasticity of the milieu. The two above examples show that the 
time dependence of the mean squared displacement of probe nanoparticles in a 
material will reveal both the viscoelastic nature of that material (whether it is 
viscous, elastic, or viscoelastic) and determine its viscosity and elasticity [3].
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Our work has established that the cytoplasm of adherent cells displays both 
elastic and viscous characteristics [4, 5, 9–16]. Indeed, at long time scales, the 
mean squared displacement of nanoparticles embedded inside the cytoplasm is 
proportional to time, a signature of viscous response, while at intermediate time 
scales, the mean squared displacement of nanoparticles in the cytoplasm is inde-
pendent of time, a signature of elastic response. Between these two temporal scales, 
the cytoplasm behaves as a viscoelastic material, where both elastic and viscous 
moduli are significant. The method to determine time scale-dependent (or equiva-
lently frequency-dependent) viscoelastic moduli from mean squared displacement 
is further detailed in ref. [17].

Nanoparticles embedded inside the cytoplasm undergo three-dimensional move-
ments. Even in regions of the lamellipodium in cells placed on a flat substrate, 
which are very thin (<250 nm) [18], the displacements of the nanoparticles are so 
small that they are not laterally confined. Moreover, potential long-range interac-
tions, which could be mediated by hydrodynamic interactions, between the plasma 
membrane and the nanoparticles of the cytoplasm are negligible because the nano-
particles are lodged within the dense meshwork of the cytoskeleton. The diameter 
of the probe nanoparticles is chosen to be significantly larger than the effective 
mesh size of the cytoplasm and hydrodynamic interactions are spatially screened 
with a mesh size of the cytoplasmic network. This mesh size is ~50 nm and was 
estimated by probing the mobility of fluorescently labeled hydrophilic polymers 
(e.g. dextran) of increasing radius of gyration through fluorescence recovery after 
photobleaching [19, 20].

The viscoelastic properties of the cell depend on the probed length scale. Particle-
tracking microrheology measures the mesoscale viscoelastic properties of the cyto-
plasm, at length scales between the cell (~30 mm) and the mesh size of the cytoplasm/
cytoskeleton (~50 nm) [10]. For length scales smaller than the cytoskeletal mesh 
size, the interstitial liquid is only viscous (no elasticity), with a viscosity that is only 
slightly higher than that of water (h = 1 cP) [21, 22]. This low viscosity mediates the 
rapid transport of small globular proteins and ions, whose movements are largely 
unhindered by cytoskeletal structures in the cytoplasm. For instance, the diffusion of 
green fluorescence protein (GFP) in control cells is the same as in cells treated by 
the actin filament depolymerizing drug latrunculin B. For length scales larger than 
the mesh size but smaller than the size of the cell or nucleus, the length scale probed 
by particle-tracking microrheology, the cytoplasm displays both viscous and elastic 
characteristics [3, 10]. For cellular length scales much larger than the cytoskeletal 
mesh size (greater than several micrometer), the mechanical properties of the cell 
become dependent on large-subcellular organelles, such as the nucleus which is 
highly elastic [10], and their interconnections to the cytoskeleton [15, 23, 24]. 
Coarse, large-scale mechanical properties of single cells can be measured by methods 
such as micropipette suction [25], which cannot distinguish how different parts of 
the cells may display different mechanical properties.

Standard fluorescence microscopy and image analysis probe the 3D move-
ments of the nanoparticles in the cytoplasm projected in the 2D plane of focus 
of the microscope. For such analysis to be rigorous, the milieu surrounding each 
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nanoparticle has to display physical properties that are locally isotropic. In this case, 
the displacements in the plane of focus and out-of-plane displacements have to be, 
on average, statistically similar. We have verified that indeed the time-averaged 
mean squared displacements of nanoparticles in the cytoplasm projected along 
the x and y directions of the plane of focus are identical. The cytoplasm is, therefore, 
mechanically isotropic at the length scales probed by nanoparticles. This may be 
surprising since regions of the cytoskeleton, including actomyosin stress fibers, 
are clearly oriented and, therefore, anisotropic. However, due to their finite size, 
100–500-nm diameter nanoparticles are excluded from the core region of the stress 
fibers at the basal surface or the stress fibers in the actin cap of adherent cells [26].

There are several critical advantages of the method of particle-tracking 
microrheology over classical methods of cell mechanics, including magnetic twee-
zers, atomic force microscopy (AFM), or micropipette suction [16]. One of them is 
that particle-tracking microrheology acknowledges the fact that the cytoplasm is 
highly heterogeneous. Indeed the local elastic modulus on an adherent cell can vary 
by more than an order of magnitude within the same cell [27]. Another advantage 
is that particle-tracking microrheology measurements only last between 1 and 30 s, 
a time that is much smaller than time scales associated with cell motility or cell 
division. By comparison, high-resolution AFM measurements can last as long as 
1 h [28], a time during which the cell can move and organelles such as the nucleus 
can undergo large excursions [29]. Finally, particle-tracking microrheology is the 
only quantitative method that has been demonstrated to be useful for cells fully 
embedded inside a 3D matrix [14].

4.2.2 � The Limited Role of Actomyosin Contractility  
in Intracellular Microrheology

Recent in vitro studies using purified proteins (actin and nonmuscle myosin II) have 
suggested that the fluctuations of nanoparticles inside cells may stem not only from 
the thermal energy k

B
T (where k

B
 is Boltzmann’s constant and T is the temperature), 

but also the nonthermal energy generated by the contractile forces of motor proteins 
[30]. This distinction is important as the interpretation of mean squared displace-
ments of embedded nanoparticles in terms of viscoelastic parameters would become 
much more complex. Theory and experiments using reconstituted actin filament 
networks suggest a 100-fold increase in the magnitude of the fluctuations of the 
nanoparticles mediated by motor proteins compared with nanoparticles in networks 
containing only F-actin [30]. Moreover, nanoparticles embedded in a reconstituted 
actin filament network containing myosin II move in a highly correlated fashion, a 
correlation that disappears when myosin II’s motor activity is inhibited [30]. We 
recently tested the hypothesis that myosin II participates in the movements of nano-
particles in live cells [31]. Nanoparticles are injected in the cytoplasm of live cells 
and tracked by fluorescence microscopy. Surprisingly, the mean squared displace-
ments of nanoparticles in the cytoplasm of control cells and cells treated with myosin 
inhibitors ML-7 or blebbistatin are statistically identical [31]. As a positive control, 
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the mean squared displacements of nanoparticles in the cytoplasm of cells treated 
with actin depolymerizing drug latrunculin B was significantly larger than those in 
control cells. Moreover, contrary to the reconstituted actomyosin network, the 
movements of nanoparticles in untreated (and treated) cells are completely uncorre-
lated [31]. These important results strongly suggest that, contrary to F-actin, myosin 
plays no significant role in mediating the microrheology of the cytoplasm of living 
cells. These results also highlight the danger of extrapolating results obtained with 
highly simplified in vitro systems to understand complex cell functions.

Nevertheless, cells subjected to myosin inhibitors ML-7 and blebbistatin 
undergo dramatic cytoskeleton reorganization [31]. Moreover, AFM measurements 
of cell mechanics suggest that these treated cells become mechanically softer than 
control cells. How can one reconcile these seemingly contradictory measurements? 
Particle-tracking microrheology suggests that no effect is caused by ML-7 or bleb-
bistatin treatment, while AFM does. A rather straightforward explanation for this 
apparent contradiction stems from the subcellular location of myosin II. Myosin II 
is mainly localized at the cell periphery, bundling actin filaments at the cell cortex 
and in the actin cap [26], i.e., myosin II is largely excluded from the cytoplasmic 
regions where nanoparticles are localized. An AFM tip in contact with the surface 
of a drug-treated cell measures deflections caused by the collapse of cortical and 
actin-cap structures at the cell periphery, while the body of the cell probed by 
particle-tracking microrheology remains mechanically intact. Of course, if F-actin 
is disassembled, then particle-tracking microrheology readily detects mechanical 
softening of the cytoplasm [31].

4.2.3 � Intracellular Microrheology of Endothelial Cells  
on a 2D Surface vs. Inside a 3D Matrix

Making use of the above method of particle-tracking microrheology, we asked 
whether human umbilical vein endothelial cells (HUVECs) placed on matrix-
coated dish have different micromechanical properties than HUVECs fully 
embedded in the same matrix [14]. Staining of actin structures suggests that cells 
in 2D and 3D have drastically different cytoskeletal architectures [14]. HUVECs on 
flat surfaces typically display a wide lamella (lamellipodium), thin protrusions 
(filopodia), stress fibers both at the basal surface and on top of the nucleus [26], and 
focal adhesions that terminate these stress fibers. In contrast, HUVECs inside a 
matrix show no wide lamella, few thin protrusions, no focal adhesions and display 
instead thick protrusions (pseudopodia) that colocalize with stress fibers [32]. 
Using the same particle-tracking microrheology approach, the micromechanical 
properties of cells in 2D and 3D microenvironment can be compared. The cyto-
plasm of cells in 3D is significantly softer than the cytoplasm of cells on 2D sub-
strates, showing both a lower viscosity and a lower elastic modulus (Fig. 4.2). Our 
unpublished results using other types of human cells suggest that placing cells 
inside a 3D matrix typically decreases the stiffness of the cytoplasm of cells 
compared with cells placed on the same matrix.
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4.2.4 � Intracellular Microrheology of 3D Matrix-Embedded 
Endothelial Cells Subjected to VEGF

VEGF enhances the angiogenic migration of endothelial cells [33, 34] and activates 
signaling pathways that regulate actin filament assembly and organization into 
functional networks [35]. Particle-tracking microrheology demonstrates that VEGF 

Fig. 4.2  Local micromechanics of the cytoplasm of HUVECs embedded in a matrix. (a) Brownian 
motion of 100-nm diameter nanoparticles embedded in the cytoplasm of an HUVEC inside a 3D 
peptide (puramatrix) hydrogel. Nanoparticles are color-coded according to the local elasticity of 
the cytoplasm. Blue corresponds to the stiffest regions of the cell; red corresponds to the mechan-
ically softest regions of the cell. The size of the nanoparticles is increased to aid visual presenta-
tion. Actin filaments are visualized with Alexa 488 phalloidin. Scale bar, 20 mm. (b) Mean 
frequency-dependent viscous and elastic moduli, G¢(w) (circles) and G″(w) (squares), calculated 
from the time-dependent mean squared displacements of beads inside cells. Adapted with permis-
sion from Panorchan et al. [14]
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increases the compliance and decreases the elasticity of the cytoplasm of HUVECs 
placed inside the 3D matrix [14]. To begin to elucidate the molecular mechanisms by 
which HUVECs in a 3D matrix mechanically respond to VEGF stimulation, the Rho/
ROCK pathway was targeted, a pathway known to regulate actin filament organiza-
tion in HUVECs following VEGF stimulation [36]. The cells are subjected to VEGF 
and simultaneously treated with specific ROCK inhibitor Y-27632 [37]. Y-27632 
treatment abrogated VEGF-induced softening of HUVECs inside a matrix [14]. 
Together these results suggest that ROCK plays an essential role in the regulation of 
the intracellular mechanical response to VEGF of endothelial cells in a 3D matrix.

Angiogenesis refers to the process by which new blood vessels are formed during 
development or cancer progression. To obtain more nutrient and oxygen during tumor 
invasion and proliferation, tumor cells release VEGF to promote endothelial migra-
tion and angiogenesis. VEGF promotes the formation of highly dynamic protrusions 
and actin-rich protrusions at the periphery of cells in a 3D matrix and enhances cell 
motility, as demonstrated by Boyden-chamber and transwell assay [38, 39]. VEGF 
also enhances in vitro angiogenesis processes where endothelial cells are sandwiched 
between two matrix layers [36]. These results suggest that VEGF-induced cell motility 
in a matrix proceeds through the development of highly dynamic pseudopodial 
protrusions pushing within the cell body against a highly viscous cytoskeleton, while 
for cells in 2D it proceeds through force propulsion against a more elastic cytoskel-
eton architecture.

VEGF-induced endothelial migration is completely abrogated and VEGF-induced 
capillary tube formation is greatly reduced by ROCK inhibition with Y-27632 [36], 
which also eliminates VEGF-induced intracellular mechanic changes. To eliminate 
blood supply to tumors, cancer therapies have targeted the inhibition of angiogen-
esis. Y-27632 is being tested in patients to eliminate angiogenic migration of 
endothelial cells by inhibiting ROCK.

4.3 � Extracellular Matrix Remodeling During Cell  
Motility in a 3D Matrix

4.3.1 � The Role of Matrix Metalloproteinases in 3D Cell Motility

In order to move, endothelial cells embedded inside a 3D matrix need to remodel 
their surrounding matrix. Matrix remodeling can occur either through cell-mediated 
physical deformation of the matrix fibers or by degradation of extracellular matrix 
components by secreted and membrane-bound matrix metalloproteinase (MMPs), 
including collagenase. Metalloproteinases break peptide bonds in components of 
the extracellular matrix. The requirement of MMPs for cell migration in 3D matrix 
has been a highly controversial topic of research [40]. Using collagen I matrix as a 
model matrix system, Friedl and Wolf initially showed that MMPs were dispensable 
for the net migration of fibrosarcoma HT-1080 cells and breast cancer MDA-MB-231 
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cells [41]. Genetic depletion of MMPs in these cells or cell treatment with 
wide-spectrum MMP inhibitors did not reduce cell migration in dense collagen I 
matrices [41]. The same noneffect of MMP inhibition occurred when cells were 
embedded inside matrigel [42], a commercial matrix gel whose molecular com-
position is similar to that of the basement membrane. Both drug-treated and 
MT1-MMP-depleted cells underwent a switch from mesenchymal morphology to 
an amoeboid morphology and moved at about the same speed in the matrix [41]. 
These observations provided an explanation for the unexpected failed clinical trials 
of MMP inhibitors [43]. However, Weiss and coworkers suggest that this amoeboid 
migration displayed by these cells can only be observed for a matrix composed of 
pepsin-extracted collagen and in matrigel [42, 44, 45], not in native collagen. 
Pepsin extraction, which was used by Friedl, removes collagen telopeptides that 
would otherwise crosslink as Schiff-base adducts [46–48]. Similarly, matrigel is 
formed of uncrosslinked extracellular matrix molecules, including laminin and 
collagen IV [40]. The resulting gels form uncrosslinked networks with a relatively 
large pore size, which presumably cannot block cell migration in the absence of 
MMPs, although a direct comparison of the physical properties of crosslinked and 
uncrosslinked collagen I matrices remains unavailable.

4.3.2 � Particle-Tracking Matrix Traction Micromechanics

How cells fully embedded in crosslinked (native) collagen I gel are able to produce 
the necessary forces to move in a crosslinked network of mesh size significantly 
smaller than the sizes of the cell and nucleus is unknown. A cell moving inside a 
3D collagen matrix locally deforms the matrix in all three directions. To quantify 
cell-mediated matrix remodeling, we have introduced a new method, also based on 
multiple-particle tracking, the particle-tracking matrix traction micromechanics 
assay [32]. To monitor matrix deformation, large polystyrene beads are incorpo-
rated inside a type-I collagen gel matrix prior to matrix impregnation with cells 
(Fig. 4.3a). The 3D movements of the beads embedded in the matrix are tracked 
using a new multiple-particle tracking method based on bright-field microscopy 
(Fig. 4.3b, c) [32, 49]. The carboxylated beads adhere firmly to the collagen matrix, 
therefore faithfully reporting about the local deformations of the matrix by the 
cells. Unlike particle-tracking intracellular microrheology described above, the 
beads are large so that their spontaneous Brownian motion is negligible compared 
to the magnitude of the movements of the beads induced by cell-mediated deforma-
tions of the matrix.

The projections of the 3D displacements of the beads in the plane of focus (in 
the x and y directions) are obtained by tracking the intensity-weighted center of 
mass of each bead using time-resolved bright-field microscopy with 20-nm spatial 
resolution. This lateral resolution is poorer than that obtained by particle-tracking 
microrheology because bright-field microscopy is intrinsically noisier than fluores-
cence microscopy. The projection of the 3D displacements of the beads in the 
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z direction is obtained by analyzing the rings of diffraction of each bead with 
approximately 120-nm resolution (Fig. 4.3b) [32].

The local displacements of the beads in the collagen matrix in the vicinity of 
single cells are typically of the order of several microns along each axis for tracking 
of long durations (>90 min, Fig. 4.3c). Over long periods of time, these large bead 
displacements are not contained in a single plane of focus. Hence, the positions of 
the beads in the matrix can be recorded in a stack of equally spaced (8–10-mm) 
planes spanning the cell in the collagen matrix (Fig. 4.3a). This approach, based on 
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Fig. 4.3  3D particle-tracking matrix micromechanics near cells inside a 3D matrix. (a) Schematic 
illustration of the method of 3D particle-tracking micromechanics used to quantify the local 3D 
deformation of a matrix induced by a motile cell. Stacks of bright-field micrograph are collected 
in equally spaced planes of foci to monitor the cell-mediated movements of large (3.6-mm diam-
eter) carboxylated polystyrene beads that are tightly bound to the matrix. (b) Prior to each 
experiment and to calibrate beads movements along the z axis, beads in the matrix are moved by 
the motorized microscope stage to generate a reference image set to which movies collected dur-
ing experiments are compared. High z-movement resolution is achieved by analyzing the diffrac-
tion rings of the bead. Scale bar, 3 mm. (c) Typical x, y, and z movements of a bead denoted a, 
which is embedded inside a collagen I matrix near a migrating HT-1080 fibrosarcoma cell (left 
panel). In the right panel, the initial coordinates of bead a are subtracted. Bead b illustrates how 
a bead initially in focus can become out-of-focus, demonstrating the large 3D deformation of the 
matrix during cell migration. Total time of movie capture was 90 min. Scale bar, 20 mm. Adapted 
with permission from Bloom et al. [32]
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high-resolution 3D multiple-particle tracking, allows us to detect and quantify 
local, time-dependent, 3D deformations of the matrix in the vicinity of single 
motile cells, while simultaneously monitoring changes in cell shape.

4.3.3 � Asymmetric Patterns of Local Matrix Deformation  
During 3D Cell Migration

The direction, magnitude, location near the cell, and timing of local 3D matrix 
remodeling induced by cells can readily be analyzed using our 3D particle-tracking 
matrix traction micromechanics assay (Fig. 4.3). Analysis of the trajectories of the 
matrix-embedded beads in 3D shows that, during single-cell migration, the cell 
never pushes the matrix and only pulls on it [50]. These local micromechanical 
measurements are consistent with previous observations that show that collagen 
matrix-impregnated with fibroblasts display global contraction [51, 52].

Cells typically form major pseudopodial protrusions at the front and back of the 
cells. These protrusions have a thickness intermediate between that of filopodia and 
the lamellipodium observed in cells on flat substrates. Multiple-particle tracking 
revealed spatiotemporal patterns of matrix deformation that are qualitatively and 
quantitatively different in the regions of the matrix near the front and back of migrating 
cells (Fig. 4.4a–c). Matrix deformations are typically symmetric at the back and front 
of the cell, both in magnitude and direction, as they both point toward the cell. 
Specifically, the maximum matrix displacements toward the cell, l

max
, measured by 

beads located in regions of the matrix in the vicinity of the leading and trailing pseu-
dopodial protrusions are statistically similar (Fig. 4.4d). This result leads to the some-
what surprising conclusion that the magnitude of matrix deformation toward the cell 
is, on average, similar in regions of the matrix at the back and front of the cell.

Particle tracking in the extracellular matrix shows that what explains net cell 
migration in a 3D matrix is the timing of release of the matrix from the cell by 
pseudopodial protrusions at the front and back of the cell. After an initial deforma-
tion of the matrix fibers toward the cell, the cell releases the fibers connected to the 
pseudopodia and the matrix relaxes from the cell surface. Matrix relaxation by cel-
lular pseudopodia is timed asymmetrically. Beads in the vicinity of the leading 
pseudopodium (or what becomes the leading edge of the cell) move first toward the 
cell and then relax from the cell toward their initial positions. Accordingly, dis-
tances between beads and the closest points on the cell surface (normalized by the 
initial values of these distances) become first <1 and then return to a value close or 
equal to 1 (Fig. 4.4b). That beads return to their initial position suggest that local 
cell-mediated matrix deformation is elastic (i.e., no loss) in regions of the matrix 
near the leading edge of the cell (e.g. Fig. 4.4b).

In contrast, in regions of the matrix near the rear pseudopodium, the matrix 
is initially pulled toward the cell with a magnitude similar to matrix traction at the 
front of the cell (Fig. 4.4c, d), but then undergoes relaxation from the cell that is 
typically much larger than the initial distance between the cell and the beads 
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(e.g. Fig. 4.4c). Accordingly, the normalized distances between the probing beads and 
the rear of the cell become first <1, then become >1 (Fig. 4.4c). Classical mechanics 
suggests that this is a signature of material fracture due to a large mechanical 
stress. Indeed, global relaxation of the matrix at the rear of the cell is rapid and 
often accompanied by the formation of a large defect in the collagen matrix in the 
wake of the migrating cell (arrows in Fig. 4.4a). This defect ultimately grows into 
a 3D path in the matrix along which the cell has traveled.

Using 3D particle-tracking matrix traction micromechanics assay, we can quan-
tify matrix relaxation following the initial deformation of the matrix in the direction 
of the cell by introducing the ratio of the distance between initial and final positions 
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displacements of the beads toward the cell, l
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f
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their total displacements, l
t
, in regions of the matrix near the front and the back of the cell. A ratio 

close to 0 indicates an elastic deformation of the matrix; a ratio close to 1 indicates an irreversible 
deformation of the matrix. ***P < 0.001. Cells studied here are human fibrosarcoma HT-1080 cells. 
Adapted with permission from Bloom et al. [32]
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of each bead, l
f
, to the total displacement of the bead, l

t
 (Fig. 4.4e). The ratio l

f 
 /l

t
 is 

zero for an elastic, reversible recovery after matrix traction toward the cell since in 
this case l

f
 = 0 mm, which corresponds to an elastic recoil of the matrix after stretch-

ing. This ratio is unity when bead movement towards the cell occurs without any 
matrix relaxation, since in this case l

f
 = l

t
. The ratio l

f  
/l

t
 is significantly lower in the 

matrix near the front pseudopodia than in near the back pseudopodia (Fig. 4.4e). 
Therefore, the deformation of the matrix near the front of the cell is mostly elastic, 
while that at the back of the cell is more irreversible, an irreversible deformation 
presumably mediated by MMPs (see more details below).

Taken together, these results indicate that cell migration inside a 3D matrix 
involves (1) the deformation of the matrix toward the cell without pushing the 
surrounding matrix, (2) the elastic relaxation of the matrix near the front of the cell, 
and (3) the irreversible deformation of the matrix near the back of the cell. In 
general, for each cycle of motility, the cell deforms the matrix with equal magni-
tude at its front and back, then releases the matrix first at the back, moves forward, 
and finally releases the matrix at its front.

4.3.4 � Protease Inhibitors Block Cell Motility in 3D Matrix

To investigate the role of MMPs in mediating matrix remodeling and cell motility, 
we measured local 3D matrix deformation when cells are treated with MMP (pro-
tease) inhibitors. In protease inhibitors (PI)-treated cells, the magnitude of the defor-
mation of the collagen matrix is greatly reduced. Analysis of the bead trajectories 
shows that maximum excursions of the beads toward the cell from their initial posi-
tion (l

max
) and the mean total displacements of the beads (l

t
) are significantly reduced 

in PI-treated cells compared to untreated cells. Accordingly, the speed of migration 
of PI-treated cells is drastically reduced compared with control cells. These results 
using crosslinked collagen I matrices are consistent with Weiss’ results, suggesting 
that MMPs are critical to cell migration in a 3D collagen I matrix.

PI-cocktail treatment also significantly reduces the ratio l
f
 /l

t
, which indicates 

that the deformation of the matrix becomes elastic, presumably because it does not 
induce the formation of matrix defects that would prevent a high degree of recovery 
after cell-induced pulling of the matrix. Moreover, significant difference in the 
magnitude and type (elastic vs. rupture deformation) of matrix deformation does 
not occur anymore between the front and the back of PI-treated cells.

4.3.5 � Local 3D Matrix Remodeling During 3D Cell Motility  
is Mediated by Rac1, ROCK, and Myosin II

RhoGTPase inhibitors reduce single-cell migration on planar substrates. The role 
of RhoGTPases for 3D migration in crosslinked collagen I matrix is less clear. 3D 
particle-tracking matrix traction micromechanics assay can determine the magnitude 
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of matrix remodeling following inhibition of myosin II-induced cell contractility and 
F-actin architecture regulators Rho/ROCK and Rac1 [53]. ROCK and nonmuscle 
myosin II are two major regulators of membrane protrusion dynamics [54] and 
Rac1 is a small RhoGTPase that regulates the persistence of migration [42, 55]. 
Control cells in collagen matrix display mostly cortical actin filament bundles and 
few cytoplasmic bundles. Cells treated with 5 mM of the specific myosin II inhibitor 
blebbistatin [56], for which 50% myosin II activity is inhibited [57], display a mor-
phology similar to control cells. Actin filament staining mostly appeared at the cell 
periphery (cortex) and the number of F-actin bundles in the cell body is reduced. 
Applying the 3D multiple-particle tacking assay indicated that partial myosin II 
inhibition greatly reduces the magnitude of local matrix contraction. Accordingly, the 
speed of migration of blebbistatin-treated cells is reduced compared to control cells.

Cells treated with Y27632 [58, 59], which inactivates ROCKI and ROCKII, 
display a dendritic morphology with a thin protruding leading edge that is longer 
than in control cells [60]. Inhibition of ROCK, which is upstream of myosin II and 
regulates actin filament assembly, reduces significantly the magnitude of matrix 
contraction and cell speed. Moreover, inhibition of ROCK renders the relaxation of 
matrix deformation much more elastic-like than in cells treated with 5 mM blebbi-
statin. Cells treated with specific inhibition of GTPase Rac1 by NSC23766 [61] 
display a blebbing morphology and membrane protrusions vanish. Rac1 inhibition 
has an effect on the magnitude of matrix contraction that is intermediate between 
those produced by ROCK and myosin II inhibitors. Finally, combining MMP inhi-
bition with the inhibition of either ROCK, Rac1, or myosin II synergistically reduce 
the magnitude of matrix contraction, l

max
, more than in cells treated with any one 

of these inhibitors and drastically reduce cell migration [42]. These results suggest 
that ROCK, Rac1, and myosin II regulate matrix deformation and cell speed 
and that combining PI treatment with the inhibition of either ROCK, myosin II, or 
Rac1 synergistically inhibits matrix deformation.

4.3.6 � Pseudopodial Protrusions Drive Cell Motility in 3D 
Through ROCK and Actomyosin Contractility

Exploiting the particle-tracking matrix traction assay, which can simultaneously 
visualize cell protrusion dynamics and matrix deformation [32], we tested the 
hypothesis that protrusions locally induce local matrix deformation. Control cells 
display rapidly growing and retracting protrusions terminated by smaller long 
finger-like protrusions, which dynamically shift their position along the cell 
surface. There is a near-perfect correlation between the position of the growing 
pseudopodial protrusions and the position of local traction of the matrix. Regions 
along the cell surface where protrusions are absent correlate with regions of the 
matrix showing no significant traction forces.

Both the number of membrane protrusions and the spatial correlation between 
the location of a membrane protrusion and local matrix deformation diminish 
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significantly when myosin II is inhibited and further diminish when ROCK is 
inhibited. Separately, Rac1 inhibition and PI treatment eliminate membrane protru-
sions completely and induce cell blebbing. For blebbing cells, matrix contraction is 
significantly reduced. Together, these results show that the particle-tracking matrix 
traction assay can probe simultaneously membrane protrusion dynamics and local 
matrix remodeling. The results suggest that matrix traction and associated cell 
motility in 3D matrix are driven by growing pseudopodial protrusions mediated by 
ROCK and myosin II activity.
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5.1 � Introduction

Early in development, the rapidly growing embryo exceeds a size that permits appro-
priate diffusion of nutrients or oxygen sufficiently deep into the organism, requiring 
the development of a primitive vascular plexus. This process of de novo blood vessel 
formation known as vasculogenesis [1] allows for the development of tissues beyond 
the diffusion limit of 100–200 mm [2, 3]. The primitive vascular plexus and other 
vessels are continuously remodeled to accommodate growing or damaged tissues via 
sprouting and intussusceptive angiogenesis providing a system for transport of not 
only oxygen and nutrients, but also cytokines and cells throughout the organism. 
This vascular system is lined by endothelial cells with a subjacent basement membrane. 
Small caliber vessels are lined by a single layer of perivascular cells, while larger more 
complex vessels have a wall composed of a complex extracellular matrix (ECM), 
nerves, and even smaller vessels. The endothelium is crucial in maintaining normal 
vessel function. When the ability of the endothelium to repair or generate new vascu-
lature is altered, the result is tissue damage and disease due to either ischemia or inap-
propriate angiogenesis which can contribute to tumor growth and metastasis. Hence, 
an ability to understand the molecular mechanisms that govern vessel formation and 
remodeling is of great interest for the treatment of these disease states [3, 4].
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The remodeling of the vascular system to repair or generate new vessels involves 
alterations to the surrounding matrix, cellular migration, and proliferation, as well 
as tightly controlled signaling cascades. This chapter focuses on the role of the 
ECM in regulating the formation and remodeling of blood vessels. Specifically, 
it explores how matrix scaffolds can modulate the in  vivo vessel formation by 
human endothelial progenitor cells (EPCs) by altering the biophysical environment 
including mechanical and chemical properties. Additionally, potential applications 
to tissue engineering are discussed.

5.2 � Concepts in Matrix Regulation of Vessel Formation

5.2.1 � Cell Sources

Investigation into vasculogenesis and angiogenesis in matrix scaffolds in vitro and 
in vivo [5–12] has often utilized mature endothelial cell populations such as human 
umbilical vein endothelial cells (HUVECs) and EPCs from umbilical cord and 
peripheral blood as well as from human embryonic stem cells (hESCs). The formation 
of vascular networks for therapeutic applications requires a population of endothe-
lial cells that can be easily isolated, displays a high proliferative potential, and an 
ability to form vascular networks in vivo. While mature endothelial cell populations 
such as HUVECs have displayed the potential to form functional vessels in vivo 
[9, 13, 14], they possess limited proliferative capacity, which prohibit their use in 
large-scale tissue constructs.

EPCs, known to circulate in the bloodstream and home to sites in need of vessel 
formation in both physiological and pathological settings, have been examined 
over the past decade by numerous investigators for their therapeutic potential 
[15–18]. While studies have demonstrated positive results in animal models, 
human trials have resulted in mixed success [4, 16]. This is due, in part, to several 
factors including: the rarity of the cells [19], controversy in isolation and expansion 
of EPCs [15, 17, 18, 20–22], and the use of systemic, rather than local delivery [4]. 
A major limitation has been the lack of a specific marker to identify an EPC and 
thus, great heterogeneity in the types of cells that have been tested under the guise 
of an EPC.

During the formation of the primitive vascular plexus, angioblasts, which are 
precursors to endothelial cells [23], surround emerging hematopoietic elements in 
close approximation [1]. Isolation of putative EPC populations was originally 
based on cell surface antigens known to be expressed on hematopoietic stem cells 
and endothelial cells resulting in the isolation of cells of both hematopoietic and 
endothelial lineages (reviewed in [24]). This method, first described by Asahara 
et  al. [15], was later modified [17, 25] to deplete mature endothelial cells from 
culture to potentially enrich for EPCs. Low-density mononuclear cells (MNCs) 
form adherent colonies, referred to as colony forming unit-HILL (CFU-HILL) 
after 5–9 days, when plated on fibronectin-coated tissue culture surfaces. CFU-
HILL cells have been shown to express cell surface antigens consistent with an 
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endothelial cell phenotype and ingest acetylated low-density lipoprotein (AcLDL), 
a behavior common to both endothelial cells and monocytes (Table 5.1). CFU-HILL 
cells also express several monocyte/macrophage cell surface antigens such as 
CD14, CD45, and CD115, ingest bacteria, display nonspecific esterase activity, 
and display limited proliferative potential [6, 15, 26, 27]. Thus, the CFU-HILL 
assay does not identify EPCs but rather permits enumeration of colonies of 
hematopoietic cells. While the hematopoietic cells do not directly contribute to the 
formation of new blood vessels (are not endothelium), these cells do contribute to 
neoangiogenesis via paracrine signaling pathways and function as circulating 
proangiogenic cells [28].

Recently another method of EPC isolation has identified a cell population 
termed endothelial colony forming cells (ECFCs), [21] which are also known as 
blood outgrowth endothelial cells (BOECs) [20, 29]. Human umbilical cord or adult 
peripheral blood-derived low-density MNCs plated on type I collagen-coated tissue 
culture surfaces form adherent colonies with a cobblestone morphology. These 
colonies first appear in culture between day 7 and 21, with cord blood-derived colonies 
emerging earlier and at a higher frequency than adult blood-derived colonies [21]. 
Ingram et al. developed a single-cell assay to investigate the proliferative capacity 
of putative EPC populations. ECFCs demonstrated an ability to produce progeny in 
a clonal fashion, display a hierarchy of proliferative potential, and an ability to 
give rise to secondary colonies when isolated from both umbilical cord and adult 
peripheral blood. Consistent with high-proliferative behavior, ECFC colonies 
exhibit relatively high levels of telomerase [21]. While ECFCs express cell surface 
antigens consistent with an endothelial cell phenotype [6, 21], they do not express 
hematopoietic or monocyte/macrophage cell surface markers such as CD14, CD45, 
or CD115 [6] (Table 5.1).

The original defining concept of an EPC was that of a circulating cell that 
possessed postnatal vasculogenic activity; the ability to form a vascular system 
from a suspension of angioblast-like cells. ECFCs have displayed the potential to 
form blood vessels de novo in vivo when implanted in a type I collagen matrix 
[6, 7] or a matrigel-based scaffold [8]. No other cell type that has been referred to 
as an EPC can spontaneously form a vasculature in  vivo, though many of the 
hematopoietic-derived cells are capable of extravasating from the blood stream, 
migrating into a tissue, and attaching to any remnants of an endothelial basement 
membrane that may have persisted following endothelial dropout following 
cessation of blood flow at a site of ischemia. Thus, the hematopoietic cells that 
attach to the basement membrane remnant may appear to be forming a vascular 
structure, but the cells are not synthesizing the matrix to which they are attaching, 
a necessary step in stabilizing remodeled vasculature [30], and are therefore not 
endothelial cells. While ECFCs could be isolated from peripheral blood to provide 
a patient-specific cell source, adult blood-derived ECFCs have a decreased prolif-
erative potential [21] and decreased ability to form functional vessels when 
implanted in a type I collagen ECM [7] compared with umbilical cord blood-
derived ECFCs (Fig. 5.1). Thus, ECFCs display all of the properties of a cell that 
one would envision as an EPC. Unfortunately, circulating ECFCs are extremely 
rare, being present at a frequency of 1/106 cord blood and 1/108 adult peripheral 



92 P.J. Critser and M.C. Yoder

blood MNCs plated. Furthermore, there is no specific antigen that currently permits 
prospective isolation of the rare ECFC in the blood stream and discriminates this 
cell from the occasional viable sloughed endothelial cells derived from the intima 
of systemic blood vessels.

Another opportunity exists to differentiate EPCs from hESCs. Endothelial cells 
derived from hESCs have shown the potential to form luminal structures in vitro in 
both matrigel and type I collagen scaffolds [31], and functional vessels when 
implanted in type I collagen scaffolds in  vivo with murine 10T1/2 cells [32]. 
Additionally, vascular progenitor cells derived from hESCs were shown to form 
blood vessels when implanted with and without hESC-derived smooth muscle-like 
cells in a Matrigel scaffold [33]. Additionally, hESC seeded on to poly-(lactic-co-
glycolic acid) scaffolds and transplanted between liver lobules of immunodeficient 
mice were extensively vascularized by both host and human vessels, suggesting the 
in vivo differentiation of hESC into EPC [34].

Additionally, the recent ability to reprogram adult differentiated somatic cells 
using a defined set of transcription factors to form induced pluripotent stem cells 
(iPSCs) could provide a source of patient-derived cells for vascularized tissue 
constructs [35–38]. Recent reports have demonstrated endothelial cells can be 
differentiated from fibroblast-derived human iPSCs [39, 40], which could be a 
source of autologous cells for angiogenic therapies. However, the proliferative 
potential of both hESC- and iPSC-derived endothelial cells has not been fully 

Table  5.1  Phenotypic and functional characterization of CFU-HILL  
and ECFCs [6]

Assay CFU-HILL ECFC

Endothelial surface antigens
CD31 92.31 ± 5.47 92.29 ± 1.32
CD105 74.36 ± 6.32 96.73 ± 1.79
CD144 34.80 ± 8.74 99.15 ± 0.85
CD146 56.52 ± 10.00 94.21 ± 3.71
KDR 99.19 ± 0.81 68.61 ± 11.26
VWF 67.21 ± 12.78 97.09 ± 2.05
UEA-1 41.80 ± 11.67 100
AcLDL 73.68 ± 9.05 99.75 ± 0.25
Hematopoietic surface antigens
CD45 98.15 ± 1.85 0.37 ± 0.37
CD14 98.53 ± 1.04 1.20 ± 0.74
CD115 94.42 ± 2.52 0.28 ± 0.21
Macrophage properties
Phagocytosis of bacteria Yes No
Nonspecific esterase activity Yes No
Vasculogenic properties
Proliferative potential Some Robust
Secondary colony-forming capacity Some CFU-GM EC colonies
In vivo vessel formation No Yes

VWF Von Willebrand factor, UEA-1 Ulex europaeus agglutinin 1, AcLDL 
lectin, acetylated low-density lipoprotein, vascular endothelial growth factor 
II receptor (KDR).
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characterized. Further the ability of iPSC-derived endothelial cells to form func-
tional vessels in vivo has not yet been tested and further investigation is needed.

5.2.2 � Signaling Matrix–Integrin–Cytoskeleton

5.2.2.1 � Scaffolds Used for Vasculogenesis

The native ECM is a complex network of structural proteins such as collagen, 
elastin, fibronectin, and proteoglycans [41]. The engineering of such a complex 
matrix is very challenging and most approaches have used a simplified matrix as a 
model of the ECM [41] consisting of either synthetic or biological components. 
Synthetic matrices used to study angiogenesis and vasculogenesis have been 
derived from several polymers including polyglycolic acid (PGA), polylactic acid 
(PLA), polyethylene glycol (PEG), and others. Additionally, combinations of 
polymers have been used to take advantage of specific properties of each compo-
nent, such as poly-(lactide-co-glycolide) (PLGA). Further, scaffolds from self-
assembling ionic peptides have been used to study endothelial capillary network 
formation [42]. One advantage of these synthetic-based scaffolds is the ability to 
fine tune microstructure and degradation profiles by altering the processing and 
components of the scaffolds [12, 42].

Fig. 5.1  ECFCs derived from adult and umbilical cord blood demonstrate varied vasculogenic 
capabilities. Adult blood-derived ECFCs formed vascular structures that were not functional and 
quickly regressed in the absence of perivascular cells (a) and were present at a low density when 
co-implanted with perivascular cells (c). While implantation of cord blood-derived ECFCs alone 
resulted in the regression of vascular structures, co-implantation with perivascular cells resulted 
in robust and long-lasting functional vessel formation (b, d). Scale bars (a, c) 50 mm and (c, d) 
100 mm. Reprinted from ref. [7] with permission from the American Society of Hematology
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Biological-based matrices are typically composed of type I collagen or fibrin as 
the main component [41]. Other materials used to generate biological scaffolds to 
study angiogenesis and vasculogenesis include Matrigel [8], elastin, hyaluronic 
acid [43], dextran, and alginate [44]. These biological-based matrices have the 
advantage of being biocompatible, enzymatically degradable, and interacting with 
host cells to promote vascularization. Scaffolds have additionally been modified to 
include growth factors [43, 44] and peptide sequences such as arginine–glycine–
aspartic acid (RGD) [44] to increase endothelial cell survival and adhesion.

While the ability to tune specific parameters in these scaffolds has been more 
challenging than for synthetic-based scaffolds, methods such as altering source of 
matrix proteins, combining different biological proteins in scaffolds and cross-linking 
matrix proteins provide potential tools to modulate the biophysical properties. 
Several studies have demonstrated these effects on biophysical properties of collagen-
based scaffolds. Collagen source and extraction method have been shown to affect 
collagen fiber diameter and mechanical properties [45]. Additionally, a recent report 
has demonstrated that the addition of hyaluronic acid (HA) to the collagen-based 
scaffolds alters the biophysical properties [46]. Further, chemical fixations such as 
aldehydes, epoxides, and quinines as well as physical methods such as UV light and 
dye-mediated photo oxidation can be used to cross-link collagen fibrils in vitro [47]. 
Although these cross-linking methods may alter the biocompatibility of the scaf-
folds, further investigation is needed to examine the role of cross-linking of matrix 
components and the addition of various proteins into biological scaffolds on the 
biophysical properties of these matrices.

5.2.2.2 � Matrix Regulation of Cell Behavior

Cells embedded in a 3D scaffold bind to and interact with the matrix compo-
nents. Cells embedded into a collagen-based scaffold are able to reorganize the 
matrix [48, 49]. This interaction occurs because the collagen fibrils bind to integrin 
receptors that are anchored to the actin cytoskeleton [50]. Peptides such as RGD also 
facilitate scaffold adhesion to integrin receptors on embedded cells. Once bound the 
integrin receptors cluster and begin to form aggregates of proteins such as talin, 
vinculin, and a-actinin known as focal adhesions [50, 51]. Focal adhesions serve as 
the entry point of mechanical cues from the ECM into the cell and these cues influ-
ence cell shape, cell migration, cell survival, and cell differentiation [52–54].

The impact of the ECM on cell behavior has been well demonstrated for mesen-
chymal stem cells (MSCs). McBeath et  al. provided evidence that mechanical 
parameters of the microenvironment dictate MSC shape and lineage commitment 
[55]. MSCs were plated on a PDMS (polydimethylsiloxane) micropatterned 
substrate, which dictated the extent of cell spreading and shape. While MSCs  
that exhibited a spread morphology underwent osteogenic differentiation, MSCs 
that exhibited a rounded morphology underwent adipogenic differentiation. 
However, when the cytoskeletal tension was inhibited, MSCs underwent adipogenic 
differentiation independent of cell shape or morphology [55].
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Ruiz and colleagues also demonstrated that force gradients can regulate MSC 
lineage commitment [51]. MSC plated on a sinusoidal band where cells cultured on 
the convex regions experienced high force, while cells grown on the concave 
regions were exposed to reduced forces. Cells cultured in regions of high force 
preferentially differentiated down an osteogenic lineage, while cells in the regions 
of low force underwent adiopogenic differentiation. Further osteogenic differentia-
tion could be abrogated by inhibitors of cytoskeletal force generation [56].

Engler et al. further demonstrated the impact of the microenvironment on MSC 
behavior by showing that modulating matrix stiffness can direct MSC lineage com-
mitment [57]. Engler et al. modulated matrix stiffness by altering the concentration 
of bis-acrylamide cross-linking. Three matrix regimes were investigated: a low stiff-
ness matrix that approximated the stiffness of brain, a medium stiffness matrix that 
was similar to the stiffness of muscle, and a high stiffness matrix that was close to 
the stiffness of osteoid. MSCs exhibited characteristics of neurons, muscle cells, and 
osteocytes on the low, medium, and high stiffness matrix, respectively. Further, 
morphology and lineage-specific protein expression of MSCs was dictated by the 
matrix stiffness supporting the importance of matrix stiffness on cell behavior [57].

5.2.2.3 � Matrix Role on In Vitro Vasculogenesis/Angiogenesis

The study of angiogenesis and vasculogenesis has evolved over several decades and 
includes both 2D and 3D assays. While the mechanism of tube formation varies in 
different assays, all assays have demonstrated that endothelial cell–matrix and cell–
cell interactions are crucial for in vitro endothelial cell network formation. One of 
the first in vitro assays was developed by Folkman and Haudenschild [58], in which 
endothelial cells formed tubular networks on top of an endothelial cell monolayer. 
The endothelial cell monolayer secreted its own matrix consisting mainly of type I 
collagen that was required for tube formation [59].

In 2D in  vitro endothelial cell vessel formation assays, the density of matrix 
proteins and endothelial cells influences the potential for tube formation. 
Endothelial cells stimulated by fibroblast growth factor (FGF), known to induce 
endothelial spreading [60] and endothelial cell tube formation in vitro [61], were 
plated on nonadhesive plates with different density coatings of fibronectin, gelatin, 
or type IV collagen [62]. A high density of matrix proteins promoted cell spreading 
and growth, whereas a low density of matrix proteins resulted in cell rounding and 
death, but intermediate density resulted in tube formation. Tube formation could be 
induced at a high-matrix protein density by plating endothelial cells at a higher cell 
density [62].

In 3D assays of in vitro capillary morphogenesis, endothelial cells are seeded 
into a collagen solution so that the cells are evenly distributed in the scaffold [63]. 
Many studies have investigated the cellular mechanisms of EC lumen formation in 
3D type I collagen scaffolds in vitro [9, 11, 63–73]. These studies have identified a 
matrix–integrin–cytoskeleton signaling axis that is critical in EC tube formation 
[63, 66, 70, 72]. Matrix signals enter through integrin receptors and activate Rho 
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GTPase family members Rac1 and Cdc42 to initiate vacuole formation by embedded 
endothelial cells [72]. Vacuoles then merge and coalesce to form multicellular 
structures. As these complex structures are forming, the cells are also remodeling 
the surrounding matrix. Membrane type I-matrix metalloproteinase (MT1-MMP)-
dependent proteolysis allows the resident endothelial cells to create vascular 
guidance tunnels within the scaffold [74]. These channels, once created, allow 
endothelial cell migration throughout the network of guidance pathways. 
Interestingly, the integrin ligands that are engaged by the endothelial cells to interact 
with the scaffold switch during this process. Initially, endothelial cells utilize a2b1 
for vacuole and lumen formation in 3D collagen scaffolds [63]. As new matrix 
components are deposited, including fibronectin, laminins, nidogens, and type IV 
collagen, the endothelial cells upregulate expression of integrins typically associ-
ated with these new matrix components and then use the receptors for migration 
throughout the network of tunnels [74].

Endothelial cell behavior in 3D scaffolds is altered by the presence of pericytes 
and other perivascular cells. In vivo vessel formation of ECFCs has been shown to 
be stabilized by mesenchymal progenitor cells derived from either adult peripheral 
or umbilical cord blood leading to a longer time of persistence of ECFC-derived 
vessels when implanted in matrigel [75]. This effect has also been demonstrated 
in type I collagen scaffolds. HUVEC-derived in vivo vessels were stabilized 
by MSCs allowing the functional vessels to persist for greater than 130 days. 
Additionally, these HUVEC–MSC composite vessels demonstrated a vasocon-
strictive response to endothelin-1 [76]. In vitro investigations have suggested that 
this stabilization effect could be due to pericyte interaction with endothelial cells 
within a scaffold inducing endothelial cell basement membrane deposition. 
Endothelial cells form vascular guidance channels, which serve to recruit pericytes 
to the newly formed vascular networks in vitro. Pericytes induce endothelial cells 
to deposit basement membrane proteins including fibronectin, laminin, nidogen-1, 
and perlecan. The deposition of basement membrane components serves to 
stabilize the vascular structures and diminishes remodeling in  vitro [30]. Under
standing the role of accessory cells including pericytes, CACs, and others will be 
crucial to the development of functional vascular networks.

5.3 � Review of Work

5.3.1 � Matrix Regulation of In Vitro Endothelial Cell  
Network Formation

While the above studies have focused on the importance of the matrix–integrin–
cytoskeleton signaling axis on capillary morphogenesis, only a few studies have 
investigated the effects of the mechanical properties of scaffolds on endothelial cell 
tube formation in vitro [67, 71]. Korff et al. [67] seeded type I collagen matrices 
with endothelial cell spheroids. When two spheroids were placed within 500–700 mm 
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of each other, collagen fibrils were induced to align along the axis between the 
spheroids. Further, endothelial spheroid sprouts would change direction toward 
other spheroids, suggesting a role for the matrix of transmitting mechanical signals 
and aiding in the formation of multicellular structures before cell–cell contacts are 
formed. Additionally, soluble RGD peptides, which inhibit collagen fibril–integrin 
binding, abrogated spheroid sprouting [67].

Sieminski et al. [71] seeded HUVECs or ECFCs into type I collagen scaffolds 
with different collagen concentrations. The matrices were either left adhered to the 
well (adhered) or released (free floating) to further modify the mechanical proper-
ties of the scaffolds. Sieminski noted that changing the collagen concentration 
altered the matrix stiffness, ligand density, and had other biochemical effects [71].

The average lumen size and tube length of structures were dependent on collagen 
concentration, endothelial cell type, and whether the matrix was adherent or free 
floating. ECFCs seeded in 1.5 mg/ml collagen scaffolds that were adherent or free 
floating caused extreme contraction and cell death. ECFCs in 3  mg/ml collagen 
matrices formed tube-like structures. These structures were shorter and had wider 
lumens in 3 mg/ml scaffolds that were adherent compared with those that were free 
floating. HUVECs in 1.5  mg/ml matrices formed structures that were similar to 
those formed by ECFCs in free floating 3 mg/ml scaffolds, while structures formed 
by HUVECs in 3 mg/ml scaffolds had an appearance similar to ECFC structures in 
adherent 3 mg/ml scaffolds. The authors suggest that the ratio of matrix stiffness 
and cell generated tension are critical in regulation capillary morphogenesis [71].

Decreasing stiffness of an ionic self-assembling peptide scaffold increases 
capillary network formation in vitro. HUVECs were seeded into scaffold of stiffness 
ranging from 46 to 753 Pa. As stiffness decreased, elongation of capillary structures 
and the extent of single endothelial cells decreased. At the lowest stiffness tested, 
multicellular capillary structures were seen. Further decrease of scaffold stiffness 
below 46 Pa led to compaction of the scaffold and did not permit endothelial cell 
network formation. These results are similar to the results seen in type I collagen 
matrices where compaction of gels at low concentration did not permit endothelial 
network formation [42]. These data provide evidence that the matrix microenviron-
ment impacts EC tube formation in vitro.

Scaffold contraction is dependent on cell type in type I collagen matrices. 
ECFCs were able to contract the matrices to a greater extent when compared with 
HUVECs, suggesting ECFCs can generate a greater amount of traction [71]. 
Sieminski speculated that the increased cell traction generated by ECFCs could be 
due to increased expression of integrins, increased affinity for integrin ligands, 
increased sensitivity to FGF, or increased sensitivity to phorbol esters [71].

5.3.2 � Matrix Modulation of In Vivo Vessel Formation

ECFCs seeded in type I collagen/fibronectin scaffolds have been shown to form 
functional vessels when implanted into the flank of an immunocompromised mouse 
[6, 7]. The formation and persistence of the ECFC-derived vessels in vivo has been 
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shown to depend upon cell passage number [8], source [7], and presence of perivas-
cular cells [75, 76]. While in  vitro evidence suggests that physical properties of 
type I collagen matrices including fibril density and stiffness influence endothelial 
cell capillary morphogenesis [67, 71, 77], the effect of matrix physical properties 
has only recently begun to be studied on ECFC in vivo vessel formation.

Collagen fibril density and stiffness impact the extent of scaffold remodeling, 
ECFC vessel density, and extent of host vascularization. Scaffolds with distinct 
biophysical environments were created with different shear storage moduli 
(stiffness) and fibril densities by altering the collagen concentration. The stiffness 
was varied from 3.5 to 46.67 Pa and the fibril density (fibril volume fraction) was 
increased from 8.65 to 16.42%. Contraction and remodeling of scaffolds with 
decreased collagen concentration was increased compared with matrices with higher 
collagen concentration. While ECFCs were able to form functional matrices in all 
scaffold formulations, the extent of vascularization was altered. Human and total 
vascular density was greater in scaffolds with lower collagen concentrations and 
shear storage moduli. Also, host vessel invasion was increased in scaffolds with 
low collagen concentration. This is possibly due to decreased stiffness and fibril 
density resulting in less resistance to host vessel ingrowth. It is also possible that 
the increased ECFC vessel density served to actively recruit host vessels into the 
scaffold [78].

The vessel morphology was also altered in scaffolds with varying biophysical 
properties (Fig.  5.2). Analysis of vessel morphology demonstrated that average 
vessel size was increased in scaffolds with increasing collagen concentration and 
shear storage modulus. Vessels of varying size existed in all scaffolds, but the 
distribution of vessel sizes was shifted toward larger vessel structures in scaffolds 
with increased collagen concentration. Further, vascular area, which was dependent 
upon both vessel size and density, increased with increasing collagen concentration 
and shear storage modulus. As a result, the increase in average vessel area was large 
enough to compensate for decreased vessel density. This increase in vascular area 
is a potentially more descriptive indicator of the extent of vascularization of the 
scaffold than either vessel density or vessel size alone [78]. The changes observed 
in ECFC vascularization of type I collagen matrices induced by varying matrix 
properties could be due to alteration in matrix–integrin–cytoskeletal signaling as well 
as by alterations in cytokine, nutrients, and host cells ability to infiltrate the matrix. 
Indeed, it is likely that complex processes such as angiogenesis and vasculogenesis 
are regulated by a combination of the above factors.

Ingber and colleagues recently reported that a signaling pathway influenced 
endothelial cell tube and vessel formation for which there was cross talk between 
matrix mechanical properties and cytokine expression [75]. In this signaling 
pathway, a Rho inhibitor, P190RhoGAP, regulates the expression of antagonistic 
transcription factors TFII-I and GATA binding protein 2 (GATA2), which alters 
vascular endothelial growth factor (VEGF) receptor 2 (VEGFR2) expression levels 
in endothelial cells. P190RhoGAP knockdown increased the expression level of 
nuclear TFII-I and nuclear GATA2. This regulation occurs via P190RhoGAP 
sequestration of both transcription factors. Additionally, TFII-I knockdown 
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increased VEGFR2 promoter activity and expression levels, while GATA2 
knockdown decreased VEGFR2 promoter activity, mRNA, and protein levels. This 
regulation of VEGFR2 expression is mediated by competition for occupancy of a 
common region of the VEGFR2 promoter [79]. Matrix stiffness altered cell 
morphology, nuclear GATA-2 expression, VEGFR2 expression, but not TFII-I 
expression. Human microvascular endothelial cells (HMVECs) were cultured on 
fibronectin-coated polyacrylamide gels with varying elasticity with Young’s moduli 
ranging from 150 to 4,000 Pa. Cell morphology was altered by matrix stiffness, 
with cells assuming a round morphology on compliant matrices and a flat or 
elongated morphology on relatively stiff matrices. Nuclear GATA2 and VEGFR2 
mRNA and protein levels were increased on matrices of increased stiffness, while 
TFII-I expression levels were high at all stiffness levels. The effect of stiffness on 
VEGFR2 expression could be overcome by knockdown of either transcription 
factor. Knockdown of p190RhoGAP or TFII-I resulted in increased VEGFR2 

Fig.  5.2  Matrix biophysical properties modulate vessel morphology. The distribution of 
vessel areas was altered by changing in matrix stiffness and fibril density. Shown are represen-
tative images of vessels of varying sizes of between 51 and 100 mm2 (a), between 501 and 
1,000 mm2 (b), between 1,001 and 2,000 mm2 (c), and greater than 4,000 mm2 (d, scale bar a–d 
100 mm) [78]
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expression on soft matrices, while knockdown of GATA2 resulted in decreased 
VEGFR2 expression levels on stiffer matrices [79].

Alterations in transcription factors impact endothelial tube formation in vitro 
and vessel formation in  vivo. TFII-I and GATA2 regulate VEGF-stimulated 
endothelial tube formation on Matrigel in  vitro [75]. TFII-I knockdown 
increased, and GATA2 knockdown decreased the impact of VEGF on endothe-
lial cell tube formation. Further, Matrigel was implanted subcutaneously in 
mice with varied matrix stiffness (700–900 Pa), with 800 Pa scaffolds resulting 
in increased level of host capillary in growth. TFII-I and P190RhoGAP knock-
down increased vessel in growth in soft matrices, while GATA2 knockdown 
decreased vessel in growth in stiff matrices. It is interesting to note that the 
optimal matrix stiffness was reduced for in  vivo vessel in growth (800  Pa) 
compared with the stiffness found optimally responsive to the transcriptional 
regulation of VEGFR2 expression in vitro (4,000 Pa). The authors suggest that 
this discrepancy is likely due to differences in endothelial cell behavior in 2D 
versus 3D [79]. Other factors such as host cell invasion and diffusion of nutrients 
and growth factors into the scaffolds could also contribute to the differences. 
These results suggest that increasing matrix stiffness results in increased vascu-
larization in vivo, which is consistent with results found in type I collagen for 
ECFC vessel formation [78].

The effect of matrix stiffness was also tested on ECFC tube formation on 
hyaluronic acid (HA)-based scaffolds. Cord blood-derived ECFCs were seeded 
onto HA–gelatin scaffolds. The percent of PEG diacrylate was varied to modulate 
scaffold stiffness. Matrices were formed with Young’s moduli of 15 Pa (yielding), 
85 Pa (firm), and 780 Pa (rigid), which were used to interrogate ECFC network 
formation in vitro in a 2D angiogenesis assay [43].

Matrix metalloproteinase (MMP) expression was altered by VEGF concen
tration and matrix stiffness. ECFC expression levels of MMP-1, MMP-2, and 
MT1-MMP increased for all matrices with increasing VEGF concentration. 
Additionally, MMP-1, MMP-2, and MT1-MMP expression increased with increasing 
scaffold stiffness [43]. MT1-MMP has previously been demonstrated to be neces-
sary for endothelial cell capillary morphogenesis in a 3D vasculogenesis assay 
in vitro [74].

Stiffness of HA-based scaffolds modulated the extent of ECFC capillary network 
formation in vitro. ECFC tube length, thickness, and area increased with decreasing 
scaffold stiffness. Further, the extent of vacuole and lumen formation was increased 
with decreasing scaffold stiffness [43]. This is interesting to note, since the concen-
tration of MT1-MMP, an enzyme shown to be necessary for endothelial cell 
capillary morphogenesis [74], was shown to be lower in scaffolds that exhibited 
increased ECFC tube formation. Further knockdown of MT1-MMP with siRNA 
abrogated ECFC tube formation on all scaffolds, suggesting that the process of tube 
formation is dependent on MMP expression in this assay [43]. This suggests that 
while MT1-MMP is required for endothelial cell-mediated scaffold remodeling and 
capillary morphogenesis, there is not a direct relationship between enzyme concen-
tration and the extent of endothelial network formation.
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The dependence of endothelial cell network formation on matrix stiffness is 
shown to vary in different studies dependent upon scaffold source, assay, and 
context (in vitro or in vivo) [42, 43, 78]. 3D capillary morphogenesis in ionic self-
assembling peptide scaffolds increased with decreasing stiffness (46 Pa optimal) 
in vitro. The range of stiffness investigated in this study included 46–753 Pa. Softer 
scaffolds resulted in excessive contraction and so were unable to direct capillary 
morphogenesis [42]. In another in  vitro study, 2D tube formation on HA-based 
scaffolds increased with decreasing stiffness (15  Pa optimal). For these studies, 
stiffness was varied from 15 to 780 Pa [43]. Considering the differences in scaffold 
composition and assay (2D versus 3D), the trend observed in both studies is in 
reasonable agreement. In vivo capillary in growth into Matrigel-based scaffolds 
increased at an intermediate scaffold stiffness (800 Pa optimal). Matrix stiffness 
ranged from 700 to 900 Pa in these studies [79]. While the matrix stiffness that 
resulted in maximal vascularization is different from those reported by Sieminski 
[42] and Hanjaya-Putra [43], it is important to note that host capillary in growth 
was assayed and not vasculogenesis of resident endothelial cells. It is reasonable 
that the optimal microenvironment for capillary invasion, sprouting angiogenesis, 
could be different than what is supportive of vasculogenesis. In another study of 
in  vivo vasculogenesis, ECFC vascular density decreased, but vascular area 
increased in type I collagen matrices over the range of matrix stiffness tested 
(3.5–46.67 Pa) [78]. While the relationship between scaffold stiffness and capillary 
morphogenesis appears to be in disagreement with the results of Sieminski [42] and 
Hanjaya-Putra [43], the range of matrix stiffness examined in these studies 
represents the lower stiffness range in the previous experiments. Type I collagen 
scaffolds with stiffness greater than 46.67  Pa were not investigated, and so 
conclusions about the impact of matrix stiffness of ECFC in vivo vasculogenesis at 
higher values of matrix stiffness remains to be determined. While differences in 
matrix composition between all studies limit the ability to make direct comparisons 
based on stiffness values, these studies [42, 43, 78] suggest the possibility that a 
specific regime of matrix stiffness could be a supportive microenvironment for 
vasculogenesis, which will need to be investigated with future studies in various 
scaffold types.

Despite the differences in matrix composition (collagen, HA, matrigel, and ionic 
peptides), culture conditions (in vitro versus in vivo), and assay type (2D versus 
3D), these studies demonstrate a role for the modulation of endothelial-derived 
vessel formation by the mechanical properties of the surrounding matrix. It is 
important to note that alterations in other biophysical properties such as fibril diam-
eter, fibril volume fraction, and diffusion of nutrients and growth factors are also 
modified when the matrix mechanical properties are modulated. These additional 
factors likely contribute to alterations in angiogenesis and vasculogenesis.

One example of the effect of growth factors and accessory cells on neoangiogen-
esis in matrices was demonstrated by Silva et al. [44] in a hindlimb ischemia model 
in immunocompromised mice. ECFCs and colony forming unit-HILL cells (CFU-
HILLs), a putative EPC population consisting of monocytes and T lymphocytes 
(reviewed in [24]), were isolated from human umbilical cord blood. The role of these 
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two cell population in sprouting angiogenesis was investigated in fibrin matrices 
in vitro. While CFU-HILLs were unable to form sprouts, they did stimulate ECFC 
and differentiated endothelial cell sprouting, suggesting a proangiogenic role for 
these cells. Additionally, it was demonstrated that VEGF isoforms with decreasing 
molecular weight result in increased migration of ECFCs out of alginate-based 
matrices. Macroporous alginate scaffolds were modified to include RGD ligands and 
various VEGF isoforms. While VEGF

165
 resulted in increased ECFC migration, 

VEGF
121

 further increased ECFC emigration from the scaffold [44].
Delivery of ECFCs in alginate-based scaffolds improved tissue perfusion and 

regeneration. ECFCs delivered in alginate scaffolds led to functional chimeric 
vessels and increased capillary density, decreased levels of tissue necrosis and 
autoamputation in immunocompromised mice who had undergone femoral artery 
and vein ligation. Scaffolds devoid of ECFCs had little impact on tissue recovery. 
Additionally, injection of ECFCs and VEGF resulted in modest increase in capil-
lary density. However, capillaries formed from injected ECFCs were large and 
disorganized. Further, injection of ECFCs and VEGF had minimal impact on tissue 
recover. Delivery of ECFCs in scaffolds without VEGF yielded a modest increase 
in capillary density. However, as with the injection of ECFCs and VEGF, this 
treatment did not lead to significant tissue repair and regeneration. In contrast, 
ECFCs delivered in fibrin scaffolds with VEGF resulted in an increase in capillary 
density, the formation of functional chimeric vessels, and led to tissue repair as 
measured by a reduction in tissue necrosis and autoamputation [44].

The accessory cells, CFU-HILLs, also contribute to neoangiogenesis and tissue 
recover in the hindlimb ischemia mouse model. The delivery of both ECFCs and 
CFU-HILLs led to an increased rate of tissue recovery suggesting a synergistic 
effect of the two cell populations. Delivery of CFU-HILLs in scaffolds with VEGF 
resulted in tissue recovery. However, histological examination revealed a substan-
tial amount of adipose tissue in these animals. Delivery of both ECFCs and CFU-
HILLs delivered in alginate scaffolds with VEGF led to a further improvement in 
recovery and normal tissue formation [44].

5.4 � Future Directions

Control of vascular system homeostasis is a complex process that is critical to 
maintaining normal tissue function. When the ability to repair and regenerate the 
vasculature is altered, disease states often ensues necessitating intervention to 
restore tissue function. Recent evidence suggests that localized cellular delivery 
could improve the efficacy of therapeutic angiogenesis strategies [4] and that EPCs 
represent an excellent cell source for vascular engineering strategies [7]. 
Understanding the biophysical properties of scaffolds used for cell delivery is 
crucial for improvements in these therapies. It is clear from the current literature 
that matrix stiffness influences endothelial cell behavior and capillary morphogen-
esis. Further investigation is needed to better understand how these mechanical 
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properties and biophysical properties can be tailored to modulate vessel formation. 
Additionally, it will be necessary to understand how the biophysical properties of 
the microenvironment impact other cell populations, which are critical to neoangio-
genesis and the formation of specific tissues of interest.

One recent area of investigation involves creating vascularized tissue con-
structs using a method of cell sheet stacking (Fig. 5.3). Poly-(N-isopropylacrylamide), 
a polymer which is thermoresponsive, was used as a substrate for endothelial cell 
culture. As the temperature is lowered below 32°C, the confluent cell layer is 
released from the substrate as a cell sheet. Additionally, the cell layer maintains 
the basement membrane proteins the cells have secreted during culture. Individual 
cell sheets are manipulated by using a plunger-like device that is coated with 
ECM proteins such as fibrin or gelatin. Incubation of the coated plunger with the 
cell sheet results in the adhesion of the cell sheet to the plunger and allows for 
transfer of the cell sheet onto another tissue culture dish or cell layer. Repeated 
manipulations allow for the formation of a tissue construct composed of stacked 
cell layers [80].

Using this technique, Okano and colleagues [80] have recently demonstrated 
that tissue engineering constructs consisting of alternating layers of HUVECs 
and myoblasts were able to form a capillary network in vitro and able to support 
neovascularization when implanted in the subcutaneous space of nude rats. 

Fig.  5.3  Cell sheet stacking is a novel method with potential to create vascularized tissue 
constructs. (A) The components used to manipulate cell sheets are depicted including plunger, 
plunger guiding cover (a), and hydrogel matrix (c). The silicone rubber mold is used to apply a 
matrix coating to the surface of the plunger (b). The matrix-coated plunger can then be used to 
manipulate cell sheets released from the temperature responsive culture system (d). (b) Schematic 
diagram demonstrating the process of manipulating cell sheets to create tissue constructs. 
Reprinted from ref. [80] with permission from Elsevier
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HUVECs stacked between two layers of myoblasts were able to initiate capillary 
morphogenesis after 3 days in culture. In contrasts, HUVECs seeded onto a 
single-myoblast layer proliferated to form a monolayer, suggesting the cell stacking 
configuration was differentially able to direct network formation. Additionally, a 
tissue construct consisting of two layers of HUVECs alternating between three 
layers of myoblasts was shown to form an interconnecting network of endothelial 
cell throughout multiple cell layers. Finally, five-layered constructs consisting of 
either myoblasts alone or myoblasts and HUVECs were implanted into nude mice. 
After 1 week, in vivo coculture constructs contained functional vessels, which were 
absent in constructs composed of only myoblast [80]. While these results are quite 
promising, the ease of manipulation and the ability to stack many cell layers to 
generate complex tissue constructs is uncertain. However, if this technique can be 
extended to generate tissue constructs of substantial thickness, it could offer a 
promising new therapeutic angiogenesis strategy.

The generation of these complex tissue constructs will require the understanding 
of how multiple cell type work together not only to vascularize the tissue, but also 
for the organization and growth of the functional parenchyma. Levenberg and col-
leagues have recently demonstrated this type of cellular interactions necessary for 
complex tissue formation in the form of vascularized cardiac muscle constructs 
from cardiomyocytes, endothelial cells, and embryonic fibroblasts [14, 81]. For 
these studies, a poly-l-lactic acid (PLLA)/PLGA scaffold was used to culture 
hESC-derived cardiomyoctyes, HUVECS, and embryonic fibroblasts. Cells were 
seeded into the scaffold with Matrigel to increase cell adhesion and then cultured 
in vitro.

The addition of other cell types impacted capillary network formation, as well 
as cell proliferation and survival in  vitro. Addition of embryonic fibroblast was 
necessary to initiate endothelial cell capillary network formation. Further, the 
triculture tissue constructs demonstrated alpha-smooth muscle actin (aSMA)+ cells 
adjacent to capillary networks, suggesting the embryonic fibroblast served a stabi-
lizing perivascular cell role. Embryonic fibroblasts also increased endothelial cell 
viability and proliferation in the tissue constructs. Endothelial cells also served to 
modulate cell behavior by increasing cardiomyocyte proliferation in the triculture 
system [81].

In vitro culture of the tissue constructs leads to the development of tissue with 
characteristics of cardiac muscle. Synchronous beating of the tissue constructs was 
observed within 6 days of in vitro culture. Further, the tissue engineering constructs 
displayed some characteristics of cardiac muscle including the expression of 
markers of mature cardiomyocytes such as a troponin I and myosin light chain-2V 
as well as ultrastructural characteristics such as sarcomeric organization, the begin-
nings of T tubules and a sarcoplasmic reticulum. Additionally, intracellular Ca2+ 
flux was shown to be synchronous with construct contraction, and frequency of 
tissue contraction could be appropriately modified by pharmacologic agents such 
as isoproterenol and carbamylcholine [81].

These studies were then extended to an in vivo model to test the ability of the 
tissue construct to integrate with host cardiac tissue and to inosculate with the host 
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vasculature. Triculture cardiac tissue engineering constructs were cultured in vitro 
for 2 weeks, and then engrafted onto the anterior wall of the left ventricle of immuno-
suppressed rats. After 2 weeks in vivo, hESC-derived cardiomyocytes underwent 
varied extent of maturation.

Tissue constructs supported neoangiogenesis and anastomosis to host vascula-
ture which was influence by the presence of both endothelial and fibroblast cell 
types. The scaffold exhibited vascularization that was greater than the surrounding 
host cardiac tissue. Histological analysis revealed that triculture constructs had 
increased lumens per graft area, lumen area density, an increase in human vessel 
contribution to tissue vessel formation and an increase in vessels with an area 
>200 mm2 compared with scaffolds seeded with only hESC-derived cardiomyo-
cytes. Further, mouse embryonic fibroblasts stained positive for aSMA and were 
found adjacent to the vascular wall, suggesting that they had assumed a perivascu-
lar cell phenotype. Red blood cells were identified in lumens of human CD31+-
labeled vessels and additionally, fluorescently labeled microspheres that had been 
injected into the left ventricle were found in human CD31+ vessels, indicating that 
the HUVECs had formed functional vessels [14]. These studies demonstrate the 
potential for vascularized tissue constructs to aid in repair and regeneration of tis-
sue and improve current treatment.

Another potential clinical use of vascularized tissue constructs is in the treat-
ment of patients with defective wound healing due to impaired neoangiogenesis. 
Shepherd et al. [10] seeded tissue engineered human skin substitutes with keratino-
cytes and ECFCs or HUVECs, and then transplanted them onto immunodeficient 
mice. Skin substitutes were vascularized by functional human endothelial cell 
vessels, but the extent of vascularization was dependent upon endothelial cell type. 
Umbilical cord blood-derived ECFCs yielded an increase in human-derived vessels 
in the skin substitutes when compared with both HUVECs and adult blood-derived 
ECFCs. Host vessels were also shown to have invaded the skin substitute. This host 
vessel invasion could be diminished by the use of rapamycin, but the use of 
rapamycin did not inhibit the formation of human-derived blood vessels. The 
differential response of host and implanted endothelial cell populations to vascularize 
the transplanted skin substitute is promising for treating patients with impaired 
vascular function and nonhealing wounds [10].

The cellular microenvironment plays a crucial role in regulating the formation 
and remodeling of vascular beds. Understanding how the biophysical cues of the 
microenvironment in concert with cytokine and cellular signaling modulate vessel 
formation will be necessary to make these tissue engineering strategies therapeuti-
cally beneficial. Currently, there are no tissue-engineered constructs available that 
have an inherent vascular network ready to be connected to the host vascular system 
[82]. However, the recent advancements using vascularized scaffolds in preclinical 
rodent models demonstrate the potential impact of these therapies on the treatment 
of patients suffering from vascular dysfunction.
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6.1 � Introduction

Hypoxia is defined as a reduction in the amount of oxygen available to a cell, tissue, 
or organism. Normal tissue function depends on adequate delivery of oxygen and 
nutrients and removal of toxic metabolic by-products through blood vessels. The 
transcription factor, hypoxia-inducible factor 1 (HIF-1), is a master regulator of tissue 
oxygen homeostasis in metazoan organisms. HIF-1 modulates the transcription of 
hundreds of target genes in response to reduced oxygen availability [1]. HIF-1 is 
composed of a constitutively expressed HIF-1b subunit, and an O

2
-regulated HIF-1a 

subunit. In the presence of normal O
2
 concentrations, HIF-1a is hydroxylated at 

two conserved proline residues, ubiquitinated, and then degraded by the proteasome. 
The degradation of HIF-1a is controlled by binding of the von Hippel–Lindau 
(VHL) protein, which is the recognition component of an E3 ubiquitin-protein ligase 
that  targets HIF-1a for proteasomal degradation. When the O

2
 concentration is 

low, hydroxylation is inhibited, allowing HIF-1a protein levels to rise. The HIF-1a/
HIF-1b heterodimer then binds to the consensus sequence 5¢-(A/G)CGTG-3¢ con-
tained within hypoxia response elements (HREs) in target genes and activates their 
transcription [2].
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For many years, it was believed that vasculogenesis, which is the formation of 
new blood vessels by endothelial progenitor cells (EPCs), occurs only in the embryo, 
whereas sprouting of new vessels from a preexisting vasculature (angiogenesis) 
occurs in the adult. However, recent studies indicate that EPCs contribute to post-
natal physiological and pathological neovascularization [3, 4]. Though embryonic 
and adult vasculogenesis are similar processes, the embryonic environment is very 
different than that in the adult. Tissue hypoxia resulting from deficient blood flow is 
a potent stimulator of angiogenesis and vasculogenesis in the adult. Vascularization 
fails in Hif1a−/− mouse embryos, which are homozygous for a knockout allele at the 
locus that encodes HIF-1a [5, 6], whereas Hif1a+/− adult mice, which are heterozy-
gous for the knockout allele, have impaired vascularization following arterial occlu-
sion [7], demonstrating a key role for HIF-1 in the regulation of vascularization.

Dysregulated vessel growth has a major impact on health and contributes to the 
pathogenesis of many disorders [8]. Insufficient vessel growth and abnormal vessel 
regression not only cause brain, heart, and limb ischemia but also contribute to the 
pathogenesis of hypertension, neurodegeneration, and preeclampsia. On the other 
hand, excessive angiogenesis contributes to the pathogenesis of cancer, rheumatoid 
arthritis, and ischemic retinopathies.

Peripheral arterial disease (PAD) is a common vascular disorder with significant 
morbidity and mortality and is characterized by various degrees of stenosis and 
obstruction in arteries of the leg resulting in tissue hypoxia/ischemia due to reduced 
perfusion. PAD has high socio-economic and medical impacts as a result of its high 
incidence, which ranges from 3 to 10% in the general population, increasing to 
15–20% in individuals over the age of 70 [9]. Other risk factors include diabetes or 
impaired glucose tolerance, smoking, and hypertension [9, 10]. One of the major 
clinical manifestations of PAD is critical limb ischemia (CLI). CLI is estimated to 
develop in 500–1,000 individuals per million per year [11]. Limb perfusion is 
decreased in CLI patients resulting in ischemic rest pain, ulcers, and gangrene. CLI 
is the leading cause of nontraumatic amputation in western countries. A surgical 
approach such as distal bypass is still the “gold standard” for the treatment of CLI. In 
addition, due to recent advances in endovascular technologies, catheter-based inter-
vention has become a viable option, and percutaneous treatment is becoming more 
widely used. Unfortunately, many patients cannot be helped with currently available 
surgical or endovascular revascularization procedures because of the complex 
anatomy of the vascular occlusion and/or the presence of other risk factors. The 
relative risk of amputation is 40 times greater in people with diabetes [12]. Limb 
salvage rates in diabetic patients with CLI have been reported to be lower than non-
diabetic patients, and diabetes is an independent risk factor for postoperative below-
knee amputation and other complications [13]. Prostanoids [iloprost and prostaglandin 
(PGE1)] have been used as the pharmacological treatment of choice for no-option 
CLI patients. A recent meta-analysis of randomized controlled trials (RCTs) of pros-
tanoids for CLI have shown that despite some positive results regarding rest-pain 
relief, ulcer healing, and amputations, there is no conclusive evidence of the long-
term effectiveness and safety of different prostanoids in patients with CLI [14].

Spinal cord stimulation (SCS) has been used as an alternative for the manage-
ment of ischemic pain and the prevention of amputations in CLI patients. However, 
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a recent meta-analysis including data from all randomized trials shows insufficient 
evidence for higher efficacy of SCS treatment compared with best medical treat-
ment alone [15]. Thus, a critical need for new therapies to treat CLI exists.

The identification of molecular and cellular mechanisms [16] underlying 
vascular responses to ischemia has provided potential opportunities for the 
treatment of such patients by therapeutic angiogenesis. Currently, gene and cell 
therapies, aimed at stimulating angiogenesis, are being evaluated through clinical 
trials in CLI patients. This review will focus on the adaptive responses to hypoxia 
and ischemia, the molecular mechanisms by which ischemia-induced angiogenesis 
is impaired in chronic limb ischemia associated with aging and diabetes and how 
impaired responses can be corrected by HIF-1 gene and cell therapy.

6.2 � Vascular Responses to Hypoxia and Ischemia

Decreased oxygen availability leads to increased HIF-1 transcription activity in 
hypoxic cells. Each cell responds to hypoxia by modulating the transcription of a 
subset of HIF-1 target genes in a cell-type specific manner [17]. Most cells respond 
to hypoxia by increasing transcription of vascular endothelial growth factor (VEGF) 
in a HIF-1-dependent manner [17, 18]. Other HIF-1-regulated angiogenic growth 
factors include angiopoietin-2 (ANGPT2), placental growth factor (PLGF), 
stromal-derived factor-1 (SDF-1), stem cell factor (SCF), and platelet-derived 
growth factor B (PDGF-B) [7, 17, 19, 20]. HREs have been identified within the 
promoters of the genes encoding VEGF [18], SDF-1 [19], and SCF [7]. The exact 
molecular mechanisms by which HIF-1 regulates the expression of PLGF and 
PDGF-B are not known. There is evidence that ANGPT2 expression is both directly 
and indirectly regulated by HIF-1 [20, 21].

Angiogenesis not only requires angiogenic growth factor production by hypoxic 
cells but also involves responding cells including vascular endothelial cells (ECs), 
arterial smooth muscle cells, and vascular pericytes, which bear cognate receptors for 
the angiogenic factors described above. HIF-1 mediates both cell-autonomous and 
non-cell-autonomous EC responses to hypoxia. For example, HIF-1 accumulation in 
nonendothelial cells drives the production and secretion of angiogenic growth factors, 
which then bind to their cognate receptors on ECs to initiate angiogenesis. Similarly, 
HIF-1 also directly activates hypoxic ECs. Hypoxia or transduction of cells with 
AdCA5, an adenovirus encoding a constitutively active form of HIF-1a, stimulated the 
ability of primary arterial EC cultures to form tube-like networks on Matrigel, which 
is an ex vivo assay of EC activation, thereby indicating that HIF-1 mediates cell-
autonomous activation of ECs [22]. The signaling systems comprised of PDGF-B and 
its receptor PDGFRb, as well as ANGPT1/ANGPT2 and their receptor Tie2, are 
involved in recruiting pericytes and smooth muscle cells to vascular ECs [23, 24].

Angiogenic factors not only stimulate vascular ECs, smooth muscle cells, and 
pericytes that express their cognate receptors but also mobilize a variety of cells from 
bone marrow or other tissues into the peripheral blood. These circulating angiogenic 
cells (CACs) home to the ischemic tissue and promote vascularization. CACs are a 
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heterogeneous population of cells, including EPCs, mesenchymal stem cells (MSCs), 
hematopoietic stem cells (HSCs), and other proangiogenic myeloid cells. Whereas 
EPCs or their progeny are incorporated into growing neovessels, the other cell types 
may act primarily through the production of paracrine factors that stimulate vascular-
ization. These cells are recruited based on their surface expression of receptors 
for  the same growth factors that are produced at the ischemic sites and act locally 
to  stimulate angiogenesis and arteriogenesis. Mouse bone marrow-derived MSCs 
express VEGFR1 and migrate in response to VEGF or PLGF [25]. HIF-1a expres-
sion is necessary for the expression of VEGFR1 in these cells and for their ability to 
migrate toward gradients of VEGF or PLGF. Hypoxia-induced SDF-1 expression is 
crucially important in the selective homing and migration of CXCR4+ CACs to 
ischemic tissues [19].

Other than expressing receptors for angiogenic growth factors, CACs also 
express progenitor cell markers such as CD34 and Sca-1. Ischemia-induced mobi-
lization of CD34+/VEGFR2+ and CXCR4+/Sca-1+ CACs is impaired in Hif1a+/− 
mice compared to their wild-type (WT) littermates, which parallels the impaired 
induction of VEGF and SDF-1 in ischemic Hif1a+/− mice [7], indicating an impor-
tant role for HIF-1 in mobilization and recruitment of CACs to ischemic tissue to 
promote neovascularization. Thus, HIF-1 plays a key role both in the production of 
angiogenic signals by muscle cells in the ischemic limb and in the response to those 
signals by ECs and other vascular and proangiogenic cell types (e.g., vascular 
smooth muscle cells and pericytes as well as EPCs and other CACs).

In a burn wound healing model, increased mobilization of CXCR4+/Sca-1+ 
CACs on day 2 that parallels increased serum levels of SDF-1 has been found in 
HIF1a+/+ mice but not in Hif1a+/− mice [26]. Impaired wound healing in Hif1a+/− 
mice is associated with reduced blood flow in burn wounds and reduced number of 
CD31+ vessels at the healing margin of burn wounds. These data delineate a signal-
ing pathway by which HIF-1 promotes angiogenesis during burn wound healing.

In coronary artery disease (CAD), coronary collateral vessels supply blood to 
ischemic regions and thus promote tissue survival. Higher levels of HIF-1a mRNA 
and protein expression were found in blood leukocytes from patients with coronary 
collaterals compared to controls without collaterals [27]. Furthermore, there is a 
positive correlation between HIF-1a protein and scores of coronary collaterals, sug-
gesting that the level of HIF-1a induced by myocardial ischemia is a major factor in 
determining the extent of collateral circulation. The frequency of a single nucleotide 
(C–T) polymorphism in the gene encoding HIF-1a, which changes residue 582 of 
HIF-1 from proline to serine is significantly higher among patients without collater-
als compared to patients with collaterals [28]. Similarly, another study has shown 
that three polymorphisms in the HIF1A gene (Pro582Ser, rs11549465; rs1087314; 
and Thr418Ile, rs41508050) are found at a significantly higher frequency in patients 
who presented with stable exertional angina rather than acute myocardial infarction 
as the initial manifestation of CAD [29]. The ability to develop collaterals in an 
individual is likely to provide an important response to vascular occlusive disease 
and to determine in part the severity of ischemic tissue damage.

Despite the importance of reestablishing blood flow to ischemic tissue, it 
is recognized that reperfusion itself can trigger cell death [30–32], which is 
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well-known as ischemia-reperfusion injury (I/R). The duration of ischemia 
determines the severity of ischemic tissue damage. Short episodes of ischemia are 
well tolerated but prolonged episodes lead to significant cell death. Ischemic 
preconditioning (IPC) is an innate mechanism to protect against I/R-induced cell 
death. IPC consists of several brief episodes of ischemia followed by reperfusion 
that generates profound protection against a subsequent prolonged and otherwise 
lethal I/R injury [33]. Two phases of protection occurs in IPC: an acute or early 
phase is observed immediately following the IPC stimulus and is known as 
“classic” preconditioning, which lasts 2–3 h, and the other is delayed or late-phase 
preconditioning, which occurs 12–24  h after the IPC stimulus [34]. It has been 
recently demonstrated that HIF-1a is necessary for acute (early)-phase IPC, as a 
partial deficiency of HIF-1a in Hif1a+/− mice results a complete loss of cardio-
protection against I/R injury [35]. Loss of cardiac protection is associated with 
impaired mitochondrial reactive oxygen species production, PTEN (phosphatase 
and tensin homolog) oxidation, AKT (protein kinase B) phosphorylation, and cell 
survival. A more recent study has demonstrated significantly increased expression 
of HIF-1a mRNA and protein levels in IPC group compared with I/R group in a rat 
model of myocardial I/R injury [36]. Delayed preconditioning requires gene tran-
scription and translation of new proteins. Several HIF-1-dependent genes have been 
reported to mediate the delayed phase of preconditioning, including the inducible 
isoform of nitric oxide synthase (iNOS), cyclooxygenase-2 (COX-2), and heme 
oxygenase-1 (HO-1) [37, 38]. Genetic reprogramming of the heart in the delayed 
phase of preconditioning allows the heart to cope with the ischemic stress.

6.3 � Review of Work

Tissue regeneration is accompanied by angiogenesis, arteriogenesis, and vasculo-
genesis, which are adaptive responses to limited oxygen availability in ischemic 
tissue. These adaptive responses are impaired by aging and chronic diseases. 
Therapeutic angiogenesis aims to improve neovascularization in ischemic tissues 
by delivering angiogenic growth factors or progenitor cells or both in the form of 
gene therapy and/or cell therapy, respectively. As HIF-1 is a crucial mediator of 
vascular responses, there is great interest in developing therapeutic strategies to 
activate HIF-1 as a means to overcome impaired adaptive responses to tissue 
hypoxia and ischemia.

In preclinical limb ischemia models, early gene therapy approaches to promote 
angiogenesis utilized the gene encoding VEGF. Alternative splicing of VEGF 
mRNA results in the synthesis of several different isoforms [39], which play impor-
tant roles in EC proliferation, differentiation, and survival. VEGF exerts its effects 
through interaction with its receptors (VEGFR1, VEGFR2) expressed on the sur-
face of ECs and CACs [40, 41]. VEGF has been shown to induce a significant 
increase in perfusion and vessel density [42–45]. However, it has also been shown 
that intraocular administration of VEGF is not sufficient to induce angiogenesis in 
the superficial capillary bed of the retina [46] whereas adenoviral expression of a 
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constitutively active form of HIF-1a (AdCA5) induces a marked angiogenic 
response [17], which may reflect the combined expression of both VEGF and 
PLGF, because both of these factors are required for ischemia-induced retinal 
vascularization [47]. The combination of VEGF and ANGPT1 gene therapy has 
been found to be more effective than either single gene therapy in a rabbit model of 
hindlimb ischemia [48]. Intramuscular administration of an adeno-associated virus 
vector, encoding the both 165-amino acid isoform of human VEGF and ANGPT1 
was superior in restoring blood flow in the ischemic limb compared to administra-
tion of VEGF or ANGPT1 alone. Capillary density of the combined treatment 
group was similar to the VEGF treatment group. However, blood vessels in the 
VEGF-injected areas were leaky. When VEGF was coexpressed with ANGPT1, the 
permeability of vessels was remarkably reduced. Whereas VEGF is a strong 
inducer of vascular permeability [49], ANGPT1 has been shown to be essential for 
the maturation of blood vessels during embryonic angiogenesis [50]. A recent study 
demonstrated that sustained VEGF expression induced the formation of leaky and 
poorly functional vessels, whereas regulated induction of VEGF-promoted func-
tional angiogenesis, which is consistent with the concept that adult angiogenesis is 
a multistep process requiring highly regulated action of multiple angiogenic factors 
and cell types. Other angiogenic growth factors that have been exploited for single 
growth factor-mediated gene therapy to promote neovascularization in ischemic 
limb models include fibroblast growth factors and ANGPT1 [51–53].

Recent studies have demonstrated that stabilization of HIF-1a expression either 
by inhibiting HIF-1a degradation or by using a chemical inducer, rescued impaired 
HIF-1 signaling and promoted angiogenesis in diabetic mouse wound and myocar-
dial ischemia models [54, 55]. HIF-1 regulates the expression of multiple critical 
angiogenic growth factors, cytokines, and their receptors [56], which may explain 
why stabilized HIF-1 produces a more physiological vascular response than the use 
of any single growth factor for therapeutic angiogenesis [57]. All these results indi-
cate the necessity of multiple angiogenic factors to induce functional angiogenesis 
and the importance of HIF-1 as a master regulator of angiogenesis. In rabbits, injec-
tion of AdCA5 at the time of intravascular occlusion of the femoral artery leads to 
accelerated remodeling of existing collateral blood vessels, in which the luminal 
diameter increases to allow increased blood flow, resulting in recovery of normal 
blood pressure within 2 weeks after complete femoral artery occlusion [58].

Diabetes is one of the major risk factors associated with CLI. Several preclinical 
studies have demonstrated that neovascularization, facilitated via administration of 
angiogenic growth factors including VEGF [59], PLGF [60], or hepatocyte growth 
factor (HGF) [61], either as recombinant protein therapy or gene therapy, may be 
augmented following limb ischemia in diabetic animals. Intramuscular injection of 
AdCA5 into the ischemic limb of Leprdb/db mice, a model for type 2 diabetes, 
significantly improved tissue perfusion, viability, and motor function relative to 
mice treated with AdLacZ (a control adenovirus encoding b-galactosidase). 
AdCA5-treated ischemic limbs showed significantly increased smooth muscle 
a-actin-expressing (SMA+) vessels relative to contralateral nonischemic or 
AdLacZ-treated ischemic limbs. SMA is expressed in both pericytes and smooth 
muscle cells of mature blood vessels. Vessel luminal area also increased in the 
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ischemic limbs of AdCA5-treated, as compared to AdLacZ-treated, Leprdb/db 
mice  [62]. CACs are significantly reduced in diabetic patients, which is thought 
to  contribute to impaired angiogenesis [63]. The number of CD117+/VEGFR2+ 
and CXCR4+ cells circulating in peripheral blood are decreased in patients with 
type 2 diabetes and the number of CXCR4+ cells is further decreased in diabetic 
patients with vascular complications [64]. Diabetic patients with ischemic foot 
lesions due to end-stage peripheral vascular disease have a greater reduction of 
CD34+ and CD34+/VEGFR2+ cells as compared with diabetic patients with periph-
eral vascular disease but without foot lesions [65]. AdCA5 administration can 
correct the impaired mobilization of CD34+/VEGFR2+ and CXCR4-expressing 
CACs in Leprdb/db diabetic mice [62].

The activity of endothelial nitric oxide synthase (eNOS) is essential for mobiliza-
tion of CACs from bone marrow to peripheral blood and for effective ischemia-
induced vascularization [66, 67]. Nitric oxide (NO) generated by eNOS has been 
identified as promoting the mobilization of EPCs and other CACs from the bone 
marrow through nitrosylation and elevated VEGF expression [49]. Chronic incuba-
tion with high glucose decreases eNOS, FoxO1, and Akt phosphorylation and bio-
available nitric oxide (NO) in putative human EPCs [68]. Activation of eNOS, as 
determined by its phosphorylation at serine residue 1177, is impaired in diabetic 
bone marrow, resulting in depressed CAC mobilization [69] in a diabetic wound 
model. Hyperoxia reverses the defect in CAC mobilization by increasing bone mar-
row NO, whereas treatment of wounds with SDF-1, the chemokine responsible for 
recruiting CACs, reverses diabetic homing defects. Hyperglycemia contributes to 
accelerated arterial stiffening by increasing formation of advanced glycation end-
products (AGE), which alter vessel wall structure and function. AGE inhibit EPC 
function and increase EPC apoptosis via upregulated expression of receptor for AGE 
(RAGE) and activation of p38 and ERK mitogen-activated protein kinase (MAPK) 
pathways [70]. AGE-induced MAPK activation is associated with reduced eNOS 
expression and NO release in EPCs, supporting an important role of eNOS in EPC 
function and apoptosis in diabetes [71]. eNOS uncoupling in diabetic bone marrow 
is associated with impaired mobilization of CACs and increased O

2
− production in 

bone marrow [72]. AdCA5 gene therapy can correct the impaired mobilization of 
CD34+/VEGFR2+ and CXCR4+ CACs in Leprdb/db diabetic mice [62], indicating 
another mechanism by which HIF-1 gene therapy overcomes the impairment of 
ischemia-induced vascularization that is observed in diabetes.

The prevalence of PAD increases with age. Similarly, aging has been found to 
be associated with a progressive impairment in the recovery of limb perfusion after 
femoral artery ligation in mice [7]. With increasing age, Hif1a+/− mice recovered 
progressively less well than their WT littermates. Whereas young WT mice recov-
ered without any permanent tissue damage, aging was associated with an increasing 
frequency and severity of tissue damage, ranging from soft tissue necrosis to the 
spontaneous amputation of one or more toes, due to a failure to recover sufficient 
blood flow to maintain tissue viability. At each age, the frequency and severity of 
tissue damage was greater in Hif1a+/− than in WT mice. Intramuscular injection of 
AdCA5 following femoral artery ligation resulted in improved recovery of perfu-
sion both in young and old mice.
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Differences in recovery of perfusion have been found to be associated with 
differences in mobilization of CACs. CAC mobilization in response to limb ischemia 
is impaired in older mice. Similarly, in a murine ischemic flap model, mobilization 
of putative EPCs was markedly reduced with aging, which correlated with reduced 
tissue perfusion and vasculogenesis [73]. Impaired neovascularization may be the 
result of an aging-associated decrease in HIF-1a stabilization due to an increase in 
prolyl hydroxylase-mediated hydroxylation and proteasomal degradation of HIF-1a. 
Intraperitoneal injection of desferioxamine, a known HIF-1a stabilizer [74], pro-
motes ischemic flap survival in aged mice compared with their untreated counter-
parts, which is associated with increased mobilization of putative EPCs [73].

Aging is also associated with impairment of ischemia-induced HIF-1a protein 
levels and of HIF-1a, SDF-1, PLGF, ANGPT1, ANGPT2, VEGF, and SCF mRNA 
levels in HIF-1a mice [7]. These results indicate that aging-associated deficiency 
of HIF-1a is responsible for diminished production of angiogenic growth factors, 
which in turn affects CAC mobilization. Thus, HIF-1a is necessary for ischemia-
induced mobilization of CACs and the aging-associated deficiency of HIF-1a can 
be corrected by HIF-1a gene therapy.

It is thought that bone marrow-derived angiogenic cells (BMDACs) play a sig-
nificant role in the reendothelization of injured endothelium through their incorpo-
ration into new or remodeling vessels or through paracrine effects [4]. Recruitment 
and incorporation of these cells requires a coordinated sequence of multistep sig-
naling events including adhesion and migration (e.g., by integrins), chemoattraction 
(e.g., by SDF-1/CXCR4), and finally the differentiation to endothelial cells [75]. 
Intramuscular injection of AdCA5 not only improved perfusion, production of 
angiogenic cytokines, and mobilization of CACs [7, 62] but also improved the hom-
ing of BMDACs to the ischemic limb [76]. Dimethyloxalylglycine (DMOG), a 
prolyl-4-hydroxylase inhibitor, blocks the oxygen dependent degradation of HIF-
1a and has been shown to improve recovery in mouse models of intestinal and 
cerebral ischemia [77–79]. DMOG treatment of BMDACs increases cell surface 
expression of b

2
 integrins, which mediate increased adherence of these cells to 

vascular endothelial cells, thereby increasing the retention of these cells in the 
ischemic tissue after homing.

Shear forces and flow dynamics in the microvascular environment have a crucial 
impact on the adhesion of newly recruited angiogenic cells to the endothelium. As 
a result, it is important that the molecular mechanisms underlying the retention of 
bone marrow-derived angiogenic cells be studied under conditions that simulate 
this environment. Thus, adhesion of BMDACs to ECs was tested using a dynamic 
microfluidic adhesion assay that takes place in the presence of shear flow, a factor 
not accounted for in conventional static plate assays. In addition, hypoxic human 
umbilical vein ECs (HUVECs), which mimic effects of the ischemic tissue environ-
ment on the vasculature, were utilized [76]. Increasing the perfusion pressure from 
0.1 Pa (physiological sheer stress) to 2.5 Pa was sufficient to remove angiogenic 
cells bound to HUVECs cultured under nonhypoxic conditions but did not remove 
BMDACs bound to HUVECs that were cultured under hypoxic conditions, which 
is consistent with the known activation of vascular endothelium in ischemic tissue. 
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The effect of DMOG was abolished by cotreatment with the HIF-1 inhibitor 
digoxin or by addition of b

2
 integrin-blocking antibody. Hypoxic exposure of 

HUVECs increases expression of ICAM-1 and E-selectin, the b
2
 integrin ligands, 

indicating HIF-1 as a regulatory molecule in the multistep neovascularization pro-
cess. Combined AdCA5 gene therapy and DMOG-treated angiogenic cell therapy 
is effective in improving functional recovery and limb salvage (i.e., recovery with-
out permanent tissue damage) in aging mice following femoral artery ligation. In 
contrast, AdCA5 gene therapy or BMDACs alone is not sufficient to improve limb 
salvage in old mice. Other studies have also shown the beneficial effect of HIF-1a-
modified BMDACs for improving neovascularization in animal models of ischemia 
[80, 81]. However, these studies involved transduction of BMDACs with viral or 
plasmid vectors, whereas DMOG treatment induces HIF-1 without exposure of 
cells to a recombinant vector that might cause neoplastic cell transformation. 
Additionally, compared to prior studies, a tenfold lower number of DMOG-treated 
BMDACs was sufficient to induce therapeutic effects in young as well as in old 
mice in combination with AdCA5. Thus, combined HIF-1a gene therapy and 
DMOG-treated cell therapy is capable of reducing the number of cells as well as 
improving their retention in ischemic sites.

Despite promising results obtained in animal models, clinical studies of angio-
genic therapies for vascular disease using single growth factors have yielded disap-
pointing results [82–85]. In a small group of diabetic patients with CLI, gene 
therapy using VEGF gene-carrying plasmid failed to meet the primary end point of a 
significantly reduced incidence of amputation [83]. One potential explanation based 
on the animal studies is that the use of a single angiogenic growth factor may be 
insufficient to generate adequate and durable neovascularization. A phase I clinical 
study in no-option patients with CLI demonstrating safety of intramuscular admin-
istration of adenoviral vector encoding a HIF-1a/VP16 fusion protein was reported 
[86]. However, administration of this fusion protein, which is likely to have proper-
ties that differ from those of HIF-1a, did not result in significant clinical benefit in 
a phase II/III trial.

Limited success with gene therapy in clinical settings calls for more careful 
design of preclinical models. Thus, many of the clinical trials were based on data 
generated used young healthy animals, whereas the subjects in the clinical trials 
represent an aged population with other risk factors including diabetes. Incorporating 
the effects of aging and diabetes into the preclinical model is an important advance. 
However, current models still have major limitations. Most importantly, in most of 
the animal models, ischemia is induced by acute arterial occlusion, whereas CLI in 
patients is the result of a chronic and progressive process that develops over 
decades. It is not clear whether this aspect of the disease can be modeled in animals 
that only live 2–3 years.

Following the unsuccessful gene therapy clinical trials, trials involving the 
administration of various cell types for therapeutic angiogenesis have been reported. 
The clinical trials were based on success in preclinical models that again mostly 
involved young, healthy animals as both donors and recipients. The cell types that 
have been utilized include bone marrow mononuclear cells, either unsorted cell or 
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those selected for expression of CD34 or aldehyde dehydrogenase, and peripheral 
blood mononuclear cells from either untreated or granulocyte colony-stimulating 
factor (G-CSF)-treated individuals [87–92]. These trials have been conducted with 
a relatively small number of patients and with a short follow-up period. Only a few 
trials with 1 year or longer follow-up periods have been reported so far [93, 94]. 
Large randomized, controlled trials with longer follow-up are needed to evaluate 
the safety and long-term efficacy of cell therapy.

6.4 � Future Directions

Therapeutic angiogenesis in no-option CLI patients is still a very new field in which 
impressive effects in preclinical studies have not been translated to the clinic. 
Several factors including optimal dose, route of delivery, choice of gene, and/or 
choice of functional cell population need to be considered when designing clinical 
trials. Future therapies for correcting vascular complications should focus on cor-
recting multiple deficits to achieve an optimal angiogenic response. HIF-1 plays 
critical roles in mediating vascular responses to hypoxia and ischemia. Impairment 
of HIF-1a generation and subsequent impaired production of angiogenic growth 
factors and mobilization of CACs represents a major pathogenic mechanism under-
lying impaired responses to ischemia associated with aging and diabetes. 
Stimulation of angiogenesis, arteriogenesis, and vasculogenesis remains an impor-
tant potential therapeutic option in patients with severe tissue ischemia. Results 
from the preclinical studies discussed above indicate that combined HIF-1a gene 
therapy and HIF-1-activated BMDAC therapy is a promising approach to induce 
therapeutic angiogenesis in ischemic tissue and clinical trials in patients with CLI 
are needed to test this hypothesis.
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7.1 � Introduction

It is not surprising that characteristics of many cell types are regulated by both 
oxygen (O

2
) availability and extracellular matrix (ECM) context, which play crucial 

roles in the permanency of multicellular organisms on Earth.
According to the most recent findings, O

2
 reached sufficient levels (estimated 

to  be 0.2–2% O
2
) for aerobic organisms to be able to survive between 2.2 and 

2.45 billion years ago in the oceans [15] and between 540 and 600 million years 
ago in Earth’s atmosphere [58, 159]. Ever since, O

2
 has been a highly available 

potential source of energy for multicellular organisms to commence, survive, and 
multiply on Earth. Multicellular organisms require specialized systems to enable 
sufficient amounts of O

2
 to reach their cells. For instance, insects regulate the trans-

port of O
2
 into their tissues with a special respiratory system consisting of spiracles 

and trachea. Around their tissues, they retain the relatively low oxygen levels 
(1.4 mmHg) thought to be equivalent to the atmospheric O

2
 concentrations at the 

time of their evolution [131, 132]. In vertebrates, O
2
 is carried by proteins in the 

blood, particularly by hemoglobin, and is transported to tissues through endothelial 
cells (ECs). The cells throughout the body are highly dependent on the dynamics 
of O

2
. In humans, O

2
 concentrations vary between 1 and 5% in tissues and between 

5 and 7% in blood vessels [125]. Therefore, O
2
 has always been a signaling 

molecule for cells, regulating their metabolism, survival, cell–cell interactions, 
migration, and differentiation.

The transition from unicellular to multicellular organisms required, besides O
2
 

availability, that the cells be connected together in a way that allowed them to interact 
with each other as parts of the same system. This interconnectedness could happen 
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either by having junctions at the cell peripheries or by having connecting cement 
between the cells. Many multicellular organisms connect their cells in both ways: 
they use cellular junctions to allow direct signaling between cells, and they use the 
ECM to regulate the transport of molecules (e.g., O

2
, glucose, and signaling 

proteins) between the cells by remodeling the components of the ECM. Thus, both 
cell–cell and cell–ECM interactions are significant for determining the fate of cells 
in tissues. Surface proteins known as integrins are responsible for signaling from 
the ECM to the cell. Therefore, cells have different responses in respect to the 
composition and structure of the surrounding ECM. In particular, vascular morpho-
genesis is regulated by endothelial cell (EC) interactions with the ECM through 
integrins and is highly dependent on the ECM context [39].

In the field of vascular engineering, the effects of both O
2
 tension and the 

ECM on blood vessel formation should be extensively investigated. Blood vessel 
formation essentially occurs by angiogenesis or vasculogenesis. Angiogenesis is 
the formation of blood vessels from preexisting vasculature, orchestrated with the 
proliferation, migration, and assembly of ECs, as well as the remodeling of 
the ECM [105, 176]. Normally, most of the ECs comprising the blood vessel walls 
are in a state of quiescence in physiological conditions. A stimulus is required for 
ECs to switch from their resting state to their navigating state, in which they are 
activated to produce angiogenesis-promoting proteins [56]. Angiogenesis occurs 
in several situations, such as wound healing, arthritis, cardiovascular ischemia, and 
solid tumor growth [34, 164]. In all of these situations, the tissue or vasculature is 
deprived of oxygen, leading to hypoxic conditions that promote angiogenesis. For 
vessel sprouting, the ECM surrounding the vasculature needs to be degraded so that 
ECs can easily navigate into the tissue and proliferate. Hypoxia was shown to 
promote the production of ECM-degrading enzymes and the secretion of ECs 
[17, 47, 51]. Thus, EC sprouting more likely continues toward the hypoxic regions 
in the ECM through which the secretion of enzymes is upregulated by hypoxia, 
whereas the invasion of vessels into the ECM is not favored in the direction of 
sufficiently oxygenated regions.

The oxygen gradient also occurs to a great extent in early development [115]. 
While the O

2
 uptake of early embryonic cells relies on the simple diffusion of 

oxygen, hypoxia starts being observed in different regions as the embryo expands 
[2, 115]. The initial vascularization, vasculogenesis, starts with the differentiation 
of angioblasts (embryonic progenitors of ECs) and is followed by tubulogenesis 
and vascular network formation throughout the yolk sac [126, 190]. This process 
of vasculogenesis has been suggested to occur in hypoxic conditions [115, 126]. 
Hypoxia also stimulates microvascularization and the capillary network around 
the developing organs. Vasculogenesis in adult organs has been demonstrated to 
originate from endothelial progenitor cells (EPCs) circulating in the blood [187]. 
The migration of EPCs and their recruitment to the appropriate sites to induce the 
formation of new blood vessels depend on complex cell signaling. Investigations 
of tumor growth and wound healing have revealed that hypoxia occurs in both 
situations, inducing EPCs to migrate from the circulating blood through the ECM. 
Hypoxia also plays a role in the recruitment of EPCs by promoting the receptor 



1297  Hypoxia and Matrix Manipulation for Vascular Engineering 

expression on the tissue that recognizes EPCs, which is followed by their  
differentiation into ECs [27]. Moreover, vascular endothelial growth factor 
(VEGF), a key regulatory protein known to induce vasculogenesis and angio-
genesis, was found to be upregulated in hypoxia [129]. These processes take place 
in the milieu of the ECM, which is mostly composed of fibronectin during early 
development [39, 119]. In adult tissue, on the other hand, collagen becomes 
abundant and controls the cellular fate.

Overall, the formation of new blood vessels through angiogenesis or vasculo-
genesis depends on dynamic effects and interplay between the ECM and oxygen 
tensions. A thorough understanding of the mechanisms involving the ECM and O

2
 

during angiogenesis and vasculogenesis is essential for the fundamental under-
standing that could be extrapolated for vascular engineering applications. Indeed, 
the effects of these two factors on vascular cells are being investigated extensively. 
The in vitro vascularization of primary vascular cells has been studied using many 
different biomaterials [6, 20, 71] as three-dimensional (3D) matrix components, 
and they were shown to have various effects on angiogenesis/vasculogenesis. 
Similarly, a considerable amount of work has focused on the effects of hypoxia-
inducible factors (HIF1a, HIF2a, HIF3a) on the regulation of several genes that 
induce vasculature formation [54, 129, 199]. In addition, some researchers have 
also investigated the effects of hypoxia and the ECM context together [139, 145]. 
Success in engineering blood vessels from primary vascular cells or stem cells 
relies on understanding the influence of all critical parameters and controlling them 
in targeted directions.

The main focus of this chapter is a review and discussion of how the cells in the 
body respond to the variations in oxygen tension and ECM components leading to 
new vasculature formation.

7.2 � Concepts in the Regulation of the Vasculature  
by Oxygen and the ECM

7.2.1 � The Influence of Oxygen Tension on Vascularization

Variations in oxygen concentrations at every stage of embryogenesis and in 
different regions of adult tissues lead to diverse vascular responses, depending on 
the cell type and microenvironment. Many cell types respond differently, but also 
collectively, to the changes in O

2
 equilibrium through specialized sensing 

mechanisms and effectors in order to maintain homeostasis. This section will first 
discuss the formation and location of poorly oxygenated regions in the body, 
as well as the mechanisms that cells utilize to sense changes in oxygen levels. It 
will then focus on several responses of pluripotent and vascular cells to low O

2
 

tensions in terms of gene regulation, differentiation, oxygen consumption, and 
cell survival.
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7.2.1.1 � The In Vivo Consequences of Oxygen Gradients

�Oxygen Availability in the Body

In vertebrates, O
2
 transport to the tissues relies on three main processes: the 

oxygenation of the blood in the alveoli in the lungs, the convectional transport of 
oxygen in blood along the arteries, and the diffusion of oxygen across the vessel 
walls followed by penetration of O

2
 to the deeper tissues. It encounters three dis-

tinct resistances to the mass transfer of the O
2
 molecule, which result in O

2
 gradi-

ents throughout the body.
O

2
 deprivations have been observed early in the development of mouse embryos 

[115]. Also, polarographic oxygen measurements in the human placenta have 
shown that O

2
 levels are 1.3–3.5% in the first 8–10 weeks and reach between 7.2 

and 9.5% in weeks 12–13 of pregnancy [154, 167]. Oxygen levels measured in the 
gestational sac revealed even lower O

2
 levels in earlier stages of embryogenesis, 

where O
2
 is only transported by simple diffusion [95]. Diffusion, as opposed to 

convection, transports nutrients between cells very slowly. Before vasculogenesis 
begins, the maximum diameter that a spherical embryo can reach without having 
any cells under anoxia was calculated as 2 mm [24]. This value varies with the 
embryo’s geometry and, most importantly, with the O

2
 consumption of the animal 

cells. The results of in  vivo imaging of various animal embryos show that the 
maximum diameter remains below 1  mm, which agrees with the theoretically 
estimated value [24, 190].

Vasculogenesis is crucial for cells to proliferate and for the embryo to grow 
larger. In mouse embryos, vasculogenesis starts taking place after day 7, with the 
differentiation of the mesoderm into angioblasts, which then assemble to form a 
simple circulatory system consisting of a heart, dorsal aorta, and yolk sac by day 8 
[43, 86]. Afterwards, spatial increases are observed in O

2
 levels in the course of 

embryo development [115]. These profound spatiotemporal O
2
 level changes in the 

embryo can be accepted as the supporting evidence for vascular formation during 
embryogenesis. The large existing vasculature then sprouts and proliferates to 
supply O

2
 and nutrients to cells located in poorly oxygenated regions. Hypoxia, 

considered the most critical factor controlling the angiogenesis process, works via 
numerous protein-signaling pathways. The mechanism determining the directions 
of angiogenesis and the complex networking of endothelial capillaries around the 
tissues is manipulated by several other parameters, including hemodynamic forces 
and cytokines; this mechanism will be discussed later in the chapter [121].

Once embryonic development is accomplished and a sufficient amount of O
2
 

and nutrients is supplied to the tissues, the oxygen gradient still persists in some 
tissues, providing several benefits to specific cell types. O

2
 distribution in adults 

ranges from 0.5 to 14%. Although the formation of blood vessels and capillary 
networking is completed, some tissues still lack of a vasculature, such as the bone 
marrow niche [73, 111, 143]. Thus, diffusion is the controlling mechanism for 
nutrient transport to internal parts of the tissue and is responsible for the wide 
range of O

2
 distributions.
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The discovery of circulating EPCs in blood vessels revealed that neovascular-  
ization in adults is directed not only by angiogenesis but also by the vasculogenesis 
process, which depends on the renewal, mobility, recruitment, and differentiation 
of EPCs [8, 9, 78, 182]. Bone marrow (BM) provides a host microenvironment for 
a variety of cells, including hematopoietic stem cells (HSCs), mesenchymal stem 
cells (MSCs), and EPCs. The development of EPCs occurs in the BM, which has a 
unique structure and vasculature that allow severe hypoxic regions to exist. 
Although the BM is inaccessible for noninvasive oxygen measurements, both 
simulation studies and qualitative measurements have demonstrated the existence 
of hypoxic regions.

Several theoretical models have been developed in order to simulate the distri-
bution of oxygen throughout the BM [32, 109, 111]. Chow et al. used homoge-
neous Kroghian models to estimate oxygen levels in the BM [32]. Their simulations 
suggested that both HSCs and EPCs are exposed to low O

2
 tensions in the BM. 

There are various possible BM architectural organizations depending on the 
parameters, such as the spatial arrangement of vasculature and the distribution of 
many different cell types populating the BM. Therefore, in the absence of supporting 
evidence from in vivo quantitative measurements, only model predictions can be 
used to assess the effects of different parameters on the O

2
 tension distribution in 

the BM. The model by Kumar et al. considered three possible vessel arrangements 
to simulate oxygen level variations under various conditions [111]. They sug-
gested that hypoxic, and even anoxic, regions could be found in the BM, assuming 
that the cells’ oxygen consumption is constant and that the density of arterioles in 
the BM is low.

On the other hand, qualitative observations in the study by Parmar et al. have 
also demonstrated that HSCs are distributed according to oxygen availability in 
the BM [143]. Staining with pimonidazole and sectioning revealed the oxygen 
gradient throughout the BM, showing that HSCs more likely reside at the lower end 
of the gradient. These results are in good agreement with the in vitro studies sug-
gesting that hypoxia supports the maintenance of stemness [35, 50, 55]. Moreover, 
BM transplantation studies have shown that BM-derived EPCs enhance neovascu-
larization and the formation of arteries [191, 194]. The renewal of EPCs in the BM 
depends on the differentiation dynamics of HSCs, which is regulated by the 
microenvironments (i.e., the niches) they reside in. Osteoblasts, bone cell progenitors, 
bind to each other and to HSCs via adhesion molecules to form the osteoblastic 
niche that is located far from the sinusoidal arteries. Researchers have discovered 
the existence of another type of niche within the BM, the vascular niche, which is 
located closer to the sinusoidal arteries than the osteoblastic niche. The differences 
in physicochemical factors within the various niches play fundamental roles in 
controlling the dynamics of HSC migration and differentiation. Since the 
vascular niche’s close proximity to arteries means that it is richer in O

2
 than the 

osteoblastic niche. Heissnig’s group hypothesized that HSCs are in a quiescent 
state in the osteoblastic niche’s severe hypoxic conditions [74]. When vasculogenesis 
is necessary in neighboring tissues, specific cell signaling stimulates the migration 
of HSCs from the osteoblastic niche to the more oxygenated vascular niche, where 
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HSCs can switch from their quiescent state to a proliferative state. The proliferation 
and differentiation of HSCs reconstitute the EPC pool in the vascular niche before 
they enter the circulation.

Wound healing, another situation where hypoxia occurs, consists of a series of 
events that include new vasculature formation, which is regulated by varying O

2
 

levels. Platelets interfere with microcirculation in the wounded tissue, followed by 
the release of coagulation factors to reinforce the clotting process. Histamine and 
bradykinin, secreted by mast cells, also influence the microcirculation by enhancing 
vascular permeability and arteriolar vasodilation, thereby increasing the blood flow 
rate [7, 84]. Recruitment of leukocytes and macrophages into the damaged tissue is 
followed by their activation in response to several growth factors (GFs) and 
integrins. High rates of O

2
 consumption in activated macrophages, along with 

perturbation of the microcirculation, leads to a further decrease in O
2
 levels and 

results in hypoxia [87], which results in the accumulation of HIF1a at the wound 
site [203]. Albina et al. [5] showed that the HIF1a mRNA of inflammatory cells 
peaks about 6  h after injury. On the other hand, HIF1a protein levels could be 
detected between 1 and 5 days after wounding. More recently, Zhang et al. [203] 
demonstrated that, during the burn wound-healing process, the accumulation of 
HIF1a increases the number of circulating angiogenic cells, as well as smooth 
muscle actin-positive cells, in the wounded tissue. These hypoxic conditions – either 
directly or, through the accumulation of HIF, indirectly – stimulate angio-
genesis during wound healing. Moreover, O

2
 is required for ECM production, 

which is necessary for maturing blood vessels [84]. Therefore, the wound-healing 
process is finely tuned by O

2
 levels, which is required not only for neovasculariza-

tion to occur, but also for the fibroblasts to produce more ECM to support the newly 
formed vessels.

�Oxygen-Sensing Mechanisms of Vascular Cells

Most cell types in the body respond to variations in O
2
 tensions [192]. Gene 

expression, viability, metabolism, and the oxygen uptake rate of the cells change, 
with alterations in O

2
 levels, in order to maintain homeostasis. When cells experience 

a difference in extracellular O
2
 levels, they accord with the new conditions, which 

may occur immediately. Hence, O
2
 sensing in cells is expected to be controlled by 

well-organized mechanisms.
Several mechanisms have been proposed in the literature to account for O

2
 sensing 

in cells. Although their sensitivities may differ from one another, more than one 
such mechanism can coexist in a cell, resulting in various cellular responses. In the 
cell, the O

2
 molecule mainly takes part in two distinct processes: it is involved 

directly in biosynthesis reactions, or it participates in metabolic processes, such as 
the electron transport chain occurring in mitochondria. Any change in the concen-
tration of O

2
 extensively perturbs these processes and, following a sequence of 

events, has a number of different effects on the cell. Therefore, O
2
 sensors in cells 

can be mainly categorized as mitochondria-related sensors (bio-energetic) and 
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biosynthesis-related sensors (biosynthetic) – although they can be linked to each 
other in some cases, making the distinction less than completely clear [192].

Among the several effectors of O
2
-sensing mechanisms, HIFs are the most 

essential ones in terms of the diversity of their influences. The family of HIFa 
subunits (HIF1a, HIF2a, and HIF3a) has been shown to be responsible for 
regulating a large number of gene expressions, including key regulatory proteins 
of angiogenesis and vasculogenesis. Although HIFa is expressed at every 
oxygen tension, it is rapidly ubiquitinated in normoxic conditions, resulting in 
its degradation. Thus, the amount of intracellular HIFa protein depends on the 
balance between its expression and degradation. In conditions of low O

2
 

availability, all HIFa proteins heterodimerize with HIFb (ARNT) and form a 
transcriptional complex which regulates the transcriptions of numerous genes [129]. 
Stabilization of HIFa in the cell is controlled by two main O

2
 sensing proteins, 

prolyl hydroxylase domain (PHD) and factor-inhibiting HIFa (FIH), which 
belong to the previously mentioned biosynthetic sensors category. Three isoforms 
of PHDs are present in all mammals [23]. Specific proline residues on the 
oxygen-dependent domain of HIFa are hydroxylated by PHDs at separate 
hydroxylization sites. The activity of PHDs in cytoplasm is controlled by various 
O

2
-dependent molecular events and, directly, by the concentration of the O

2
 

molecule [54]. All three PHDs remain partially active in normoxia. PHD activity 
is expected to be very sensitive to small changes in cytoplasmic O

2
 levels, since 

K
m
, the Michaelis–Menten parameter for the activation of PHDs, is approxi-

mately 230–250 mM, which is much higher than physiological oxygen concen-
tration (approximately 60 mM) [80]. Besides, mitochondrion is also involved 
in the PHD activation process through their consumption of O

2
, regulation of 

reactive oxygen species (ROS), and production of nitric oxide (NO). While the 
stabilization of HIFa depends on PHD activity, the expression of HIFa is 
controlled by FIHs. Therefore, when O

2
 levels are lowered, both the stabilization 

and transactivation of HIFa increase, resulting in several angiogenic responses 
that will be discussed in the following section.

NO and ROS not only contribute to the HIFa stabilization process, but they 
also have several direct effects on vascular cells and blood vessels. A number of 
studies have shown that NO induces angiogenesis, hyperpermeability, and vaso-
dilation [59]. Moreover, NO also perturbs EC respiration through the inhibition 
of cytochrome c oxidase, which causes lower mitochondrial O

2
 consumption 

[98]. Mitochondrial ROS are also increased as a consequence of electron trans-
port chain inhibition, which then contributes to the deactivation of PHDs via 
oxidizing cofactor Fe (II) and helps to stabilize HIFa. ROS production, in 
respect to hypoxia, is proportional to the concentrations of intracellular O

2
 and 

electron donors. Under hypoxia, the amount of O
2
 required to form superoxides 

is decreased, whereas the concentration of the electron donors increases as a 
consequence of the reduction in the proximal electron transport chain. Therefore, 
ROS production can change in both manners, depending on the variations in 
these molecules’ concentrations [192]. Ushio-Fukai and Nakamura [188] have 
shown that ROS influence the expression of surface adhesion molecules of 
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ECs and stimulate EC proliferation and vessel permeability. Moreover, the 
hypoxia-induced decrease in ROS production leads to the inhibition of K+ 
channels of pulmonary artery smooth muscle cells (SMCs), whereas an increase 
in ROS production leads to intracellular Ca+ release from ryanodine-sensitive 
stores [192]. Another molecular path found between mitochondrial energy 
generation and K+ channel inhibition occurs through AMP kinases. The energy 
of the cell is generated by the conversion of ADP to one molecule of ATP and 
AMP. Hence, AMP kinase becomes highly dependent on the ADP/ATP ratio, 
which is very sensitive to changes in cytoplasmic O

2
 concentrations. AMP 

kinases were shown to inhibit K+ channels through the regulation of Ca+ release 
in pulmonary arterial SMCs and also to induce cellular survival in tumor cells 
when exposed to severe hypoxia [49, 140].

Moreover, heme oxygenases (HOs) and NADPH oxidases (NOXs) play impor-
tant roles in the biosynthetic oxygen sensing of cells. NOX-2, one of the three 
isoforms of NOX, is used for superoxide production from molecular O

2
. Hypoxic 

conditions can cause a decrease in NOX-2-derived ROS concentrations, due to the 
low K

m
 values (18 mM) of NOX-2; this helps Ca+ release in pulmonary artery SMCs 

[197]. However, some studies also suggest that hypoxia increases NOX-2 activity, 
therefore causing the generation of a greater amount of ROS [192]. On the other 
hand, Ca+-activated K+ channels in glomus cells were shown to be related to the 
activity of HO-2, an isoform of HO which can convert heme to CO, biliverdin, and 
Fe (II) using O

2
 and NADPH [196].

The effectiveness of an oxygen sensor can be determined by evaluating (a) its 
sensitivity to small changes in intracellular O

2
 levels and (b) the subsequent 

diversity of triggered cellular responses. Comparing the activities of O
2
 sensors, 

FIHs and PHDs have much lower affinity to O
2
 than the others, which causes 

dramatic decreases in their activities in respect to lowered O
2
 concentrations [76]. 

Deactivation of these two sensors leads to HIFa stabilization, initiating the regula-
tion of hundreds of different genes. Using O

2
 as a controlling parameter to engineer 

vascular tissues demands a clear understanding of the biochemical events that 
follow changes in O

2
 tension, as well as the net response of the cells and how O

2
 

affects their collective behaviors.

7.2.1.2 � Cellular Responses to Different Oxygen Concentrations

�Metabolism and Oxygen Uptake Rate

Several studies have observed that the O
2
 consumption of cells depends on O

2
 avail-

ability [1, 21, 140, 173]. We have recently shown that the O
2
 uptake rates (OURs) 

of EPCs and human umbilical vein endothelial cells (HUVECs) are similar, but not 
identical, to each other and that both decrease when O

2
 availability is lowered 

(Fig.  7.1a) [1]. Many mechanisms have been proposed to explain the relation 
between mitochondrial O

2
 consumption and variations in O

2
 levels. HIF1a was 
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found to be responsible for inducing the enzymes required for glycolysis [140]. It 
also plays a role in activating pyruvate dehydrogenase kinase-1, which reduces the 
amount of pyruvate that flows into the TCA cycle and therefore decreases aerobic 
respiration in mitochondria [140]. In addition, the increases in both the transcrip-
tion and expression of glucose transporter protein 1 (GLUT-1) were shown to be 
HIF1a-dependent in hypoxic conditions [3]. In other words, deactivation of PHDs 
and FIHs at low O

2
 levels leads to the stabilization of HIFa, which then reduces O

2
 

aerobic respiration by inducing pyruvate degradation but, at the same time, 
promotes glycolysis by increasing the expression of glucose transporter proteins. 
Another proposed mechanism involves the inhibition of cytochrome oxidase by 
NO, which is known to be regulated by shear stress and O

2
 tension. NO influences 

mitochondrial respiration by the competitive inhibition of cytochrome oxidase with 
O

2
 and by inhibiting electron transfer between cytochrome b and c, therefore 

increasing ROS production [21].
The effects of blood flow and O

2
 tension are crucially important for the ECs 

comprising the vessel walls, since these conditions can be perturbed in many 
situations in the body. Some studies have shown mitochondrial respiration of ECs 
to be lower than other cell types, and most of the O

2
 consumption is nonmito-

chondrial [63, 186]. Helmlinger et al. demonstrated that ECs consume O
2
 during 

capillary formation, whereas they also preserve and expand the capillary structures 
even under severe hypoxia (about 0.6% O

2
) by upregulating VEGF expression [75]. 

It is not surprising that ECs possess a special type of metabolism – aerobic glycolysis 
in their resting state (physiological conditions) and anaerobic glycolysis in their 
navigating state (hypoxic conditions) – since O

2
 is transported through ECs to 

other tissues and they should survive and commence angiogenesis under hypoxic 
conditions [56].

Moreover, when ECs are exposed to excess glucose, their ATP generation shifts 
to glycolysis, and lactate levels, increased as a by-product of glycolysis, contribute 
to the inactivation of PHDs and, therefore, the stabilization of HIFa [198]. Where 
blood flow is perturbed, such as in ischemia and wound healing, both NO and O

2
 

levels are changed in blood vessels, and all of the metabolic variations discussed 
above gain more importance.
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Fig. 7.1  O
2
 tension regulates vascular cell responses. Comparison of EPCs and HUVECs at three 

different O
2
 tensions in terms of (a) oxygen uptake rate (OUR) and (b, c) gene regulation [1]
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�Transcription of Angiogenic Genes

Manalo et al. have shown in their study of ECs that 245 genes are upregulated and 
325 genes are downregulated at least 1.5-fold in response to hypoxia and HIF1a 
[129]. These genes are responsible for the expression of collagens, GFs, receptors, 
and transcription factors, all of which are very significant for angiogenesis/vascu-
logenesis processes. This wide range of hypoxia-related transcription factors also 
indirectly affects HIF1a. The genes directly regulated by HIF1a include VEGF-A, 
VEGFR-1, Flt1-1, and erythropoietin (EPO). Examples of indirectly regulated 
genes include fibroblast growth factor (FGF); placental growth factor (PLGF); 
platelet-derived growth factor (PDGF); angiopoietins (ANG-1 and 2); and Tie-2, 
the receptor of ANGs [54]. Although VEGF is the major GF that stimulates blood 
vessel formation, when it alone was transgenically overexpressed in mice, defective 
blood vessels formed, which then led to tissue edema and inflammation [152]. On 
the other hand, overexpressing both VEGF and ANG-1, which is important for 
maintaining vascular integrity, has been shown to induce hypervascularity without 
imperfections in mice [181]. ANG-2 is responsible for EC apoptosis and vascular 
regression in the absence of VEGF, whereas, when combined with VEGF 
expression, it enhances angiogenic responses by destabilizing the blood vessels 
[82, 83]. More recently, ANG-4 was shown to function similarly to ANG-1 and to 
induce angiogenesis by binding the ANG receptor TIE-2, which is also upregulated 
by HIF1a [199]. We have recently shown that VEGF and ANG-2 genes are 
upregulated in hypoxic (1% O

2
) cultures of EPCs and HUVECs [1], and the fold 

differences in upregulation levels of VEGF and ANG-2 in EPCs were shown to 
vary during the 3-day exposure period (Fig. 7.1b), where no significant change was 
observed for HUVECs (Fig.  7.1c). How hypoxia affects the regulation of these 
angiogenic genes depends on the cell type; for instance, VEGF is upregulated in 
ECs, SMCs, cardiac fibroblasts, and myocardiocytes, whereas ANG-2 is induced 
only in ECs [129]. Therefore, from a tissue engineering perspective, coculturing of 
different cell types under controlled hypoxic conditions should be considered, since 
a combination of hypoxia-induced angiogenic proteins is required to obtain vascular 
formation without excessive permeability.

�Cell Death and Survival

Hypoxia influences the proliferation and viability of many cell types [1, 55, 141, 
202]. The wide spectrum of HIF1a-dependent genes also includes proapoptotic and 
prosurvival genes. BH3-only proapoptotic genes, a subfamily of BCL-2 that 
includes BNIP3, BNIP3L, NOXA, RTP801, HGTP-P, are directly activated by 
HIF1a [193]. Although these genes play important roles in cellular apoptosis, a 
growing body of evidence suggests that hypoxia mediates cellular survival in many 
cell types [130, 141, 202]. Programmed cell death is, of course, a very critical step 
for cells and is most likely taken only after all possible survival mechanisms have 
been exhausted. One of these mechanisms, autophagy, is a cellular catabolic process 
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where cytoplasmic organelles are degraded to provide ATP generation in nutrient 
deprivation. Hypoxia was found to induce mitochondrial autophagy via both 
HIF1a-dependent and HIF1a-independent pathways [141, 202]. Small-interfering 
RNA silencing of BNIP3 and BNIP3L together suppresses autophagy to a greater 
extent than silencing only one of them at a time [16]. Zhang et al. have shown that 
mitochondrial autophagy is induced by HIF1a-dependent upregulation of BNIP3 
incorporated into the constitutive expression of BECLIN-1 and ATG-5 [202]. On 
the other hand, the neuron-derived orphan receptor (NOR-1), which is overex-
pressed in ECs exposed to hypoxia, mediates cellular survival as a downstream 
effector of HIF1a signaling [130]. CD105, one of the EC markers, also shown to 
play a role in cellular survival, is significantly upregulated under hypoxia [118]. In 
vivo studies of rats subjected to hypoxia also found the induction of mitochondrial 
autophagy by overexpression of BNIP3 [13]. In addition, Papandreou et al. have 
proposed that hypoxia induces autophagy in tumor cells through AMP kinase, 
which is activated by hypoxia independently of HIF1a, as discussed previously in 
the O

2
 sensing section [141].

�Cell Pluripotency and Differentiation

Vasculogenesis takes place in low O
2
 environments, such as the early development 

of embryo, EPC regeneration in the BM, or EPC attachment and differentiation into 
mature ECs at neovascularization sites. All of these processes rely on pluripotent/
unipotent cells differentiating into the endothelium, where O

2
 tension is a crucial 

parameter regulating their differentiation characteristics. More particularly, as 
already discussed, EPC regeneration in the BM depends on cellular dynamics 
between the osteoblastic niche (low O

2
) and vascular niche (high O

2
); HSCs are 

quiescent in the osteoblastic niche and differentiate into EPCs in the vascular 
niche before joining the circulation [91]. Therefore, it is important to understand 
the effect of O

2
 tension on the differentiation of cells into EPCs/ECs as a primary 

step of vasculogenesis. Hypoxia enhances human embryonic stem cell (hESC) 
pluripotency via the upregulation of Oct-4, NANOG, and SOX-2, which are pluri-
potent markers [35, 50, 55, 96]. HIF2a was shown to be responsible for the over-
expression of Oct-4, SOX-2, and NANOG, while HIF3a also plays a role in the 
process by inducing HIF2a transcription [35, 55]. Prasad et al. demonstrated that 
hypoxic conditions (5% O

2
) prevent the spontaneous differentiation of hESCs, 

whereas the inhibition of Notch activation revoked this effect, suggesting that 
hypoxia-induced pluripotency occurs via Notch signaling [150]. On the other hand, 
the efficiency of the process of reprogramming mouse and human somatic cells into 
induced pluripotent stem cells (iPSC) was shown to be improved in 5% O

2
 cultures 

compared to atmospheric O
2
 cultures [200]. In contrast, other studies have demon-

strated that hypoxia induces the expression of early cardiac genes in spontaneously 
differentiating embryoid bodies (EBs) [104, 138]. In a more recent study, Prado-
Lopez et al. showed that EPCs/ECs can be obtained from hESCs more efficiently 
when cultured in 5% O

2
 compared to previous methods that induce EB formation 
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in atmospheric O
2
 [149]. On the other hand, HIF1a induces the differentiation of 

peripheral blood mononuclear cells into EPCs, and hypoxia stimulates the further 
differentiation of EPCs into mature ECs [4, 97].

All of these findings have highlighted the significance of O
2
 tension as a critical 

parameter to control vascular differentiation of pluripotent cells. Although some of 
these studies suggest contrary hypotheses, they all agree on the induction of pluri-
potent markers by HIF2a and the upregulation of angiogenic factors by HIF1a. 
Therefore, O

2
 tension can be manipulated to prevent spontaneous differentiation of 

pluripotent cells and to enhance the efficiency of the differentiation into EPCs and 
mature ECs.

7.2.2 � Vascular Responses to ECM

In the human body, vascular cells are surrounded by diverse components of the 
ECM, the unique spatial and temporal distribution of which affects GF availability 
and matrix properties which, in turn, regulate vasculogenesis and angiogenesis. Just 
like oxygen tension, which varies throughout vascular development, ECM compo-
nents are also uniquely distributed; for example, hyaluronic acid (HA; also known 
as hyaluronan) levels were found to be highest during embryogenesis and to be 
replaced by fibronectin and then collagen, which remains abundant throughout 
adulthood. The first part of this section will discuss ECM distribution and its effects 
on vascular development and maintenance. Then, the second part will discuss 
various ECM components that affect vascular morphogenesis. Lastly, we will 
describe strategies for manipulating the ECM using synthetic biomaterials and 
emerging technology.

7.2.2.1 � Types of ECM Found Participating in Vascularization

The ECM surrounding blood vessels contributes significantly to their diverse 
functions and complexity. This ECM diversity encompasses different vascular 
development periods (i.e., embryonic vs. adult) and specialized vessels at various 
location of the body (i.e., capillary, arteriole, and venule). During early vascular 
development, the ECM provides informational cues to the vascular cells, thus regu-
lating their differentiation, proliferation, and migration. Fibronectin and HA, which 
are major components of the embryonic ECM, have been shown to be vital 
regulators for vascularization during embryogenesis [185]. Fibronectin, a unique 
glycoprotein, contains cell adhesion and heparin-binding sites that synergically 
modulate the activity of VEGF to enhance angiogenesis [195]. Various lineage 
studies have found developmental abnormalities in embryonic hearts and vessels in 
fibronectin-null mice, suggesting its crucial role in mediating EC interactions [10, 57]. 
The levels of hyaluronan, a nonsulfated linear polysaccharide, are greatest during 
embryogenesis and then decreases at the onset of differentiation [184], where it 
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plays a crucial role in regulating vascular development [14]. Hyaluronan and its 
receptor, CD44, have been shown to be essential in the formation and remodeling 
of blood vessels [14, 25, 48]. We have previously reported that a completely 
synthetic HA hydrogel can maintain the self-renewal and pluripotency of hESCs 
[65, 70]. Interestingly, when VEGF is introduced into the culture media, this unique 
HA microenvironment can direct the differentiation of hESCs into vascular cells, 
as indicated by positive staining for a-smooth-muscle-actin and an early stage of 
the endothelial cell marker CD34 (Fig. 7.2a).
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Fig. 7.2  Matrix composition and orientation affect vasculogenesis. (a) Hyaluronic acid microen-
vironment for vasculogenesis. Human ESC colonies were cultured in conditioned medium for 
1 week, followed by the replacement of medium containing 50 ng/ml VEGF

165
. Left: Cell sprouting 

was observed after 48  h of culture in medium containing VEGF (indicated by arrowheads). 
Middle and right: After 1 week of differentiation, sprouting elongating cells were mainly positive 
for v-SMC actin (middle), while some were positive for the early-stage endothelial marker CD34 
(right). Scale bars – left: 100 mm; middle and right: 25 mm. Printed with permission [65]. 
(b) Nanotopography induces the formation of supercellular band structures in long-term EPC 
culture. EPCs cultured on flat substrates began forming confluent layers of cells after 6 days of 
culture. In contrast, EPCs cultured on nanotopography began to form supercellular band structures 
aligned in the direction of the features (as indicated by the arrow) after 6 days of culture. These 
morphological differences are evident through staining of PECAM-1 and VE-CAD. Scale bars are 
50 mm. Printed with permission [19]. (c) Organized capillary tube formation in vitro. Capillary-
like structures (CLSs) were induced by the addition of Matrigel after 6 days. EPCs cultured on flat 
substrates (upper left) formed low-density unorganized structures, while EPCs cultured on nano-
topographic substrates (upper right) formed extensive networks of organized structures with 
(lower panel) longer average tube lengths than EPCs cultured on flat substrates (***p < 0.001). 
The direction of the linear nanotopographic features is indicated by the arrow. Scale bars are 
200 mm. Printed with permission [19]
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In contrast, the adult ECM consists mostly of laminin-rich basement membrane, 
which maintains the integrity of the mature endothelium, and interstitial collagen I, 
which promotes capillary morphogenesis [40]. Although collagen I is present 
during development, its role becomes increasingly important in postnatal 
angiogenesis after its reactive groups have been cross-linked to further stabilize 
the interstitial matrix [153]. EC integrins, which interact with collagens and 
fibrin, are key receptors in EC activation, proliferation, and tubular morphogenesis. 
The collagen-I-mediated activation of Src and Rho and the suppression of PKA 
promote the formation of prominent actin stress fibers, which mediate EC retrac-
tion and capillary morphogenesis. Moreover, the activation of Src also disrupts 
VE-cadherin from cell junction and cell–cell contact which, in turn, facilitates 
multicellular reorganization. On the contrary, basement membrane laminin-1 
responsible in maintaining mature endothelium. During the proliferative stage of 
morphogenesis, the laminin-rich basal lamina is degraded, exposing the tips of 
sprouting ECs to the underlying interstitial collagens and activating signaling 
pathways that drive cytoskeletal reorganization and vascular morphogenesis. This 
sharp difference in how ECM components affect capillary morphogenesis is respon-
sible for controlling the delicate balance between vascular sprouting and maturation.

Once nascent vessels are formed, ECM components regulate their maturation 
and specialization into capillaries, arteries, and veins. Capillaries, the most abundant 
vessels in our body, consist of ECs surrounded by pericytes and basement mem-
brane. Exchanges of nutrients and oxygen occur through diffusion between blood 
and tissue in these regions, due to the capillary’s thin wall structure and large 
surface-area-to-volume ratio. Maturation of the vessel wall involves the recruitment 
of mural cells, development of the surrounding matrix, and organ-specific special-
ization [93]. ECM distribution in various tissues dictates the specialization of these 
capillaries to support the functions of specific organs. The capillary endothelial 
layer is continuous in most tissues (e.g., muscle), while it is fenestrated in exocrine 
and endocrine glands (e.g., kidney and pancreas). Moreover, the enlarged sinusoidal 
capillaries of the liver, spleen, and BM are discontinuous, allowing increased 
exchanges of hormones and metabolites between the blood and the surrounding 
tissues. In contrast, where the excess exchange of molecules is not desirable, such 
as at the blood–brain barrier and the blood–retina barrier, the interendothelial con-
nection is further reinforced with tight junctions.

Compared with capillaries, arterioles and venules have an increased coverage of 
mural cells and ECM components. Arterioles are completely surrounded with 
vascular SMCs that form a closely packed basement membrane. The walls of larger 
vessels are composed of three layers: the tunica intima, the tunica media, and the 
tunica adventitia. The EC layer of blood vessels is anchored on a basement mem-
brane, which is the major component of the tunica intima [44]. The basement 
membrane contains network-organizing proteins, such as collagen IV, collagen 
XVIII, laminin, nidogen, entactin, and the proteoglycan perlecan. The tunica media 
contains vascular SMCs (v-SMCs) and elastic tissue composed of elastin, fibrillins, 
fibulins, emilins, and microfibril-associated proteins. The tunica adventitia contains 
fibroblasts and elastic laminae and has its own blood supply, known as the vasa 
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vasorum [44]. SMCs and elastic laminae contribute to the vessel tone and regulate 
vessel diameter and blood flow. This generic blood vessel architecture is modified 
with various ECM components to fulfill their individual tasks. Arteries, which 
function to deliver oxygenated blood, usually have a thick tunica media with 
numerous concentric layers of v-SMCs, whereas veins have a thick tunica adventitia 
layer enriched in ECM components with elastic properties, such as elastin and 
fibrillin.

7.2.2.2 � Properties of the ECM that Affect Vascular Morphogenesis

Recent decades have vastly expanded our understanding of how ECM properties 
affect vascular assembly, primarily due to newly available, well-defined in  vitro 
models. The most common models are cultures of ECs in gels made of different ECM 
components, such as collagen, fibrin, fibronectin, and Matrigel. These ECM compo-
nents contain instructive physical and chemical cues that direct vascular morpho-
genesis, which involves several steps (1) proteolytic degradation of basement 
membrane proteins by both soluble and membrane-bound matrix metalloproteinases 
(MMPs); (2) cell activation, proliferation, and migration; (3) vacuole and lumen 
assembly into a tube with tight junctions at cell–cell contacts; (4) branching and 
sprouting; (5) synthesis of basement membrane proteins to support the formation of 
capillary tube networks; and (6) tube maturation and stabilization by pericytes. 
Apparently, these complex processes require a delicate balance between various 
immobilized factors and soluble GFs, as well as endothelial and prevascular cell 
interactions. Gels made from ECM components, engineered to have properties 
resembling those of native tissues, have been widely explored as a tool to study the 
molecular regulation underlying vascular development [39] and as a scaffold to 
transplant vascular progenitor cells [12, 36, 134]. However, their manipulation for 
vascular tissue engineering has been narrowly limited by their inherent chemical and 
physical properties. Therefore, a great need exists to chemically modify these ECM 
components [31, 108] or to utilize biomaterials to form scaffolds from hydrogels, 
which are xeno-free and instructive for vascular tissue engineering [123]. Hydrogels 
are cross-linked polymer networks which can store a large amount of fluid and which 
have biophysical properties similar to many soft tissues [113]. Hydrogels can be 
engineered from natural biomaterials (excluding ECM components), artificial protein 
polymers, self-assembling peptides, and synthetic polymers to form scaffolds which 
mimic the native ECM. For example, dextran and chitosan, natural biomaterials with 
similar structures, do not possess any inherent cross-linking ability [177, 178]. 
However, a simple chemical modification, like introducing double bonds into the 
repeating unit, allows the cross-linking of these polysaccharides to form hydrogels. 
Alginate is another natural material which can be physically cross-linked by adding 
cations (e.g., Ca2+ or Mg2+) [64]. Another approach utilizes a purely synthetic 
polymer, like polyethylene glycol (PEG) or poly-[lactic-co-glycolic acid] (PLGA), 
whose physical and chemical properties can be easily manipulated. A simple modifi-
cation can turn PEG, a cell-resistant material, into instructive scaffolds that promote 
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vascularization [45, 46, 136, 144]. Furthermore, the synthetic material of choice must 
be biodegradable and biocompatible, and such physical properties as pore size, 
degradation kinetics, and elasticity must be easily tunable to favor vascular morpho-
genesis. Bioactive molecules – like GFs, arginine–glycine–aspartic acid (RGD), and 
MMP-sensitive peptides – must be presented with correct spatial and temporal distri-
butions within the synthetic biomaterials. Such physical properties of the scaffolds as 
matrix elasticity, pore size, and orientation must be tuned to favor vascular morpho-
genesis. Next, we will discuss several strategies for manipulating the chemical and 
physical properties of synthetic biomaterials.

�Cell Adhesion Regulates Neovascularization

In order to support vascular cells and instruct them to undergo vascular morphogen-
esis, synthetic biomaterials must first be able to provide cell adhesion. Instead of 
incorporating ECM components to make such materials bioactive, certain synthetic 
peptides important for vascular morphogenesis can be incorporated into these inert 
synthetic materials. The most common template is the integrin-binding domain of 
fibronectin, RGD [146], and the laminin-derived peptide IKVAV [168]. The first 
crucial step in vascular morphogenesis occurs when vascular cells utilize integrin 
receptors to sense their surrounding microenvironments. Integrin is a transmem-
brane receptor which not only maintains cell adhesion to ECM but also controls cell 
proliferation, migration, differentiation, and cytoskeletal organization. Since blood 
vessels must be able to assemble in diverse tissue environments (e.g., adult vs. 
embryo and muscle vs. kidney) which have different distributions of ECM compo-
nents (as discussed in the previous section), it is evident that both b and a integrins 
can support vascular morphogenesis. For example, a

1
b

1
 and a

2
b

1
 integrins associ-

ate with vascular morphogenesis in collagen-rich ECM, like adult tissue, while a
5
b

1
 

and a
v
b

3
 integrins involve fibronectin- and fibrin-rich ECM, like in embryonic tis-

sue and healing wounds [40]. Regardless of the types of integrin involved, the bind-
ing of integrins onto RGD triggers several downstream signaling events mediated 
by Rho GTPase, particularly Rac1 and Cdc42 [39]. Extensive work by Davis and 
his colleagues has revealed the molecular mechanism that regulates this EC mor-
phogenesis in fibrin and collagen gels (an excellent review of their work can be 
found in Chapter 2 of this book).

The number of RGD adhesion sites and the method of their presentation to the 
vascular cells are also crucial in affecting cell migration [67] and vascular morpho-
genesis [90]. Using an in vitro angiogenesis model, Folkman and Ingber were able 
to show that, when cultured on a moderate coating density that only partially 
resisted cell traction forces, ECs could retract and differentiate into branching 
capillary networks [53, 90]. High ECM density was saturated with RGD adhesion 
peptide, which allowed the ECs to spread and proliferate, while low ECM density 
resulted in rounded and apoptotic cells. Interestingly, in medium ECM density, with 
the appropriate RGD adhesion peptide, ECs collectively retracted and differentiated 
into branching capillary networks with hollow tubular structures. It is evident that 
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ECs exerted mechanical forces on the surrounding ECM to create a pathway for 
migration and branching in forming vascular structures [38]. Hence, both the quan-
tity of RGD peptide and the method of presentation within the engineered synthetic 
biomaterials determine the initial morphogenetic events in angiogenesis.

�Scaffold Degradation Regulates Vascular Morphogenesis

Scaffolds made from ECM components, like collagen and fibrin gels, contain 
proteolytic degradable sequences, which can be degraded by the MMPs secreted by 
vascular cells. This cell-mediated degradation controls both structural integrity and 
temporal properties, which dictate the presentation of chemical and mechanical 
cues at various stages of angiogenesis. However, the degradation kinetics of these 
ECM-based scaffolds is determined by their inherent cross-linking density which, 
in turn, limits their manipulation for vascular tissue engineering. In contrast, the 
synthetic biomaterials can be engineered to have degradation profiles ranging from 
days to months in order to suit the specific needs of the engineered vascularized 
tissue constructs [178]. The polymer backbone can be cross-linked using a nonde-
gradable cross-linker that provides structural integrity and/or a degradable cross-
linker that allows directed cell migration and vascular morphogenesis. Hydrolytic 
degradation by the body fluid can break down the ester bonds within the polymer 
backbone, allowing tissue infiltration over time [177, 178]. MMP-sensitive peptides 
can also be used to cross-link hydrogels, allowing cell-mediated degradation, leading 
to a rapid response of vascular growth. Overall, by adjusting the percentages of 
nondegradable and degradable cross-linkers, scaffold degradation can be tuned to 
allow cellular infiltration, lumen formation, and ECM synthesis and distribution.

In order for the intracellular vacuoles to coalesce into a lumen, ECs require 
adhesive ligands for traction [123] and utilize membrane-type-1-MMPs (MT1-
MMPs) to create physical spaces which facilitate the directed migration of cells 
to align with neighboring cells [38, 157, 175]. Therefore, ECs can only invade 
this synthetic scaffold if the minimal pore size is larger than the cell diameter 
(e.g., a soft self-assembling peptide) [166] or if the scaffold bears an MMP-
degradable sequence [124]. The Hubbell research group has pioneered this 
approach by incorporating an MMP-degradable sequence as a cross-linker into 
PEG scaffolds to promote vascular healing and therapeutic angiogenesis [161, 
205]. When grafted in vivo, ECs were able to invade, remodel, and vascularize this 
MMP-sensitive scaffold [205, 206]. Hence, incorporating MMP-degradable peptides 
is essential for directing vascular morphogenesis in 3D synthetic biomaterials.

�Physical Orientation of the ECM

The native ECM provides an instructive template for ECs and perivascular cells to 
orient, interact, and organize into tubular structures. Studies have demonstrated that 
a stable vasculature could be achieved by cotransplantation of ECs and perivascular 
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cells, such as MSCs or SMCs [11, 12, 106, 116, 134]. Recent studies further 
showed that engineering a stable vascularized tissue construct required the tricul-
ture of ECs, fibroblasts, and tissue-specific cells, such as cardiac or skeletal muscle 
cells [26, 72, 116]. Perivascular cells, such as fibroblasts, stabilize the developing 
vascular tube through both physical support, by differentiating into v-SMCs and 
wrapping around the nascent tube [94] [189], and chemical support, by secreting 
Ang-1, PDGF-BB, and tissue inhibitor of metalloproteinase-3 (TIMP-3) [77, 79]. 
These perivascular cells are also responsible for laying down ECM components in 
early embryogenesis and continue to do so throughout adulthood. Many studies 
using fibroblast-derived matrices have further revealed the 3D complexity of these 
ECM networks [169–171]. A recent study by Soucy and Romer showed that 
fibroblast-derived matrix alone is sufficient to induce HUVECs to undergo vascular 
morphogenesis independent of any angiogenic factors. Further analysis of protein 
colocalization suggested that fibronectin with a distinct structure and organization 
was uniquely distributed among other secreted matrix components, such as colla-
gen, tenascin-C, versican, and decorin. Cell matrix adhesions and MT1-MMP 
activities were reported to orient and localize within this fibrous fibronectin, which 
is indicative of integrin-mediated vascular morphogenesis [156]. In fact, ECs 
initiate neovascularization by unfolding soluble fibronectin and depositing a peri-
cellular network of fibrils that serve as a structural scaffolding on a mechanically 
ideal substratum for vessel development [204].

The unique orientation, organization, and nanotopography of fibrous fibronectin 
represent features that can be integrated into synthetic scaffolds. Synthetic 
polymers, like PLGA and polycaprolactone (PCL), can be electrospun to produce 
various fiber sizes with micro- to nanoscale features that resemble fibrous 
fibronectin. We have previously shown that surface nanotopography enhanced the 
formation of capillary-like structures (CLSs) in  vitro [19]. Growing EPCs on 
grooves that were 600  nm wide reduced their proliferation and enhanced their 
migration without changing the expression of EC markers. Moreover, after 6 days 
of culture, the EPCs organized into superstructures along the nanogrooves, in 
significant contrast to the EPCs grown on planar surfaces (Fig. 7.2b). The addition 
of Matrigel further induced the formation of CLSs, with enhanced alignment, orga-
nization, and tube length compared to a flat surface (Fig. 7.2c). This underscores 
the increasingly important role of nanotopography in guiding and orienting vascular 
assembly. When integrated into the tissue-engineered construct – for instance, 
using filamentous scaffold geometry [60] and micropatterning [88, 135] [42] – the 
orientation and structure of the engineered vasculature can be controlled.

�Regulating Matrix Mechanics

It has become increasingly evident that the biomechanical properties of the ECM, 
such as matrix orientation and mechanics, profoundly influence the control of 
vascular morphogenesis. Due to its versatility and mechanical properties 
(e.g., cross-linking density, pore sizes, and topography), synthetic biomaterials 
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have powerful features that can be exploited to further direct vascularization. 
Changes in ECM mechanics can lead to focal changes in GF availability [31, 90], 
drive capillary morphogenesis [89], and stimulate angiogenesis in vivo [101]. By 
altering matrix adhesivity and mechanics, Ingber and Folkman illustrated how 
bFGF-stimulated ECs can be switched between growth and differentiation during 
angiogenesis [90]. Recently, biomechanical cues from the ECM and signals from 
GF receptors have been implicated as regulating the balance of activity between 
TFII-I and GATA2 transcription factors, which govern the expression of VEGFR2 
to instigate angiogenesis [128]. Matrix stiffness not only regulates the cell’s 
response to soluble GFs, but also cell morphogenesis during angiogenic sprouting. 
Primarily due to MMP activity, the tip of a new capillary sprout has been found to 
become thinner, locally degrading the basement membrane proteins. This region, 
with its high rate of ECM turnover and thin basement membrane, becomes more 
compliant and stretches more than the neighboring tissue. Consequently, the 
decrease in matrix stiffness changes the balance of forces across the cell integrin 
receptors, increases cell tension, and results in cytoskeletal arrangement to form 
branching patterns that are characteristic of all growing vascular networks [89].

The pioneering work by Deroanne et al. showed that a decrease of matrix stiffness 
increased capillary branching and the elongation of tubes. A reduced tension 
between ECs and ECM, accompanied by a profound remodeling of the actin–FAP 
complex, is sufficient to trigger an intracellular signaling cascade leading to tubulo-
genesis [41]. This observation has been further confirmed in collagen gels [41, 165], 
fibrin gels [174], self-assembling peptides [166], and HA-gelatin hydrogels [71].

Although ECM-based gels, such as collagen, fibrin, and Matrigel, have been 
widely used in angiogenesis assays, their inherent physical properties have limited 
their usage to study the effects of matrix mechanics on angiogenesis. The stiffness 
of ECM-based gels can be increased either by increasing their concentration, which 
also alters their ligand and fibril density [155], or by altering the cross-linking of 
ECM proteins in a narrow range using a microbial transglutaminase [201]. 
Therefore, examining the effects of matrix stiffness alone on angiogenesis requires 
the use of synthetic hydrogels, the stiffness of which can be easily adjusted over a 
wide range of moduli without altering other chemical properties. Unlike naturally 
available ECM-based gels, the elasticity of which is limited to their inherent cross-
linking density, synthetic HA-hydrogels can be used to study a physiological rele-
vant range of matrix elasticity [71]. When the cross-linking density of the 
HA-gelatin hydrogels was further reduced, the matrix elasticity became relatively 
compliant, resulting in an increase of capillary branching, elongated tubes, and 
enlarged lumen structures [71]. On a relatively compliant matrix, EPCs can produce 
fewer MMPs than a stiffer matrix would require and still degrade, exert mechanical 
tension on, and contract the matrix to enable vascular morphogenesis. On the other 
hand, on a stiffer matrix, EPCs must produce more MMPs to overcome the extra 
mechanical barriers; even then, this local decrease in substrate stiffness cannot 
support vascular morphogenesis (Fig. 7.3) [71]. This model also explains the rapid 
appearance of large functional vessels in granulation tissue as a response to the 
wound-healing mechanism [101].
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These studies underline the importance of engineering a tissue construct with the 
correct matrix stiffness to promote in vivo vascularization. However, investigating 
how matrix stiffness may affect in  vivo vascularization remains challenging 
due to the complexity of the system, which involves matrix remodeling, host 
capillary ingrowth, as well as anastomosis of the vascular construct. In vivo vascular 
ingrowth into Matrigel scaffolds was found to be optimal at intermediate matrix 
stiffness, in sharp contrast to the observed in vitro ingrowth [128]. Recent elegant 
work by Yoder’s research group also found that increasing the collagen concentra-
tion yielded stiffer scaffolds, which, in turn, promoted host capillary ingrowth 
in vivo. Compared to stiffer scaffolds, the softest scaffolds might have experienced 
excessive in vivo remodeling and failed to retain the vascular constructs. Moreover, 
in vitro angiogenesis studies have found that ECM-based gels produced a much 
narrower range of stiffness [36, 128] than synthetic hydrogels [71, 128, 166]. 
Future investigations are needed to evaluate vascularization by both the host 
capillary and the engineered vascular construct over a wider range of physiologi-
cally relevant matrix elasticities. Despite the differences in scaffold composition 
(ECM-based gels vs. synthetic hydrogels), culture conditions (in vitro vs. in vivo), 
assay type (2D vs. 3D), and ranges of matrix stiffness, all of these studies high-
lighted the relevance of engineering scaffolds with mechanical elasticity suited to 
the specific needs of tissue vascularization.

7.2.3 � The Effects of Oxygen Availability and the ECM

This section will consider O
2
 tension and the ECM as two interdependent factors 

determining the efficiency of vasculature formation. First, it will review currently 
available O

2
 measurement techniques and challenges, along with the mathematical 

modeling approaches used to overcome some of these challenges in describing O
2
 

gradients in 3D environments. Then, the second part will discuss cellular adapta-
tions and responses to O

2
 availability in 3D ECM constructs and the possible out-

comes of variations in O
2
 distribution in 3D cultures of vascular cells.

7.2.3.1 � Varying Oxygen Tensions in the ECM of Tissue and Matrix 
Scaffolds: Measuring and Modeling

�Oxygen Measurement Techniques and Challenges

Manipulation of oxygen in order to direct pluripotent or vascular cells to form 
blood vessels requires knowing the precise O

2
 tension that the cells are exposed to 

under varying conditions. Many different O
2
 measurement techniques have been 

used in vitro and in vivo. The accuracy of these measurements is fundamental to 
describe the cellular responses under various O

2
 availabilities, as well as to controlling 

the O
2
 tension in order to direct angiogenesis/vasculogenesis. An O

2
 measurement 



148 H.E. Abaci et al.

method needs several properties to be considered superior, including accuracy, 
sensitivity, repeatability, rapidity, and noninvasiveness. Although some methods are 
used more commonly in a broader range of applications, no “gold standard” exists 
for all applications, since the method chosen usually depends on the purpose of the 
measurement. In vivo O

2
 measurements can be divided into two main categories 

(1) direct measurements, where the concentration or the partial pressure of O
2
 is 

directly measured and (2) indirect measurements, where levels of O
2
-indicative 

molecules (e.g., hemoglobin, cytochrome) are detected and correlated to relative O
2
 

concentrations.
The most common direct measurements are electrodes, phosphorescent probes, 

electron paramagnetic resonance (EPR) oximetry, and nuclear magnetic resonance 
(NMR). Some of the indirect measurement methods involve monitoring of 
hemoglobin/myoglobin, mitochondrial cytochromes, and NADH/FADH [172]. 
Springett’s paper thoroughly reviews the benefits and limitations of the most recent 
methods [172].

In addition, in vitro studies have applied these currently available methods to 
monitor O

2
 levels quantitatively, such as by measuring O

2
 tensions at the cellular 

level in 2D monolayer cell cultures or O
2
 gradients in 3D gels or scaffolds. Two 

major methods used to measure O
2
 levels during in vitro cultures are polarographic 

and fluorescence quenching techniques. The latter has been shown to surpass the 
polarographic technique, which consumes O

2
 during the measurements [162]. 

When the implemented measurement technique, like the polarographic technique, 
consumes O

2
, it more likely generates even greater inaccuracies and leads to incor-

rect conclusions in low O
2
 environments, as occurred in the studies investigating the 

effect of hypoxia in 3D scaffolds [28, 99, 117]. Fluorescence quenching technology 
is available both for invasive applications, using a electrode probe with a very thin 
(approximately 5 mm) tip, and for noninvasive applications, using a sensor patch 
composed of a ruthenium-based metal complex that can be excited by an external 
fluorescent light source.

�Modeling Oxygen Transport in Tissues

The limitations of the measurement techniques, caused mostly by the difficulties in 
measuring spatial O

2
 concentrations in tissues or scaffolds, raise a need for predic-

tive mathematical models. Transport of O
2
 in vivo is controlled by several param-

eters; such as the blood flow rate; the degree of vascularization in the tissue; the 
physiological distance of the cells from the microvasculature; and, depending on 
cell type, the cells’ rate of O

2
 consumption. These factors affect O

2
 distribution in 

the tissue, and some can also have an impact on O
2
 transport in 3D in vitro cultures 

of pluripotent or vascular cells. Additional factors that in  vitro studies should 
consider are the geometry of the scaffold, the available surface area for O

2
 transport 

from the environment to the system, and controlled dissolved O
2
 levels in the 

culture media.
In general, fundamental mathematical models estimating O

2
 distribution in 3D 

constructs can be classified into (1) static models, where O
2
 is only transported via 
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diffusion and (2) dynamic models, where convective transport of O
2
 is also incor-

porated using such perfusion systems as microfluidic devices or microcirculation in 
the tissues.

�Static Models

In tissues cultivated under static conditions within scaffolds using different types of 
biomaterials, spatial O

2
 concentration can be described with a one-dimensional (1D), 

unsteady-state species continuity equation:

	
2

2 2
2 2

O O
O

C C
D R

t z

∂ ∂
= −

∂ ∂
	 (7.1)

where C
O2

 is the spatial O
2
 concentration in the scaffold changing with time (t) and 

axial position (z), D
O2

 is the diffusion coefficient of O
2
 in the scaffold material, and 

R is the oxygen consumption rate of cells. This form of the transport equation has 
been used in many studies attempting to predict the O

2
 gradients in 3D scaffolds 

[22, 62, 112]. The equation implies that O
2
 changes both with time and depth while 

being consumed by the cells as it diffuses from the environment into the scaffold. 
Boundary conditions, which are critical for O

2
 distribution, depend on the O

2
 equi-

librium between the environment (media/air) and the boundaries of the scaffold. 
Therefore, for a 3D scaffold with a depth of L and open boundaries from both sides, 
the boundary conditions can be given as follows:

	 = = =2 2At 0 and , O Oz z L C SP 	 (7.2)

Thus, the solubility (S) of O
2
 in the scaffold material is one of the determining 

parameters of O
2
 distribution. Although the diffusion coefficient can also be 

considered a critical factor in relatively stiff scaffolds of the sort usually used for 
cartilage and cardiomyocyte tissues [22], it has been shown to be less significant 
for the natural hydrogel scaffolds commonly used for vascular tissues, such as 
collagen and HA. For instance, the diffusion coefficient of O

2
 in collagen gels was 

found to be 99% of that in water [68]. Therefore, modeling studies usually assumed 
that it has the same O

2
 diffusion coefficient as water or cell media (3.3 × 10−5 cm2/s at 

37°C) [127]. The consumption rate of O
2
 (R) given in (7.1) is a function of both C

O2
 

and r
cell

 and is governed by the Michaelis–Menten equation, which states that the O
2
 

uptake rate of each cell increases with O
2
 availability, reaching a maximum V

max
:

	 r=
+

2

2

max O
cell

m O

V C
R

K C
	 (7.3)

where K
m
 is the O

2
 concentration at which the O

2
 uptake rate is half of its maximum 

value and r
cell

 is the cell density as a function of time and position. Different groups 
have reported V

max
 and K

m
 parameters of many vascular cell types at various cell 

seeding densities [63, 133]. For example, the V
max

 and K
m
 of HUVECs, at a density 

of 1 × 106 cells/ml, are found to be 22.05 ± 1.92 (pmol s−1 10−6 cells) and 0.55 ± 0.02 
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(mM), respectively [63]. It should be noted that these parameters are estimated as 
to mitochondrial consumption of O

2
. However, as already discussed, ECs also 

consume O
2
 for ROS production, and the theoretical models should also take this 

additional O
2
 consumption into account by, for example, including a linear correla-

tion in the O
2
 consumption rate equation (7.3). Besides, all estimations of the V

max
 

and K
m
 parameters for the O

2
 consumption of different cell types are carried out in 

2D cultures. The literature currently lacks studies investigating whether or not, 
depending on the composition of the extracellular matrix, encapsulating cells in 3D 
gels changes their consumption of O

2
.

Vascular cells proliferate/die, migrate, and assemble during 3D cultivation, 
which affects their spatial and temporal density and, therefore, O

2
 distribution. 

Models developed for 3D cultures of cardiomyocytes take into account the cellular 
proliferation and changes in the dimensions of the cells during nutrient transport in 
scaffolds [61, 62]. However, we need more detailed models that consider how capil-
lary formation affects O

2
 transport to achieve more reliable estimations of spatial 

O
2
 concentration. Tube formation and the networking of ECs in 3D gels have been 

simulated by more complicated numerical models [37, 114], although the effects of 
O

2
 concentrations on tube formation dynamics still need to be incorporated.

�Dynamic and In Vivo Models

The models used for static cultures in 3D scaffolds can also be used to describe O
2
 

distributions in vivo when combined with a fluid perfusion model that considers the 
convective O

2
 transport to the tissues. The velocity profile of a fluid in capillaries 

or in an engineered microchannel system can be calculated using the simplified 
Navier–Stokes equation with cylindrical coordinates given for a laminar, one-
dimensional, steady-state, and fully developed flow of an incompressible fluid:

	 m
  

=     

1 zdVdP d
r

dz r dr dr
	 (7.4)

where P is the total pressure in the fluid changing in an axial direction, m is the 
viscosity of the fluid, and V

z
 is the axial velocity of the fluid changing in a radial 

direction. After estimating the blood velocity profile, the species continuity equa-
tion, which involves both diffusive and convective transport of O

2
, can be used to 

obtain the O
2
 distribution inside the capillary or microchannel:

	  ∂ ∂ ∂∂  = +   ∂ ∂ ∂ ∂ 

2
2 2 2

2 2

1BloodO O O
z O

C C C
V D r

z r r r z
	 (7.5)

The technical difficulties of making quantitative O
2
 measurements in BM have led 

many researchers to develop mathematical models to describe BM O
2
 distribution 

[32, 109, 110]. Additional parameters that need to be considered in vivo are the 
vascularization of the tissue and the transport of O

2
 via hemoglobin proteins, making 

the concentration of hemoglobin another essential factor for determining the 
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oxygenation of the tissue. Studies take these additional factors into account using 
the following equation:

	 ∂   ∇ = + ϕ   ∂
2

2 2 2 O2
j j j

O O z OD C V C N
z

	 (7.6)

The superscript j denotes each sinusoid/arteriole around the BM. N is the O
2
 carrying 

capacity of the blood and ϕ 
O2

 is the concentration of O
2
 bound to hemoglobin, 

which depends on the plasma O
2
 concentrations [148]. Finally, spatial and temporal 

C
O2

 in tissue can be estimated in a similar manner to the in vitro models, using (7.1) 
incorporated with the continuity of fluxes assumption at the ECM-vessel interface 
as a boundary condition.

7.2.3.2 � Targeted Cellular Responses to O2 Availability in Matrix Hydrogel

Engineering vascular tissues in 3D ECM is orchestrated with the proliferation, 
apoptosis, migration, activation, and assembly of vascular cells or precursor cells 
inside the construct. As discussed in the previous section, the composition of the 
biomaterial used to encapsulate the cells is critical for cellular fate and vessel for-
mation. In addition to the effects of chemical and physical properties of the ECM 
material on blood vessel formation, temporal and spatial levels of O

2
 and other 

nutrients are also crucial for various targeted cellular responses. A number of studies 
have investigated the effects of matrix content and stiffness on angiogenesis/vascu-
logenesis [89], and many others have proposed using different types of biosynthetic 
materials to develop more precise blood vessels [6, 123]. However, only a few studies 
have highlighted how O

2
 gradients occurring in the matrix contribute to the angio-

genic process [75, 139, 145]. The availability of O
2
 and other nutrients decreases at 

the center of the gel compared to the peripheries, especially due to the requirements 
of high cell seeding density for vascular tissue generation or repair. Hence, cells 
that reside along different layers of the matrix respond differently to the nonuni-
form distribution of O

2
 and nutrients. For primary vascular cells to form blood 

vessels, they require survival, activation, and the induction of angiogenesis by GFs, 
cell signaling, and regression. All of these responses, necessary for blood vessel 
formation, are controlled by ECM properties, as well as by O

2
 availability. 

Therefore, the influences of both the ECM and dissolved O
2
 distribution should be 

considered simultaneously.
Cell assembly and tube formation in the ECM require a sufficient cell density. 

Deprived of O
2
 and nutrients, vascular cells can undergo apoptosis or necrosis [17]. 

These two cellular death mechanisms should be distinguished, since apoptosis has 
been shown to contribute to the process of angiogenesis at any O

2
 tension, whereas 

necrosis usually results in the collapsing and deformation of tubes [160]. In order 
to prevent cellular necrosis during 3D vascular cell cultures, the critical issues to 
consider are the permeability of the ECM material to O

2
 and glucose, the cell seeding 

density, and the thickness of the gel. Thus, cell seeding density is constrained by an 
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upper limit, above which the cells undergo necrosis due to nutrient deprivation, and 
a lower limit, below which the cells cannot assemble sufficiently to form tube-like 
structures. Both limits depend on the equilibrium O

2
 levels in the environment.

The cells may also die as a result of apoptosis after their encapsulation in the gel. 
Interestingly, some groups have demonstrated that programmed cellular death is 
necessary for angiogenesis/vasculogenesis [160]. Segura et al. having studied tube 
formation of ECs in both 2D Matrigel and 3D collagen, concluded that a consider-
able number of cells undergoes apoptosis at the initial stages of cultivation and that, 
once angiogenesis is induced and tube formation has started, no further apoptosis 
occurs throughout the process. Inhibition of proapoptotic proteins has been shown 
to correlate with defective tube formations, suggesting that apoptosis is important 
for avoiding imperfections during blood vessel growth. Hypoxia, as already discussed, 
induces angiogenic responses and also regulates proapoptotic gene expressions. 
Thus, spatial variations in O

2
 levels may alter the apoptotic responses in the gel and 

therefore regulate vascular tube morphogenesis.
MMPs are promoted by integrin–ligand interactions between cells and the ECM, 

leading to the degradation of the ECM and facilitating the migration of the cells [66]. 
It is hypothesized that ECM fragmentation orchestrated by the secretion of MMPs 
can mediate caspase activity through the rebinding of ECM protein fragments to 
unligated integrins, namely death receptors [29]. Therefore, the survival of ECs 
depends on the balance between cell survival promoters, such as FAK, Src, and Raf, 
and cellular apoptosis promoters, such as caspase 8 and caspase 3. Hypoxia may 
again play a critical role here, affecting both sides of the equilibrium by upregulating 
MMPs and VEGF at the same time [17, 75]. Hypoxia, accompanied by nonuniform 
distribution of O

2
 throughout the gel, can result in spatial differences of cellular 

viability, which may subsequently disrupt vascular networking.
Overall, blood vessel growth requires remodeling of the ECM, which is based on 

two distinct mechanisms (1) degradation of the ECM by secreted proteases and (2) 
production of new ECM to support the invading vasculature. Many studies have 
shown that hypoxia can regulate the degradation, maintenance, and synthesis of the 
ECM [47, 147]. ECM degradation is important for cellular migration and blood vessel 
invasion of tissue. MMPs, as mentioned above, are a major family of proteinases that 
participate in the process of degrading the ECM during angiogenesis. In particular, 
MMP-2 and MMP-9, both members of the gelatinase subgroup of MMPs, have been 
shown to contribute to the process of angiogenesis [69]. MMP-2 secreted by the cells 
is activated through membrane MT1-MMPs where the activation can be avoided in 
the presence of tissue inhibitor of MMP-2 (TIMP-2) at high levels [81]. Furthermore, 
hypoxia was shown to influence the expression of MMP-2, as well as of MT1-MMP 
and TIMP-2, in ECs [17]. Lahat’s group has demonstrated the upregulation of MMP-2 
expression in hypoxic (0.3% O

2
) cultures of HUVECs, whereas MT1-MMP and 

TIMP-2 are downregulated, enhancing migration and tube formation [17].
ECM degradation is accompanied by ECM production and the secretion of cells. 

Once the quiescent state of the ECs composing the blood vessel walls is perturbed 
and angiogenesis is induced, ECs start to proliferate and invade the neighboring 
ECM by using proteinases. At the same time, they start to remodel the existing 
ECM by synthesizing new ECM. In healing wounds, ECs produce transitional 
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ECM proteins, including fibrinogen and fibronectin, and temporarily deposit them 
in the ECM in order to provide available ligands during vessel growth [29]. 
Moreover, ECs also produce such matricellular proteins as tenascin C and SPARC 
in the ECM to mediate angiogenesis [29]. Clearly, the new ECM synthesis of cells 
is crucial for angiogenesis, and hypoxia, through HIF1a, has been shown to regu-
late the expressions of many different types of ECM proteins [137]. For example, 
many in vivo and in vitro studies have shown that hypoxia enhanced the synthesis 
of collagen, the most abundant protein in mammalian tissues [18, 85, 180].

Moreover, proliferation of the cells during angiogenesis/vasculogenesis in 3D 
scaffolds is regulated by beta fibroblast growth factor (bFGF) and VEGF, which are 
known to be hypoxia-dependent proteins [145]. In most studies focusing on the 
vascularization of 3D scaffolds, both GFs are broadly used as soluble factors that 
supplement cell growth medium to induce proliferation and migration [105, 158]. 
In addition, Shen et al. have demonstrated that immobilization of VEGF into a 3D 
collagen scaffold promotes EC viability, proliferation, and vascularization [163]. 
VEGF has been shown to promote blood vessel formation not only by inducing 
cellular proliferation and migration but also by directly regulating elongation and 
capillary networking in 3D ECM constructs deprived of O

2
 and nutrients [75]. 

Helmlinger et al. used a sandwich system to seed HUVECs inside a collagen gel 
[75]. The transfer of O

2
 and nutrients was accomplished with only simple diffusion 

through the edges of the collagen, so that O
2
 and nutrient levels decreased toward 

the center. They found that, in a short time period (about 9  h), VEGF intensity 
increased in the interior regions deprived of O

2
, which correlates well with cell 

elongation and branching. VEGF promoted capillary networking independently of 
proliferation, highlighting the role of autocrine VEGF in the reorganization of vas-
cular networks in hypoxic regions of solid tumors. Another study focusing on 
quantitative measurements of O

2
 gradients in 3D collagen has also shown that 

increased VEGF concentrations correlated well to decreasing O
2
 levels throughout 

the 3D constructs during a 10-day period of cultivation [28].
A few studies, considering the induction of angiogenesis by hypoxia in 3D scaf-

folds, have emphasized that lowering the O
2
 tension in 3D gels improved the cellular 

branching and tube formation of ECs [139, 145]. A growing body of publications 
have both investigated the influence of the ECM composition on angiogenesis/vascu-
logenesis and suggested the crucial roles of hypoxia in blood vessel formation. In 
addition, the evidence discussed above is sufficient to suggest that the ECM composi-
tion and O

2
 tension are two coupled factors that need to be taken into account concur-

rently when developing and repairing vascular tissues in 3D microenvironments.

7.3 � Future Directions

Understanding the simultaneous effects of the ECM and O
2
 tension on the pro-

cesses of angiogenesis/vasculogenesis will enable researchers to control these 
two factors and thereby to manipulate cellular responses in desired directions. 
Recent developments in many different fields of research, such as smart biomaterials 
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and microfluidics, could make possible the design and construction of novel 
in  vitro microenvironments for cells. Smart biomaterials have been developed 
that can dynamically respond to external stimuli, such as light [65], pH [142], 
temperature [179], and cytokines [103]; these materials can truly mimic the 
complexity of a native ECM environment. The ability to control the physical 
and chemical properties of the gels at different spaces and times will provide 
better control over different stages of angiogenesis. Light-sensitive hydrogels 
can be used to create biomaterials with distinct cross-linking densities to 
promote and inhibit cell spreading and migration [100], which, in turn, can be 
used to pattern complex vascular networks. Since vascular morphogenesis is 
sensitive to tissue stiffness [41, 71], orientation [19], and polarity [33, 120], 
researchers could also induce vascular assembly into a tube by creating elasticity, 
GFs, and an oxygen gradient along the 3D scaffold [122]. The recent invention 
of photodegradable hydrogels, whose mechanical and chemical properties are 
controllable during the timescale of cellular development [102], could, in turn, 
be useful to promote various stages of vascular assembly. On the other hand, 
creating smart biomaterials that can shrink, swell, or degrade in response to 
oxygen tension would also be desirable to prevent the formation of anoxic 
regions inside the gels. Controlled regulation of O

2
 gradients inside the con-

structs could also be beneficial to explain various phenomena that take place in 
the body, such as EPC regeneration in the BM, where the O

2
 gradient plays a 

critical role in differentiation and migration dynamics.
Figure 7.4 illustrates two proposed approaches for controlling oxygen distri-

bution and ECM properties. One possible solution to the problem of regulating 
O

2
 gradients inside the gel would incorporate microfluidic technology [52, 107, 

133, 183]. Although this approach provides better O
2
 control over 3D microen-

vironments, we must still address the problem of the spatial variations in O
2
 levels 

throughout the gel due to the cells’ O
2
 consumption. Advancements in microfluidic 
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Fig. 7.4  Controlling ECM and O
2
 in vitro by (a) 3D gel prepared around a microtube supplying 

O
2
 (insert: white arrows indicate oxygen transport; blue arrows indicate the direction of airflow); 

(b) microencapsulated O
2
 carriers, such as PFCs, embedded within 3D gel. Drawing not to scale
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technology could also enable spatial O
2
 control over 3D microenvironments; for 

instance, the gel could be prepared around a microtube, which would then be 
used to supply O

2
 by flushing growth media containing a desired amount of O

2
 

(Fig. 7.4a). Hence, different O
2
 gradients could be generated via the manipula-

tion of O
2
 concentrations in the outside environment and inside the microtube.

Another method for controlling and improving O
2
 transport in the gel would 

microencapsulate O
2
 carrier liquids, such as perfluorocarbons (PFCs). Due to their 

high capacity to dissolve O
2
, PFCs have been used as a blood replacement to 

improve O
2
 delivery to tissues [92, 151]. Based on the high oxygen-carrying capacity 

of PFCs, Radisic et  al. [151] have developed a PFC-perfused system to supply 
sufficient levels of oxygen to 3D cardiomyocyte cultures. A study by Chin et al. 
[30] made a similar attempt, developing hydrogel–PFC composite scaffolds to 
improve oxygenation throughout the gel. In a similar manner, taking advantage of 
the high O

2
 solubility of PFCs, controlled release of O

2
 in 3D microenvironments 

could be improved via microencapsulation of PFCs (Fig. 7.4b).
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8.1 � Introduction

The formation of new blood vessels through angiogenesis is a universally 
recognized hallmark of cancer that promotes tumor aggressiveness in various ways 
[1]. Historically, it was believed that tumors recruit blood vessels to meet their 
increasing nutrient and oxygen (O

2
) demands and to remove the resulting metabolic 

waste products [2]. However, more recently, it has become clear that the newly 
formed vascular channels also serve as conduits for host cells (e.g., bone-marrow-
derived endothelial and hematopoietic progenitor cells), soluble signaling factors, 
and cancer cells, which collectively promote further tumor growth and metastasis 
[1]. Additionally, the tumor vasculature also plays a critical role in the success of 
anticancer therapies. While perfusion processes are necessary for uniform distribu-
tion of therapeutic agents throughout the tumor mass, the aberrant and leaky nature 
of tumor vessels frequently precludes efficacious drug delivery [3]. As such, the 
field of cancer biology is heavily invested in resolving the biological and physical 
contributions that culminate in tumor angiogenesis.

The observation that tumor microenvironments are characterized by newly 
infiltrated blood vessels was first established over a century ago [4], and the con-
cept to inhibit this process by antiangiogenic strategies has been explored for nearly 
four decades now [5]. The most widely investigated avenue of antiangiogenic 
therapy targets vascular endothelial growth factor (VEGF), a secreted protein factor 
that is upregulated in most cancers in response to decreased tissue O

2
-tension (i.e., 

hypoxia) [6]. Following secretion, VEGF is sequestered within the extracellular 
matrix (ECM) and drives tumor angiogenesis by regulating the behavior of 
endothelial cells (i.e., the cells lining blood vessels) in a spatially and temporally 
controlled manner [7]. In hopes of thwarting angiogenesis, and hence tumor 
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growth, a variety of therapeutic agents have been developed that directly (e.g., 
VEGF-blocking antibodies) or indirectly (e.g., inhibitors of matrix-degrading 
enzymes that block the cell-demanded liberation of VEGF from its ECM depots) 
inhibit VEGF signaling [8–11]. However, despite their therapeutic promise, clinical 
trials involving these agents have revealed varied efficacy [2] – and in some 
instances have even promoted tumor growth and metastasis [12, 13]. Furthermore, 
antiangiogenic therapies are typically associated with considerable side effects, 
ranging from musculoskeletal pain and inflammation to direct drug toxicity 
[8, 14–16]. Gaining an improved understanding of the mechanisms and effects of 
tumor angiogenesis will be critical to advance current antiangiogenic therapies and 
enhance their overall clinical benefit for patients.

Three-dimensional (3D) microenvironmental conditions are critical to human 
tumor growth in general and angiogenesis in particular; however, conventional 
in vitro and in vivo approaches are limited in their ability to accurately recapitulate 
these environmental scenarios. The unique tumor microenvironment, including 
cell–cell and cell–ECM interactions, as well as spatiotemporal fluctuations in 
mechanical forces, nutrient gradients, and O

2
, is considered to be an essential com-

ponent of tumor survival and progression [1, 17]. These variables are difficult to 
control and measure in animals, and furthermore, mouse models of cancer fail to 
faithfully represent the phenotype or progression of human disease [18]. While 
two-dimensional (2D) culture approaches allow for the systematic dissection of 
cellular and molecular signaling pathways, these approaches are unsuccessful in 
recapitulating the complexity of the environment that influences tumor angiogen-
esis. For example, tumor cells grown in conventional 2D monolayer culture exhibit 
a vastly different proangiogenic profile as compared to the same cells maintained 
in vivo or cultured within a 3D tumor model [19]. The ability to precisely control 
cell–microenvironment interactions in a pathologically relevant context makes 3D 
culture models particularly attractive for studying tumor angiogenesis. Original 3D 
designs, including gel-based systems as well as spheroid cultures, have signifi-
cantly improved our understanding of cell–microenvironment interactions [20, 21], 
but new 3D engineering-based models offer new inroads to specifically address 
limitations of these early prototypes.

This chapter discusses the role of cell–microenvironment interactions in tumor 
angiogenesis and highlights specific engineering approaches that will likely 
advance our knowledge of underlying signaling mechanisms and their effects. As a 
model, we review the impact of VEGF and chemokine signaling (in particular, 
interleukin-8 [IL-8]) on tumor vascularization and discuss a subset of microenvi-
ronmental conditions that modulate the signaling transduced by these proangio-
genic factors. Specifically, we address the impact of cell–cell and cell–ECM 
interactions, as well as mechanical stimuli and environmental stress (i.e., hypoxia 
and acidosis). A short overview of the underlying biology precedes the description 
of engineering approaches for these individual design parameters (Fig. 8.1). Lastly, 
we provide an outlook for future studies of angiogenesis that may further our 
understanding of the events involved in this process, with the hope of broadening 
the therapeutic spectrum of antiangiogenic therapies.
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8.2 � Concepts in Tissue Engineering and Tumor Angiogenesis

8.2.1 � Biomaterial Systems for Engineering-Based  
Investigations of Angiogenesis

Biomaterials describe artificial ECMs that can serve as readily adaptable platforms 
to develop engineering models of tumor angiogenesis. These platforms can be fab-
ricated into drug delivery and cell culture matrices that simulate specific biological 
and physicochemical interactions present in the tumor microenvironment in vivo. 
The biomaterials that are typically employed for this purpose are polymeric in 
nature and can be processed into 2D and 3D substrates. While the microarchitecture 

Fig.  8.1  Recreation of tumor microenvironmental conditions by engineered model systems. 
(a) Microfluidic channels embedded in hydrogel scaffolds can be used to mimic spatiotemporal 
gradients of soluble factors contributing to tumor angiogenesis (Modified from [19]). (b) Modification 
of nonadhesive polymers (e.g., alginate) with adhesion peptides (e.g., RGD) enables studies of the 
angiogenic capacity of tumor-residing cells in response to cell–ECM interactions. (c) Modulation 
of hydrogel stiffness (e.g., RGD-alginate) via adjusting the cross-linking density allows to evaluate 
the role of matrix-derived mechanical cues that, for example, regulate cell morphological changes 
during tumor angiogenesis (Modified from [34]). (d) 3D culture of tumor cells within porous 
PLGA scaffolds recreates hypoxic niches as typical of tumors in vivo (Modified from [47]). 
(e) Micropatterning of differently sized fibronectin features with Parylene templates makes it 
possible to study the angiogenic phenotype of cells cultured individually or in the presence of 
direct cell-to-cell contact (Modified from [88])
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of 3D polymeric scaffolds offers a more realistic context for in vivo-like growth 
conditions, 2D systems are sometimes preferable as they permit defined studies at 
the single cell level, which can be readily imaged.

Biomaterials used for engineering-based study of tumor angiogenesis can be of 
synthetic and natural origin [22, 23]. Synthetic polymers offer the advantages of 
simple customization and manipulation of material properties and are easily fabri-
cated and readily available. On the other hand, natural polymers are typically more 
cytocompatible and often contain cell-adhesion peptides necessary for cell–material 
interactions [22, 24]. However, natural biomaterials are subject to batch-to-batch 
variability and limited by the extent to which physicochemical properties can be 
modulated [22, 23]. Commonly used natural polymers include collagen [24–27], 
fibrin [28], chitosan [24], alginate [29], and Matrigel™ [19, 30], while poly(glycolic 
acid) (PGA), poly(lactic acid) (PLA), and their copolymers (PLGA) are the most 
widely used synthetic polymers (Fig. 8.2). These polyesters are FDA-approved and 
are considered biocompatible [31, 32]. When placed in an aqueous environment, 
the otherwise water-insoluble materials degrade through hydrolysis, yielding natu-
rally occurring metabolic by-products (lactic and glycolic acids). Both natural and 
synthetic polymers can be processed into different substrates for scaffold 
engineering.

Hydrogel-based systems exhibit structural similarity to the macromolecule-
based ECM of many tissues and can be incorporated into in  vivo studies using 
minimally invasive approaches (e.g., injection with syringe). They are amenable to 
encapsulation of cells and other bioactive molecules such as growth factors or 
chemokines [29, 33, 34], and their mechanical characteristics can be easily con-
trolled by varying cross-linking density. Synthetic materials used to form hydrogels 
most often include derivatives of poly(ethylene glycol) (PEG). Despite offering 
suitable physical and chemical properties, PEG-based materials may be limited 

Fig.  8.2  3D culture of cancer cells within porous PLGA scaffolds. Oral squamous cell 
carcinoma cells seeded into porous PLGA scaffolds (left, scanning electron micrograph, scale bar 
250 mm) develop into 3D tumor tissues with histological characteristics (middle, hematoxylin and 
eosin [H&E] staining, scale bar 100 mm) that closely resemble tumors formed by the same cells 
in  vivo (right, H&E staining, scale bar 100 mm). Asterisk denotes fragments of PLG scaffold 
(Modified from [19])
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with regard to their biocompatibility and biodegradability. Instead, hydrogels 
formed from naturally derived polymers may provide highly biocompatible vehi-
cles and can be fabricated from collagen, hyaluronic acid, and fibrin [20]. Alginates 
represent another class of naturally derived materials, which are widely used given 
their biocompatibility, low toxicity, relatively low cost, and gentle gelling proper-
ties [20]. Alginates are linear polysaccharide copolymers extracted from seaweeds 
and consist of (1–4)-linked beta-d-mannuronic acid (M) and alpha-l-guluronic acid 
(G). Gelation occurs in the presence of divalent cations (e.g., Ca2+), which ionically 
cross-links the carboxylate groups in the poly-G blocks.

Alternatively, porous scaffolds made from solid polymers often serve as cell 
carriers to study angiogenesis. These systems provide structural support for 3D cell 
proliferation and tissue formation and are easy to handle due to their inherent dura-
bility. In order to facilitate functional tissue formation, the porosity of these scaf-
folds can be adjusted by using different scaffold fabrication techniques. For 
example, processing synthetic materials such as PLGA via particulate leaching 
[19, 29, 35], phase separation [36], or rapid-prototyping [37] approaches results in 
highly porous structures that ensure adequate nutrient and O

2
 transfer (Fig. 8.2). 

Alternatively, electrospinning [38–40], which uses high voltages to draw polymers 
into fibers, can be applied to yield solid polymer scaffolds from materials ranging 
from synthetic PLGA to natural collagen. While electrospinning recreates the 3D 
fibrillar characteristics of the ECM, it typically prevents cellular invasion into 
deeper scaffold layers due to small pore size resulting from the electrospinning 
process.

8.2.2 � Working Model of Tumor Angiogenesis

Angiogenesis is a complex process that is initiated by activation of an angiogenic 
switch and subsequently regulated by the multifaceted interplay between numerous 
cell types and protein factors (Fig. 8.3). In healthy patients, pro- and antiangiogenic 
factors are well balanced to maintain blood vessel homeostasis, but during tumori-
genesis, an imbalance of proangiogenic factors leads to the activation of vessel-
promoting signaling cascades [1, 2]. As a result, endothelial cells are recruited from 
neighboring blood vessels to the tumor, where they degrade the former vessel base-
ment membrane (BM) to allow for subsequent rearrangement, proliferation, and 
migration into the adjacent ECM [41]. In normal tissues, the resulting new blood 
vessels are stabilized through recruitment of and association with mural cells (e.g., 
smooth muscle cells and pericytes), which halt the angiogenic process and stabilize 
the vasculature. However, this process is compromised during tumor angiogenesis 
due to the relative lack of vessel-stabilizing factors (e.g., angiopoietin-1 [Ang-1], 
platelet-derived growth factor [PDGF]) [42, 43], ultimately contributing to 
perpetual angiogenesis and dysfunctional vessel morphology.

While angiogenesis specifically refers to the formation of new blood vessels 
from local depots of preexisting endothelial cells, vasculogenesis also plays an 
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important role in tumor neoperfusion. Vasculogenesis is characterized by 
de  novo formation of blood vessels via the recruitment of circulating cells that 
originate from the bone marrow (Fig.  8.3). These cells are activated and 
released into the circulation in response to tumor-secreted soluble factors. In 
particular, bone-marrow-derived endothelial progenitor cells (EPCs) have the 
capability to differentiate into endothelial cells and to assemble into blood vessels. 
In addition, myeloid cells are attracted to perivascular regions of the tumor, and this 
engagement contributes to increased tumor growth and perfusion. However, the rate 
at which EPCs associate with tumor vessels is relatively rare, and it has been 
suggested that the role of these cells in tumor vascularization is related to their 
secretion of proangiogenic molecules rather than their contribution to de  novo 
neovascularization [44]. Therefore, EPCs assume a critical role in the formation of 
new tumor vasculature; however, their participation may be biased toward soluble 
signaling cues that promote angiogenesis.

To gain a more comprehensive and mechanistic understanding of tumor vascu-
larization, it is paramount to elucidate the molecular underpinnings that shift 
homeostasis to favor angiogenesis. To this end, qualitative and quantitative analysis 
of the dynamic and functional relationship between cellular interactions (e.g., 
cell–ECM interactions, cell–cell contact), physical alterations (e.g., local differences 
in tumor O

2
 tension, mechanical effects, transport phenomena), and chemical pro-

files (e.g., spatiotemporal changes in growth factors, cytokines) will be essential.

Fig. 8.3  A working model of tumor-mediated angiogenesis. (a) The increased metabolic demand 
of proliferating cancer cells exceeds the oxygen supply (blue circles) mediated by neighboring 
host vessels. This creates gradients of hypoxia in the tumor microenvironment and leads to the 
upregulation of proangiogenic factors, including vascular endothelial growth factor (VEGF) and 
interleukin 8 (IL-8). (b) These factors stimulate neovascularization by destabilizing adjacent ves-
sels, activating endothelial cells (EC), and recruiting circulating endothelial progenitor cells 
(EPC). Simultaneous secretion of proteolytic enzymes from the tumor stroma including matrix 
metalloproteases (MMPs) stimulates the rearrangement of the ECM to allow for tube formation 
by ECs and EPCs. (c) Neovascularization of the tumor environment improves oxygen and nutrient 
delivery to the existing tumor cells, allowing tumor growth and metastasis
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8.3 � Review of Work: Biological and Engineering 
Considerations of Tumor Angiogenesis

Cell–microenvironment interactions typically support large-scale tissue homeostasis 
under normal conditions; however, during tumorigenesis, these interactions become 
perturbed and contribute to dysfunction. It has become increasingly clear that mul-
tiscale perturbation of the tissue, cellular, and molecular interactions not only influ-
ences tumor and endothelial cells but also affects the behavior of secondary host 
cell types (e.g., stromal cells and EPCs). Hence, the integrated effects of these 
variations and their role in instigating the angiogenic switch and subsequent forma-
tion of vessels need to be considered to improve the clinical efficacy of current 
antiangiogenic treatments, as well as to develop new therapeutic strategies.

8.3.1 � Soluble Cues

8.3.1.1 � Biological Perspective

The imbalance of environmental cues driving angiogenesis occurs when tumors 
upregulate multiple proangiogenic factors that ultimately promote tumor growth, 
progression, and metastasis. These secreted molecules include growth factors, 
chemokines, or small peptides (e.g., VEGF, IL-8), which act both locally and sys-
temically to drive angiogenesis. Specifically, proangiogenic factors mediate local 
effects by altering tumor and host cell responses via autocrine and/or paracrine 
signaling, while endocrine effects aid in the recruitment of additional cell types 
(e.g., bone-marrow-derived EPCs) that can participate in neovascularization either 
by directly integrating in the vasculature or by secreting a chemical environment 
that further stimulates the formation of the tumor vasculature [44]. Of the myriad 
factors that contribute to angiogenesis, both physiologically as well as in the con-
text of tumor growth, VEGF is the best characterized and most widely investigated. 
However, more recently, the chemokine IL-8 has received increasing attention 
because of its direct and indirect roles in tumor angiogenesis and its upregulation 
in response to VEGF-inhibiting therapies [45].

�Vascular Endothelial Growth Factor

The VEGF family consists of multiple isoforms; however, the 45  kDa homolog 
VEGF-A (subsequently referred to as VEGF) is commonly considered the most 
important for tumor angiogenesis and is therefore the focus of this chapter. VEGF 
expression is drastically upregulated in tumors in response to a multitude of 
microenvironmental conditions that are characteristic of cancerous – but absent in 
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normal – tissues. For example, decreased O
2
 levels and increased acidosis, as well 

as altered cell–cell contact, can all lead to enhanced VEGF concentrations in the 
tumor interstitium (discussed in more detail later in this chapter) [6, 41, 46, 47]. In 
order to initiate its downstream effects, VEGF binds to two primary receptors: 
VEGF-R1 (Flt-1) and VEGF-R2 (KDR/Flk-1) [48]. Historically, VEGF receptor-2 
(VEGF-R2) has been considered the main receptor responsible for proangiogenic 
signaling, whereas VEGF-R1 is thought to function as a decoy receptor that pre-
vents VEGF binding to VEGF-R2 [6]. However, recent experimental evidence 
indicates that VEGF-R1 may play a more important role in tumor neovasculariza-
tion than originally thought, since it promotes vasculogenesis by enhancing the 
recruitment and incorporation of EPCs [49].

Tumors regulate VEGF signaling not only through modified gene expression and 
receptor pathways but also by sequestration of the secreted protein within the 
surrounding ECM, which thereby functions as a biological delivery system. Specifi
cally, tumors secrete VEGF in four different isoforms (VEGF

121
, VEGF

165
, VEGF

189
, 

and VEGF
206

) that all originate from the same gene but vary in the molecular size of 
their ECM-binding regions [22]. VEGF

121
 is freely diffusible and immediately 

bioavailable upon cellular secretion as it lacks a heparin-binding domain, and this 
may affect endothelial cell responses (Fig. 8.4). VEGF

165
, the predominant isoform 

in tumors [50], exists in both free and bound forms, whereas VEGF
189

 and VEGF
209

 
are almost entirely confined to the ECM and are liberated only upon cellular 
demand. Cells trigger the release of VEGF from these ECM depots by secreting 
proteolytic, ECM-degrading enzymes (e.g., heparanase or matrix metalloprotei-
nases [MMPs]), which stratify VEGF diffusion that is believed to be critical for 
guided blood-vessel recruitment [7]. ECM-bound VEGF influences not only the 
bioavailability of VEGF but also VEGF receptor signaling. In particular, VEGF 
signaling via VEGF-R2 occurs in cooperation with neuropilin-1 (NRP-1), and 
ECM-binding enhances the effectiveness of this process by improving the interac-
tions between VEGF, VEGF-R2, and NRP-1. Finally, the importance of ECM 
components in VEGF-R2 signal transduction is further underlined by the finding 
that VEGF

121
 elicits reduced biologic potency relative to the ECM-binding isoforms [7].

Historically, VEGF has been presumed to exert its action exclusively on the 
vascular endothelium. This notion was based on the assumption that tumor cells are 
largely responsible for the production of VEGF but not its cognate receptor and that 
endothelial cells (as well as EPCs) express VEGF receptors but not the cognate 
ligand [6]. However, it is now increasingly clear that VEGF also modulates the 
behavior of many other cell types present within the tumor microenvironment. For 
example, recent evidence indicates that cancer cells express VEGF receptors and 
that autocrine, nonangiogenic VEGF signaling is critical for the ability of these 
cells to evade apoptosis and progress toward invasive and metastatic disease [51–
53]. Additionally, inflammatory cells enhance migration in response to tumor-
derived VEGF [54]. Consequently, nonvascular VEGF signal transduction may 
promote tumor vascularization through secondary, indirect mechanisms that 
need to be considered to fully elucidate the role of VEGF in the tumor 
microenvironment.
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�Chemokines (IL-8)

Chemokines are small (8–10 kDa), heparin-binding proteins that modulate tumor 
angiogenesis via both indirect and direct mechanisms. While chemokines have 
originally been identified for their role in leukocyte recruitment during inflamma-
tion [55], they can also directly modulate tumor angiogenesis by affecting endothe-
lial and EPC cell behavior [56–59]. In particular, members of the CXC 
(cysteine–amino acid–cysteine) chemokine family either stimulate or inhibit angio-
genesis depending on their specific molecular structure. Specifically, chemokines 
that contain a glutamic acid–leucine–arginine (i.e., ELR) motif immediately proxi-
mal to the CXC motif promote tumor angiogenesis [59–61], whereas CXC 
chemokines lacking this ELR sequence are thought to be angiostatic [56, 59].

Of the proangiogenic ELR+ CXC chemokines, most attention has focused on 
CXCL8 (IL-8) [62]. IL-8 is upregulated in various experimental cancer models 
including ovarian cancer [63], non-small cell lung cancer [64], and renal cell 
tumors [65], and blockade of IL-8 signaling reduces angiogenesis-dependent tumor 
growth and metastasis [66]. Although IL-8 binds and activates both CXCR1 and 

Fig. 8.4  Diffusion characteristics of matrix-binding proangiogenic factors influence endothelial 
cell behavior. (a) Phase-contrast micrographs and (b) quantification of endothelial cell migration 
out of alginate scaffolds into collagen tissue mimics in the absence (Blank, black bar) or presence 
of matrix-bound (VEGF

165
, open bar) or freely diffusable (VEGF

121
, gray bar) morphogen.  

(c) Viability of the cells that migrated out from scaffolds incorporating no VEGF (blank), VEGF
165

, 
or VEGF

121
. These results indicate that release of diffusible VEGF from its ECM depots is neces-

sary for angiogenesis. Magnification ×200 for all photomicrographs (Modified from [90])
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CXCR2 G-protein-coupled receptors [67, 68], CXCR2 seems to be the main 
receptor mediating IL-8-dependent changes in endothelial cell behavior and conse-
quential tumor growth [66, 69, 70]. In addition to directly promoting angiogenesis 
by enhancing endothelial cell migration, proliferation, and capillary tube formation 
[71], IL-8 can also indirectly stimulate tumor neovascularization. For example, 
IL-8 signaling leads to upregulation of MMP-2 and MMP-9 in both endothelial and 
tumor cells [72–74], and increases the recruitment of neutrophils to the tumor 
microenvironment [75]. These effects collectively promote angiogenesis by 
enabling endothelial cells to more readily invade their surrounding and by enhancing 
the total concentration of proangiogenic factors, respectively.

Multiple microenvironmental conditions contribute to IL-8 upregulation and 
signaling in tumors. For example, cell–ECM interactions, cell–cell contact, and 
culture dimensionality all affect IL-8 secretion [19, 34, 47]. Similarly, spatiotemporal 
variations in tumor O

2
 levels play a critical role in establishing the proangiogenic 

effects mediated by IL-8 [76] as hypoxia stimulates activator protein (AP-1) and 
nuclear factor-kB (NF-kB) transcription factors, both of which stimulate IL-8 
expression [77]. Finally, simultaneous and/or sequential interactions with other 
soluble factors induce IL-8 transcription. In particular, increased VEGF levels can 
elevate IL-8 concentrations in the tumor microenvironment by activating IL-8 
expression in endothelial cells [78]. Increased IL-8, in turn, maintains the angio-
genic phenotype of endothelial cells via a positive feedback mechanism as the ini-
tiation of CXCR2 signaling pathways culminates in many of the same signaling 
events that are activated by VEGF receptors (e.g., cell proliferation, migration, and 
inhibition of apoptosis) [61]. Since VEGF and IL-8 exhibit distinct diffusion kinetics 
due to their different molecular weights (and possibly extent of ECM-binding) [34], 
a complex spatiotemporal pattern of VEGF and IL-8 expression may exist in 
tumors. Gaining a thorough qualitative and quantitative understanding of these pat-
terns may enhance the efficacy of current antiangiogenic therapies, which globally 
inhibit VEGF signaling, but do not consider its interactions with IL-8.

8.3.1.2 � Engineering Perspective

Pathologically relevant culture models of tumor angiogenesis need to recreate the 
characteristics of the biological growth factor delivery system. Proangiogenic factors 
and other morphogens promote the formation of new blood vessels by regulating 
endothelial cell behavior in a well-concerted, spatiotemporal manner. Hence, global 
application of individual factors such as VEGF or IL-8 to 2-D monolayer cultures is 
unlikely to recapitulate in vivo-like cell responses. Similarly, bolus injection of these 
molecules (or their inhibitors) into tumor-implanted animals may not lead to a thor-
ough quantitative understanding of tumor angiogenesis, as this method typically 
results in unlocalized supply, short tissue-exposure times (due to rapid elimination 
and degradation of these molecules), and encourages experimental artifacts in tissues 
outside of the tumor [20, 79]. Polymeric scaffolds can overcome these limitations by 
simultaneously enabling biologically inspired drug delivery and cell culture.
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�Temporal Control of Factor Release

The release rate of polymeric scaffolds can be adjusted via the choice and molecular 
composition of the respective polymer. Natural polymers (e.g., prepared from fibrin 
or heparinized collagen) frequently result in rapid (i.e., “burst”) release of proteins, 
thus prohibiting the sustained and localized presentation of factors to cells [80]. 
However, the physicochemical characteristics of polymeric matrices can be readily 
adjusted to result in prolonged delivery by exploiting diffusion and/or polymer 
degradation mechanisms, i.e., the main mechanisms by which proteins are released 
from drug delivery vehicles [20]. For example, physical or covalent cross-linking 
of hydrated polymer chains allows for fine tuning of pore size and, hence, diffusion-
mediated release from hydrogels. The resulting delivery can be further modulated 
by varying the concentration, charge, and degree of hydration of the respective 
polymer [81, 82]. As the release from solid, degrading polymeric systems 
(e.g., PLGA) is determined by the rate of degradation and subsequent dissolution, 
it is possible to adjust protein release kinetics by varying the molecular weight as 
well as the molar ratio of lactic and glycolic acids [83, 84].

Choosing an appropriate scaffold fabrication strategy provides another avenue to 
modulate the physicochemical characteristics, and hence release kinetics, of the 
delivery vehicle. PLGA scaffolds are frequently used as scaffold systems for 3D 
tumor models and can be fabricated by a gas-foaming particulate leaching tech-
nique [85] (Fig. 8.2). This organic solventless process allows for incorporation of 
bioactive molecules by simply mixing them with polymer particles prior to further 
processing of the protein–polymer mixture [29]. The release kinetics of these sys-
tems (typically on the order of days to weeks) can be further delayed by preencap-
sulating the proteins into PLGA microspheres that are subsequently used to 
fabricate the scaffolds. Typically, proteins are processed with this approach, but an 
even more sustained release can be achieved by incorporating DNA instead. This 
strategy additionally relies on the cellular production and secretion of the encoded 
proangiogenic molecule and, therefore, results in a delay in factor availability, rela-
tive to direct protein delivery [86].

�Spatial Control of Factor Release

Polymer processing techniques not only allow for control of the temporal presenta-
tion of angiogenic molecules but can also be exploited to generate spatial gradients 
of soluble factors that play a role in directing blood-vessel recruitment. For exam-
ple, PLGA scaffolds with spatially compartmentalized VEGF can be designed 
based on mathematical models of VEGF release required to generate appropriate 
tissue concentrations and gradients. These systems can be fabricated by assembling 
multiple individual scaffolds into layers and subsequently forming a single scaffold 
using the gas-foaming particulate leaching technique described above [87]. 
Alternatively, microfabrication strategies may be exploited to control the chemical 
environment of a tumor on a micrometer scale. In particular, the inclusion of 
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microchannels into macroscopic hydrogel scaffolds (e.g., alginate) maintains the 
benefits inherent to 3D culture (viz., reconstitution of 3D cell–microenvironment 
interactions), while enabling well-controlled spatial and temporal distribution 
gradients of soluble factors in these biomimetic model systems (Fig. 8.1a) [88].

Spatial control of soluble factor concentrations can also be achieved with artifi-
cial ECMs that exploit the heparin-binding characteristics of proangiogenic mole-
cules and their subsequent cell-demanded release. In particular, the presence of 
ECM-binding sites in VEGF

165
 and their absence in VEGF

121
 affect the diffusion 

characteristics of these molecules in the ECM, which may be critical for directing 
cell behavior during angiogenesis [89]. This concept has been supported by a recent 
study in which EPCs were incorporated into alginate in combination with either 
VEGF

121
 or VEGF

165
. Outward migration of EPCs into the surrounding tissue was 

rapid with VEGF
121

 yet stunted with VEGF
165

 (Fig. 8.4) [90]. To mimic enzymati-
cally driven angiogenic factor release from ECM stores, polymeric vehicles have 
been developed that respond to the local activity of proteolytic enzymes (e.g., 
MMPs, plasmin, heparanase) provided by invading cells. For example, fibrin or 
peptide cross-linked PEG gels can incorporate VEGF via covalent linkages, or by 
covalently linking heparin-binding peptides, which then provide affinity binding 
sites for VEGF [91–93].

�Systems to Mimic Signaling by Multiple Factors

Biomimicry of multiple soluble-factor signaling using a single 3D matrix allows for 
the study of reciprocal growth-factor interactions on tumor angiogenesis. 
Specifically, delivery approaches that allow for simultaneous and sequential supply 
of factors have been developed. Simultaneous interactions between multiple growth 
factors may be recreated by simply incorporating the different proteins into the 
same polymer delivery system. The utility of this general concept has earlier been 
demonstrated in the context of bone regeneration in which simultaneous delivery of 
bone morphogenetic protein-2 (BMP-2) and transforming growth factor-beta 
(TGF-beta) improved bone formation relative to the individual delivery of either 
growth factor [94]. Composite systems that are composed of multiple polymer 
phases with distinct release kinetics may be used to achieve sequential delivery of 
angiogenic factors. The molecule(s) acting initially during regeneration are typi-
cally incorporated into a rapidly releasing phase, whereas the factor(s) involved in 
later signaling are loaded in a phase with more sustained release characteristics. 
This approach has been applied in the context of therapeutic angiogenesis for 
sequential delivery of VEGF and PDGF from poly (lactic-co-glycolic acid) (PLGA) 
scaffolds [29]. In this study, scaffolds were designed to release the two growth 
factors with differential kinetics by mixing polymer microspheres containing 
preencapsulated PDGF with lyophilized VEGF before processing by gas-foaming 
particulate leaching. A similar scaffold system may be appropriate to model the 
sequential expression profiles of VEGF and IL-8 in tumors in vivo [19].
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8.3.2 � Cell–ECM Interactions

8.3.2.1 � Biological Perspective

The ECM regulates tumor vascularization not only by functioning as a biological 
delivery system for proangiogenic factors but also by directly modulating the 
proangiogenic capacity of cells participating in tumor vascularization. Specifically, 
soluble and insoluble cues presented by the ECM collectively act to promote or 
inhibit angiogenesis by influencing the physicochemical characteristics of the ECM 
itself and by altering the adhesion-dependent behavior of the cells residing within 
the matrix.

�ECM Structure and Composition

The ECM comprises a cell-secreted, amorphous environment, which provides 
structural support and regulates cell behavior. In normal epithelial tissues, the 
origin of most cancers, as well as the endothelium, the ECM is organized into a 
specialized structure that is organized as a 50–100 nm-sheet, primarily composed 
of type IV collagen, laminin, and proteoglycans, termed the basement membrane 
(BM) [95–97]. The organization of the BM is largely dependent on assembly pro-
cesses that depend on interactions with cell surface receptors and typically ensures 
blood vessel homeostasis by promoting cellular growth arrest. However, during 
physiological angiogenesis, the BM becomes remodeled, and its physicochemical 
characteristics are similarly altered. The resulting provisional matrix varies in com-
position (e.g., fibronectin, collagen I, and cryptic collagen domains that are other-
wise sequestered within the BM) and exposes endothelial cells to proliferative cues, 
which ultimately enable vascular sprouting [95, 97, 98]. The ECM in tumors fea-
tures typical characteristics of this provisional matrix and therefore exposes 
endothelial cells constantly to enhanced concentrations of ECM-derived prolifera-
tive cues [99, 100]. Additionally, the ECM in tumors is less cross-linked – and 
hence proteolytically less stable – which is conducive to abnormal sprouting and 
the leaky vasculature typical of tumors [101].

�Integrins

Cells respond to tumor-inherent changes in ECM structure and composition via 
altered integrin signaling [102], and the resulting changes in cell behavior play an 
important role in tumor angiogenesis. Integrins are heterodimeric cell-surface 
receptors that confer ECM-binding specificity via their pairing of a- and 
b-subunits. For example, b1-containing integrins can mediate binding to fibronectin 
(e.g., a

4
b

1
, a

5
b

1
), collagen (e.g., a

1
b

1
, a

2
b

1
), or laminin (e.g., a

3
b

1
, a

6
b

1
) depending 

on the a-subunits with which they heterodimerize. Endothelial cells exhibit a subset 
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of these receptors in homeostatic blood vessels, but adjust their integrin expression 
profile to enable vascular sprouting. In particular, quiescent endothelial cells mini-
mally express the fibronectin receptors a

5
b

1
 and a

v
b

3
; however, these integrins are 

significantly upregulated during tumor angiogenesis [103]. These changes are of 
particular relevance as fibronectin concentrations in tumors are concomitantly 
increased, which collectively promotes vascular endothelial cell survival [104, 
105], proliferation, and motility [106, 107].

While integrin downstream signaling experts direct effects on endothelial cell 
behavior, cell–ECM interactions may also modulate these processes via secondary 
mechanisms. Specifically, integrin-binding can activate growth factor signaling 
pathways [108], and experimental evidence indicates that receptor cross talk 
between b

3
-integrins and VEGF-R2 is necessary for the activation of VEGF-

mediated downstream signaling [109]. Consequently, increased levels of a
v
b

3
 as 

present in tumor-residing endothelial cells may further enhance VEGF signaling. 
Finally, integrin-dependent tumor cell interactions with ECM proteins that contain 
RGD-adhesion peptides (e.g., fibronectin) increase the angiogenic capacity of the 
tumor cells themselves [34]. Collectively, antiangiogenic therapies that target inte-
grin signaling may decrease tumor vascularization via multiple mechanisms, i.e., 
by inhibiting the proangiogenic phenotype of not only endothelial cells but also 
tumor cells [110, 111].

�Matrix Metalloproteinases

MMPs are secreted or membrane-associated zinc-dependent proteolytic enzymes 
that dynamically regulate tumor angiogenesis through multiple pathways. MMPs 
(viz., MMP-2 and MMP-9) are dramatically upregulated in response to tumor 
microenvironmental conditions (e.g., hypoxia) and play an important role in the 
activation of the angiogenic switch [112]. By participating in ECM degradation, 
MMPs not only open space for de novo capillary formation [113] but also promote 
vascular sprouting through unmasking cryptic ECM epitopes that can induce a 
proangiogenic endothelial phenotype by ligating a

v
b

3
 integrins. These processes 

typically occur in a spatially well-coordinated manner and ultimately control the 
directionality of new vessel formation [114] (Fig.  8.3). Furthermore, MMPs are 
critical to the release of proangiogenic factors (e.g., VEGF, IL-8) from ECM con-
finement [115]. Hence, they function as molecular regulators of soluble factor 
delivery that induce not only the release but also the activation of ECM-sequestered 
proangiogenic stimuli [114]. In this capacity, MMP-9 seems to play a particularly 
important role as it is functionally linked to VEGF mobilization and VEGF-R2 
signaling and as it induces the recruitment of bone-marrow-derived progenitor cells 
to sites of neovascularization [114].

In addition to modulating cell functions via ECM degradation, MMPs can also 
enhance tumor angiogenesis by directly modifying cell-surface receptors. For 
example, MMP-14 mediated proteolytic modification of a

v
b

3
 integrins can influence 
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the subsequent downstream signaling of this receptor by activating focal adhesion 
kinase [116]. Conversely, MMPs can also inhibit angiogenesis by generating matrix 
fragments with antiangiogenic capacity (e.g., endostatin, tumstatin) [117]. As the 
generation of these fragments is MMP-type dependent, it is not surprising that 
broad-spectrum MMP inhibitors lack therapeutic efficacy in preclinical trials. In 
summary, MMPs clearly play important roles in tumor angiogenesis, and well-
defined engineering systems may help to further elucidate the pleiotropic nature of 
these substances.

8.3.2.2 � Engineering Perspective

�Mimicry of ECM Structure and Composition

Biomimetic ECMs provide innovative systems to evaluate the mechanisms and 
effects through which the structure and composition of the ECM regulates tumor 
angiogenesis (Fig. 8.2b). Due to its bioactive properties and availability, Matrigel™ 
is commonly used for studying tumor cell behavior in 3D culture [118] and for 
elucidating signaling pathways involved in tumor angiogenesis [21]. For example, 
Matrigel™ promotes tumor formation [119], and these differences may be due to 
upregulation of proangiogenic factors (e.g., VEGF and basic fibroblast growth 
factor [bFGF]) [19]. However, Matrigel™ is derived from mouse sarcomas, con-
tains growth factors, underlies significant batch-to-batch variation, and does not 
capture in vivo cell behavior appropriately [120]. Hence, better-defined systems are 
clearly needed to study 3D interactions with the ECM.

The ECM represents a composite system of fibers embedded within a hydrogel, 
and synthetic or natural ECM analogs can be used to dissect the relevance of this 
composition in tumor angiogenesis. To recapitulate the hydrated network, a 
variety of polymers may be used. In addition to alginate [34] and dextran-based 
hydrogels [121], hyaluronic acid represents a hydrophilic, nonadhesive material 
that is naturally degradable and influences angiogenesis in  vivo. Its physical 
characteristics (e.g., degradation, mechanical properties, porosity) can be readily 
adjusted by methacrylation and subsequent photo-cross-linking, and the resulting 
polymers enable vascularization similar to fibrin [122, 123]. Alternatively, hydro-
philic, synthetic materials including PEG and poly(acrylamide) may be used. 
PEG is particularly attractive due to its relative ease of functionalization (e.g., with 
polysaccharides), which provides additional routes for modulating degradation 
and cross-linking characteristics [124]. The development of self-assembling pep-
tide hydrogels represents another strategy to generate ECM analogs. Such hydro-
gel scaffolds can be formed by self-assembly from aqueous solutions of peptide 
amphiphiles, and the resulting nanofibers can be customized to display peptide 
sequences representative of the ECM surrounding blood vessels (e.g., laminin, 
fibronectin) or to encapsulate cells and growth factors implicated in tumor angio-
genesis [124].
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�Presentation of Integrin Engagement Sites

In order to study the role of altered integrin signaling in tumor angiogenesis, the 
engineered models need to provide adhesion sites for integrin binding. While 
porous scaffolds prepared from traditional biomaterials (e.g., PLGA) predomi-
nantly mediate cell adhesion via unspecific protein adsorption [21], a variety of 
materials have been developed that selectively guide cell adhesion by presenting 
integrin engagement sites in the form of small immobilized peptides. Covalent 
coupling of RGD sequences to otherwise nonadhesive matrices such as alginate and 
PEG renders these matrices bioactive. This has been demonstrated in RGD-
modified alginate using carbodiimides chemistry, and culture of tumor cells within 
these matrices dramatically changes their proangiogenic capacity as compared to 
nonmodified alginate gels (Fig. 8.1b) [34]. Variation of the ligand density, the par-
ticular type (e.g., laminin peptide IKVAV vs. fibronectin peptide RGD), and the 
conformation (e.g., cyclic peptides vs. linear) of the utilized sequence facilitates 
further control over the cell responses [125].

The spatial arrangement of the presented adhesion peptides also plays an impor-
tant role in guiding cell behavior and can be investigated using engineering models. 
Previous studies have identified that nanoscale adhesion ligand presentation modu-
lates cell migration [126], hence, it may be possible that vascular sprouting is 
affected in a similar manner. Additionally, soluble angiogenic signaling cues may 
be altered by these phenomena, since cell adhesion events can activate growth factor 
receptors independent of ligand binding [127]. To evaluate these potential relation-
ships, 2D hydrogel matrices could be modified to independently and systematically 
vary the surface density and the spatial distribution of adhesion peptides on 
otherwise nonadhesive backgrounds (e.g., PEG, alginate) [126, 128]. While such 
systems are typically generated with a uniform distribution of adhesion peptides, 
ligand gradients could also be incorporated. This has been demonstrated using 
RGD gradients covalently immobilized on PEG hydrogels. Such systems could be 
used to evaluate tumor and endothelial cell behavior during neovascularization [129].

�MMP-Responsive Culture Systems

Natural and synthetic ECM analogs provide additional tools to study the role  
of MMP-mediated scaffold degradation in tumor angiogenesis. For example, 
Matrigel™ can be degraded by MMPs to allow invasion by both tumor and 
endothelial cells, and these alterations permit subsequent capillary tube forma-
tion [30,130]. To specifically assess tumor-mediated endothelial sprouting into 
collagen-rich interstitial tissues, vascularized tumor models may be developed 
using collagen hydrogels. By utilizing cell types that overexpress specific MMP 
variants in these systems, it will be possible to define which specific MMP isoforms 
regulate collagen invasion [25]. Additionally, collagen gels can be readily implanted 
into animal models, thereby permitting analysis of MMP-dependent collagen 
remodeling during neovascularization in vivo [26].
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While collagen gels provide broadly applicable substrates to study cellular 
invasion, they do not allow for investigation of MMP-dependent release of proan-
giogenic molecules from their biologic delivery system, since these scaffolds lack 
growth-factor binding sites. Instead, artificial ECMs can mimic the sequestration, 
release, and activation of proangiogenic factors in response to cell demand. To this 
end, PEG copolymers with proteolytic sensitivity and cell-adhesion sites have been 
developed [131]. Specifically, these hydrogels were modified with RGD- and 
MMP-responsive peptides in the polymer backbone which were then conjugated to 
VEGF. When cells migrate into these systems, they release MMPs, which in turn 
locally degrade the hydrogel causing VEGF release. Importantly, endothelial cells 
invading these matrices upregulate proangiogenic MMP-2 expression, suggesting 
synergistic interactions between cell-mediated release of VEGF and angiogenic 
sprouting.

Engineered culture substrates can also be used to determine how cellular MMP-
expression is modulated by physicochemical ECM characteristics, and how these 
changes affect tumor angiogenesis. For example, maleic anhydride copolymer films 
coated with fibronectin demonstrate that physicochemical surface characteristics of 
the polymer substrates affect the anchorage of fibronectin and modulate MMP 
secretion levels and capillary network formation [132]. Specifically, hydrophilic 
polymer surfaces led to weak binding and strong lateral reorganization of fibronec-
tin into large fibrils, whereas hydrophobic surfaces promoted the formation of a 
dense network-like layer of small fibronectin fibrils. These changes had immediate 
relevance because hydrophilic polymer surfaces promoted MMP upregulation and 
capillary morphogenesis relative to hydrophobic surfaces. Since fibronectin fibril 
formation is differentially regulated in tumors relative to normal tissues [133], such 
systems could allow systematic investigations of how atypical matrix remodeling 
influences MMP expression and angiogenesis.

8.3.3 � Mechanical Stimuli

8.3.3.1 � Biological Perspective

Mechanical forces modulate tumor angiogenesis in a multifaceted manner by regu-
lating the proangiogenic capacity of tumor-residing cells, influencing endothelial 
cell sprouting, and modulating the release of proangiogenic molecules. The signaling 
that alters cell behavior in response to mechanical stimuli is most commonly trans-
duced by integrins [98, 134, 135]. Specifically, integrin mechanoreceptors link the 
extracellular environment to the cytoskeleton via focal adhesions, and application 
of mechanical stress to these contact points on endothelial cells results in altered 
intracellular signaling, which may be relevant to tumor angiogenesis [98, 135]. The 
mechanical forces dictating variations in integrin signaling are either generated by 
the cells directly in response to altered ECM stiffness or imposed upon cells 
through external mechanical stimulation.
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�Effect of Matrix Stiffness

Matrix stiffness regulates angiogenesis by controlling the incipient stages of blood 
vessel formation and by regulating the blood-vessel density in normal as well as 
tumorigenic tissues. As new vessels sprout, their local ECM is remodeled, which 
results in increased compliance compared to nonsprouting vessels in the surround-
ing ECM [98, 136]. This enhanced ECM compliance reduces the proliferative 
response of vascular endothelial cells to proangiogenic factors [95, 98, 134], which 
typically results in the termination of sprouting during normal angiogenesis and 
blood-vessel homeostasis. During tumor angiogenesis, however, this regulatory 
process is perturbed due to a proangiogenic environment and because of the 
increased collagen content and ECM cross-linking existing in tumors [137, 138]. 
As a result, endothelial cells residing in the tumor microenvironment interact with 
stiffer ECMs, which enables them to exert increased cytoskeletal tension and trac-
tion forces [139]. These matrix-mediated increases in cellular force drive tumor 
vascularization by modulating endothelial cell proliferation and VEGF-receptor 
signaling [140]. Furthermore, increased matrix stiffness may stimulate tumor 
angiogenesis by affecting the differentiation of circulating or tissue-residing stem 
cells, which can also contribute to blood vessel formation [141].

�External Mechanical Stimuli

External mechanical stimuli in the tumor microenvironment encompass irregularities 
in fluid flow dynamics, and these alterations may not only affect cell behavior directly 
but also modulate the release of proangiogenic factors from their ECM depots [142]. 
The leaky nature of the tumor vasculature combined with an abnormally collagen-
rich ECM leads to elevated interstitial hypertension within transformed tissues [143], 
which has been correlated with enhanced angiogenesis [144]. Additionally, tumor 
vessels are nonuniform and irregular, which instigate nonlaminar (i.e., turbulent) 
blood flow and generally altered fluid dynamics [145]. These changes not only 
promote endothelial cell proliferation [146] but also induce the production of 
proangiogenic molecules [147], suggesting that changes in fluid flow may indirectly 
contribute to new vessel formation.

8.3.3.2 � Engineering Perspective

To evaluate the influence of mechanical stimuli on tumor angiogenesis, engineering 
models must recapitulate the dynamic interactions between substrate stiffness, 
externally applied force or fluid pressure, and cell behavior (Fig. 8.1c). In addition 
to providing matrices for 3D cell culture, polymeric scaffolds can be extensively 
modified in their mechanical properties and further subjected to external mechanical 
stimulation using appropriately designed bioreactors. Utilizing these combined 
approaches may reveal a more complete understanding of how mechanoregulation 
influences tumor angiogenesis.
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�Control over Matrix Stiffness

Owing to their structural and mechanical similarity, hydrogels are frequently used 
to study the effects of ECM stiffness on cell behavior. The rigidity of hydrogels 
can be readily modified by altering cross-link density or water content [148, 149]. 
For example, alginate gels are typically fabricated by ionic cross-linking of 
alginate in the presence of divalent cations (e.g., Ca2+) [34] or by photo-cross-linking 
of methacrylated alginate [149]. By adjusting the ion concentration or degree of 
alginate methacrylation, it is possible to tune the mechanical properties of these 
hydrogels to mimic stiffnesses observed in normal or tumorigenic tissues. 
Importantly, alginate hydrogels can be further modified to present adhesion peptides 
(e.g., arginine–glycine–aspartic acid, RGD) necessary for cells to detect stiffness 
via engagement of their integrin mechanoreceptors (Fig. 8.1c) [29, 34]. Another 
material frequently used to study the consequences of ECM stiffness is the 
synthetic polymer polyacrylamide (PA) [141, 150]. Given its hydrophilic nature 
and lack of adhesion sites, PA does not inherently allow for cell attachment and 
thus is typically coated with a thin layer of collagen. Lastly, fibrin gels can be used 
to study how mechanoregulation influences tumor angiogenesis. Fibrin is a natural 
protein-based gel, which allows for intrinsic adhesion and biodegradability. The 
mechanical properties of fibrin gels are typically controlled by varying its con-
centration [151]. However, this approach simultaneously changes adhesion peptide 
density, which may complicate a clear interpretation of results as adhesion 
peptide density modulates cell behavior independent of matrix stiffness [152].

�Recreation of External Mechanical Stimuli

The aberrant interstitial flow characteristic of tumors may modulate the release of 
proangiogenic factors from their ECM depots, and engineered models of capillary 
morphogenesis could help to elucidate the underlying mechanisms of this process. 
For example, embedding endothelial cells into matrices containing either tumor 
cells or proangiogenic factors, which are further subjected to varying interstitial 
fluid flows, could be utilized to study the combined effects of chemical and 
mechanical signaling cues on endothelial cell behavior. The value of this approach 
has already been realized using endothelial cells in VEGF-binding fibrin gels that 
were cultured in interstitial flow chambers. These culture models demonstrated that 
blood vessel formation is regulated by the synergy between interstitial flow and 
proteolytic VEGF-release from ECM depots. Specifically, interstitial fluid flow 
contributed to the MMP-mediated liberation of VEGF, thereby establishing VEGF 
gradients to guide capillary tube formation [153].

Traditionally, the effects of hemodynamic forces on cell behavior have been 
confined to the study of cardiovascular disease. However, these engineering tools 
could also be utilized to define adaptive cellular responses initiated by the aberrant 
blood flow commonly observed in tumors. For example, exposure of confluent cell 
monolayers to varying shear stresses under laminar or turbulent flow can be accom-
plished using modified flow chambers [146]. Furthermore, by spiking the culture 
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media used to generate the shear-stress fluctuations with bone-marrow-derived 
EPCs, it is theoretically possible to study vasculogenic processes as a function of 
perturbed blood flow [154]. Lastly, the effects of hydrodynamic shear patterns can 
also be evaluated using microbioreactor arrays. Such systems are advantageous as 
they allow for exposure of both 2D- and 3D-cultured cells to variable levels of 
hydrodynamic shear and further permit high-throughput analysis [155].

Engineering systems can also be used to evaluate mechanoregulatory processes 
that may result from interstitial hypertension or location of tumors in musculoskel-
etal tissues. For example, loading chambers have been designed to exert hydrostatic 
pressure on 3D culture models composed of hydrogels (e.g., agarose [156] and col-
lagen [157]) or solid polymer scaffolds (e.g., PLGA) [158]. These systems have 
thus far been used to evaluate the response of normal cell types to cyclically applied 
hydrostatic pressure [156, 157], but they may also be important tools to discover a 
mechanistic relationship between enhanced pressure or compressive loads and 
tumor angiogenesis.

8.3.4 � Cell–Stroma Interactions

8.3.4.1 � Biological Perspective

Tumor angiogenesis is influenced by the dynamic interactions between tumor cells 
with the surrounding stroma that functions as a connective tissue framework. While 
normal stroma typically prevents tumor formation and progression, tumor-associated 
stroma supports these processes by secreting bioactive molecules (e.g., growth 
factors, ECM, proteolytic enzymes). These signaling factors, in turn, enhance 
angiogenic and inflammatory processes that further increase tumor aggressiveness 
[100]. Cell types composing the tumor stroma include fibroblasts, immune and 
inflammatory cells, and vascular endothelial cells [100]. These cells exchange 
information with the tumor microenvironment through direct cell-to-cell contact or 
via paracrine signaling routes. Both of these mechanisms are integrated within the 
complex and dynamic network of tumor signaling during growth and are believed 
to contribute to new vessel formation.

�Cell-to-Cell Contact

Direct contact between cells is established through cellular junctions including 
adherens junctions. These multiprotein complexes contain cell adhesion molecules 
that are essential for normal functions of epithelial and endothelial tissues and are 
distinct from matrix adhesions. During tumor angiogenesis, adherens junctions are 
remodeled to enable the influx or efflux of cells, which ultimately enables vascular 
sprouting and metastasis [159]. For example, tumor cells undergo epithelial to 
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mesenchymal transition to invade their surrounding tissue, and this transition is 
accompanied by a loss of E-cadherin that normally maintains cell-to-cell contact in 
epithelial tissues. Instead, upregulation of N-cadherin occurs, thereby enabling 
tumor cells to associate directly with the stroma and endothelium [160]. This asso-
ciation not only initiates cancer metastasis but, importantly, also promotes angio-
genesis by upregulating the expression of proangiogenic factors [161]. Endothelial 
cells, on the other hand, are mainly characterized by their expression of VE-cadherin. 
VE-cadherin mediates homotypic adhesion between endothelial cells, which typi-
cally protects their susceptibility to apoptosis and inhibits proliferation [162]. 
During tumor angiogenesis, VE-cadherin-mediated cell-to-cell adhesion between 
endothelial cells is weakened, ultimately promoting new vessel formation and 
transendothelial migration of tumor cells [163].

�Paracrine Signaling

Tumor stromal cells are phenotypically distinct from nontumor associated cells of 
the same type [100, 164–166], and these changes drive tumor angiogenesis by altering 
many of the microenvironmental conditions conducive to new vessel growth. For 
example, tumor-associated fibroblasts secrete elevated levels of growth factors that 
not only modulate endothelial cell behavior but also upregulate stromal cell-derived 
factor-1 (SDF-1) transcription, which promotes tumor vascularization via the 
recruitment of EPCs [167, 168]. Tumor-associated fibroblasts can also differentiate 
into myofibroblasts and consequently assume characteristics of activated smooth 
muscle cells [100, 169]. These cells enhance the stiffness of the tumor micro
environment through modulation of collagen concentration and cross-linking 
density, which in turn increases tumor angiogenesis. Similarly, immune and inflam-
matory cells exhibit enhanced proangiogenic capability when they are associated 
with tumors. In particular, macrophages and neutrophils increase proangiogenic 
factor transcription in the presence of tumor cells (e.g., MMPs [170], VEGF, and 
bFGF [171]). Therefore, it is not surprising that increased vessel formation and 
density are positively correlated with macrophage number in several primary 
tumors [164, 172, 173].

8.3.4.2 � Engineering Perspective

Conventional approaches to evaluate the effect of cell–stroma interactions on 
angiogenic signaling involve direct coseeding of different cell types in the same 
culture dish and indirect coculture in Transwell™ chambers (i.e., a 2D culture sys-
tem that separates two cell types via a semipermeable membrane). Many of the 
engineering strategies discussed in earlier sections of this chapter can be used to 
overcome the obvious limitations associated with these conventional techniques, as 
cell–stroma interactions frequently lead to changes in soluble factor signaling, 
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cell–ECM interactions, and mechanical stimuli. The following engineering 
strategies additionally highlight approaches to evaluate effects mediated by direct 
cell-to-cell contact and culture models specifically designed to evaluate cell–stroma 
interactions (Fig. 8.1e).

�Control over Direct Cell-to-Cell Contact

Microfabrication techniques offer great promise to investigate the role of cell-to-
cell contact on tumor angiogenesis. In particular, microcontact printing or 
Parylene-template-based patterning techniques allow to seed cells individually or 
in the presence of cell–cell contact (Fig. 8.1e) [47, 174]. Alternatively, cell–cell 
junctions can be controlled micromechanically by using micromachined silicon 
culture substrates with movable and interchangeable parts [175]. These devices 
enable experimental control over tissue composition, spatial organization, and 
exposure duration of cell-to-cell interactions. With this approach, it is possible to 
distinguish the effects mediated by direct cell-to-cell contact from paracrine signaling 
induced by secreted soluble factors. All of these approaches provide exquisite 
control over 2D cell–cell interactions, but they may only partially recreate condi-
tions influencing cell–cell interactions at the tissue level. Hence, multiple strategies 
have been developed to manipulate cell-to-cell interactions in 3D culture. For 
example, dielectrophoretic forces can create high-resolution 3D cellular structures 
of tumor or tumor stroma cells within a photopolymerizable hydrogel [176]. 
Similarly, PEG microwell cultures or collagen-based lithographically defined tis-
sue arrays permit control over the size, shape, and homogeneity of 3D cultures and 
may be used to recapitulate 3D cell-to-cell contact intrinsic to tumor angiogenesis 
[177, 178].

�Control over Paracrine Signaling

A variety of 3D coculture systems has been developed to assess the importance of 
multicellular interactions on blood vessel formation. For example, coseeding 
endothelial cells with mesenchymal stem cells (viz., a cell type that is frequently 
recruited by tumors) in fibrin gels demonstrates that the latter are required for 
angiogenic sprouting in stiffer ECMs as they enable matrix remodeling via MMPs 
[151]. However, these studies were conducted in the absence of tumor cells, whose 
inclusion in this system may be necessary to more appropriately mimic tumor 
stroma conditions. In support of this contention, similar studies involving coculture 
of endothelial cells with prostate cancer cells and/or fibroblasts in sandwiched 
fibrin–collagen gels suggest that the combination of all three cell types may be 
necessary to maximize angiogenic sprouting [179]. By further enhancing 
the complexity of these systems (e.g., by incorporating inflammatory cells), it may 
be possible to generate a more advanced understanding of cell–stroma interactions 
and their role in tumor angiogenesis.
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Most 3D culture studies use artificial ECMs to evaluate the role of cell–stroma 
interactions. While these matrices offer advantages of availability and reproduc-
ibility, they may not appropriately capture the nature of the tumor stroma ECM 
that is predominantly secreted by fibroblasts. Stroma-derived 3D ECMs may 
overcome these limitations not only by providing 3D structural support but also 
by recapitulating the specific protein and growth factor content inherent to tumor 
microenvironments. These matrices can be developed by decellularization of 
fibroblast-deposited ECMs with alkaline detergent treatment and have been shown 
to regulate the growth and drug-responsiveness of human cancer cells [180]. 
Experimental evidence further indicates that matrices obtained from tumor-
associated fibroblasts recreate tumor-typical structural and molecular cues that 
induce normal fibroblasts to assume characteristics of tumor-associated fibroblasts 
[181]. Generating matrices from whole tumors rather than individual cell types 
(e.g., by using strategies previously applied for cardiac tissues [182]) would be an 
exciting advancement of this strategy that could reveal new mechanistic insights into 
how spatiotemporal variations of ECM composition drive tumor angiogenesis.

8.3.5 � Metabolic Stress

8.3.5.1 � Biological Perspective

�Hypoxia

Tumors exhibit decreased O
2
 tension (hypoxia) relative to normal tissues, and these 

changes impact critical cell functions by compromising the replenishment of ATP 
stores. Hypoxia develops when the boundaries of simple gaseous diffusion are 
exceeded (roughly 150 mm; e.g., due to excessive cell proliferation or compromised 
blood vessel characteristics) and forces normal cells to initiate new blood vessel 
formation to endure these conditions. However, tumor cells are able to survive and 
even grow under reduced O

2
, as they can adapt their signaling pathways accord-

ingly. For example, tumor cells alter their DNA and protein synthesis profile in the 
presence of hypoxia [183] to promote proliferation and evade cell death, but impor-
tantly, they induce pathological angiogenesis. Likewise, EPCs can similarly adapt 
to hypoxia through decreased reliance on O

2
 metabolism, which may further pro-

mote new vessel formation [88, 184].
Many of the hypoxia-dependent changes in proangiogenic factor expression 

(e.g., VEGF and IL-8) are mediated by hypoxia-inducible factors (HIFs). HIFs are 
heterodimeric transcription factors, which consist of an a and b subunit: HIF-a 
isoforms (HIF-1a, HIF-2a) are located in the cytosol and typically subjected to 
degradation in O

2
-rich environments, whereas the b subunit (HIF-1b) is insensitive 

to O
2
 and localized to the nucleus [185]. In the presence of hypoxia, HIF-1a is 

stabilized, which enables the transcriptional activation of hypoxia-response genes 
by translocating to the nucleus and dimerizing with HIF-1b [183]. Once normoxic 
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levels of O
2
 are restored, HIF-1a is targeted for proteasomal degradation [186, 

187], and HIF-mediated transcription ceases.
In tumors, proangiogenic factors are expressed in a very heterogeneous manner, 

and these fluctuations may be due to microenvironmentally controlled HIF activa-
tion. For example, IL-8 is predominantly expressed in the periphery of large 
tumors, whereas VEGF expression is enhanced in the tumor center [188]. This 
spatial pattern can be explained by the observation that central hypoxia may be the 
main regulator of VEGF secretion, while normoxic cell–ECM matrix interactions 
in the periphery drive the secretion of IL-8 [189]. Alternatively, it may be possible 
that these differences in VEGF and IL-8 expression are caused by cycling O

2
 levels 

due to perturbed blood flow. Specifically, acute hypoxia stimulates HIF activation 
in tumor cells, but oncogenic mechanisms may lead to the stabilization of the 
resulting signaling even under normoxic conditions [190]. Similarly, microenviron-
mental deficiencies of available iron, a necessary cofactor for HIF-1a degradation, 
can stabilize HIF and sustain downstream gene transcription [191]. Finally, certain 
morphogens (e.g., insulin, epidermal growth factor) as well as mutations in tumor 
suppressor genes (e.g., p53, PTEN) can enable HIF-mediated gene transcription 
independent of hypoxia [192]. Consequently, microenvironmental conditions may 
upregulate tumor angiogenesis independent of hypoxia by promoting dysregulation 
of HIF itself.

�Acidosis

Acidosis plays an important role in tumor angiogenesis and may be caused by 
hypoxia-dependent pathways that influence glycolysis and microenvironmental pH 
regulation. In the presence of a limited O

2
 supply, many cancer cells maintain 

normal cell functions via enhanced reliance on anaerobic glycolysis [193, 194]. 
The resulting increase in lactic acid in conjunction with decreased nutrient avail-
ability, and limited removal of metabolic waste products, translates into enhanced 
acidity of the tumor environment as compared to that of normal tissues [195]. 
Furthermore, increased activity of carbonic anhydrase, which converts carbon dioxide 
and water to carbonic acid, enhances proton export from cancer cells, and decreases 
pH buffering capacity of the tumor interstitial fluid also contribute to the acidic 
microenvironment in which cancer cells reside [196, 197].

Acidosis stimulates the expression of proangiogenic factors in tumor cells via 
hypoxia-independent mechanisms. Specifically, tumor cells exposed to acidic con-
ditions in conventional 2D culture (pH 6.7–7.1 vs. 7.4) not only exhibit enhanced 
levels of VEGF and IL-8 mRNA, but the stability of these transcripts also appears 
to be enhanced at lower pH [198]. In addition to increasing the concentration of 
proangiogenic factors, microenvironmental changes in pH, furthermore, influence 
VEGF mRNA splicing. Specifically, acidosis increases the concentration of freely 
diffusible VEGF

121
 relative to matrix-binding VEGF isoforms, which may have 

important consequences for the development of proangiogenic factor gradients 
necessary for endothelial sprouting (Fig. 8.4) [199]. Finally, in vivo experiments 
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have underlined the importance of tumor acidosis in tumor angiogenesis by 
revealing that VEGF upregulation is not merely a consequence of hypoxia but 
rather due to a distinct, acidosis-dependent signaling mechanism [200].

8.3.5.2 � Engineering Perspective

Resolving the cellular mechanisms through which hypoxia and acidosis regulate 
the angiogenic capacity of tumor cells and, ultimately, angiogenesis requires the 
development of innovative culture models. Tumor cells are typically maintained in 
buffered culture media at pH 7.4 and O

2
 concentrations equal to ambient air (21% 

O
2
). However, physiological tissue O

2
 levels are significantly lower (between 2 and 

9% O
2
) [183], and the pH of tumors varies based on the metabolic activity of its 

cells. Furthermore, gradients in pH and O
2
 (ranging from normoxia to hypoxia or 

even anoxia) are difficult to achieve through typical 2D monolayer culture. In the 
following lines, we discuss specific physical sciences-based approaches that help to 
overcome shortcomings of conventional 2D systems in the specific context of 
hypoxia. Nevertheless, these systems are broadly applicable and can be easily 
modified to also enable studies of tumor angiogenesis in response to acidosis.

�Control of O
2
 Levels in Culture

Tumor engineering strategies offer the opportunity to expose homogeneous or 
heterogeneous cell populations to spatiotemporally varying levels of O

2
. For example, 

tumor cells cultured within 3D porous PLGA scaffolds autonomously recreate 
spatial variations in O

2
 by developing into peripheral normoxic and central hypoxic 

niches (Fig.  8.1d) [19]. To evaluate the angiogenic capacity of tumor cells in a 
nondiffusion-limited 3D culture context, alginate-based, microfabricated tumor 
models may be invaluable [189]. The dimensions of these systems can be readily 
adjusted based on the O

2
 consumption rates of the respective tumor cell type and 

subsequent mathematical modeling of the intratumor O
2
 distribution. Another 

emerging strategy to measure tumor cell behavior in response to spatial O
2
 varia-

tions employs microfabricated polydimethylsiloxane (PDMS) inserts, which can be 
placed in culture dishes at defined distances from the cells. While these membranes 
regulate the concentration of O

2
 in the culture media through diffusion of O

2
 across 

the PDMS membrane, they are predominantly useful in 2D studies [201]. Stacked, 
paper-supported, and cell-encapsulating gels can alternatively be employed to 
analyze molecular and genetic responses of cells as a function of O

2
 and nutrient 

gradients under 3D conditions [202].
Microfluidic systems provide yet another strategy to readily control O

2
 avail-

ability in cell culture. For example, 3D alginate-based microfluidic scaffolds could 
allow for precise spatial and temporal delivery of O

2
, as well as for recreation of O

2
 

gradients within the scaffold [88, 203]. Similarly, 3D microvascular tubes consisting 
of confluent monolayers of human endothelial cells that line channels within tumor 
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cell-encapsulating collagen gels could be used to study tumor angiogenesis in 
response to spatiotemporal variations in O

2
 perfusion [204, 205]. Such coculture 

systems may be particularly useful as they allow analysis of endothelial cell 
behavior in response to O

2
-dependent changes of tumor cell behavior within the 

same system.

�Monitoring of O
2
 Levels in Culture

Platforms for advanced studies of tumor cell behavior will need to permit in situ 
monitoring of microenvironmental stress. Traditionally, tumor hypoxia is detected 
immunohistochemically (e.g., using pimonidazole HCl), but this approach lacks the 
ability to generate quantitative data [19]. Alternatively, polarographic or optical O

2
 

probes can be used; however, these insertable probes are of limited use in the tumor 
microenvironment because of their limited spatial resolution and inability to tempo-
rally map discrete O

2
 concentrations [206, 207]. Hence, new approaches are required 

that enable real-time measurement of O
2
 on a molecular scale in the tissue itself. 

To this end, the ability of O
2
 to quench phosphorescence of particular luminophores 

can be exploited [208]. For example, encapsulation of ruthenium-based compounds 
into silica-based microparticles and incorporation of this system into 3D tumor 
cultures may allow mapping of O

2
 variations in situ [209].

8.4 � Summary and Future Perspectives

Antiangiogenic therapies provide promising avenues to treat cancer by targeting 
endothelial cells rather than tumor cells themselves. However, the clinical success 
of these treatments has been limited due in part to an incomplete understanding of 
tumor angiogenesis. Current techniques to study tumor vascularization rely heavily 
upon in vitro and in vivo models that may not faithfully recapitulate the interactions 
of human tumors with their environment. Through integration of biomaterials with 
drug delivery and tissue engineering strategies, the development of innovative, 
biologically inspired tumor models has emerged to address these shortcomings. 
These engineering systems can be specifically designed to recreate and study spe-
cific cell–microenvironment interactions that control tumor angiogenesis including 
soluble factor signaling, cell–ECM and cell–cell interactions, mechanical cues, and 
metabolic stress.

Additionally, engineered models of tumor vascularization may broadly trans-
form studies of cancer stem cells grown in culture. Increasing experimental 
evidence indicates that many types of cancers are sustained by a distinct subpopula-
tion of cancer stem cells, and these cells frequently localize to perivascular niches. 
Endothelial cells flanking these niches secrete factors that maintain these cells in a 
stem-cell-like, undifferentiated state. Hence, it is not surprising that antiangiogenic 
therapies reduce tumor growth not only by ablating blood vessel density but also 
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perhaps by decreasing the number of self-renewing cancer stem cells [210]. The 
tools and strategies highlighted in this chapter will be of immediate benefit to 
identify the mechanisms and effects that contribute to cancer stem cell development 
and maintenance.

Finally, biomimetic tumor analogs not only provide highly tunable platforms for 
fundamental research but can also be used as drug testing platforms. For example, 
these can be applied in industry for high-throughput testing of novel antiangiogenic 
compounds or drug targeting strategies. Additionally, engineered tumor models 
offer the potential for clinical translation and personalized medicine. Incorporation 
of patient-derived cells into these culture models will allow for comprehensive and 
predictive testing of patient-specific responses to a particular treatment. Such indi-
vidualized tumor models could be further enhanced by incorporation into a micro-
fluidic device that mimics multiorgan interactions. In these systems, it would 
further be possible to test drug toxicity in a pharmacokinetic-based manner, ulti-
mately enhancing patient prognosis [211].
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9.1 � Introduction

One of the goals of tissue engineering is to grow functional tissues in a laboratory 
setting, either for implantation or use as a testing platform for the study of patho-
logical conditions and drug discovery. To create tissues in vitro using engineer-
ing principles, it is necessary to overcome some of the current limitations such 
as the need for a sufficiently abundant source of cells required to create clinically 
sized, multicellular tissues. It is also necessary to develop technologies that can 
maintain the viability and function of such tissues in culture and following 
implantation [1, 2].

Stem cells can provide an untapped source of cells that can be differentiated into 
functional and supportive cell types, specific to the formation of a target tissue or 
organ. Undifferentiated stem cells, and to some extent, their differentiated progeny, 
require specialized microenvironments which should be tailored to resemble some 
aspects of the cellular environments found in the native tissue. There is a growing 
notion that to unlock the full biological potential of stem cells and to harness their 
capability for tissue formation (in vitro and in vivo) one needs to establish native-
like signaling [1–3].

The design of sophisticated cellular microenvironments – with colocalization 
of constituent cells and the application of biophysical forces mediating tissue 
development – is rapidly gaining attention of researchers in the fields of stem 
cells and regenerative medicine. Predictable regulation of cell differentiation and 
assembly remains a fundamental requirement for studying the developmental 
processes in tissues and organs. During native development, a complex and func-
tional three-dimensional structure is created as a result of coordinated sequences 
of events that instruct the cells when, where, and how to differentiate. These 
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events need to be understood before researchers can use the acquired knowledge 
to harness the potential of stem cells [1–3].

Some of the critically important biological cues that guide the development of 
functional tissues include (1) matrix architecture along with the surface topology 
encountered by the cells, (2) chemical signals (in most cases presented as spatial 
and temporal gradients surrounding the cells), and (3) combinations of physical 
factors (hydrodynamic shear, mechanical compression or stretch, and electrical 
signals) exerted on the cells [1, 2].

To utilize the full potential of stem cells, one or more aspects of the dynamic, 
three-dimensional native milieu needs to be reconstructed. This provides engi-
neers with the challenge of devising and applying state-of-the-art technologies 
capable of providing biologically sound, sophisticated “niches” for stem cells, 
that are equally important for engineering large functional tissue grafts for 
implantation and in  vitro platforms with microtissues. In  vitro platforms can 
be used for the screening of cells, drugs, and biomaterials, and thereby support 
the development of novel therapies that extend beyond the field of regenerative 
medicine.

In recent years, tissue engineers are increasingly learning from tissue develop-
ment and regeneration. Tissue development (from the initial fusion of cells to a 
fully matured organism) provides them with the blueprints needed to create func-
tional tissues starting from a pluripotent cell stage and ending with a multicellular 
tissue [1]. In contrast, tissue regeneration describes the responses of mature mam-
malian tissues employing adult stem cells, progenitor cells, and fully differentiated 
cells working together to alleviate scar tissue formation or to heal a wound. Both 
events make use of the ability of certain cells to differentiate into specific lineages 
to create or repair a tissue. Furthermore, the identification and replication of bio-
physical forces that are present during tissue development and regeneration provide 
critical information for designing bioreactors that recreate some aspects of the 
environments found in vivo. The advanced bioreactors we have today could help 
better understand tissue formation and ultimately exploit the knowledge gained for 
therapeutic purposes [1, 2].

Novel cell culture technologies mimic with a constantly improving fidelity the 
native microenvironments found in vivo while decreasing the volume (and thereby 
the cost) of the cell and tissue culture media needed [1–20]. The miniaturization of 
bioreactors is an important step toward achieving accurate control of the biophysi-
cal forces exerted on the cultured cells while increasing the throughput of condi-
tions that can be studied. The logic is rather simple and based on the established 
bioengineering principles for living systems: the shorter the distance, the shorter is 
the time constant for mass transport and signaling, and the faster and more accurate 
the environmental control.

Miniaturization of bioreactors also helps minimize the amounts and cost of 
the  media and growth factors, and thereby, allows experimentation with large 
numbers of variables and sample sizes for increased parameter space and sta
tistical significance. Technologies such as cell patterning provide researchers 
with  precise control over the topology of culture substrate and cell placement. 
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Spatial distributions of cells and matrix components are critical for proper tissue 
development and function. Other technologies such as microfluidic platforms 
have been optimized to operate with small mass transport distances in order to 
enable precise maintenance of microenvironmental conditions and fast cell 
responses to external stimuli. Microbioreactors can incorporate shear stresses 
normally acting upon the cells in contact with flow of body fluids, to more accu-
rately mimic the in vivo biophysical conditions. Also, miniaturized cultured sys-
tems can be designed to incorporate electrical field stimulation, another important 
biophysical stimulus present during physiological function of excitable cells such 
as cardiomyocytes [1–21].

In this chapter, we focus on current microtechnologies designed to mimic 
biophysical factors found during tissue development and regeneration and allow 
researcher to study the effects of such stimuli on the health and function of stem 
cells, in the context of their self-renewal, differentiation, and phenotype maturation. 
In general, stem cells are cultured in the three-dimensional context of a biomaterial 
scaffold, with environmental control and the application of molecular and physical 
regulatory factors. We describe three established microtechnologies: surface pat-
terning, microfluidics, and electrical stimulation, and how they have been applied 
to study human stem cells (Fig. 9.1).

9.2 � Biological Principles, Engineering Designs

Lessons learned from development can provide an appropriate biological context 
when designing microbioreactors. Cells in an adult organism, as well as stem cells 
during native development, are surrounded by multiple cell types and in most 
cases embedded within a highly specialized extracellular matrix (ECM) [1]. In 
addition, cells are often positioned closely to a vascular network providing the 
necessary exchange of nutrients and metabolites necessary for cell growth and 
maintenance.

Cell types, the structure and biomechanics of the ECM, and the vascular 
networks surrounding the cells all depend on the tissue type (e.g., load-bearing or 
metabolic) and state (e.g., development, regeneration, and disease). In all cases, 
cascades of tissue-specific molecular and physical regulatory factors that change 
spatially and temporally mediate cell fate and function. Early studies were con-
ducted using standard well plates but the technique has serious limitations that may 
prevent researchers from conducting experiments under realistic conditions, and 
measuring readouts that are predictive of cell behavior in vivo [1, 2].

It is obvious that the biological complexity of native cell environment cannot be 
mimicked under standard cell and tissue culture conditions. Stem cells cultured in 
a well plate are attached to the growth substrate by one side of its membrane, while 
the other side of the membrane is exposed to culture medium. Clearly, this is an 
unnatural and asymmetric situation that is likely to skew cellular responses to both 
genetic and external signals. Moreover, the periodic change of medium results in 
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Fig. 9.1  Overall approach to tissue engineering. To unlock the full biological potential of stem 
cells, it is necessary to establish platforms that recreate native-like environments found in vivo. 
Current technologies allow the manufacture of microbioreactors able to provide different bio-
physical stimuli. Properties that can be engineered into microbioreactors include: surfaces with 
different patterns of molecules, the inclusion of perfusion during culture, and the addition of 
electrical stimulation during culture. The goal is to recreate environments that are present in the 
target tissue or organ in order to more accurately study the effects of these environments on the 
cells of interest. Middle panel images taken from Figallo et al. [16], Fukuda et al. [15], and Serena 
et al. [46]. Images in the bottom panel were produced using Servier Medical Art
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constantly changing concentrations of molecular species and the depletion of 
nutrients and growth factors that accumulate during the culture period. Finally, 
physiological regulatory signals – hydrodynamic, mechanical, and electrical – are 
absent from static culture.

Taken together, the cell environment in static culture is distinctly different from 
the dynamics of the actual in vivo environment, imposing limitations to the inves-
tigation of stem cell growth and differentiation in vitro. Presumably, if much of the 
complex interplay of mechanical and molecular factors present in vivo is absent 
from culture, the cellular responses may be quite different from those expected 
in  vivo, limiting the value, and predictability of data obtained under standard 
in vitro conditions.

9.2.1 � Biomimetics

It is important to utilize biological information to build better systems that help 
scientists and engineers expand the current knowledge of the events that take place 
during functional tissue development. A biologically guided approach to the 
in vitro formation of engineered tissues is considered necessary to direct the three-
dimensional (3D) organization of cells (via biomaterial scaffolds) and to establish 
the conditions needed to instruct the cells to form functional tissue structures (via 
bioreactors). This approach is based on a premise that cells respond to environmen-
tal factors in a predictable fashion and that the in vitro cell function can be modu-
lated by mimicking the factors known to play a role during development and 
remodeling. In other words, the better we mimic nature during in vitro culture, the 
better will be our understanding of the biological processes leading to tissue for-
mation and regeneration.

The complex cellular, biochemical, and biophysical mechanisms that take place 
during tissue and organ formation thus need to be recapitulated when engineered 
tissues are made in laboratory. This process is limited by the current knowledge 
regarding the combinations and timing of regulatory factors involved in cell dif-
ferentiation [1, 2]. Engineers interested in developing microbioreactors for stem 
cells need to understand how uncommitted cells respond to external and internal 
signals and stressors and what important cellular biophysical interactions are 
needed to control cellular behavior.

9.2.2 � Bioreactors

One of the most complex aspects of tissue formation that needs to be recreated in the 
laboratory is the topologically specific and dynamically changing three-dimensionality 
of tissues. Early methods for cultivating stem cells were restricted to simple two-
dimensional (2D) settings, whereas in the physiological milieu, differentiation occurs 
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in a dynamically changing 3D environment. In recent years, researches have tried to 
mimic the native environment of stem cells by directing the differentiation of 
embryoid bodies (EBs) using 3D matrices to enhance the maintenance, proliferation, 
and differentiation of stem cells [1, 2, 10, 13, 17, 19, 21–23].

The material that provides the best template for the establishment of the three-
dimensionality of a forming tissue is the ECM surrounding the cells. The ECM 
mediates the cell–cell and the cell–matrix communication by providing structural 
support, attachment sites, and the appropriate cues to direct the cells [1]. The com-
position, overall architecture, ultrastructure, and biomechanics of the ECM are 
responsible for the long-range mechanical stability of organized tissues, and the 
establishment of the appropriate stiffness and elasticity required by resident cells. 
Overall, the ECM is a dynamic structure that undergoes constant remodeling as part 
of the natural turnover of the tissues or in response to injury or a pathological state. 
To better understand the cell behavior in a 3D environment of the ECM, the bio-
chemical and biophysical properties of the tissue-specific ECM need to be approxi-
mated in vitro.

9.3 � Surface Patterning for Cell Coculture

Mammalian cells have been cultured in 2D settings for just over 100 years using 
tissue culture plastics, either plain or coated with extracts of the native matrix, 
feeder cells, or purified proteins. The use of 2D culture techniques resulted in semi-
nal findings that constitute the bulk of our knowledge about stem cell biology and 
molecular regulation. Recent studies extended 2D culture to the use of substrates 
patterned on cell culture surfaces, in studies of cell renewal and differentiation as a 
function of substrate geometry, composition, and stiffness [23–25]. These types of 
experiments are pushing the boundaries of the traditional cell culture that has been 
focused on molecular factors, toward the inclusion of physical regulatory factors. 
Establishment of the relationships between the acting forces and cellular behavior 
open a door for new and exciting research with large implications to tissue 
engineering and regenerative medicine [1].

9.3.1 � Adhesive Micropatterning

Modifying the substrate geometry is a relatively simple way of regulating cellular 
functions. Changes observed on patterned substrates may be used to study the effects 
of physical characteristics of the ECM (i.e., roughness, alignment, etc.) on cell 
migration, polarization, and other functions. The organization of topological features 
has been shown to have dramatic effects on cytoskeletal arrangement and focal adhe-
sions in cultured cells [14]. For example, studies using nanopatterned substrates with 
varying topologies – both random and regular – promote the elongation of stem cells 



2099  Microbioreactors for Stem Cell Research

and their differentiation into an osteogenic linage when compared with more 
structured patterns [9, 26]. The guided differentiation serves as an example of how 
substrate modification can be used to influence cellular function.

The shape and size of stem cell colonies can affect how cells sense biochemical 
signals and respond to these signals. For example, mammary epithelial cell colonies 
that were micromolded into collagen gels have been shown to branch out along the 
path of a diffusible inhibitor secreted by the cells [27]. Size can also help prolong 
the time of human embryonic stem cells (hESCs) in culture or guide their differen-
tiation [10, 28]. hESCs remain in their undifferentiated state longer when cultured 
in three dimensional wells of a defined size [10]. The observed dependence on size 
can be traced back to molecular cues such as the levels of Smadl. Increases in 
size can be positively correlated with increases of Smadl antagonist growth dif-
frentiation factor-3 (GDF3). This increase occurs under constant levels of bone 
morphogenetic protein 2 (BMP-2) and, as a result, the level of pSmad1 decreased, 
while the numbers of pluripotent cell colonies increased [29].

Micropatterning in two dimensions provides many different ways to control 
cellular shape without the use of chemical agents. Adhesive proteins can be 
printed onto a substrate in a variety of sizes and shapes, to force the cells to 
attach and spread only over the patterned geometry. Such topological control of 
cell size and shape can be used to direct the cells to switch between apoptosis, 
proliferation, and differentiation [23, 30]. Current micropatterning technologies 
allow for the precise control of the contact between cells, thereby allowing 
researchers to distinguish between the effects of cell–cell contact and remote 
cell–cell communications. For example, the effects of cell–cell contact and the 
diffusion of molecules between hepatocytes and supportive stromal cells can 
be systematically interrogated using micropatterned surfaces [31]. This control 
can, in turn, allow researchers to determine the minimum amount of time in 
direct proximity necessary to maintain the hepatocyte phenotype and to optimize 
the effective diffusion distances of the soluble signals [31].

Another simple way of probing the interactions between two cell populations is 
the use of binary surface patterning [15]. As shown in Fig.  9.2 (upper panel), a 
nonadhesive layer is patterned on the substrate and seeded with the first cell type, 
which will attach only to the adhesive regions. The nonadhesive layer is then turned 
into an adhesive surface without affecting the cells currently attached. The second 
cell type is then seeded, and these cells will only attach to the remaining adhesive 
surface. This method allows for two different cell populations to be patterned in two 
dimensions with complete control over their size or shape. Cells can be distin-
guished by morphology or by adding a cell-membrane dye. Patterns can also be 
used to mimic a specific aspect of the native tissue architecture and the technique 
can be incorporated in a high-throughput fashion, while maintaining higher control 
over cell seeding distribution and spatial geometry than using random seeding 
methods [17].

Precise spatial control over cell adhesion and seeding patterns can be used to 
study the effects of cell spreading and shape on cell ultrastructure and function. 
For example, cultivation of mesenchymal stem cells on engineered surfaces 
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Fig. 9.2  Surface patterning of one or multiple cell types. Upper panel: (A) Schematic showing 
the fabrication of a coculture system using capillary force lithography and layer-by-layer deposi-
tion. This example uses a layer of hyaluronic acid sandwiched between a PDMS mold and a glass 
substrate. The wells created by the PDMS mold are coated with fibronectin and the HA surface is 
subsequently combined with collagen. The different ECM coatings select for different cell types 
effectively patterning the cells on the glass surface. The images on the right show (B) the cell 
culture of ES cells and NIH-3T3 on patterned HA/collagen surfaces (a and b) where (b) ES are 
stained green and NIH-3T3 in red. Images obtained from Fukuda et  al. [15], pp. 1479–1486. 
Middle panel: (C) Schematic representing the fabrication of microwells using photocrossslinkable 
polyethylene glycol. After creating the microwells, ES cells were seeded onto the surface, allowed 
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enabled controlled study of shape-induced cell differentiation and cytoskeletal 
rearrangement [14]. Researchers found that hMSCs cultured on larger patterned 
islands containing adhesion ligands would preferentially differentiate into an 
osteogenic lineage, while cultivation of hMSCs on smaller islands resulted in pref-
erentially adipogenic differentiation [32]. Control over cellular shape may thus 
play an important role in the dynamics of the cytoskeleton, with ultimate effects 
on overall cellular function. These findings have led researchers to speculate that 
RohA may regulate stem cell linage commitment and suggested that the size of the 
patterns could be considered when designing biomaterials for bone tissue 
engineering applications [32].

9.3.2 � Microwells

Researchers have used PolyEthylene Glycol DiAcrylate (PEGDA) microwells to 
provide control over the size of the EBs, towards more homogenous size distribu-
tion in the EB population as shown in Fig. 9.2 (middle panel) [13]. The initial size 
of EBs was maintained for over 10 days at diameters ranging from 40 to 150 mm. 
The added homogeneity of size distribution contributed to the homogeneity of ES 
cell differentiation in EBs. The material also facilitated the removal of the EBs 
without affecting their size or structure promoting easy analysis, and maintaining 
their capacity for differentiation [13]. In this sense, the size of EBs can be 
correlated with a more uniform expression of cell renewal and differentiation 
markers. In addition, size constraint had a higher effect on self-renewal than on 
differentiation markers while retaining uniformity [13].

For tissue engineering purposes, the large cell numbers that are sometimes 
needed can limit the utility of ES-derived cells due to the associated cost and time 
of cell processing. Modulation of the cellular microenvironment and the restriction 
of the size of the EB could further help researchers manipulate cells appropriately 
and obtain larger numbers of cells to accommodate larger experimental groups or 
to engineer larger tissues. Future work may incorporate other environmental factors 
such as hypoxia, exogenous cytokines, and the addition of biophysical stimuli.

Fig. 9.2  (continued) to settle, and the arrays washed leaving cells inside the wells. Shown on the 
right are (D) confocal laser light microscopy images of the cell aggregates cultured for 5 days 
inside wells of different sizes. Images obtained from Karp et al. [12], pp. 786–794. Lower panel: 
Schematic (E) shows the fabrication of microchannels containing two cell types embedded in a 
fibrin matrix. A PDMS mold is used to create both channels by allowing the polymerization of the 
fibrin matrix containing the cells of interest. Once the cells are trapped, the PDMS mold is 
removed and the two channels are overlaid with additional fibrin. (F) Images show (light and 
immunofluorescence stain: a-SMA – green and nuclei – blue) the progression of cell sprouting 
between both channels (500 mm gap), one seeded with umbilical cord endothelial cells and the 
other with mesenchymal stem cells, after 3 and 14 days of culture. Images obtained from 
Trkov et al. [21]
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9.3.3 � Substrate Stiffness

Groundbreaking studies conducted in recent years have demonstrated that cell 
shape and cytoskeletal tension could be modulated by manipulating the stiffness of 
the underlying substrate [33]. Cells are sensitive enough to the substrate stiffness 
that the substrate can direct cell differentiation in a major way. For example, 
substrates with stiffness closer to the native heart tissue support cardiogenic dif-
ferentiation of embryonic cardioprogenitors by providing an optimal scaffold for 
transmitting the contractile work, as opposed to stiffer scaffolds that resemble scar 
tissue after infarction and do not promote cardiogenesis [33]. The effect of stiffness 
has been related to cell–matrix interactions via actin-myosin motors. Integrin-based 
adhesion sites provide resistance to the cellular contraction leading to the recruit-
ment of additional adhesion molecules [25, 34]. Mechanical stresses at the cellular 
level can also be regulated via cell–cell interactions.

Cells that are confined to a specific geometric shape and size through geometric 
control of the cell culture substrate proliferate in regions with high traction forces, 
such as the edges of circles and the corners of rectangles. This feedback loop can 
have an additive effect to the regulation of multiple cellular functions. Therefore, the 
stiffness of the substrate alone may direct cell proliferation or differentiation along 
a specific linage. For example, stiff substrate leads to osteogenic differentiation, 
medium stiffness substrate supports myogenic differentiation into muscle cells, and 
soft substrate leads to neurogenesis in adult human stem cells [1, 25, 34].

9.3.4 � Microchannels

Miniaturization of bioreactors can also lead to experiments that look at cell–cell 
and cell–material interactions enabling the identification of important regulatory 
soluble factors, or any synergy that may result from simultaneous application of 
two factors [2]. For example, microfabricated structures have been used to study 
labeled clonal populations of neural stem cells and their progeny to investigate cel-
lular kinetics and cell fate in real time [35]. This approach allowed researchers to 
track cellular differentiation in a high-throughput manner [2, 35].

A major advantage of microfabrication is the ability to substantially increase the 
throughput of screening studies. For example, the uses of robotic spotters that dis-
pense and immobilize nanoliter volumes of a specific substrate to create microar-
rays enable researchers to study cell–matrix interaction in a large parameter space 
[20]. Synthetic biomaterial arrays can be used to test the effect of numerous com-
binations of extracellular signals on stem cell differentiation resulting in the devel-
opment of novel and specialized biomaterials [19, 20]. The same approach can be 
used with naturally derived ECM molecules that induce and maintain cell differen-
tiation in vitro [36]. Changes in gene expression leading to matrix synthesis and 
surface marker expression are often associated with cellular morphology, making 
cellular shape one of the most obvious indicators and regulators of cell function. 
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Topological features, adhesiveness, and stiffness of the cell attachment substrate 
can all affect the cell shape and behavior [1, 2].

Even with precise control over spatial cell distributions using micropatterning 
techniques, the 2D culture does not recreate the 3D environment where the cells 
normally reside. Soft lithography techniques can be used to generate microarray 
systems suitable for the study of cell–cell interactions in three dimensions. This 
is a relatively new technique that allows researchers to approximate the 3D nature 
of tissues using hydrogel constructs. One approach uses poly(ethylene glycol) 
methacrylate as a bioresistant, biocompatible material that can form hydrogels 
after photopolymerization. A small volume of hydrogel is placed on the sub-
strate, followed by the placement of a polydimethylsiloxane (PDMS) mold, 
which confines the solution within a desired form. The materials are then placed 
into a chamber and exposed to ultraviolet light to crosslink the hydrogel. The 
PDMS mold is subsequently removed, leaving behind the hydrogel of the desired 
pattern [17].

Interactions between two cell types can also be studied using patterning tech-
nologies. Functional interactions between human mesenchymal (hMSC) and 
endothelial cells (hECs) have been explored using a 3D hydrogel encapsulation and 
microfluidic patterning. This technique allows for a precise control of the distance 
between the two cells of interest (in the 500–2,000 mm range). The distance sepa-
rating the cells effectively varied the relative contributions of the heterotypic cell 
contacts and diffusing signals [21].

As shown in Fig. 9.2 (lower panel), PDMS molds can be used to pattern the 3D 
hydrogel (fibrin) channels with embedded cells (hMCSs and hECs). After polym-
erization, the PDMS mold is removed leaving hydrogel channels (with the cells 
encapsulated) attached to the plastic. Both channels are subsequently encapsulated 
in another layer of hydrogel to provide uniform and continuous matrix between the 
cells. Using this technique, bone marrow-derived hMSCs where shown to sprout 
toward the endothelial cells in a distance-dependent manner. However, the average 
length of sprouts was not dependent on channel-to-channel distance, suggesting 
that the chemotactic effects increased the numbers of migrating cells, rather than 
causing the existing cells to migrate over longer distances. hMSCs also formed 
long, highly branched, and interconnected tubular structures resembling capillary 
networks. Interestingly, this was not observed for umbilical cord-derived stem cells, 
which otherwise show many common properties with hMSCs derived from bone 
marrow [21].

This study showed marked differences in the localization and relative quantity 
of a-SMA-positive hMSCs. Staining revealed a well organized and distributed  
a-SMA expression at sites where endothelial cells and bone marrow mesenchymal 
cells were in contact, and the expression of a-SMA was not observed elsewhere. 
Cultures of hECs and hMSCs alone showed no a-SMA expression over 14 days 
in culture, suggesting that hMSCs derived from bone marrow act as pericytes, with 
a major role in stabilization of immature vascular networks. The coculture system 
could be used as a novel platform for the study of vasculogenesis. Precise control 
over distances and channel dimensions can provide a robust model for studying 
cell–cell interactions and paracrine effects due to proximity [21].
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9.4 � Microbioreactors with Perfusion

The maintenance of cellular microenvironment, as well as of spatial and tempo-
ral changes of molecular and physical factors, has significant effects on cellular 
differentiation during tissue development and regeneration. The cellular 
microenvironment is constantly modified by the degradation of the ECM, depo-
sition of new molecules, secretion of cytokines by the residing cells, and cross-
communication between cells via molecular and physical signals. The cell–cell 
and cell–matrix signaling occur in a 3D environment at different hierarchical 
levels, ranging from membrane channels (fast signaling over short distances) to 
complete organs (slower signaling over larger and more complex structures). 
Each level has its unique readouts that change with developmental stage and 
tissue maturation.

The microenvironment (“niche”) surrounding a stem cell regulates and controls 
the cell fate and function. The stem cell niche serves as a structural template for cell 
attachment and tissue development (by providing the scaffolding for the cells), and 
a logistic template for cell differentiation and assembly (by immobilized and 
released cytokines that drive cellular functions). Engineering such an environment 
with biologically meaningful features would help researchers to understand how 
molecular and physical factors drive stem cell renewal and differentiation and pro-
vide the much needed tools required to harness the potential use of repair cells in 
regenerative medicine.

Cytokines and chemokines can be secreted by the cell itself, by neighboring 
cells within the same tissue, or by cells in neighboring tissues. Biochemical factors 
can also be immobilized within the ECM and serve as ligands for cells or can be 
released from the ECM as degradation products. Secreted or immobilized bio-
chemical factors regulate cell function and tissue development independently or by 
acting in concert with biophysical signals. The complexity of these processes is 
further increased by constant changes in regulatory signals and by the effects of 
additional unknown factors – genetic, molecular, and physical.

Recreating the combined effects of many different types of molecules, at many 
different levels and timings of application, while maintaining the fidelity of their 
spatiotemporal occurrence and magnitude, remains a challenging task that cannot 
be achieved in traditional 2D culture. Recent developments in microarray and 
microfluidic technologies provide the means to isolate the factors of interest by 
superimposing other well-defined signals. Although this approach does not capture 
the complexity of the entire regulatory machinery, it allows researchers to study 
multiple mechanisms at once. In addition, the miniaturization of the technologies 
allows for high-throughput experimentation and screening of different combina-
tions of factors, while providing a platform that can help to select the conditions of 
interest. Furthermore, these platforms could also provide tight control over the 
cellular environment, leading to better maintenance of cell phenotype and greater 
control over stem cell differentiation.
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Soluble and immobilized forms of regulatory signals in vivo are often presented 
to the cells in the form of spatial and temporal gradients that directly or indirectly 
guide morphogenesis. Diffusion and adhesion of molecules provide the necessary 
gradients needed to drive the selective chemotactic recruitment of cells and the 
spatial orientation of cells in their positioning into correct anatomical locations. 
Microfluidic systems can be used to deliver cytokine or chemokine gradients at 
defined intervals and concentrations. For example, microfluidics have been used to 
show how neutrophils migrate along an IL-8 gradient highlighting the distinct dif-
ferences in cellular responses resulting from graduate changes in concentrations. 
Microfluidic systems have also been used to show that cellular chemotactic responses 
strongly depend on the shape and magnitude of the concentration gradient profiles.

9.4.1 � Microfluidic Systems

Microfluidic systems can provide testing platforms to study how gradients affect stem 
cell differentiation and to learn how such effects can be harnessed to control their 
behavior. For example, controlled gradients of growth factors have been used to guide 
the proliferation and differentiation of neural stem cells in vitro [37]. Other designs 
of microfluidic system have added an extra level of complexity by using two- and 
three-dimensional substrates to screen for the synergistic interactions between soluble 
factors and biomaterials [2]. By incorporating the most current techniques into the 
design and fabrication of microfluidic systems, researchers are able to mimic, with 
increasing fidelity, the microenvironments surrounding cells in vivo.

The use of interconnected chambers within microfluidic platforms has been 
proposed as a technology that allows researchers to study the effects of coculture 
on cellular behavior and gene expression on a microscale [22, 38]. Interconnected 
channels allow for the crosstalk among chambers, and subsequently among cells, 
since the medium flows through each chamber. If no crosstalk is desired, chambers 
can be selectively isolated with the implementation of an integrated valve system. 
However, it may be difficult to coat the surface of the chambers or to obtain an 
evenly seeded surface [16]. These limitations may constrain the usefulness of such 
devices when recreating in vivo-like conditions.

With the advances in technologies that allow greater precision and accuracy 
during the fabrication process, it is becoming progressively easier to use micro-
fluidic systems in quantitative studies of cell polarity and signal propagation. 
Three-dimensional microfluidic systems with controlled molecular gradients have 
also been explored using collagen, agarose, and alginate as substrates to more accu-
rately recreate the extracellular space [39]. Precise control over the cellular environ-
ment in a 3D structure allows researchers to recapitulate with unprecedented 
sophistication the environment found during tissue formation and enables studies 
of the mechanisms behind cellular processes.
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9.4.2 � Microbioreactor Arrays

In general, biomimetic systems with medium perfusion and environmental control 
(oxygen, nutrients, metabolites, growth factors, pH, and hydrodynamic shear) have 
great potential for studies of stem cell differentiation. hESCs are certainly the most 
challenging and highly desired cell source, suitable for use in for small-scale, high-
throughput studies, as their culture and expansion require expensive media and 
reagents making large-scale experimentation financially prohibitive. To alleviate 
this limitation, researchers have developed multiplexed devices that connect micro-
fluidic platforms with microbioreactors, allowing for quantitative analysis of 
hESCs cultured in 2D and 3D settings.

Microbioreactor arrays (MBA), hybrids between bioreactors and microfluidic 
systems, represent a new class of devices that combine the individuality of culture 
wells with the individual perfusion of medium. MBAs merge the high-throughput 
character of small well plates with the mechanical and mass transport properties of 
perfusion bioreactors providing high performance and accurate control over the 
cellular microenvironment. MBAs share many properties with other microfluidic 
platforms such as low-medium usage, inexpensive fabrication, compatibility with 
standard microscopes, and the capacity for high-throughput yield. Also, MBAs 
allow for the easy translation of existing protocols to the use of liquid handling-
robotic systems to further automate the process [2, 16, 18].

hESC culture requirements center around the ability of these to differentiate 
into any cell lineage, which is the very feature that describes a stem cell and makes 
it very difficult to control in culture. The differences in serum from batch to batch 
and the poorly defined constituents within each batch could introduce significant 
variability making reproducibility more difficult. The environment that dictates 
the fate and function of hECs is influenced by the local density of the cells, clus-
tering of colonies, and by the uptake and diffusion of factors in the medium. 
MBAs fill the current need for a platform that can modulate the hESC niche either 
by manipulating the diffusional layer or by controlling transport and accumulation 
of factors [18].

There are many different fabrication techniques that can be used to make MBAs 
as shown in Fig. 9.3 [16]. For example, soft lithography has been used to fabricate 
a 12-channel MBAs with the footprint of a microscope slide, meeting the following 
design criteria [16]:

	1.	 A set of independent chambers in each bioreactor, while maintaining 
high-throughput and low consumption of medium, cells, and substrates.

	2.	 Ability to culture cells in either 2D or 3D settings, for prolonged periods of 
time.

	3.	 Reproducibility of steady-state levels of cell density, medium composition, 
oxygen levels, pH, flow regime, shear stress, and mass transport.

	4.	 Accuracy of the environmental parameters, over time, in each well, and from one 
well to another.

	5.	 Automated quantification of cell proliferation and differentiation using image 
analysis.
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Fig. 9.3  Microbioreactors with perfusion. Upper panel: (A) Schematic of a microbioreactor array 
(MBA) arranged in a 4 × 3 array (3.5 mm in diameter, 8 mm vertical, and 7 mm horizontal center-
to-center spacing). The array can be made in two configurations: bottom inlet/outlet (BIO) and 
middle inlet/outlet (MIO). (B) Top graphs show the fluid velocity in the plane 50 mm above the 
cell culture surface (blue line) and shear stresses along the centerline (circles) for both configura-
tions. Bottom graphs show the spatial distributions of oxygen concentrations (color map), fluid 
velocity (arrows), and velocity streamlines (lines) for both configurations. Images taken from 
Figallo et al. [16]. Lower panel: (C) Shows another schematic of a microbioreactor array. It also 
shows a lateral view to clarify the differences in the configurations available. (D) Images show the 
effect of cell density and transport regime on cell morphology and differentiation. First row (a–c) 
shows bright-field images of the culture wells with three different cell densities (60, 160, and 314 
cells/well, respectively). The second row and third row show phase contrast and fluorescence 
images of: static (nonperfused) bioreactors (d and g), low-shear bioreactor (e and h), and high-
shear bioreactor (f and i). The graph (j) shows the fraction of cells expressing smooth muscle actin 
(SMA) under these conditions. Images taken from Cimetta et al. [18]
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Each channel is 100 mm × 100 mm in cross section and designed to provide the 
appropriate gas exchange by equilibration of the three inlet streams of 
medium. The streams are then divided into four equal parts resulting in a 
12-chamber culture system. This results in three inlet/outlet ports and three 
four-way splitters directing the flow with a constant pressure drop and fluid 
velocity in each chamber. To mimic the ECM surrounding the cells, a photo-
polymerizing hydrogel can be added to the surface or used to encapsulate the 
cells. The resulting matrix with a thickness of 200–500 mm is ideal for effi-
cient mass transfer between the cells and the medium flow, while providing 
three-dimensional scaffolding for the cells [16].

The MBAs can be configured with the inlet and outlets located at the bottom of 
the device (BIO: Bottom Inlet and Outlet) or in the middle plane (MIO: Middle 
Inlet and Outlet) with medium flowing over the cells in a monolayer or encapsu-
lated in hydrogel matrix. By changing the system’s geometry (depth of the culture 
well) and flow regime, the hydrodynamic shear acting on the cells can be modu-
lated over a wide range of values [16].

Modeling of steady-state conditions in the MBAs showed uniform pressure dis-
tribution within the chamber and the largest pressure drop occurring at the inlet and 
outlet. The fluid velocity is also uniform and low among all of the chambers with 
both configurations operating at low shear (Fig. 9.3, upper panel). There was a clear 
difference in the fluid velocity and hydrodynamic shear between the two microbio-
reactor array configurations.

Semiquantitative analyses of the mass transport of oxygen and albumin 
showed the differences between the two molecules within each configuration. 
The boundary layer thickness and the mass transport coefficient were lower in the 
BIO configuration when compared with the MIO. The MIO also showed a diffu-
sion dominated mast transport, while convection played a larger role in the BIO 
configuration. These differences highlight the flexibility brought by the use of 
MBAs when it comes to experiments that require fine control over mass transfer 
properties [16].

hESCs cultured in perfused MBAs were shown to achieve high viability, with 
the most positive effect on hESCs cultured in a 3D setting, presumably due to 
enhanced mass transport. MBAs were used to monitor the differentiation of hESCs 
using live imaging, and automated image analysis routines to track cytoplasmic and 
nuclear differentiation markers.

In one study, hESCs were differentiated into vascular cells by the addition of 
vascular growth factor resulting in extensive sprouting and a-SMA expression. A 
quantitative correlation has been established between the density of hESCs and 
their differentiation into vascular lineages, based on the expression of smooth 
muscle actin. Furthermore, hESCs showed higher levels of vascular differentiation 
in the BIO configuration, consistent with the role of hydrodynamic shear upon stem 
cell differentiation (Fig.  9.3, lower panel). In all configurations, expression of 
a-SMA increased exponentially with a decrease in cell density, while the expression 
of Oct4 was not dependent on cellular density [16].
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9.5 � Microbioreactors with Electrical Stimulation

The importance of biophysical stimuli on stem cell differentiation has been previ-
ously established [40–42, 46]. Electric fields can be found during embryonic 
development, wound healing, and tissue regeneration in the extracellular space 
and/or within the cell itself. Electric fields (EFs) play an important role in the 
spatial and temporal formation of the developing embryo by providing the neces-
sary signals to establish the correct anatomical location of tissues.

Applied electric fields have been shown to influence directional cell migra-
tion (galvanotaxis), calcium and sodium ion fluxes, and localization of receptors 
on the cellular membrane such as epithelial growth factor [43–45]. Electric 
fields can also promote differentiation of stem cells when applied exoge-
nously  during culture, although the exact mechanisms involved are currently 
unknown.

Recent studies show that human embryonic stem cells respond to electrical 
field stimulation [46]. This raises an interesting possibility that the differen
tiation of hES and iPS cells could be mediated by molecular and electrical 
signals.

The bioreactor for electrical stimulation of human EBs was built on a glass 
slide for optical transparency using stereolithography into a 4 × 4 PDMS well 
configuration (wells measuring 5 mm × 5 mm) (Fig. 9.4, upper panel). Electrodes 
are placed within the chambers 5 mm apart and connected to an electrical stimu-
lator generating a monophasic square wave pulse. EBs were cultured with a field 
pulse of 1 V/mm and a duration of 1 or 90 s. A nonpolar and nonfluorescent com-
pound that readily diffuses into the cell and rapidly oxidizes into a fluorescent 
molecule was used to measure intracellular reactive oxygen species (ROS) activity. 
ROS generation was higher on electrically stimulated EBs than unstimulated EBs 
with the largest difference observed 5 min after applying the EF (Fig. 9.4, lower 
panel), and ROS was also increased when the pulse duration was increased from 
1 to 90 s [46].

Mouse embryonic stem cells have also been shown to differentiate into cardio-
genic and vasculogenic lineages when exposed to EFs [47]. A possible explanation 
for this effect may be the generation of (ROS) typically generated during the 
metabolism of oxygen and found to increase during the stimulation of EBs [47]. 
ROS can inhibit gene expression and affect growth and differentiation of many 
types of cells. ROS can also activate mitogen-activated protein kinase (MAPK) 
enhancing angiogenesis via the activation of ERK1,2 and JNK. In addition, ROS 
has been implicated in the regulation of cardiogenesis and cardiogenic repair via 
the phosporylation of ERK1,2, JNK, and p38 [48–51].

ROS signaling is an important component that regulates cell proliferation, 
DNA damage and cell aging, but their production and the mechanisms behind 
their effects remain largely unknown. Exogenous electrical stimulation does not 
affect EBs viability even after 4 days in culture. Electrode–electrolyte interface 
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Fig. 9.4  Microbioreactors with electrical stimulation. Upper panel: (A) Picture and schematic of 
the mold and PDMS bioreactor with electrodes spaced 5 mm apart. (B) The maximum percentage 
of beating EBs (a) that were electrically stimulated at day 4 and 8 with titanium nitride (TiN) or 
stainless steel (SS) electrodes (controls were not treated). Images show the effect of electrical 
stimulation on cardiomyocytes differentiation (b–d) (cardiac troponin T). Taken from Serena et al. 
[46]. Lower panel: (C) Schematic of the indium-tin-oxide patterned substrate using laser ablation 
process. Below is a close-up image of the patterned electrode array (e) with 200 mm electrodes 
and 200 mm spacing in between. Right panel shows bright-field images (D) of neonatal rat cardiac 
cells after 4 days of culture with stimulation (f) and without (g) stimulation (scale bar = 200 mm). 
Arrow shows the direction of the applied field. The graph (h) shows the percent area beating per 
well for cardiac cells cultured with (blue) or without (pink) electrical stimulation. Images taken 
from Tandon et al. [5]
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characterization found the highest rate of ROS generation using stainless steel 
electrodes during a 90 s signal and for 4-day-old EBs. This stimulation regime 
corresponded to EBs incubation in the presence of 1 nM H

2
O

2
. Spontaneous con-

tractions and expression of troponin T and sarcomeric organization suggested that 
the EBs differentiated along the cardiac linage as a result of electrical stimulation 
(Fig.  9.4, upper panel). Electrical stimulation increased ROS production over 
time, with the highest level found after 8 days of stimulation, suggesting that the 
effects of electrical stimulation are more pronounced at the earlier stages of 
development [46].

Gold nanoparticles (20 nm) have been used to promote stem cell differentia-
tion by delivering electrical stimulation in  vitro. Culture dishes were continu-
ously coated with fibronectin-coated gold nanoparticles using a layer-by-layer 
system and seeded with hESCs. Following seeding and culture on the coated 
surfaces, hESCs were shown to no longer express Oct-4 following electrical 
stimulation, while collagen type I and CBFA1 (osteogenic markers) expression 
increased [52]. In separate studies, a modified parallel-plate bioreactor was 
designed and built to direct current EFs deliver DC to seeded human adipose-
derived stem cells [6]. Salt bridges delivered the electrical current and the cells 
were stimulated continuously for 2 or 4  h at a constant 3  mA under standard 
culture conditions. Cells were evaluated by morphometric analysis, immunohis-
tochemistry, and RT–PCR analysis.

Cellular orientation began to increase after 2 h of stimulation with cells favoring 
a perpendicular direction to the applied electrical field. After 4 h of stimulation, the 
hASCs became highly aligned toward the perpendicular direction with signs of 
elongation. hASC showed upregulation of CX-43, VEGF, and FGF after 2 h and 
VEGF and ThB after 4 h [6]. Overall, electrical stimulation favored vasculogenic 
differentiation as indicated by the upregulation of ThB, VEGF, and FGF. 
Furthermore, the lack of PPAR-gamma expression suggests that the hASCs may 
be differentiating down an adipogenic linage. Cells do upregulate Cx-43 during 
the first 2  h of stimulation but show disassembled gap junctions. After 4  h of 
stimulation, PNF gene expression was downregulated [6].

Interestingly, DC resulted in disassembly of gap junctions and actin fibers, concur-
rent with cell alignment and elongation. Given that these cells reorient and migrate 
in the electrical field as they change their morphology, gap junctional rearrange-
ments could back-regulate the transduction of the electric field stimulus, and cell 
motility and realignment might mitigate effects from the applied electric field. 
Longer experiments may provide further insights into cell responses to the DC field 
in terms of reestablished cell–cell communications and reorganization. Also, treat-
ing cells with actin antagonists [54] or gap junctional blockers [53] or studying cell 
behavior after cessation of electrical stimulation might be an interesting direction 
of future research.

The development of microscale systems would allow for high-throughput 
screening of electrical stimulation regimes by varying parameters such as ampli-
tude, frequency, signal duration and shape, and spatial variance [5]. To this end, 
Indium Tin Oxide (ITO) was shown to provide a viable alternative to traditional 
electrodes because of its excellent electrical conductivity, optical transparency, and 
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the ability to be micropatterned on to a surface allowing for better spatial control of 
the electrical field through the cells. The apparent stability and cytocompatibility of 
ITO make it ideal for use in microbioreactors and it has already found uses in bio-
sensing, as stimulation and recording electrodes, and electrode arrays for dielectro-
phoretic cell patterning [5].

A novel and biocompatible microbioreactor array has been described in which the 
culture surface was micropatterned with ITO resulting in an interdigitated array of 
electrodes designed specifically for the stimulation of cultured cells (shown in Fig. 9.4, 
lower panel). Using laser ablation, a microscopy compatible surface with interdigi-
tated ITO electrodes printed on the surface is generated for long-term, microscale stem 
cell stimulation. Electrical impedance spectroscopy was used to characterize different 
geometries and regimes and computational modeling of the ITO surfaces showed 
constant electric fields between the electrodes close to the cells [5].

hASCs culture in the ITO microbioreactor array showed enhanced proliferation, 
elongation, and reorientation of cells perpendicular to the applied electric field. 
Also, the cells showed higher number of Cx-43-composed gap junction. Several 
types of ion channels have been found in hACS that are likely targets of the electri-
cal field: channels for a delayed rectifier-like K+ current, a Ca2+-activated K+ cur-
rent, a transient outward K current, and also a TTX-sensitive transient inward 
sodium current [6]. Future work should focus on dissecting which ion channels are 
responsible for the effect of electrical fields on stem cell differentiation [6]. The 
ability to modulate cell alignment and connectivity by electrical signals would be a 
valuable tool for tissue engineering applications.

9.6 � Summary

The last decade brought about the development of a new generation of culture 
systems of high-biological fidelity that are finding application in fundamental 
biological research, engineering of functional tissue grafts, and studies of disease. 
These engineering designs are inspired by “biomimetics” – an approach that aims 
to recapitulate in vitro some of the native cellular milieu associated with tissue 
development and regeneration in vivo.

Ideally, a culture system for human stem cells – embryonic or adult – should 
provide physical regulatory signals acting in concert with molecular factors, in 
form of spatial and temporal gradients designed to mimic the cellular environments 
encountered in  vivo. It is clear that highly sophisticated environments, in which 
cells establish dynamic relationship with matrix and other cells, are enabling the 
levels of control not achievable in the past.

The microbioreactor platforms described here integrate geometric patterning, 
medium perfusion, and electrical stimulation with the molecular regulatory factors, 
within culture settings specifically designed to meet multiple needs of the cultiva-
tion of human stem cells. Miniaturization of the individual culture spaces enables 
experimentation within a large parameter matrix, with sample sizes necessary for 
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statistical significance, and minimal consumption of cells, substrates, and culture 
media. These systems, in their present designs and future incarnations, could pro-
vide basis for directed differentiation of embryonic and adult human stem cells 
and the subsequent maturation of cell phenotypes. Most importantly, the “bio-
mimetic” designs of these systems can increase the relevance of cell responses for 
eventual application in  vivo, and thereby enhance translation of fundamental 
research into regenerative medicine therapies.
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10.1 � Introduction

Vascular tissue engineering is an active area of research because of the need for 
alternatives to native veins and arteries for vascular surgery. The use of autologous 
veins for vascular surgery is limited by the availability of healthy blood vessels and 
poor long-term patency [1]. The drawbacks associated with synthetic and allogeneic 
grafts include thrombosis, rejection, chronic inflammation, and poor mechanical 
properties. Synthetic vascular grafts have been constructed from a wide range of 
biomaterials: polyethylene terephthalate [2], expanded poly-tetrafluoroethylene 
[3], polyglycolic acid or poly-l-lactic acid [4], silk fibroin [5], polyurethane [6], 
among others. However, synthetic vascular grafts are associated with a high inci-
dence of thrombosis and occlusion when the diameter of the graft is <5 mm. The 
development of nonimmunogenic, nonthrombogenic, and mechanically stable 
vascular grafts requires cell sources that are expandable and scaffold materials that 
will mimic the structure of native human blood vessels [7]. In this chapter, we focus 
on potential cell sources for vascular tissue engineering.

10.2 � Blood Vessels and Vascular Cells

The wall of blood vessels is made up of three layers. Each of the three layers 
confers specific functional properties to blood vessels. The innermost layer is a 
single layer of endothelial cells (ECs), which prevents spontaneous blood clotting 
in the vessel and regulates the transport between the blood and the tissue. 
Vascular cells are continuously subjected to mechanical forces due to the pulsatile 
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nature of blood flow [8, 9]. Endothelial cell function is regulated not only by 
chemical signals such as hormones, cytokines, and neurotransmitters, but also by 
mechanical stimulation (shear stress and mechanical strain generated by blood 
flow) [10]. In arteries, endothelial cells that line the lumen of blood vessels expe-
rience an average fluid shear stress caused by blood flow ranging between 10 and 
15 dynes/cm2 [11, 12].

The medial layer of blood vessels is composed of smooth muscle cells (SMC) 
and extracellular matrix (ECM) components such as collagens and elastin. The 
medial layer contributes to the bulk mechanical strength of the vessel as well as its 
ability to contract or relax in response to external stimuli. SMCs experience very 
low shear stress of about 1 dyn/cm2 due to interstitial fluid flow [13]. SMCs in the 
media layer of the blood vessel wall also experience cyclic mechanical strain due 
to the pulsatility of blood flow [14]. The outermost layer is composed primarily of 
fibroblasts and ECM, and has microscopic blood supply as well as nerve [15].

10.3 � Potential Cell Sources for Vascular Graft Engineering

Early efforts in the field of engineered vascular grafts utilized vascular cells 
(vascular SMCs, ECs, and fibroblasts) to recreate structures similar to human blood 
vessels [2, 16, 17]. The success of this approach is limited in part by the low 
proliferative capacity of human vascular cells. The isolation and characterization of 
progenitor cells as well as adult and embryonic stem cells (ESCs) opened new 
possibilities for engineering tissue-engineered vascular grafts. The advantage of 
stem cells lies in their ability to replicate indefinitely and to differentiate into 
multiple cell types. Progenitor cells cannot renew themselves, and usually are more 
specialized than stem cells in differentiation potential [18]. In this chapter, we 
discuss endothelial progenitor cells (EPCs), mesenchymal stem cells (MSCs), 
mesenchymal progenitor cells (MPCs), and ESCs. We review current research on 
the response of these cell types to hemodynamic forces and their use in vascular 
graft engineering.

10.3.1 � Endothelial Progenitor Cells

EPCs represent a promising source of ECs for synthetic vascular grafts and tissue-
engineered blood vessels because they can be easily isolated and possess prolifera-
tion potential [19]. EPCs originate from the bone marrow, and can be found in the 
bone marrow, peripheral blood, or cord blood. Upon stimulation, EPCs are released 
into the blood circulation and migrate to vascular regions with injured endothelia 
[20]. In normal adults, the concentration of EPCs in peripheral blood is very low 
(2–3 cells/mm3). The concentration of EPCs in cord blood, however, is 3.5 times 
higher [21]. The controversy about EPCs lies in the fact that there exist multiple 
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phenotypic definitions for EPCs. In cell culture, there are two phenotypes of EPCs: 
“early EPCs” and “late EPCs.” In addition to cell culture, there exist different 
methods to identify EPCs by markers such as CD133, CD34, CD31/PECAM-1, and 
vascular endothelial cadherin (VE-cadherin) [22, 23].

10.3.2 � Mesenchymal Stem Cells

MSCs are multipotent stem cells that can be isolated from various adult tissues. 
Although bone marrow is the most abundant source of MSCs, these cells are also 
found in muscle, fat, dermis, peripheral blood, and cord blood. MSCs have been 
shown to differentiate into adipocytes, chondrocytes, osteoblasts, and vascular 
SMCs [24]. The differentiation of MSCs can be directed by different growth factor 
combinations. Supplementing the basal culture medium with dexamethasone, 
ascorbate, and b-glycerophosphate induces differentiation into osteoblasts. 
Supplementing with TGF-b

3
, dexamethasone, and ascorbate induces chondrogenic 

differentiation while dexamethasone and hydrocortisone will induce myogenic dif-
ferentiation [25]. Adipogenic induction requires the addition of h-insulin, dexam-
ethasone, indomethacin, and IBMX [26]. There is also evidence that the addition of 
vascular endothelial growth factor (VEGF) induces differentiation toward an 
endothelial phenotype [27].

Human MSCs derived from bone marrow can be expanded without losing their 
multipotency [24]. Although no single cell surface marker for MSCs exists, they are 
in general positive for STRO-1 (a stromal cell surface antigen), CD105 [endoglin, 
receptor for transforming growth factor-b (TGF-b) and integrins], CD29 (integ-
rinb

1
), CD44 (receptor for hyaluronic acid and matrix proteins), and CD166 (a cell 

adhesion molecule), and negative for CD14 (monocyte surface antigen), CD34 
(HSC surface antigen), and CD45 (leukocyte surface antigen) [9].

MSCs do not express the major histocompatibility complex II (MHC II) anti-
gens that are responsible for immune rejection. MSCs are therefore a good cell 
source for allogeneic cell transplantation [28]. MSCs offer a great potential for tis-
sue engineering applications. However, the molecular mechanisms governing 
renewal and differentiation of MSCs as well as the effects of mechanical stimula-
tion on MSC function are not fully understood.

10.3.3 � Embryonic Stem Cells

ESCs are isolated from the inner cell mass of the blastocyst. ESCs are characterized 
by their unlimited proliferative potential and their ability to differentiate into all cell 
types of the body [29]. ESCs offer an excellent cell source for tissue regeneration 
and cell therapy. However, the use of ESCs for tissue engineering applications 
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depends on our ability to control stem cell proliferation and direct stem cell 
differentiation [30].

There exist differences between human and mouse ESCs. While human ESCs 
offer greater clinical applications, the mouse model provides significant insight into 
human stem cell differentiation and early human development [31]. Murine ESCs 
proliferate more rapidly than human ESCs in culture. The cell population doubling 
time is between 12 and 15 h for murine ESCs, whereas the doubling time for human 
ESCs is between 30 and 35 h [32]. Regardless of the species, all ESCs can maintain 
their pluripotency or can differentiate into any cell type depending on the culture 
conditions. Pluripotency makes ESCs an attractive option for tissue engineering 
applications and cell therapy for human diseases.

In vitro ESCs are cultivated on a feeder layer of embryonic fibroblasts to main-
tain an undifferentiated phenotype. The addition of leukemia inhibitory factor (LIF) 
to the culture medium can also prevent the differentiation of ESCs, thus eliminating 
the need for feeder cells [33]. Several feeder-free culture systems have been devel-
oped and are now commercially available. Pluripotent ESCs are characterized by a 
high expression of endogenous alkaline phosphatase and telomerase. While human 
ESCs express the surface marker stage-specific cell embryonic antigen (SSEA)-3/4, 
murine ESCs express the stage-specific embryonic antigen SSEA-1. The mainte-
nance of pluripotency in ESCs requires the expression of transcription factors such 
as Oct-3/4, Nanog, and Rex-1 [34]. ESC differentiation is initiated in the absence 
of transcription factor Oct-4 [32], a feeder layer or LIF.

When ES cells are cultured in suspension, they form embryoid bodies and rep-
licate the early stages on embryonic development. These embryoid bodies contain 
differentiated cells from all three germ layers: the endoderm, ectoderm, and meso-
derm [35]. Growth factors, cell-to-cell interactions, and differential access to nutri-
ents all play a role during the differentiation process [36]. Murine ESCs can form 
both simple and cystic embryoid bodies. Human ES cells can only form cystic 
embryoid bodies.

Growth factors and chemical compounds are commonly used to direct the 
differentiation of ES cells. The addition of VEGF to the Flk1-positive cultures 
promotes endothelial differentiation, whereas mural cells are induced by platelet-
derived growth factor (PDGF)-BB [37]. Pancreatic endocrine insulin-expressing 
cells were derived from undifferentiated ES cells by sequential addition of retinoic 
acid and sodium butyrate. Meanwhile, sequential addition of retinoic acid and beta-
cellulin (BTC) or activin A yielded neuronal and glial-like cell types [36]. Another 
approach to direct differentiation is by genetic modification, which includes both 
the suppression and the overexpression of genes. However, this approach involves 
the use of viral vectors, which are unsafe for clinical applications [32].

During the process of differentiation, soluble factors, mechanical forces, and 
ECM all contribute to stem cell fate. To predictably direct ESC differentiation, a 
better understanding of the effects of each factor is necessary. In this section, we 
focus on the effects of hemodynamic forces (shear stress and mechanical strain) on 
stem cell differentiation.
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10.4 � Effects of Fluid Shear Stress on Stem Cells

Mechanical forces can be converted to biochemical signals which modulate 
differentiation and proliferation in stem cells (Fig. 10.1). Shear stress is known to 
activate signaling pathways on the apical surface of the cell through a thin layer of 
carbohydrate-rich heparan sulfate glycosaminoglycans (HSPGs) known as the 
glycocalyx [38]. Shear stress is also sensed on the basal surface of the cell through 
focal adhesions complexes. The mechanical signal is converted to a biochemical 
signal through focal adhesions, which relay signals to the nucleus in order to induce 
changes in gene expression [39].

10.4.1 � Effects of Shear Stress on Endothelial Progenitor Cells

EPCs represent a promising source of ECs for synthetic vascular grafts and tissue-
engineered blood vessels. In 2003, Yamamoto et  al. reported that human EPCs 
isolated from peripheral blood changed their morphology and aligned in the direc-
tion of flow after exposure to laminar shear stress (from 0.1 to 2.5  dynes/cm2). 
Shear stress also increased the gene expression of EC markers: KDR, Flt-1, and 
VE-cadherin. In addition, laminar shear stress promoted the proliferation of EPCs 
by increasing cell density and the percentage of EPCs in G2-M phase. Finally, it  

Actin

Focal Adhesion
Complex 

Nucleus

Shear stress

Mechanical strain

ECM

Fig. 10.1  Mechanical shear stress on the apical surface of cells and mechanical strain in ECM are 
converted to biochemical signals which modulate the differentiation and proliferation of stem 
cells. Mechanotransduction can be mediated by receptors, membrane, cytoskeleton, and focal 
adhesions complexes
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was noted that shear stress induced the formation of tubular structures in collagen 
gels. This study demonstrated that EPCs were responsive to laminar shear stress 
and that shear stress could promote the differentiation of EPCs into mature 
endothelial cells [40]. A study by Ye et  al. demonstrated that shear stress 
promoted endothelial differentiation of EPCs via activation of Akt. They showed 
that shear stress increased the expression of endothelial markers, CD31 and von 
Willebrand factor (vWF), and decreased the expression of progenitor markers, 
CD133 and CD34, of EPCs [41].

Furthermore, Yamamoto et al. reported that laminar shear stress promoted the 
differentiation of EPCs toward an arterial EC phenotype. They observed that 
laminar shear stress increased the gene expression of arterial endothelial markers: 
ephrinB2, Notch1/3, Hey1/2, and ALK1. In addition, laminar shear stress decreased 
the gene expression of the venous endothelial markers, EphB4 and NRP2, in a 
manner dependant on shear stress rather than shear rate. The study concluded that 
shear stress increased ephrinB2 gene expression by activating the transcription 
factor Sp1. The mechanism by which laminar shear stress activates SP1 is still 
unknown [10].

Most recently, Brown et  al. showed that late outgrowth umbilical cord blood 
EPCs (CB-EPCs) were functionally similar to human aortic endothelial cells 
(HAECs) under flow conditions. CB-EPCs expressed less endothelial nitric oxide 
synthase protein than HAECs but nitric oxide (NO) levels were not significantly 
different after exposure to shear stress [19].

Two studies by Yang et al. corroborated the conclusion that shear stress (within 
physiological range) could improve the antithrombogenic potential of human EPCs 
isolated from peripheral blood [42]. The group demonstrated that shear stress helped 
prevent thrombosis by promoting prostaglandin I

2
 (PGI

2
) secretion and by inhibiting 

plasminogen activator inhibitor-1 (PAI-1) secretion by human EPCs [43].

10.4.2 � Effects of Shear Stress on Mesenchymal Stem Cells

MSCs could be a potential source for vascular tissue engineering. Several studies 
have shown that MSCs are responsive to fluid shear stress, but the results are not 
conclusive. While, most studies have focused on differentiation toward the osteo-
genic lineage [44–46], few studies have concentrated on the effects of fluid shear 
stress on MSC differentiation into vascular cell types.

Glossop et al. investigated the effects of different profiles of fluid shear stress on 
mitogen-activated protein kinase (MAPK) signaling pathways. These pathways are 
known to play an important role in cellular mechanotransduction. It was found that 
fluid shear stress induced global changes in gene expression. In addition, indepen-
dent of the magnitude and the duration of exposure, fluid shear stress caused a 
consistent upregulation of MAP3K8 and IL1B. The study suggests that shear stress 
activates different MAPK signaling pathways by the induction of MAP3K8 in 
human bone marrow-derived MSCs (hMSCs) [47].
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In another recent study, Bassaneze et al. used a cone plate viscometer system to 
expose human adipose tissue-derived mesenchymal stem cells (hASC) to a shear 
stress of 10 dynes/cm2 for up to 96 h. They reported that fluid shear stress did not 
induce the expression of EC markers (Flk-1, vWF, and CD31). In addition, no 
changes in cell morphology and alignment were observed. They concluded that 
shear stress alone could not induce the differentiation of hASC into endothelial 
cells. They observed, however, that fluid shear stress stimulated VEGF and nitric 
oxide (NO) production in hASC [48].

Bai et al. also reported that laminar shear stress alone did not promote the dif-
ferentiation of rat MSCs toward the endothelial phenotype. A parallel-plate flow 
chamber system was used in this study. It was found that the addition of VEGF was 
required to promote endothelial differentiation. Without the addition of VEGF, 
increasing the magnitude and the duration of cellular exposure to laminar shear 
stress decreased the differentiation of rat MSCs toward the endothelial lineage. In 
this study, MSCs were isolated from rat femurs and rat tibias [49].

In a three-dimensional study, however, Dong et al. showed that in vitro shear 
stress increased the expression of EC markers (PECAM-1, VE-cadherin, and 
CD34) while decreasing smooth muscle-related markers [smooth muscle myosin 
heavy chain (SMMHC), smooth muscle a-actin (SMA), and calponin]. In the study, 
canine MSCs were seeded in tissue-engineered vascular grafts made with poly-
caprolactone and lactic acid. MSCs were subjected to pulsatile fluid flow in a bio-
reactor for 4 days [50]. These conflicting results may be due to difference between 
cell lines and other important factors such as surface topology, surface rigidity, and 
the composition of the ECM as well as the presence of various soluble factors.

In addition to MSCs isolated from various tissues, there are studies on a cell line 
C3H 10T1/2 (10T1/2). These murine MPCs are multipotent and have been shown 
to differentiate into muscle, fat, cartilage, and bone cells [51–53]. In 2005, Wang 
et al. reported that fluid shear stress could induce C3H10T1/2 cells to differentiate 
into ECs. In their study, they used a parallel-plate system to expose these cells to a 
laminar fluid shear stress of 15 dynes/cm2 for up to 12 h. They observed that lami-
nar shear stress induced the expression of EC markers (CD31, vWF, and vascular 
endothelial cadherin) both at the RNA and protein levels. Shear stress also induced 
the uptake of acetylated low-density lipoproteins and the formation of tubular struc-
tures on Matrigel. This study also demonstrated that laminar shear stress caused the 
downregulation of growth factors associated with SMC differentiation [54]. Further 
studies showed that a laminar fluid shear stress of 15 dynes/cm2 inhibited TGF-b

1
 

signaling by downregulating TGF-b
1
, TGF-bR, Smad2, Smad3, and Smad4 mRNA 

production in murine MPCs. The group also found that shear stress caused the 
upregulation of Smad7 mRNA levels. This study concluded that shear stress could 
induce differentiation toward the endothelial lineage by suppressing TGF-b

1
 

signaling in the C3H10T1/2 cell line [55].
Regarding to other lineages, McBride et al. reported that fluid shear stress caused 

the upregulation of genes associated with the early stages of musculoskeletal 
development (Runx2, collagen I-a1, Sox9, and collagen II-a1). However, fluid shear 
stress induced no changes in markers for terminal differentiation such as aggrecan 
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(chondrogenesis), PPARG-g2 (adipogenesis), and Osx (osteogenesis). They found 
that the duration of exposure to fluid shear stress plays a more important role in the 
differentiation of MPCs than shear stress magnitude. In combination with shear 
stress, factors such as cell seeding density also plays a significant role in the modula-
tion of gene activity during the early stages of musculoskeletal development [56].

10.4.3 � Effects of Shear Stress on ESCs

During embryonic development, ESCs are exposed to mechanical forces, such as 
cyclic strain and shear stress but much remains to be elucidated about the role of 
fluid forces in ES cell differentiation [57, 58]. In addition, mechanical factors could 
be used in combination with biochemical factors to direct ESC differentiation.

Several studies have investigated the effects of fluid shear stress on ESCs. The 
majority of these studies have focused on the effects of shear stress on VEGF-R2 
positive (Flk1+) cells derived from ESCs. The emerging consensus suggests that 
shear stress induces the differentiation of Flk1+ cells toward the EC phenotype 
[6, 37, 59–65]. Interestingly, it was also reported that the mere addition of VEGF 
to the Flk1+ cultures promotes endothelial differentiation, whereas mural cells are 
induced by PDGF-BB [37].

Illi et al. showed that laminar shear stress of 10 dynes/cm2 can promote the dif-
ferentiation of mouse ESCs toward cardiovascular precursors [65]. They found that 
cardiovascular markers were upregulated up to 24 h after exposure to shear stress: 
Flk-1, PECAM-1, SMA, smooth muscle protein 22 (SM-22a), myocyte enhancer 
factor-2C (MEF2C), and sarcomeric actin. It was found that shear stress activated 
transcription from the Flk-1 promoter. Although the study reported that laminar 
shear stress caused epigenetic chromatin remodeling at several sites in histones H4 
and H3, a causal link between histone modification and genetic reprogramming in 
ESC has yet to be established. Zeng et al. described that the Flk-1–PI3K–Akt path-
way played an important role in the differentiation of mouse ESCs toward ECs [62]. 
They proposed that laminar flow activated Flk-1 and PI3K–Akt pathway which, 
in  turn, activated the histone deacetylase 3 (HDAC3). HDAC3 deacetylates p53, 
leading to p21 activation and in stem cell differentiation into ECs. The study also 
suggested that chromatin modification by HDAC3 might play an important role in 
the regulation of gene transcription and the process of differentiation.

Yamamoto et  al. reported that laminar shear stress (1.5–10  dynes/cm2) pro-
moted the differentiation of mouse ESCs-derived Flk-1+ cells toward a vascular 
endothelial lineage [61]. They found that shear stress induced the expression of the 
vascular EC markers: VEGF receptor-1 (Flt-1), VE-cadherin, and PECAM-1. 
However, shear stress did not induce the expression of markers for SMCs, blood 
cells, or epithelial cells. In addition, after exposure to laminar shear stress, Flk-1+ 
cells were able to form more tubular structures in collagen gel than static controls. 
Finally, the study proposed that shear stress may promote the proliferation and 
vascular differentiation of Flk-1+ cells through a ligand-independent activation of 
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Flk-1. Later, this group found that shear stress plays a role in the arterial and 
venous endothelial specification in Flk-1+ cells [59]. They postulated that shear 
stress increased the arterial differentiation of mESCs through the VEGF-Notch 
signaling pathway. They noted that shear stress increased the expression of 
EphrinB2 mRNA while decreasing the mRNA level of EphB4 (a venous EC 
marker). This effect was reversible and depends on the level and the duration of 
exposure to shear stress. Further, the group showed that shear stress induced a 
ligand-independent activation of Flk-1 which caused the activation of Notch sig-
naling further downstream.

Interestingly, Adamo et al. showed that exposing Flk-1+ cells to laminar fluid 
shear stress for 48 h increases the number of PECAM-1-positive cells and enhanced 
hematopoietic differentiation [63, 64]. They also found that laminar shear stress 
caused the upregulation of the transcription factor Klf2, a mechano-activated gene 
in ECs [63, 64].

10.5 � Effects of Mechanical Strain on Stem Cells

Cells that reside in the vascular wall experience mechanical strain due to the pul-
satile nature of blood flow (Fig. 10.1). Several studies have shown that mechanical 
strain can induce stem cell differentiation and changes in cell morphology [66–72]. 
The effects of mechanical strain on stem cell differentiation depend on the several 
factors which include: magnitude, duration, frequency, whether loading is applied 
in cycles or in a single step and also the direction in which loading is applied (uni-
axial, biaxial, equiaxial, or anisotropic) (Fig. 10.2). In addition, effects may vary 
if mechanical strain is applied in two dimensions (2-D) or in three-dimensions 
(3-D). Previous work mainly focused on the effect of mechanical strain on MSCs 
and ESCs.
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Fig. 10.2  An example of mechanical stretch device. (a) A custom-made uniaxial stretching appa-
ratus. (b) Schematic drawing of the stretching apparatus. Cells are grown on a silicon membrane. 
The silicon membrane is stretched in one direction by a Teflon bar controlled by a rotational cam



236 R. Diop and S. Li

10.5.1 � Effects of Mechanical Strain on Mesenchymal Stem Cells

In 2-D culture systems, tensile strains higher than 3% cause MSCs to differentiate 
toward a cardiovascular cell phenotype. Notably, it was shown that tensile strains 
lower than 3% in magnitude induced MSC differentiation toward the osteogenic 
lineage [48–52]. Although several studies demonstrated that cyclic compression 
induced chondrogenesis in MSCs of rat and human origin [73–76], Kobayashi et al. 
showed that compressive strain increased the expression of SMMHC in rat bone 
marrow stromal cells [66].

Hamilton et al. and Park et al. both demonstrated that uniaxial strain induced 
early stage marker of SMCs [69, 77]. In addition, Park et al. showed that different 
modalities of strain had different effects in human MSCs. Cyclic equiaxial strain 
decreased SMA and SM-22a expression in MSCs as well as SMA in stress fibers. 
In contrast, cyclic uniaxial strain produced a transient upregulation of the genes for 
collagen 1, SMA, and SM-22a. The expression of SMA and SM-22a returned to 
basal levels after the cells aligned in the direction perpendicular to strain. These 
results suggest that equiaxial and uniaxial strain have differential effects on MSC 
differentiation [69]. A study by Ghazanfari et  al. also demonstrated that cyclic 
strain promoted the differentiation of MSCs to SMC phenotype without the addi-
tion of growth factors.

A newer technique utilizes microgrooves that are oriented parallel to the axis of 
strain to keep cells aligned in the direction of uniaxial strain [67]. MSCs stimulated 
with uniaxial cyclic tensile strain on these membranes remained oriented with the 
strain axis, which led to a decrease in cartilage and bone markers and at least partial 
differentiation toward a vascular SMC phenotype over the course of several days.

In a 3-D study by Liao et al., human MSCs seeded in collagen, and fibrin gel 
tubular constructs were subjected to 10% cyclic strain at 1 Hz. Results indicated that 
cyclic strain increased the gene expression of two smooth muscle markers, SMA 
and SM-22a, suggesting the differentiation of MSCs into a SMC phenotype [68].

In addition to MSCs, cyclic strain changes the alignment and the morphology of 
murine MPC line (C3H/10T1/2). After exposure to cyclic strain, the expression of 
SMA and SMMHC increased significantly both at the mRNA level and at the pro-
tein level (compared with static controls) [70].

10.5.2 � Effects of Mechanical Strain on Embryonic Stem Cells

Saha et al. described that while cyclic biaxial mechanical strain (>10%) increased 
the proliferation of human ESCs, it inhibited their differentiation in conditioned 
medium. This inhibition could not be explained by the secretion of growth factors 
in the surrounding medium. Interestingly, mechanical strain could not inhibit 
human ESC differentiation in unconditioned medium. It was concluded that 
mechanical strain must act synergistically with soluble factors to regulate ESC 
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differentiation [78]. A follow-up study by the same group showed that the activation 
of Smad2/3 by TGF-b family ligands is necessary to inhibit ESC differentiation 
under strain. They hypothesize that cyclic biaxial mechanical strain may induce 
autocrine or paracrine signaling by increasing the transcription of TGF-b1, Activin A, 
and Nodal [79].

In the case of mouse ESCs, Schmelter et  al. proposed that static mechanical 
strain induced cardiovascular differentiation by activating reactive oxygen species 
(ROS) [80]. ROS were generated by membrane-bound NADPH oxidase that was 
upregulated after exposure to mechanical strain. ROS subsequently initiated intra-
cellular signaling through ERK1, 2, JNK, and p38. These signaling pathways are 
important in vasculogenesis and in cardiomyogenesis.

More recently, Shimizu et  al. showed that cyclic uniaxial strain promotes the 
differentiation of Flk-1+ mouse ESC toward SMC lineage [58]. They reported a 
dose-dependent increase in SMC markers, SMA and SMMHC, both at the protein 
and the mRNA level in response to cyclic uniaxial strain. In contrast, they noted a 
decrease in the expression of vascular EC marker, Flk-1, and no change in the 
expression of other endothelial markers.

10.6 � Use of Stem Cells in Vascular Graft Engineering

The aim of vascular graft engineering is to create a functional conduit that allows 
the unobstructed flow of blood. Several options are currently available for vascular 
replacement. It is not uncommon to use autologous vascular tissue from patients 
such as the greater saphenous vein or the radial artery. In addition, vascular 
allografts and xenografts are used but complications often occur due to immune 
rejection, inflammation, and thrombosis. A promising alternative to autografts and 
allografts is to create vascular conduits using biocompatible polymer scaffolds and 
appropriate stem cells.

In early attempts to engineer vascular conduits, vascular cells (SMCs, ECs, and 
fibroblasts) were seeded onto scaffolds or into hydrogels to recreate structures simi-
lar to human blood vessels [2, 16, 17]. However, the use of vascular cells to engi-
neer vascular graft faces several limitations. First, autologous vascular cells have to 
be harvested from the patient. This requires that the patient is healthy enough to 
withstand invasive surgery and that the patient has healthy blood vessels to provide 
a sufficient number of cells. Second, vascular cells harvested from the patient have 
limited proliferative capacity. Because stem cells can self-renew indefinitely and 
they have the potential to differentiate into specific cell type in the body, stem cells 
represent an ideal cell source for vascular tissue engineering.

Several studies have attempted to engineer vascular conduits using MSCs. In an 
in  vivo study, Hashi et  al. seeded MSCs in small-diameter vascular grafts made 
from electrospun poly-l-lactic acid nanofibers [81]. They showed that MSCs had 
antithrombogenic property and improved the long-term patency of the vascular 
grafts. After 2 months, MSC-seeded grafts had organized layers of ECs and SMCs 
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similar to native arteries. Mirza et al. also showed that MSCs had a positive effect 
on in vivo endothelialization in rats and MSCs partially differentiated into SMCs 
[82]. Brennan et al. demonstrated that bone marrow mononuclear cell-seeded vas-
cular grafts had 6-month patency in a lamb model [83].

In an in  vitro study, Gong and Niklason reported that they had successfully 
engineered small-diameter vascular grafts from hMSCs seeded in polyglycolic acid 
(PGA) mesh scaffolds. Using a biomimicing system, they exposed vascular con-
structs to 5% cyclic strain for up to 8 weeks. They noted that the morphology and 
histology of the engineered vessel wall was similar to that of native vessels. 
However, they indicated that more work is necessary to improve the mechanical 
properties and the endothelialization of the engineered vessels [84]. In a more 
recent study, Harris et  al. demonstrated that adipose-derived mesenchymal stem 
cells (ASCs) are a potential cell source for vascular grafts. ASCs seeded into vas-
cular grafts differentiated toward a smooth-muscle phenotype as shown by the 
upregulation of calponin, caldesmon, and SMMHC [85]. Although more work 
needs to be done, the studies mentioned above are examples among many that pro-
vide strong evidence that MSCs are a promising cell source for vascular graft 
engineering.

In addition to MSCs, a great deal of research has been dedicated to improving 
endothelialization in vascular conduits. In early studies, endothelial cells were used 
to minimize the risk of thrombosis [16, 86–92]. In recent years, however, more 
attention has being given to EPCs because of their ease of isolation. Several studies 
have indicated that EPCs can be utilized to create a function endothelial layer for 
vascular conduits.

EPCs isolated from sheep peripheral blood were shown to provide a nonthrom-
bogenic luminal surface when implanted in decellularized porcine iliac arteries. 
The EPC-seeded grafts remained patent up to 130 days. Vascular grafts seeded with 
EPCs remained patent 115 days longer than grafts without EPCs. In addition, grafts 
exhibited nitric oxide-mediated vascular relaxation comparable to native ovine 
carotid artery [21]. The ability of EPCs to form a nonthrombogenic surface after 
implantation into vascular graft was also observed with small-diameter grafts made 
with microporous segmented polyurethane film coated with gelatin [93].

More recently, EPCs were also used to create a functional EC layer on modified 
expanded poly-tetrafluoroethylene (ePTFE) vascular grafts [3, 20]. These results 
suggest that this methodology could be applied in vivo.

In order to improve the performance of vascular grafts, research is now focused 
on developing strategies to increase the mobilization and homing of EPCs to the 
inner surface of vascular conduits. These strategies include the use of oligosaccha-
rides [94], peptides [95], and antibodies [96] to attract EPCs to the vascular graft 
surface in an effort to prevent thrombosis.

In comparison to MSCs and EPCs, there have been fewer studies aimed at creat-
ing vascular grafts from ESCs. However, some studies have shown that ESCs offer 
great potential for vascular graft engineering. A study by Huang et al. examined the 
vascular differentiation of a mixture of mouse ESCs containing about 30% Flk1+ 
cells seeded in a microporous polyurethane tube. The compliance of the graft was 
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similar to the compliance of the human artery. The graft was subjected to a low 
pulsatile flow mimicking the wall shear stress and circumferential strain presented 
in the human venous system. The cells on the luminal surface reoriented in the 
direction of flow. While the cells at the surface became positive for PECAM-1, the 
cells in the deeper layer became positive for SMA. Results from this study intro-
duced the possibility of engineering a vascular graft containing multiple vascular 
cell types by using ESCs [6]. The main obstacle in the use of ESCs lies in removing 
residual undifferentiated cells from the engineered vascular grafts. Residual stem 
cells inevitably lead to teratoma formation in the host. Another problem lies in the 
ability to guide the differentiation of ESCs toward the desired cell type with effi-
ciency and reliability. If these difficulties can be overcome, ESCs will become an 
attractive option for vascular graft engineering.

10.7 � Future Directions

There is substantial evidence in the published literature indicating that hemody-
namic forces play a critical role in the differentiation of stem cells and progenitor 
cells toward vascular cell phenotypes. This research has paved the way for the use 
of stem cells and progenitor cells in vascular graft engineering. However, the 
mechanisms of how hemodynamic forces and biochemical factors work together to 
drive cell differentiation need to be elucidated in the future. Although considerable 
advances have been made in the field of vascular graft engineering, several chal-
lenges still remain. More work is needed to control the proliferation and the dif-
ferentiation of stem cells. In addition, the removal of residual undifferentiated stem 
cells is a pivotal obstacle which must be overcome to eliminate the risk of teratoma 
formation. In addition to optimizing strategies for the use of stem cells and progeni-
tor cells, success in vascular graft engineering lies in improving the quality of 
materials used as scaffolds and the ability to recreate an antithrombogenic endothe-
lial lining on the luminal surface of the graft.
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