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Abstract

The use of standard room temperature chemical fixation protocols for the

ultrastructural preservation of yeast and subsequent observation under the electron

microscope is fraught with diYculties. Many protocols require the use of enzymatic

digestion of the cell wall in order to facilitate the entry of fixatives into the cell

interior. Others rely on the use of permanganate-based fixative solutions, which

whilst enabling overall preservation of the cell, does requiremultiple centrifugation,

washing, and resuspension steps. This often results in the significant loss of sample

volume whilst the use of permanganate can cause extraction of cytoplasmic com-

ponents. The use of low temperature techniques and in particular high pressure

freezing (HPF) and freeze substitution (FS) overcomes many of these problems.

With the recent advances in cryotechnologies and in particular the development

of commercially available equipment such as the high pressure freezer, the level

of ultrastructural preservation attainable in electron microscopy has increased

markedly. It is now possible to capture dynamic time sensitive events and to

place them in their ultrastructural context with a level of resolution which at the

present time can only be achieved with electron microscopy.
I. Introduction

The use of high pressure freezing (HPF) and freeze substitution (FS) as a method

of preserving yeast can now be considered a mainstream technique. As with all

procedures in electron microscopy, there are numerous HPF and FS protocols

published in the scientific literature, with each individual worker having a preference

for a particular processing regime. Some are designed to with one specific aim

e.g. preservation of epitopes (Monaghan and Robertson, 1990; Monaghan et al.,

1998; Neuhaus et al., 1998) while others would seem to be counterintuitive

e.g. addition of water to the FS cocktail (van Donselaar, et al., 2007; Walther and

Ziegler, 2002). All of the protocols have one single aim, the preservation of the tissue

or cell being investigated in as close to the native state as possible. The ultimate is of

course to observe the sample in a frozen fully hydrated state with out addition of

chemical fixatives (Al-Amoudi et al., 2004; McDowall et al., 1983, 1984; Michel,

1991). However, for the purposes of this chapter, the author deals purely with aHPF

and FS protocol he has found to work consistently well with both wild type and

mutant strains of Schizosaccharomyces pombe and Schizosaccharomyces cerevisae.

II. Materials and Instrumentation

HPF was performed using a Bal-Tec HPM010 high pressure freezer (Bal-Tec

AG Principality of Liechtenstein) and using interlocking brass hats as the specimen

carrier (Swiss Precision, Inc., Palo Alto, CA, USA). Subsequent FS was performed
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using an automatic FS unit (Leica AFS; Leica Microsystems, Vienna) with the FS

solution being contained in 1.5-ml conical Eppendorf centrifuge tubes (catalogue

0030 120.086; Eppendorf UK, Ltd., Cambridge, UK).

Yeast cultures were vacuum concentrated onto 0.45 mm membrane filters

(catalogue # VLP02500; Millipore UK Ltd., Watford, UK) using a KNF Labo-

port N86KT.18 dry vacuum pump (KNF Neuberger UK Ltd.) and Sartorius

suction flask and 25 mm glass filter holder assembly (catalogue 16672 & 16306;

Sartorius Ltd., Epsom, UK). To facilitate quick vacuum release, an in line

Edwards AV10K manual air admit valve and T-piece assembly were placed

between the vacuum pump and the suction flask. An image of the filtration

system can be seen in Fig. 2. To aid sample loading into the specimen carriers,

any standard stereo zoom dissecting microscope and cold light source may be

used. Removal of the yeast sample from the filter and its subsequent loading

into the brass hat was achieved using a pointed cocktail stick. Fig. 1 shows

additional useful tools for the handling, manipulation, removal, and separation

of the sample carriers following HPF include two pairs of Dumont Dumoxel #3

medical grade tweezers catalogue T5272 (Agar Scientific, Essex, UK) used to

manipulate the brass hats and load them into the specimen rod. Two flat bladed

screwdrivers with fine tips, CK Xonic 4880X, one with 1.5 mm tip, the other

with 2.5 mm tip (catalogue 2508619214 & 2508618794; RS Components, Corby,

UK). The screwdrivers are used to pry the brass hat assembly apart once frozen.
Fig. 1 Tools used during loading and manipulation: (1) Dumont No. 3 forceps, (2) Pointed applicator

sticks for paste scraping/loading, (3) Interlocking brass sample carriers, (4) Fine blade screwdrivers

for separating hats following freezing, (5) Insulated cryoforceps for handling frozen sample, (6) Dumont

No. 6 forceps for pushing sample carrier from specimen rod, (7)Milliporemembrane filter 0.45 mm,22 mm.



Fig. 2 Filtration system for sample harvesting (manual air inlet valve on the right).

Fig. 3 Cryowork box with cryotubes and holder.
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A pair of Dumont Dumostar #6 medical grade tweezers (catalogue T5277; Agar

Scientific, Essex, UK) is useful to push the frozen brass hat assembly from the HPF

specimen rod should it be required. The frozen samples are placed into prelabeled

1 ml CryoPlus tubes held in the work chamber of the HPF (catalogue 72.377;
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Sarstedt, Leicester, UK). In order to hold the vials and allow easy attachment of

the lids, the author has found it invaluable to use a Sarsted Cryorack 40 cut to size

and fixed firmly to the bottom of the HPF cryo work chamber (see Fig. 3) using

Araldite or epoxy resin (catalogue 93.856.040; Sarstedt, Leicester, UK).

Other chemicals and consumables mentioned in this article are commonly

available from electron microscopy supply companies.
III. Procedures
A. Preparation of Sample Holders

1. Clean the Brass Hats as Follows
� Ultrasonicate for 5 min in acetone

� Rinse in double distilled water

� Ultrasonicate in 70% ethanol

� Dry using a hair dryer

� Place in a plastic Petri dish lined with hardened filter paper ready for use
B. Filtration of Yeast Sample
The cells are grown to mid log phase equivalent to 0.4–1.0�107 cells/ml. At this

density approximately 50–100 ml of culture will be required to produce a paste which

should be slightly glossy and have an apple sauce consistency. It should be noted that

the degree of filtration required to produce the paste varies from strain to strain.

If upon removal of themembrane filter the paste is found to be towet, excessmoisture

can be removed by carefully dabbing the underside of the membrane filter onto

hardened filter paper. If the paste is too dry, nothing can be done. Too much fluid

in the paste will result in poor freezing, too littlewill result in poor FS and embedding.

1. Place a fresh membrane filter into the filter assembly. Turn on the vacuum

pump and ensure that the vacuum release valve is fully closed.

2. Pour the yeast culture into the filter assembly and top up as required.

3. At the moment the last visible trace of solution disappears, turn oV the pump

and open the vacuum release valve.

4. Unclamp the filter funnel and remove the membrane filter.

5. Using a cocktail stick carefully scrape some of the paste from the filter and

load it into the bottom of the brass hat pair. The hat should be overfilled and

no air bubbles should be seen. Air bubbles will result in poor freezing.

6. Place the top part of the brass hat onto the bottom and press down using

the forceps.

7. Quickly place the complete assembly into the specimen rod of the HPF and

clamp into position.
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C. High-Pressure Freezing of the Sample
Following filtration, the filling of the specimen carrier and the loading and

freezing of the sample should take between 20 and 30 s. While this procedure can

be carried out by a single operator, it is much better to have an additional person to

assist in the filtration and sample loading of the brass hats. Additionally, the HPF

sample rod will need to be defrosted between each freezing cycle. The author has

found the purchase of an additional specimen rod invaluable in speeding up the

process. While one rod defrosts and dries out, the other can be put into use.

All tools used subsequent to the freezing process must be precooled to LN2

temperature before handling the sample.

1. Insert the specimen rod into the freezing chamber of the HPF and secure with

the locking bolt.

2. Initiate the freezing cycle by pressing the ‘‘Jet’’ button.

3. As soon as the Jet button has been pressed, allow a couple of seconds to pass

before removing the locking bolt and rapidly transferring the specimen rod

into the cryo work chamber of the HPF.

4. Allow the end of the rod to rest for a few seconds in the liquid nitrogen before

unclamping the specimen holder.

5. Under nitrogen and on the metal working platform of the cryowork chamber,

push the brass hat from the specimen holder using the precooled No. 6

forceps if necessary.

6. Using the two precooled screwdrivers, separate the two halves of the brass

hat by prising them apart. Take care at this stage, it is very easy to apply too

much pressure and catapult the brass hat out of the cryowork station.

7. Place the separated halves of the specimen carrier into the relevant prelabeled

vial using precooled No. 6 forceps.

8. Once all samples have been frozen place the lids on the cryovials and transfer

them either to a storage Dewar or the FS unit.
D. Freeze Substitution of Yeast
After much experimentation, the author has found that the addition of water to

the FS cocktail has resulted in the optimal preservation of his particular samples.

It was of particular importance that the nuclear membranes, the spindle pole bodies

and microtubules be well delineated and preserved. The protocol which follows

fulfills these requirements and has the added bonus that subsequent staining

of ultrathin sections requires the use of Reynolds lead citrate only (Reynolds, 1963).
1. Programming of the AFS
1. Set the first temperature step to �90 �C and the time to 72 h

2. Set the first slope to þ5 �C/h
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3. Set the second temperature step to �20 �C and the time to 2 h

4. Set the second slope to þ5 �C/h
5. Set the final temperature step to þ4 �C and the time to 4 h

6. Place the AFS into pause mode and allow the temperature to reach �90 �C
2. Prepare the Freeze Substitution Cocktail
1. Prelabel the 1.5 ml Eppendorf tubes as required. Up to ten 1.5 ml Ependorfs

can be accommodated at one time.

2. Dissolve 0.2 g of crystalline osmium tetroxide in 9.5 ml of acetone.

3. Add 500 ml of 2% aqueous uranyl acetate to the acetone/osmium mix.

4. Dispense 1 ml into each of the Eppendorfs.

5. Place the Eppendorfs into the AFS and allow the temperature to equilibrate.

6. Due to the toxicity of osmium tetroxide and uranyl acetate Steps 2–4 of the

above must be carried out in a fume hood.
3. Transfer of Specimens to AFS
1. Place the cryovials containing the samples into a small transfer container

filled with liquid N2.

2. Using precooled No. 3 forceps, quickly transfer the specimen carrier from the

cryotube to the relevant pre labeled Eppendorf tube in the AFS.

3. Once all samples have been placed into the AFS, cancel the pause function to

begin FS cycle.
4. Resin Infiltration and Embedding of Samples
During FS, the samples will readily separate from the specimen carrier. After 2 h

atþ4 �C, the FS cocktail is rinsed out with fresh acetone. This can be done with the

Eppendorf carrier in the AFS or, it can be transferred to a fume hood and placed

over ice.

1. Wash the specimens three times with fresh acetone over a 1 h period atþ4 �C.
2. During the third wash, remove the empty specimen carriers from the

Eppendorfs.

3. Carefully transfer each sample from the Eppendorf into a prelabeled 7-ml glass

vial containing 2 ml of acetone. The transfer can be eVected either by using fine

point forceps (No. 3) or a wide bore disposable plastic Pasteur pipette.

4. Infiltrate the sample with Spurr’s (Spurr, 1969) resin/acetone mixtures.

If possible, degas the resin under vacuum prior to dilution with acetone

� 1:7 resin/acetone 3 h

� 1:3 resin/acetone overnight
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� 1:1 resin/acetone 4 h

� 3:1 resin/acetone 4 h or overnight

� 100% resin 4 h (with no lid on sample vials)

� 100% resin 4 h (under vacuum if available)

� 100% resin overnight (under vacuum if available)

� Place a small volume of fresh resin into prelabeled Beem capsules

� Carefully transfer each sample from the glass vial to the Beem capsule using

a pointed wooden stick or wide bore plastic Pasteur pipette and centralize

in the capsule

� Fill the capsules with resin

� Polymerize the resin for 48 h at 60 �C or 24 h at 70 �C under vacuum if

possible.

5. Once polymerized trim a standard trapezoid block face and proceed to cut

50–70-nm ultrathin sections and collect on formvar/carbon coated grids.

6. Post stain the sections for 5 min using Reynold’s lead citrate in the presence

of sodium hydroxide pellets.

7. Wash sections to remove stain.

8. Carefully remove excess water and allow to dry.

9. Image under the TEM at 80 kV.
IV. Comments and Problems

It has been reported that the presence of water in the FS medium in excess of 1%

severely reduces the ability of acetone to replace the sample ice (Humbel and

Mueller, 1986) Certainly the addition of water to the FS medium would seem

counter intuitive but it has been demonstrated in numerous publications that

addition of water to the FS medium dramatically enhances the visibility of mem-

branes and in particular the nuclear envelope in yeast (Fig. 4). It is possible to

achieve improved membrane visibility using other protocols (Giddings, 2003), but

this often requires the use of two diVerent FS mediums and has the considerable

challenge of washing and replacement steps being carried out at �90 �C.
It has been reported that the use of epoxy resin as a fixative during FS

of Caenorhabditis elegans resulted in a more complete preservation of cellular

proteins and membranes (Matsko and Mueller, 2005). Results with yeast show

some improvement in membrane visibility (Fig. 5) when compared to a standard

osmium/acetone protocol (Fig. 6), but are not as remarkable as those inwhichwater

is added to the FSmedium (Fig. 4). It should also be noted that the concentration of

water in the FS medium is important. There appears to be virtually no diVerence
in terms of membrane visibility in yeast when only 1% water is added, compared to

FS medium containing no water (Fig. 6). Another intriguing observation is that

in the presence of high water concentration (10%) S. cerevisiae appears to be well



Fig. 4 Nuclear Envelope (NE) of S. pombe (A) with Spindle Pole Body (SPB) and Microtubules

(MTB) and (B) Nuclear Pore (NP). Sample freeze substituted in medium containing 2% osmium

tetroxide/0.1% uranyl acetate/5% water in acetone. Each element of the NE is clearly visible, demon-

strating typical membrane structure. Bars (A) 200 nm and (B) 100 nm.
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preserved while S. pombe is very poorly preserved and shows distinct ice damage

(Fig. 7), which would seem to imply that eVects of water addition are not only

concentration dependant but also sample dependant. It is recommended that a

water concentration of 5% be used initially and if necessary adjustments made

during subsequent FS runs.

One common artifact induced by HPF particularly when freezing yeast is the

rupture of the cell wall and/or the nuclear envelope (Fig. 8). In the author’s

experience, this occurs in 5–10% of yeast cells both wild type and mutant

(an observation also made by M. Morphew, personal communication).



Fig. 5 SPB andMTB of S. cerevisiae freeze substituted in epoxy/araldite embedding mix. Bar 100 nm.
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.

1. Safety
It is extremely important when using cryogenic equipment that the manufac-

turer’s recommendations and safety instructions are followed. It is essential that

the safe handling and use of liquid nitrogen and a thorough understanding of the

very specific hazards associated with it are clearly understood before any work

commences. Many of the chemicals used for FS and embedding are at the very least

irritants andmany are extremely toxic and even carcinogenic. They should therefore

always be handled in a fume hood with the operator wearing suitable protective

clothing and gloves.When using resins, standard latex or nitrile gloves do not aVord
suYcient protection. Instead, the use of vinyl gloves is recommended. Once con-

taminated, gloves should be changed immediately. The exhaust from the AFS

should be placed into the fume hood. Care should be exercised when handling the

polymerized resin blocks. If it is necessary to file or hacksaw the blocks, the operator

should where gloves and a mask and all debris and dust removed immediately.
2. Vacuum Concentration of the Yeast Culture and Loading of Specimen Carriers
It is very important that the yeast paste produced by vacuum filtration is neither

too wet nor too dry. The ideal paste should have an apple sauce consistency. When

scraping the paste from theMillipore filter, care should be taken not to rip it with the

tip of the cocktail stick. When loading the sample carriers, it is essential for good

freezing that no air pockets are present in the sample or the carrier. The pastewill dry

very quickly so speed is important when loading the sample carrier. The paste is also

quite sticky and during handling with forceps, the specimen carriers will quite

happily attach themselves to the tips. This can provide the operator with minutes



Fig. 6 Comparison of the nuclear envelope (NE of S. pombe freeze substituted in medium � water:

(A) Sample freeze substituted in medium containing 2% osmium tetroxide/0.1% uranyl acetate/1%water

in acetone showingMTB in cross section. (B) 2% osmium tetroxide/0.1% uranyl acetate in acetone. Bars

200 nm.
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of endless amusement as they try to place the sample into the specimen freezing rod.

It is best to have two pairs of forceps in order to overcome such diYculties.
3. High Pressure Freezing with the Bal-Tec HPM010
� Ensure that the alcohol reservoir contains suYcient isopropanol for the run.

� Ensure that the instrument has been thoroughly dried by running the air

function for at least an hour prior to cool down.



Fig. 7 Tolerance of (A) S. pombe and (B) S. cerevisiae to FS medium containing 10% added water.

Samples freeze substituted in medium containing 2% osmium tetroxide/0.1% uranyl acetate/10% water

in acetone. Bars 500 nm.

14 Stephen Murray
� Ensure that the compressor outlet pressure and alcohol pressure settings are

correct.

� Ensure that there is suYcient LN2 in the supply dewar for the instrument cool

down and freezing run.

� Ensure that the output pressure from the supply dewar is correct.

� Fill the cryowork box with liquid nitrogen to the correct level and allow to

equilibrate.

� Replace and grease the O-rings on the sample freezing rods and the recording

rod.



Fig. 8 Ruptured nuclear envelope (Arrow) of high pressure frozen S. pombe. Note the presence of

chromatin (Cr) in the cytoplasm of the cell. Bar 500 nm.
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� Carry out three test shots using the recording rod and ensure that the recorded

values are within range.

� Grease the O-ring on the sample freezing rods every five shots and replace

every 50 or at the start of each run.

� Precool all instruments to be used in handling the frozen specimen in the

cryowork box.

� Try and insulate the end of the forceps with tape to prevent cold burns when

handling.

� Allow 90 s to pass between each shot.

� Always defrost and dry the rod between each shot.

� Take care when manipulating the frozen sample and handling the precooled

forceps/tools; wear two pairs of nitrile gloves, this aVords only minimal pro-

tection from the extremely cold tools but it is better than nothing. Cryogloves

cannot be worn because of the severe restriction to dexterity.

� Take care when screwing the specimen carrier clamp into position on the

freezing rod, it is very easy to trap the nitrile gloves in the assembly.

� As soon as the ‘‘Jet’’ button has been pressed, count quickly to four and then

remove the locking pin and specimen rod.

� When removing the sample from the rod always keep it within the work box

and at LN2 temperature.

� When separating the sample carrier halves with the screwdrivers, take care not

to apply too much force—the whole sample can be catapulted out of the box

and lost for good.



16 Stephen Murray
4. Freeze Substitution, AFS and Embedding Issues
On the whole FS and the use of the AFS is fairly trouble free. Major issues

include poor preservation and/or ice damage. This can result from a number of

causes all of which are operator related

� Failure to pre cool instruments used for handling of the frozen specimen.

� Poor transfer or handling of specimen after freezing or during FS.

� Yeast paste too wet or too dry prior to freezing.

� TF setting on the AFS too high or AFS lid left open for long periods causing

freezing of the FS medium.

In its grossest form ice damage can manifest itself as lattice type pattern or large

holes within the cell. Subtle damage is more diYcult to interpret. In general,

segregation or granularity of the chromatin or within the cytoplasm is an indicator

that ice damage has occurred (Fig. 9).

Resin embedding of yeast can be problematic and poor infiltration is not uncom-

mon. If the initial paste was too dry prior to freezing, subsequent embedding is

adversely aVected. A slow incremental infiltration protocol together with vacuum

infiltration of the samples once in pure resin is a major help in reducing these

problems. It is, however, important to stress that continuous pumping of

the sample during vacuum infiltration can be detrimental to good polymerization.

This is because the individual resin components have diVerent vapor pressures

and continuous pumping reduces the eVective concentration of the more volatile

components. As a result the original formulation of the resin is changed and with it,

the polymerization and hardening characteristics. It is better to attain a specific

level (100 mb) of vacuum in the chamber and then isolate it from the pump.
Fig. 9 Ice damage in the nucleus (Nu) of S. pombe. Bar 500 nm.
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The use of a slow speed angled rotator is also beneficial during the infiltration

steps.

The original formulation of Spurr’s resin is no longer available due to the

toxicity of one of its major components, ERL4206. However, a modified formula-

tion which replaces the original ERL4206 with ERL4221D is available from

TAAB laboratory supplies, UK. This particular formulation is only slightly

more viscous than the original and is to be recommended.
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Abstract

Of the analytical electron microscopy techniques available, electron probe X-ray

microanalysis has been most widely used for the study of biological specimens.

This technique is able to identify, localize, and quantify elements both at the whole

cell and at the intracellular level. The use SEM or TEM to analyze individual whole
CHAPTER 2
Electron Probe X-ray Microanalysis
for the Study of Cell Physiology

E. Fernandez-Segura* and Alice Warley†

*Department of Histology
Faculty of Medicine
University of Granada
E-10871, Granada, Spain

†
Centre for Ultrastructural Imaging
King’s College London
Guy’s Campus London SE1 1UL
United Kingdom
Abstract
I. Introduction
II. Rationale
III. Methods

A. Specimen Preparation
B. Treatment Post Cryofixation
C. Analysis
D. Deriving Qualitative and Quantitative Information from the Spectrum

IV. Equipment
A. Electron Microscopes
B. X-ray Detection Systems

V. Discussion
References
OGY, VOL. 88 0091-679X/08 $35.00
All rights reserved. 19 DOI: 10.1016/S0091-679X(08)00402-0



20 E. Fernandez-Segura and Alice Warley
cells gives a simple and rapid method to study changes in ion transport after

stimulation, whereas the analysis of thin sections of cryoprepared cell sections,

although technically more diYcult, allows details about ionic content in intracel-

lullar compartments, such as mitochondria, ER, and lysosomes, to be obtained.

In this chapter the principles underlying X-ray emission are briefly outlined, step-

by-step methods for specimen preparation of whole cells and cell sections for

microanalysis are given, as are the methods used for deriving quantitative infor-

mation from spectra. Areas where problems might occur have been highlighted.

The diVerent areas in which X-ray microanalysis is being used in the study of cell

physiology are briefly reviewed.
I. Introduction

In biological sciences electron microscope (EM) imaging is being used to its

fullest but the capability for element detection is one of the less well-known

techniques. There are three methods for detection of elements using EM, wave-

length dispersive spectroscopy (WDS), electron energy-loss spectroscopy (EELS),

and energy dispersive spectroscopy (EDS), more commonly known as electron

probe X-ray microanalysis (EPXMA). Of these, WDS is now only rarely used for

biological specimens and EELS is generally considered to be more demanding but

with technological developments holds tremendous potential for element detection

and imaging at the molecular level (Leapman, 2003). EPXMA has been widely

applied in the biological sciences and will be the focus of this chapter.

When used at low resolution, EPXMA bridges the gap between bulk chemical

techniques (such as atomic adsorption spectroscopy) and fluorescent imaging at

the light microscope level by providing information about large numbers of

individual cells, thus allowing changes in subsets in a population of cells to be

determined. At high resolution, EPXMA is one of the very few techniques capable

of providing information about element concentrations in intracellular organelles,

or gradients of ions within cells. The major advantage of EPXMA is that it allows

direct correlation of element composition with structural information. In addition,

unlike other techniques, all elements present in the area of analysis are detected

simultaneously. The technique is not, however, suitable for the detection of elements

present in trace concentrations, minimal detectable levels are in the order of a few

millimoles per kilogram (�100 ppm), and it should be realized that EPXMA mea-

sures total element content and does not discriminate between free and bound forms.

For elements such as Na, K, and Cl that are generally considered to be free within

the cell this does not matter, but EPXMA measurements of Ca yield results that

give information mainly about the intracellular stores.

EPXMA was first applied to biological specimens over 40 years ago and since

then has been used for a wide variety of applications with a varying methodology

for specimen preparation (Ingram et al., 1999a,b). As an introductory text, this
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chapter is restricted to methods in general use for the study of cells in culture,

freshly isolated cells, or single cellular organisms.
II. Rationale

When a specimen is analyzed in the EM, interactions of the incident electron

beam with atomic nuclei of the specimen result in the generation of X-rays, the

energy of which depends on the atomic number of the element in which the

interaction is occurring and on the transitions that occur. The technique of

X-ray microanalysis exploits these interactions. A detector situated close to the

specimen collects the X-rays and associated electronic equipment sorts them

according to energy resulting in the production of a spectrum (Fig. 1), which is a

histogram plot of number of counts against X-ray energy. The spectrum contains

both qualitative and quantitative information. The position of a peak in the

spectrum, its energy, identifies the element; the area under-the-peak is proportional

to the number of atoms of the element in the irradiated area. X-rays are also

produced when the electron beam is slowed by the electrostatic fields of the atomic

nuclei of elements present in the specimen. These X-rays form a continuous

radiation that appears below the peaks in the spectrum (see Fig. 1). The production

of continuum X-rays depends on the total number of atoms in the irradiated

area and is used as a measure of the total mass of the specimen. The ratio of

peak-to-continuum counts is used as a basis for quantification.
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Fig. 1 A spectrum obtained from the analysis of an osteoblast cell, using a thin window detector. The

spectrum is displayed from 0–10 keV and consists of characteristic peaks of the elements present in the

analysed area including the low atomic number elements C and O. Characteristic peaks from

the supporting grid (Au) are also seen. The characteristic peaks are superimposed over a background

contributed by the continuum radiation.
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III. Methods
A. Specimen Preparation
When using X-ray microanalysis, the analytical results are obtained from the

specimen as it exists in the EM. Since biological specimens undergo some specimen

preparation to remove water, the major goal in preparation for biological micro-

analysis is to maintain elements at their physiologically active site so that analy-

sis gives true and meaningful results. DiVusible elements and small molecules

are quickly lost during the dehydration and embedding steps used for the routine

preparation of biological specimens (see Chapter 1 by Stephen Murray, this

volume), and so these methods are only relevant if it is already known that the

elements of interest are tightly bound (see e.g. Fig. 2). Instead cryotechniques are

used for the study of diVusible elements. These rely on the rapid lowering of

temperature to below �160 �C to achieve fixation at a known time and arrest

diVusible elements at their intracellular sites of action. To prevent movement of

elements, specimens are then maintained at low temperature throughout any

further steps until they are either stabilized by freeze-drying or analyzed in the

frozen-hydrated state. Cryofixation techniques developed for the study of antigens

using immunocytochemistry, especially those used in the Tokuyasu technique
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Fig. 2 (A) Electron micrograph of a thin section from a dendritic cell that has been exposed to FeO2.

The dendritic cell has engulfed the FeO2 particles that are enclosed in the lysosomes. (B) a spectrum from

an inclusion confirming the localisation of Fe and O in the lysosomes. (C) 2-D maps showing that the

distribution of Fe andO coincideswith the distribution of the particulatematerial whereas P is associated

with chromatin in the margins of the nucleus. The specimen was prepared by dehydration in alcohol

followed by infiltration and embedding in resin. These procedures could be used because the particles are

sequestered within the lysosomes and are not lost.
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(see Chapter 10 by Siegfried Reipert and Gerhard Wiche, Chapter 12 by Nobuhiro

Morone et al., and Chapter 13 by Jason A. Mears and Jenny E. Hinshaw, this

Volume), cannot be used for X-ray microanalytical studies, they use aldehyde

fixation and cryoprotection with sucrose both of which lead to redistribution of

mobile elements. The preparation steps that are required before high pressure

freezing (Chapter 11, by Nicholas J. Servers and Horst Robenek, this volume) is

carried out also make this technique less than optimal, particularly for physiolo-

gical studies. Instead, either plunge-freezing into cooled liquid cryogens such as

propane or ethane, liquid nitrogen is not suitable for high-resolution studies

(Zierold, 1991), or impact against a precooled polished metal surface (Somlyo

et al., 1989) are used. With these techniques, minimal ice crystal damage is only

achieved within the first few microns of a specimen surface, and this limits the

size and type of specimen than can be used for microanalysis. However, vitrifica-

tion of water, as is needed for morphological studies, is not absolutely necessary;

ice crystal damage is tolerable provided that it remains below the size of the

focused probe.
1. Treatment before Cryofixation
The way in which cells or tissues are handled before cryofixation aVects elemen-

tal distribution or content, so care must be taken at every step in the process. Good

laboratory practice should be followed to ensure cleanliness and minimize risk of

contamination of specimens from environmental sources. When preparing cells,

the following general considerations need to be taken into account:

(a) Adherent cells should not be removed from their substrate before cryofixa-

tion, both scraping and trypsinization damage the cells causing leakage of

elements.

(b) Take care not to allow cells to cool, lowering of temperature decreases Na/K

pump activity and may cause element redistribution.

(c) Do not expose concentrated cell pellets to a dry atmosphere as this may

cause desiccation and alter element concentrations.

(d) If nonpenetrating cryoprotectants, such as dextran, are added to the exter-

nal medium their eVect on element concentrations needs to be determined.
2. Safety Considerations for Cryopreparation
Cryopreparation procedures involve known hazards (Sitte et al., 1987). The

evaporation of large quantities of liquid nitrogen can cause asphyxiation, liquid

cryogens such as cooled propane and ethane are potentially explosive and contact

with cooled metal surfaces causes low temperature burns. It is essential that anyone

considering using these techniques consult with their local safety oYcer and make

themselves aware of local safety regulations before beginning work.
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3. Cryofixation of Cells for SEM Analysis
Analysis in the SEM provides a rapid and easy method for determining element

composition inwhole cells. Themethodwas first described byAbraham et al. (1985)

and has been further developed by a number of diVerent groups. The preparation
method is illustrated in Fig. 3A. Cells are grown on a suitable substrate such as

graphite discs, Thermanox coverslips, Millicell inserts, or plastic-coated EM grids.

For growth on EM grids, gold or titanium grids are used as these are not toxic for

the cells (this preparation is also suitable for TEM analysis, Warley et al., 1994).

The method has also been adapted for use with suspended cells after entrap-

ment by centrifugation onto a Milicell insert (Fernandez-Segura et al., 1999,

see Fig. 3B)

The method is as follows:

(a) Remove support þ cells from culture medium.

(b) Dip support rapidly several times into an ice-cold washing medium.

(c) Blot the edges of the support gently against a filter paper to remove excess

washing solution.
A BMonolayers Cell suspension

Tissue culture flask

Conical centrifuge tube

150 g

3−5 min

Multi-well plates

Millicell-PCF inserts

Wash

Cryofix

Freeze-dry

SEM

Fig. 3 (A) Preparation of whole cells for analysis. Adherent cells are grown on a suitable substrate

here millicell inserts are used. The supports are removed from culture, overlying medium is removed by

washing in an ice-cold solution, the cells are then cryofixed by dipping into liquid nitrogen and freeze-

dried before analysis. (B) adaptaion of the method for suspended cells. An aliquot of the cell suspension

is placed on aMillicell insert which is then placed into a conical centrifuge tube and the tube centrifuged

to concentrate the cells onto the surface of the filter. In both procedures the filter is cut from the holder

and overlying medium removed by rapidly dipping the excised filter into a washing solution.
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(d) Cryofix by plunging the support þ cells into liquid nitrogen.

(e) Freeze-dry and carbon coat before analysis (Section III.B.3).

The appearance of cells prepared by this method is shown in Figs. 4 and 5.

The preparation procedure requires a washing step to remove overlying medium

that could possibly cause a disturbance of the elemental balance in the cells. Of

the solutions that are used, ammonium acetate (150 mM) is isotonic to most
Fig. 4 The eVects of diVerent washing solutions on the morphology of U937 cells (A) unwashed cells,

(B) 150 mM ammonium acetate, (C) 300 mM sucrose, (D) distilled water. Marker = 10 mm and is same

fro all images.

Fig. 5 Cells grown on. Pioloform-coated EM grids left LLC-PK cells seen in scanning EM, right Soas

osteoblasts in TEM, marker = 1mm
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cells and volatilizes during freeze-drying, but the ammonium ion (NH4
þ) could

exchange for Kþ, Naþ, or Hþ. Mannitol (300 mM) or sucrose (300 mM) are

isotonic but they form a dense deposit over the cells during freeze-drying obscuring

detail and provide the possibility of absorption of emitted X-rays. Despite its lack

of isotonicity, distilled water has been found to be eVective for a number of cell

types, but was shown to cause an increase in volume in cultured renal cells

(Borgmann et al., 1994). The eVects of diVerent washing solutions on the morphol-

ogy of U937 cells are shown in Fig. 4. The choice of washing solution needs to be

determined experimentally for the system under consideration. This has been

achieved by comparison of washed cells with unwashed controls (Fernandez-

Segura et al., 1999; Warley et al., 1994), and by comparisons between whole cells

that have been washed with cryosections prepared from cells in which the culture

medium has not been removed (Dragomir et al., 2001; Warley et al., 1994).

In the method outlined above, liquid nitrogen is used as a cryogen, this is

perfectly adequate since individual cells are analyzed using a large area probe

and any ice crystal damage does not aVect the analysis.
4. Cryofixation of Cells for TEM Analysis
Cells prepared by the methods outlined above provide information about ele-

mental content at the whole cell level, at the best discrimination between cytoplasm

and nucleus can be made (Fernandez-Segura et al., 1997). For the study of element

distributions within intracellular organelles cells need to be cryofixed and then

cryosectioned before analysis. The approach most frequently used for such studies

is immersion fixation of a cell pellet using a commercially available apparatus that

uses either liquefied propane or liquefied ethane as the cryogen. Immediately

before cryofixation suspended cells need to be concentrated by centrifugation to

reduce the volume of extracellular medium in which ice crystals form making

subsequent cryosectioning diYcult. This is achieved by use of either in a microfuge

at�10,000 rpm for periods of up to 1 min, or in a bench centrifuge for up to 5 min,

both methods have proved reliable. The supernatant is removed and droplets of

the thick cell suspension are cryofixed using the protocol given below:

(a) Cool the cryofixation apparatus down to operating temperature and allow

to equilibrate, fill with cryogenic liquid and allow to cool to just above

freezing point.

(b) Place a clearly labeled cryostorage tube into the chamber of the cryopre-

paration apparatus and allow to cool.

(c) Rapidly transfer a droplet of the thick cell suspension onto a carrier suitable

for cryofixation.

(d) Mount into the plunging device and plunge immediately into the cold

cryogen.
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(e) Remove the specimen from the arm of the crofixation apparatus and place

within the cooled cryotube, keeping the cryofixed specimen within the cooled

atmosphere at all times.

(f ) Cap the cryotube and transfer to a storage Dewar under liquid nitrogen.

Although a commercial cryofixation device is recommended this apparatus is

not absolutely necessary, home-made devices can be used (see e.g. Somlyo et al.,

1989; Warley and Gupta, 1991). However, if a home-made apparatus is used and

specimens are plunge frozen by hand, it must be remembered that there is a cool

layer of gas above the cryogen that precools the specimen promoting ice crystal

formation. The specimen must be moved through this layer as quickly as possi-

ble. The specimen support also influences the cooling rate and thus the quality of

the resulting cryofixation. Metal pins supplied by manufacturers are not appropri-

ate. Instead pieces of wooden orange stick can be used or the cells can be supported

on wedges of filter paper. Cells cryofixed on filter paper are subsequently attached

to stubs for sectioning in the chamber of the cryoultramicrotome using a cryoglue

such as n-heptane (Steinbrecht and Zierold, 1984). Cell pellets can also be

cryofixed by impact against a cooled metal block using a proprietary metal mirror

fixation device.

The method for preparing cells in suspension as outlined above is relatively

routine, but the thinness of cells grown as monolayers makes handling them

much more diYcult, so cryofixation and cryosectioning of monolayers is not in

general use and will not be discussed in great detail here. Zierold (1997) con-

structed a custom-made apparatus for immersion cryofixation of monolayers of

rat hepatocytes, others have exploited growth of cells on plastic film (James-

Kracke et al., 1980; Warley et al., 1994), or on a layer of gelatine (Buja et al.,

1985) to allow removal of cells from culture without disruption. Interested readers

are referred to these publications. Similarly, more complex methods have

been developed to allow the cryofixation of cells at defined physiological time

points (see e.g., Hardt and Plattman, 1999; Wendt-Gallitelli and Isenberg, 1991;

Zierold, 1991).
B. Treatment Post Cryofixation
Frozen specimens need to be maintained at temperatures of <�150 �C to

prevent ice crystal growth with consequent movement of elements. Liquid nitrogen

cooled storage vessels designed for the storage of tissue culture cells are suitable for

storing cryofixed specimens. Careful note should be made of the place of storage so

that specimens can be retrieved without disturbing other specimens. Specimens

should always be transferred between the cryofixation apparatus and storage

Dewars, and between storage Dewars and the cryoultramicrotome under liquid

nitrogen.
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1. Cryofixation Followed by Embedding Techniques
If cryosectioning or cryotransfer are not available, then low temperature embed-

ding or freeze-drying and embedding can be considered as alternative methods for

specimen preparation but these are not in general use because of concerns about

movement of ions during either substitution or embedding, and also because of

ambiguities in quantified results (Hall, 1989; Warley, 1993). If these methods are

used, there is a requirement to show that element redistribution does not occur; a

detailed approach is given in Hardt and Plattman (1999).
2. Cryosectioning
Thin cryosections are required for the study of element concentrations in intra-

cellular compartments; these are cut at low temperatures using a cryoultramicro-

tome. All tools and equipment needed for sectioning should be assembled

beforehand. In addition to the usual tweezers and eyelash probes, the following

are also needed (see Fig. 6A):

(a) A supply of glass knives and a cryodiamond knife if available, if glass knives

are used they should be prepared using the balanced break method.

(b) A supply of grids. Grids made from copper or nickel are generally used. The

grids should have high transmission properties; a mesh size of 100 or 150 is

advantageous to minimize the contribution of the grid to the X-ray spectrum.

Single slotted or multislotted grids are also suitable but these are fragile in use. The

grids need to be coated with a support film; carbon, Pioloform, or Formvar have

all been used. The grids should be checked for cleanliness before use.

(c) A copper rod or proprietary device for pressing sections onto the grids.

(d) A cryotransfer device for carrying grids with sections under liquid nitrogen.

The following is a general guideline for cutting cryosections for microanalysis,

when using a cryoultramicrotome, the manufacturer’s instructions for operation

must be followed.

(a) Cool the microtome to the required temperature, this is usually between

�125 �C and �140 �C.
(b) Place knives into the cryochamber during cooling but do not clamp in place.

(c) Once the desired temperature is reached transfer the specimen into the

cryochamber and clamp firmly in the specimen holder.

(d) Clamp knives into place.

(e) Trim the specimen only if necessary. Trimming removes the best cryofixed

part of the specimen.

(f) Cut sections, a thickness of 100–150 nm is generally used, and transfer to

coated grids using an eyelash probe (see Fig. 6B).



Fig. 6 (A) Tools required for cryosectioning from left to right A cryotransfer holder for carrying

section covered grids between the cryoultramicrotome and freeze-drier, a copper rod used for pressing

the sections onto the grids, an eyelash for picking up sections from the knife edge and transferring them

to the grids, antimagnetic tweezers for handling Ni grids and Pioloform-covered Ni grids. (B) Interior of

cryosectioning chamber (�130 �C) showing, the blockface a knife with a grid containing sections, the

grid is supported on the knife by a tape strip. Sections are from the knife to the grid using an eyelash.

(C) Freeze-dried cryosections of human neutrophils. The sections are compressed in the direction of

cutting (arrow). The sections show high contrast despite the lack of staining, the contrast is due to

diVerences in dry mass between the diVerent organelles.
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(g) Once suYcient sections have been cut they need to be pressed onto the grids.

Several methods are used for this purpose. Sections are either pressed

between two overlying single grids or oyster grids are used.

(h) Place the grids bearing the sections into a precooled cryotransfer device and

transfer to the freeze-dryer under liquid nitrogen.

The major problem encountered with frozen sectioning is the development of

static electricity, which causes sections to fly away from the edge of the knife. In a

modern microtome this is neutralized using a static line deioniser, alternatively an

antistatic gun can be used.
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3. Freeze-Drying
Thin frozen sections are not analyzed in the TEM in their fully hydrated form

since, at the probe currents that are required to elicit X-ray formation, interaction

of incident electrons with ice in the specimens leads to the generation of free

radicals that destroy the specimen (Zierold, 1988). Instead they are either trans-

ferred to a proprietary cryoworkstation to allow placement in a cryoholder and

transfer to the EM column where they are freeze-dried by raising the temperature

of the holder to �110 �C for a period of 20–30 min (Scott et al., 1997), or freeze-

dried externally using either a carbon coating unit (Di Francesco et al., 1998;

LeFurgey et al., 2001) or a specially designed freeze-drier with temperature con-

trolled stage (Warley and Skepper, 2000). The grids are transferred to the freeze-

drying apparatus in a covered cryotransfer device under liquid nitrogen. The

chamber of the freeze-drying apparatus is then evacuated and the sections allowed

to freeze-dry overnight. If a carbon coater is used for freeze-drying, insulating

materials such a piece of Perspex should be placed between the cryotransfer device

and the base plate of the coater to allow the transfer device to warm up slowly.

There has been some discussion about the length of time needed for freeze-drying

of biological specimens for microanalysis (Edelman, 1994) but it has been shown

experimentally (Warley and Skepper, 2000) that, using the conditions described

above, element redistribution does not occur.
4. Treatment after Freeze-Drying
Freeze-dried cryosections are hygroscopic and care needs to be taken to ensure

that the sections are not exposed to water vapor. Sections are usually coated with a

thin layer of carbon to protect the sections from the atmosphere this also has the

benefit that their conductivity in the electron beam is increased making the sections

more stable during analysis. Ideally coating should be done without breaking the

vacuum of the freeze-drying apparatus. If the vacuum of the freeze-drier or coating

apparatus needs to be broken, then the chamber should be flushed with dry

nitrogen gas rather than room air.

Even when coated with carbon, freeze-dried sections are easily contaminated

from the environment. The best policy is to ensure that sections are analyzed as

soon as possible, preferably within 24–48 h after preparation. Although storage

within desiccators is sometimes recommended sections easily pick up contamina-

tion from desiccants such as silica gel, or if stored under vacuum from O-rings.

If long-term storage is envisaged, the conditions should be checked thoroughly.
C. Analysis
In its simplest form analysis is achieved by focusing the incident beam of the EM

onto the area of interest in the specimen and producing a spectrum. The sensitivity

of analysis is determined by the ratio of counts in the characteristic peak divided by
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the number of counts in the background under-the-peak, so whatever system is

used conditions must be selected that maximize this ratio. The factors that aVect
P/B include the total number of counts in the characteristic peaks, the number of

counts in the background and the calibration of the detector. The detector should

be calibrated on a regular basis to ensure correct assignment of peaks and accurate

deconvolution of overlapping peaks during spectrum processing.
1. Analysis in the SEM
When cells are analyzed in the SEM, the main problem that aVects sensitivity is

over-penetration of the specimen by the electron beam causing excitation of X-rays

from the underlying substrate on which the cells are grown (Fig. 7). This results in

the possibility of characteristic X-rays from the substrate, for example Si, if the

cells are grown on glass appearing as spurious peaks within the spectrum, and also

the generation of unknown amounts of continuum radiation that will aVect quan-
tification. To avoid this problem, lower accelerating voltages need to be used, but

this reduces characteristic X-ray production in the specimen with consequent

lowering of sensitivity. The optimum accelerating voltage can be determined

experimentally by coating the substrate with a substance, such as gold, that emits

a characteristic X-ray, and then growing the cells on the coated substrate.

When analyzing the cells, the highest accelerating voltage that does not cause the

appearance of characteristic X-rays is the one that should be used for analysis

(Fig. 7; Fernandez-Segura et al., 1999).
10 kV

Cells

Au

Filter

15 kV 20 kV
e− e− e−

Fig. 7 A schematic representation of over-penetration of the electron beam caused by higher voltages

in the SEM. Cells are grown on a gold coated filter. At a lower voltage here 10 kV, the electron beam

remains within the cell so that X-ray excitation occurs only from this source. As the voltage is increased

the primary electron beam penetrates deeper so that X-rays are produced from the underlying gold layer

and from the filter as well as from the cell.
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2. Analysis in the TEM
Analysis in the TEM is generally used to obtain high-resolution information

from small areas of a thin section. The success of analysis is aVected by the limited

number of counts that are available from the thin specimen and by the generation

of extraneous X-rays from the materials surrounding the specimen in the restricted

space of the specimen area. The success of analysis can be improved by ensuring

that the microscope is set up correctly (see Section V.A) and by carrying out

analysis in a careful manner.

When carrying out analysis in the TEM, higher accelerating voltages are used as

this leads to less scattering of electrons, reducing the unwanted background

radiation. Analysis in the TEM is also aVected by the geometric relationship

between the incident electron beam, the specimen and the detector. In the TEM,

the detector is usually mounted at a low or zero angle to the specimen stage and the

specimen needs to be tilted towards the detector to allow spectrum collection.

A take oV angle of 35� is generally used to maximize collection of X-rays and

minimize absorption eVects. Since the specimen needs to be tilted it is important

that the specimen stage is set at its eucentric height before tilting so that the

specimen and emitted X-rays are in the direct line of sight of the detector.

The way in which the analysis is carried out is also very important. Analysis

should always take place in the centre of the grid and in the central areas between

grid bars. Analysis close to the edge of the holder will lead to unacceptable levels of

X-ray emission from this source and in some cases to absorption of X-rays.

Analysis close to a grid bar, especially when the specimen is tilted, can also lead

to excessive production of X-rays from the grid and possibly to absorption of

X-rays (see Roomans, 1988a).

Loss of specimen mass during the course of analysis also aVects quantification.
Loss from specific peaks (S and Cl are particularly susceptible; Hall and Gupta,

1986) causes underestimation of these elements, whilst loss from the organic matrix

causes an underestimate of total specimen mass. Mass loss can be minimized by

cooling the specimen during analysis using a cold stage; if this is done, use of an

anticontaminator is required to prevent deposition of contamination onto the

specimen. Mass loss can also be compensated for during quantification procedures

(Section III.D.4).
D. Deriving Qualitative and Quantitative Information from the Spectrum
Details about the requirements of analytical systems are given in Section V.

Qualitative analysis, i.e. identification of elements in the spectrum, is usually

achieved using manufacturer’s software. These systems are not foolproof, they

are designed for materials applications rather than biology and misidentification of

a peak by the software is a distinct possibility, e.g., the Na K peak is often labeled

as Zn L. It is essential to look for expected accompanying X-ray lines, the Zn L line
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should be accompanied by a Zn K at 8.63 keV. Similarly, if the program is set to

label only Ka lines, then the accompanying Kb lines are often mislabeled. A case in

point is that for the potassium Kb peak (see Fig. 1), this overlaps the Ca Ka peak,

and often appears in spectra wrongly labeled as Ca Ka. All analysts need to be

aware of the principles involved in X-ray generation and the lines that are gener-

ated (Section III) full details are outside the scope of this chapter but can be found

in Ingram et al. (1999a ,b ) and W arley (1997) .

Direct comparison of net counts in a peak between spectra is not valid because

diVerences in specimen thickness and fluctuations in probe current between ana-

lyses aVect the number of counts collected; in addition, in thicker specimens,

absorption of generated X-rays and secondary X-ray fluorescence become impor-

tant. Some means of quantification is therefore necessary. In materials science,

thick specimens with polished surfaces are analyzed in the SEM and using well-

documented ZAF (atomic number, absorption, and fluorescence) procedures to

obtain quantitative results. These methods are not applicable in biology where the

surface of the specimen is rarely smooth and the composition of the matrix is of

low atomic number and not necessarily known. The two methods in general use for

obtaining quantitative results from biological specimens are given below.
1. Continuum Normalization
The method most often used for quantification of elements in thin sections is the

continuum normalization method developed by Hall (see Hall, 1989; Hall and

Gupta, 1986). This method assumes that in thin sections composed of low Z

elements (biological specimens) absorption and fluorescence corrections are negli-

gible and are not applied. The concentration of a given element x is expressed in

terms of mass x/total mass in the area analyzed. The mass of x in the area of

analysis is proportional to the net number of counts in its characteristic peak (Px)

and the total mass in the area of analysis is proportional to the continuum

radiation (W see Fig. 8) generated by the specimen itself. The basic equation is:

Cx;sp ¼ ðPx=WÞsp
ðPx=WÞstd

� Z
2=Asp

Z2=Astd

�Cx;st ð1Þ

where C is the concentration (mmole/kg), the subscripts sp and std refer to

specimen and standard respectively, and the value of Z2/A is the weighted mean

value of atomic number squared divided by the atomic weight for all constituent

elements of the sample.

The method automatically corrects for variations in thickness of the specimens

and fluctuations in probe current since they both aVectPx andW to the same extent.
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Fig. 8 Spectrum showing the areas used in diVerent quantification regimes the net peak integral (P),

the background under-the-peak (B) and a continuum region W.
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a. Estimation of Continuum Counts
The use of Eq. (1) requires an estimation of continuum counts. This is obtained

by setting a region of interest in a peak-free region of the spectrum (see Fig. 6). Two

regions are in general use, either 1.34–1.64 or 4.2–6.2 keV. If the manufacturer’s

software does not give an option for setting a continuum region, this can be done

simply by including an element that is not present in the specimen in the list of

elements to be analyzed, and using the counts under-the-peak for this element as

the continuum region. The counts in the continuum need to be those contributed

by the specimen itself. Freeze-dried sections are supported on a plastic film on an

EM grid, both of which contribute to the continuum region of the spectrum from

the specimen so that the total counts in the continuum region (Wt) are the sum of

those from the specimen itself (Wsp) plus those from the film (Wf) and those from

the grid (Wg). The counts contributed by the specimen are estimated as follows:

(a) The grid correction factor is calculated by obtaining a spectrum from an

analysis close to the grid bar from a bare grid (i.e., no film, no specimen), the position

needs to be adjusted to give a count rate of�2000 cps. From this the ratio of counts in

the continuum to counts in the grid peak is determined. This procedure is repeated

several times. The ratioWg/Pg is constant, and forms the grid correction factor that is

used to estimate the counts contributed by the grid in subsequent spectra.

(b) A spectrum is obtained from the analysis of the film close to the area of

interest in the cell. The contribution of the grid to the continuum region of this

spectrum is obtained by multiplying the number of counts in the grid peak by the

grid correction factor, obtained as outlined above, and this value is subtracted

from the total counts in the continuum region to give the counts contributed by the

film. (Wt � Wg¼Wf).
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(c) In the spectrum obtained from the specimen the contribution of the grid is

determined by multiplying the counts in the grid peak by the grid correction factor,

these are then subtracted from the total continuum counts along with the film

correction as obtained in (b) to give the number of continuum counts produced by

the specimen.

Continuum normalization tends to be inaccurate when the corrections to the

continuum exceed the counts generated by the specimen itself. This occurs if the

sections are very thin, or if analysis takes in an inappropriate position (Roomans,

1988a).
2. Quantification for Semithick Specimens
When semithick specimens such as whole cells are analyzed in the SEM, the

assumption that absorption and secondary fluorescence do not occur cannot be

made and a diVerent quantitative approach is required. Statham and Pawley

(1978) proposed the use of the ratio of peak to background under-the-peak, rather

than a distant continuum region, as a basis for quantitative analysis of particulate

material. The reasoning is that, since both the peak and the continuum are

produced from the same area of the specimen and are of the same energy, absorp-

tion and fluorescence eVects should be equivalent. The equation used is

Cx ¼ kxPx=Bx ð2Þ

This method has found wide application in SEM analysis in biology. As with

continuum normalization, standards are required for quantification and these

should closely resemble the specimen in composition so that absorption and

fluorescence are similar and a Z2/A correction is not required. Standards are

made as described in Section III.D.4.
3. Thin Widow Detectors and Quantification
Much of the literature about quantitative analysis of biological specimens was

written in the late 1980s early 1990s. Instrumentation has changed since then.

In particular, Be-window detectors have been replaced by thin window detectors

so that the statement that biological specimens generally consist of an organic

matrix of elements, C, N, O, and H, that are not detectable with conventional EDS

detectors no longer holds true (Zierold et al., 2005). The ability to analyze light

elements makes standardless quantification a possibility (Laquerriere et al., 2001;

Marshall, 1994); however, very few groups are using this approach. If this method

is considered specimens need to be supported on a holey or lacy carbon film since

standardless analysis does not allow for the contribution of the film to the charac-

teristic peaks for C and O. Laquerriere et al. (2001) have suggested that, with thin
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window detectors the presence of an oxygen sum peak at 1.04 keV, the energy of

the sodium K peak might cause problems for quantification; however, Marshall

and Patak (1993) and experience in the author’s laboratory suggest that this would

not be a problem in the analysis of thin sections.
4. Standards
All biological specimens suVer from loss of low atomic number elements under

the electron beam; this can be reduced by analysis at low temperatures using a cold

stage and is also compensated for by the choice of an appropriate standard. The

standard should be of similar overall composition to the specimen with the as-

sumption that mass loss is similar in both specimen and standard. This strategy

has further advantages. In Eq. (1) the term Z2/A (sometimes called the G factor) is

used to correct for diVerences in continuum generation between the specimen

and standard. If a standard is chosen that closely resembles the specimen in

composition, then the value of Z2=Asp

Z2=Astd
cancels out and the equation becomes

Cx;sp ¼ ðPx=WÞsp�Cx;st

ðPx=WÞstd
ð3Þ

where the term Cx,std/(Px/W )std is the constant for the element x determined from

the analysis of standards.

Standards are made by dissolving known concentrations of salts in a solution of

either 15–20% protein such as gelatin or albumin, or 15–20% dextran, freezing

droplets of the solution and taking them through exactly the same procedure used

for specimen preparation. For each element a number of standards of diVerent
concentration is analyzed; the mean value of Cx,std/(Px/W )std gives the constant

for that element. A plot of (Px/W )std against Cx gives a straight line. The accuracy

of standardization is checked either by the analysis of a specimen of known

composition such as red blood cells or by analyzing a standard of known compo-

sition that was not used in the standardization procedure. Further information

about the preparation and analysis of standards can be found in Roomans (1988b)

and Warley (1990, 1997).
5. Estimation of Water Content
When analyzing biological specimens an attempt at estimation of local water

content should be considered for two reasons. First, analysis of freeze-dried sections

produces results as mmoles/kg dry weight, units that are unfamiliar to the majority

of scientists, and second, because diVerences in dry mass between intracellular

compartments can give the impression of concentration diVerences where nonexists
in the hydrated state (see e.g. Zierold, 1997). It is recommended that some attempt is

made to convert the dry weight values to millimoles concentrations to allow
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comparisons with the literature. If local values for dry mass are available in the

literature these can be used, otherwise local drymass can be estimated.Methods for

achieving this are outlined in Roomans (1988b), Warley (1997), and Zierold (1988).
6. Mapping Techniques
In a STEM instrument, the ability to scan the electron beam across the specimen

in a 2D raster allows the collection of elemental information at each dwell point.

The data collected is presented as an element map that provides a 2D map of

element distribution that can be directly related to the image acquired at the same

time. Mapping software is generally included in analysis software, and maps are

usually acquired by first collecting a spectrum from the area of interest using a

wide probe then setting windows over the energy regions of interest. During the

collection of the map the number of counts in each region of interest is stored for

subsequent processing (see Fig. 2). Since no corrections are applied such maps

are only qualitative. In the spectral imaging techniques, a full spectrum is collected

at each pixel that can then be processed by a variety of methods to produce fully

quantitative maps. These methods have been developed and exploited by the

group working at Duke University (Ingram et al., 1999a,b; LeFurgey et al.,

1992, 2005; Simm et al., 2007).
IV. Equipment
A. Electron Microscopes
SEMs are used for the study of whole cells prepared as in Section III.A.3. High

resolution is not required for such studies so any SEM that is fitted with a detection

system should be suitable. The SEM can be made more versatile by fitting a STEM

detector allowing more detail to be imaged and also analysis at higher kilovolts

with the benefit of increased count rates. If the SEM is fitted with a back scatter

detector this can be used to image major cellular compartments such as nucleus

and cytoplasm, allowing diVerentiation between these two compartments to be

made (Fernandez-Segura et al., 1997).

The requirements of a TEM for analysis are more stringent. A TEM can be used

for low resolution analysis such as whole cells, but is most useful for the analysis of

intracellular compartments. This requires the ability to form a highly focused

electron probe so the TEM should be equipped with the ability to operate in the

nanoprobe mode or to have STEM capability. The number of X-ray emitted from

the specimen during irradiation depends directly on the current in the focused

probe which itself depends on the type of emitter used. Conventional tungsten

filaments are adequate, but the use of LaB6 filaments gives higher X-ray count

rates, these are useful when small spot sizes are used. Field emission TEMs have

not yet gained the widespread use in analysis of biological specimens that they

have in materials science. Although in earlier publications, cleanliness of the EM
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vacuum system was emphasized as a factor in EPXMA this is unlikely to be a

problem with modern TEMs, especially if an anticontaminator is used as a routine.

The main problem encountered with TEM analysis is the production of extraneous

X-rays from various sources including apertures in the column, the specimen

holder and the grid carrying the specimen. These produce spurious peaks in the

spectrum and also contribute unwanted continuum radiation that aVects the

accuracy of quantification (Section III.D). The production of extraneous X-rays

from the column is minimized by having a well-aligned electron beam and by using

thick apertures to prevent X-rays generated higher in the column from reaching

the specimen area. The objective aperture must be removed during analysis. To

reduce the generation of X-rays from the specimen surroundings manufacturers

produce specially designed holders for analytical applications these are shielded

with low atomic number elements such as carbon or beryllium to minimize X-ray

production from this source although it should be noted that carbon will be detected

by the atmospheric thin window (ATW) detectors that are now in general use.
B. X-ray Detection Systems
Energy dispersive detection systems (EDS) are used for the analysis of biological

specimens because of their multielement capability and their greater eVectiveness
at low probe currents. The detectors associated with these systems are now usually

thin windowed and detect elements from carbon (Z ¼ 6) upwards. Full details of

detection systems are usually available from the manufacturers. Quantitative

analysis has several requirements from the associated computer software. Reliable

peak deconvolution routines are necessary to separate peaks from the underlying

continuum and to deconvolve overlapping peaks, this is especially important for

the K Kb Ca Ka overlap (Somlyo et al., 1989). The ability to obtain basic data (net

peak counts, counts in the background under-the-peak, and continuum counts) is

essential for quantification using P/B or continuum normalization. To the author’s

knowledge only one manufacturer includes a program for biological analysis in

their software but this should not be a deterrent; independent systems are avail-

able. NIST provides a desktop spectrum analyzer for Mac computers (www.cstl.

nist.gov/div837/division/outputs/DTSA/DTSA.wm) and software is also available

for spectrum processing, quantification, as well as qualitative and quantitative

analysis (see Simm et al., 2007). In the absence of suitable software from the

manufacturer, the calculations outlined in Sections III.D.1 and III.D.2 can easily

be carried out using a spreadsheet on a personal computer provided that the basic

data is available.

V. Discussion

The procedures that we have described here for preparing whole cells for

analysis by either SEM or TEM provide simple and rapid methods for measuring

element concentrations at the whole cell level. The use of cryosections is more

http://www.cstl.nist.gov/div837/division/outputs/DTSA/DTSA.wm
http://www.cstl.nist.gov/div837/division/outputs/DTSA/DTSA.wm


Table I
Some Application

Biological problem

Apoptotic cell death

Epithelial transport

Metal toxicity

Trypanosome compo

Leishmania

Cardiac myocytes

Cell growth/diVerent

Tissue engineering
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demanding but gives unambiguous information about concentrations within in-

tracellular organelles. Neither method should be considered in any way ‘‘static,’’ as

EM experiments are often described. Samples can be taken for analysis at time

points throughout an experiment, a strategy that is used in many biochemical

investigations, allowing temporal information to be acquired (Arrebola et al.,

Salido et al., 2001; 2006; Zierold, 1997). Tracer elements, e.g., Rb in exchange

for K, Sr for Ca, Br for Cl, can be used to study the uptake of specific elements into

the cell and when coupled with specific inhibitors allow the study of ion transport

pathways (Arrebola et al., 2005a,b). In such studies, the multielement capability of

X-ray microanalysis has the added advantage of being able to detect the eVects of
inhibiting one ion transporter on the intracellular concentrations of other ions.

X-ray microanalysis is now being used in a variety of applications (Table I) with

emphasis on epithelial transport, the toxic eVects of environmental pollutants and

in the mechanisms of apoptotic and oncotic cell death. The work on epithelial

transport has already been well summarized (Roomans, 2002). In the studies on

toxicity and cell death a common finding has been that K/Na ratios are changed

often very early after treatment and this has lead various authors to suggest that a

lowering of the K/Na ratio can be used as a measure of cell viability. Whilst there is

no doubt that high values for K/Na are an indication of healthy cells a lowering

of the ratio needs to be interpreted with caution and with due consideration both of

experimental techniques and of the concentrations of other elements. Lowering

of the K/Na can occur due to harsh handling of cells before cryofixation (Section

III.A.1) this has been well documented when isolated tissue preparations are used
s of X-ray Microanalysis in Cell Biology

Preparation technique System studied References

Whole cells SEM U937, staurosporine Arrebola et al. (2005a,b)

Whole cells SEM Prostatic cell line etoposide Salido et al. (2001)

Whole cells TEM Monocyte/macrophages LDL Skepper et al. (1999)

Cell sections TEM U937, UV light Arrebola et al. (2006)

Whole cells SEM Nasal epithelium Dragomir et al. (2001),

Serretnyk et al. (2006)

Cell sections TEM Hepatocytes Cd, Zn Zierold (1997)

Cell sections TEM Hepatocytes Zierold (2000)

Cell sections TEM Macrophages, Al, Zr Nkamgeue et al. (2000)

sition Cell sections TEM Trypanosomes Scott et al. (1997)

Cell sections TEM Leishmania volume regulation LeFurgey et al. (2001, 2005)

Cell sections TEM Isolated myocytes ATP Zhang et al. (2001)

iation Cell sections TEM Smooth muscle Warley (2001)

Cell sections TEM HL60 cells, retinoic acid Di Francesco et al. (1998)

Whole cells SEM Oral mucosa Sanchez-Quevedo et al. (2007)

Whole cells SEM Corneal endothelium Alaminos et al. (2007)
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(see e.g. Dragomir and Roomans, 2000) and needs to be considered for freshly

isolated cells such as leucocytes when a period of incubation may be needed to

restore the ratio to normal. Adherent cells are known to lose K as they come out of

active growth (Warley, 2001) with a consequent reduction in the K/Na ratio, but

without loss of viability. Similarly diVerentiation in HL60 cells has been shown to

result in a lowering of K/Na in the nucleus (Di Francesco et al., 1998) again

without aVecting viability. So the growth state of cells in culture always needs to be

considered.

One area where a lowering of K/Na has been shown to be important is in studies

of cell death pathways. Both apoptotic and oncotic cell death are characterized by

a decrease in K/Na ratio. The mechanisms underlying the change are, however,

quite diVerent. Apoptosis is characterized by an early loss of K that occurs well

before the concentration of Na begins to increase and is coupled with a loss of Cl,

whereas oncotic cell death is characterized by a loss of K with a concomitant

increase in Na and an increase in Cl. It is therefore important not just to look at the

ratio itself, but how the individual elements are changing as this gives insight into

the pathways involved.When interpreting the results from such studies it should be

remembered that X-ray microanalysis couples element content with the informa-

tion provided in an image that can provide further information about the status of

the cell such as nuclear condensation in the later stages of apoptosis (Arrebola

et al., 2005b). However, it is increasingly clear both from studies in apoptosis and

metal toxicity that changes in element concentration occur well before changes in

structure either of the surface, or of intracellular organelles become apparent, and

well before the uptake of trypan blue or the release of LDH the markers usually

used to demonstrate cell death. Also, in studies of metal toxicity, the changes in

diVusible elements occur when cells are exposed to levels of toxicant that are well

below levels that can be detected by this EPXMA. Such early changes in K/Na

reflect changes in the cell itself, making EPXMA an ideal method for detecting the

changes in ionic pathways that accompany signaling events in cells.
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Abstract

Transmission electron microscopy (TEM) provides a powerful set of methods to

investigate cellular and subcellular structures using thin sections. In this article we

summarize some of the diVerent approaches available for researchers interested in

using these methods.The essential details involved in specimen preparation for

immunolabelling are covered.

The best sectioning approach for preserving specimens for structural analysis is

Cryo EM of Vitrified Sections (CEMOVIS), a method where still frozen sections
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are examined in the transmission electron microscope. Because the specimens are

kept at low temperature during sectioning and examination, this method is not

amenable for immunolabelling, where antibodies are applied to sections at ambient

temperature.

To combine structural analysis with immunocytochemical analysis of antigens,

the approach of freeze-substitution without chemical fixative is the method of

choice, at least from a theoretical point of view. In practice, however, the vast

majority of electron microscopic (EM) immunocytochemical analyses are carried

out using chemically-fixed specimens that have been embedded in specialized resins

(such as the Lowicryls) using freeze-substitution or ambient temperature methods.

Antibody labelling of thawed cryosections through chemically-fixed specimens (the

Tokuyasu method) is also a popular method for preparing cells and tissues for

TEM analysis.

Here, we provide an overview of all these sectioning methods for EM, focusing

mostly on the practical details. Given the space limitation, the fine details necessary

to apply these methods have been successfully omitted and will have to be obtained

from the technical references we provide.

I. Preparing Biological Specimens for Examination
by Electron Microscopy

The eventual aim of biological microscopy is to observe cellular processes as

they occur in living cells. In light microscopy this is now routine for cultured cells

and is increasingly possible with live tissues (Huisken et al., 2004). Improvements

in biomarkers, molecules expressed by living cells that can be detected by this

approach, now make it possible to follow subcellular processes and organelles

in vivo. Improvements in instrumentation enable researchers to observe subcellular

events as they occur in real time in a variety of diVerent ways.
While much advances as these have been welcomed, the inherent limitations of

light microscopy must also be acknowledged. The main limitation for light micros-

copy is the resolving power available to examine cells. The resolving power of a

microscope is a measure of how well a microscope is able to separate two points

and therefore to show specimen detail. In the light microscope the smallest detect-

able details are, at best, in the size of about 200 nm. So, although the light

microscope is an excellent tool for examining living cells in real time, it cannot

give the detailed view of structures that is readily achievable by EM.

Electron microscopy (EM) is a technology ideally suited to examining small

details in cells and has been in the forefront of dissecting cellular structures and

their functions. However, the need for high vacuums and dead specimens meant

that examination by electron microscopes have mostly been restricted to specimens

that have been altered in some way. The most usual alteration performed on

biological specimens for EM examination is to dehydrate them. Drying is a process

that can induce many structural alterations inside the cells.

Another alteration, usually performed to enable biological specimens to with-

stand the drying process, is chemical cross-linking of cellular components.
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Classical images of cells, tissues, and organelles usually consist of images taken

from material that has been chemically cross-linked (or fixed) using glutaralde-

hyde, stained with heavy metals, and dehydrated. Chemical cross-linking followed

by dehydration form the basis of modern subcellular morphology studies. The

possibility of structural alterations occurring during these specimen preparation

methods has led to the idea that a lot of EM data in cell biology is questionable.

The discovery that water can be frozen so rapidly that ice crystals are unable to

form (the vitreous state) has stimulated a revolution in electron microscopy

(Dubochet et al., 1988; Saibil, 2000a,b; Steven and Aebi, 2003). Cryo-EM speci-

men preparation methods have been used to examine biological material and, in

most instances, validate much of what had been observed using chemical fixation

and dehydration specimen preparation methods.

At the most sophisticated end of the cryo-EM specimen preparation spectrum is

the approach where rapidly vitrified specimens are examined, while still solid and in

a fully hydrated state in the electron microscope. Although vitrification of hydrated

biological specimens can only be judged to be successful by examining diVraction
patterns in the TEM, we will use the term to apply to all specimens that have been

rapidly frozen using methods previously shown to produce vitrification.

Vitrified specimens that can be easily examined while still fully hydrated and a

low temperature can consist of small particles such as viruses and sub-cellular

organelles, frozen in thin films of water. Multiple images, which have been

obtained while the particles are in a frozen, fully hydrated state, are now used

routinely for 3D reconstruction (Baumeister et al., 1999; CyrklaV et al., 2005).

The most marked use of this approach has been described in the recent works

investigating whole, intact cells (Beck et al., 2004; Braet et al., 2003; Kurner et al.,

2004; Medalia et al., 2002). Cells on coated specimen grids are rapidly vitrified by

immersion in liquid ethane and examined, while still solid at low temperature, in the

TEM. In the first publication (Medalia et al., 2002),Dictyostelium discoideum were

shown tomove actively on an EMgrid prior to rapid freezing. This approachmakes

it possible to look inside thinner part of the cells (less than 500 nm). In a later study,

the organization of actin filaments in the filopodia ofDictyosteliumwere elucidated

using similar preparation and imaging methods (Medalia et al., 2007).

To examine the thicker regions of cells and tissues, the technique of CEMOVIS

(Cryo-Electron Microscopy of Vitreous Sections) must be used (Al-Amoudi et al.,

2002, 2004a,b, 2005). In this method, vitrified (rapidly frozen) biological material is

sectioned at low temperature and the still-solid sections are examined at low

temperature in the TEM. Such thin sections, through rapidly vitrified cell pellets

and biological tissues, have also been examined to reveal structures familiar to

classical morphologists (McIntosh et al., 2005).

Although it is possible to perform on-grid labeling of particle surfaces or cells

prior to freezing (Roos et al., 1996), fully hydrated, frozen specimens cannot be

immunolabeled using sequential applications of reagents once they are frozen. One

possibility for examining structures in frozen material is to incorporate markers

into living cells, and there is much interest in developing such biomarkers for use

with cryo-EM methods. The ideal biomarkers are tags attached to normally
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expressing proteins that can be easily visualized by electron microscopy in frozen

specimens. So far there are only a few such biomarkers available for use and their

application is not widespread (Gaietta et al., 2002, 2006; Sosinsky et al., 2007).
II. Vitrification and Chemical Fixation for Immunolocalization

If the location of molecules within cells is to be studied using aYnity markers to

cells or sections, then some form of immobilization of the biological material must

take place to preserve the location of the molecules of interest. This immobilization

process must also preserve the structures in which the molecules are operating, and

as many related structures and molecules as possible. The immobilization must

withstand subsequent processing steps such as dehydration, sectioning, and

immunolabeling.

Molecules that are not immobilized may be displaced from their normal loca-

tion, resulting in either a false (positive) localization or a spurious (negative) result,

such as when molecules are washed away (van Genderen et al., 1991). Two

approaches can be considered for immobilizing specimens for EM: these are (1)

the vitrification of biological material, and (2) chemical fixation.
III. Vitrification Followed by Freeze Substitution

Rapid heat removal from biological material so as to place specimens into a

vitreous or microcrystalline state is currently the optimal way of preserving ultra-

structural features. Vitrification is the process where fully hydrated specimens are

cooled rapidly enough to prevent ice crystal formation. Frozen specimens can be

dehydrated at low temperature (�90 �C) by dissolving the ice with an organic

solvent using a process called freeze-substitution (Kellenberger, 1991; Walther and

Ziegler, 2002). Chemical cross-linkers, fixatives, or contrasting chemicals, such as

uranyl acetate, osmium tetroxide, or glutaraldehyde, can be added to the solvent.

In this approach, the specimens are chemically-fixed (or stabilized) while still in a

cryoimmobilized state, at low temperature, a condition that is much less prone to

extraction and reorganization of sub-cellular architecture (Bohrmann and

Kellenberger, 2001; Kellenberger, 1991). However, alterations in specimen mor-

phology can occur if vitrification is not successfully carried out (Han and Bischof,

2004). In most cases the freeze substituted specimen is finally infiltrated with resin

and polymerized (Giddings, 2003).

Lowicryl resins belong to a group of resins that can be polymerized at low

temperature by UV light, making them useful for embedding freeze substituted

material while they are still in a solid state. Alternatively, the specimens can be

slowly warmed to ambient temperature and embedded in a resin also designed for

immunolabelling such as LR White, an acrylic resin. The resin can be heat poly-

merized either in a conventional oven or by using a microwave processor (Webster,

2007). Other resins are available that can be polymerized by heat or catalytic action.
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IV. Chemical Cross-linking (or Fixation)

It is generally accepted that the best approach for immunolabeling, resulting in

minimal alterations in morphology, is cryo-immobilization followed by freeze-

substitution and embedding at low temperatures (�50 to �90 �C) (Hess, 2007;

Humbel and Schwarz, 1989a; Schwarz et al., 1993). However, although high-

pressure freezing (McDonald, 1999; Moor, 1987) is generally acknowledged to

be the method of choice for immobilizing relatively large biological specimens (up

to 200 mm thickness and 2 mm in diameter), the technology and skills required to

prepare specimens are demanding, especially when attempting to sample material

in its native state without causing changes due to initial specimen preparation.

Other, technically less-challenging rapid freezing methods are available that are

able to vitrify biological specimens (Gilkey and Staehelin, 1986; Roos and

Morgan, 1990) but the limited freezing eYciency at ambient pressure restricts

their use to small specimens up to 10 mm.

Although freeze-substitution is understandably the preferred method for immo-

bilizing specimens, most users of electron microscopy still prefer the technically

easier immobilization method of chemical fixing material, using aldehydes to

cross-link cellular components. Chemical fixatives are convenient to use, help to

preserve specimen morphology, and immobilize antigens. Despite the reasonable

concerns about fixation artifacts, EM immunocytochemistry is widely and success-

fully used in many laboratories around the world.

In cases where structural reorganization due to the processing method are

suspected (artifacts), the only alternative is to examine the morphology using the

CEMOVIS technique (which is not applicable for immunolabelling), or freeze-

substitution. The theoretical background to chemical fixation has been extensively

covered elsewhere (GriYths, 1993). It is important to note that chemical cross-

linking as a process for immobilizing subcellular structures involves the relatively

slow (many seconds) conversion of a live cell state to a dead one. Significant

physiological changes are inevitable in the period before most cross-links induced

by the fixative occurs.

For immunocytochemistry, tissues or cells can be fixed by immersion in a

buVered solution of aldehyde using the same methods that are used for many

years to prepare specimens for epoxy resin embedding. The specimen should be

small for rapid penetration of aldehyde and care should be taken not to damage the

sample by over-manipulation (i.e., squeezing, pulling, cutting, etc.). Large organs

are best fixed by perfusing with warm fixative.

The buVers used with fixatives will aVect the morphology of biological material

and although the exact role of pH in fixation is not known, it seems that all

commonly used buVers are charged molecules, and are thus likely to display

their eVects outside the cells. This is potentially worrisome given the ability of

aqueous solutions of glutaraldehyde and formaldehyde to lower the cytoplasmic

pH from 7.0 to perhaps 6.0 (GriYths, 1993). However, it has been empirically
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determined that the need for a robust buVer with the chemical fixative generally

improves structural preservation.
V. Embedding in Resin for Sectioning

Chemically fixed biological specimens can be prepared for immunocytochemis-

try in a variety of ways. Perhaps the easiest way is to embed the material in a resin

that can be sectioned. However, there are multiple choices for which resin to use

and how to embed the specimen in resin.

A popular method used for embedding in methacrylates such as Lowicryl resins

(Armbruster et al., 1982; Carlemalm et al., 1985) introduced by the group of

Kellenberger in the early 1980s, called the progressive lowering of temperature

(PLT) method (Hobot, 1989; Robertson et al., 1992), subjected aldehyde-fixed

material to increasing concentrations of dehydrating solvent (usually ethanol or

acetone) while progressively lowering the temperature of the solvent. Dehydrated

specimens were subsequently infiltrated with resin at low temperature (around

�50 �C) and polymerized under UV light. Several researchers have successfully

used this approach for immunolabelling (Altman et al., 1984; Bayer et al., 1985;

Lucocq and Roth, 1984; Oprins et al., 1994; Warhol et al., 1985). However, the

Lowicryl resins, and some related resins, must be handled with care because of

their tendency to cause skin allergies.

Chemically fixed biological material can also be dehydrated using freeze-

substitution methods if the material is cryoprotected before immersion freezing

in liquid nitrogen (Humbel and Schwarz, 1989b; Oprins et al., 1994; van Genderen

et al., 1991). Chemically fixed specimens are trimmed to a suitable size, infiltrated

with cryoprotectant and frozen by immersion in liquid nitrogen when sucrose is

used. This has been demonstrated to vitrify the specimens. The specimens are then

soaked in freeze-substitution medium at low temperature in a way similar to that of

rapidly frozen specimens.

Chemically fixed biological specimens have also been processed for immunocy-

tochemistry by rapid dehydration at ambient temperature and resin embedded

using heat polymerization (Gocht, 1992; Osamura et al., 2000; Waller et al., 1998).
VI. Cryosectioning for Immunocytochemistry:
The Tokuyasu Method

A popular, but specialized method for preparing biological material for immu-

nolabelling is the Tokuyasu cryosectioning technique (GriYths et al., 1983;

Tokuyasu, 1980). It is often the preferred immunolabelling method because it is

the only post-embedding immunolabelling approach that does not require dehy-

dration by polar solvents before application of aYnity markers. It is also the fastest

approach for obtaining results on ultrastructure and immunolabelling. In general,
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in the absence of plastic resin, thawed cryosections tend to give the highest

accessibility of antigens to the antibodies.

Biological material is chemically-fixed using buVered aldehyde solution, cryo-

protected in sucrose and vitrified by immersion in liquid nitrogen (GriYths et al.,

1984; Webster and Webster, 2007). The vitrified, cryoprotected specimen blocks

are sectioned at low temperature (between �60 and �120 �C) in a cryo-

ultramicrotome using a knife, retrieved from the knife surface and thawed onto

metal specimen grids. The thawed sections are labeled with specific aYnity markers

and colloidal gold probes and finally embedded in a thin film of plastic (Webster

and Webster, 2007). The hydrated state of the sections means that the final drying

step can be made in a variety of plastic films. The final embedment and drying step

can be used to manipulate the final appearance of the sections in the transmission

electron microscope (Himmelhoch, 1994; Keller et al., 1984; Takizawa et al., 2003;

Tokuyasu, 1986, 1989).
VII. The Starting Material

For any EM analyses one needs access to a transmission electron microscope,

specimen preparation equipment such as an ultramicrotome, a glass knife maker,

or a diamond knife for sectioning and various laboratory essentials such as a

chemical hood for extracting toxic fumes away from the workspace.

Metal specimen grids will be required, and if cryosections are to be used, the

grids should be coated with a thin layer of plastic to support the fragile sections

(Webster and Webster, 2007). Suitable antibodies and colloidal gold probes are

important, as are the many buVers used.
Finally, there are multiple protocols that can be applied to the specimens under

study. Choosing the best method for use may be diYcult for novice microscopists

as the final choice will depend on the specimens to be examined, the specimen

preparation equipment available, and the expected end result. Much can be

learned from talking with experts or attending specialist courses. By seeing the

‘‘tricks of the trade’’ from an experienced person, a beginner can rapidly learn the

basics.
VIII. Protocols
A. High Pressure Freezing, Freeze Substitution, and Resin Embedding

High pressure freezing is the current method of choice for immobilizing

biological specimens for subsequent examination by electron microscopy. The

method requires access to a high-pressure freezer and to a freeze-substitution

device and has been adequately described elsewhere (McDonald, 1999, 2007).
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1. Method A: Preparing Specimens for Morphological Examination

Immerse tissue pieces in buVered aldehyde (e.g., 2% formaldehyde (w/v) and 2%

glutaraldehyde (v/v) in 100 mM HEPES buVer, pH 7.2) and leave for 2 h. If cells

are used, the fixative can be added directly to the culture medium (use double

strength fixative to allow for the dilution in the medium) and the cells can be

scraped oV the dish after approx 5 min fixation. Pellet the cells and leave them in

the fixative for the remaining time.

Infiltrate the specimens by immersion in either 30% glycerol, 2% dimethyl

formamide (a solvent used previously for dehydrating prior to resin embedding

(Altman et al., 1984), or 2.3 M sucrose. Place the specimens on metal pins or wire

stubs (for convenient handling) and freeze by immersion in liquid propane (glycerol

and dimethyl formamide) or in liquid nitrogen (sucrose).

Place tubes containing dry acetone, ethanol, or methanol in liquid nitrogen to

freeze the solvents and then place the frozen specimens into tubes. Use dry acetone

or ethanol for the materials cryoprotected in glycerol or dimethyl formamide and

the dry methanol for sucrose cryoprotected material. When applied to rapidly

frozen specimens, small amounts of glutaraldehyde, osmium tetroxide, tannic acid,

or uranyl acetate have been added to the solvents to improve specimen contrast

(Giddings, 2003; Walther and Ziegler, 2002). Similar approaches, although not

thoroughly explored, should improve specimen contrast of the chemically-fixed

and cryoprotected frozen specimens.

Place the tubes containing substitution media and specimens into a freeze-

substitution device set at �90 �C and leave for 36 h. Replace the substitution

medium with fresh, cold, and dry medium and gradually bring the temperature

to 20 �C (5 �C per hour). Replace the substitution medium with a 1:1 mixture of

uncatalyzed epoxy resin (e.g., any of the Epon substitutes, Araldite or Spurr’s resin

are all available commercially in kit form) and substitution medium, gradually

increasing the concentration of epoxy resin over several hours. Leave in uncata-

lyzed resin overnight, transfer to catalyzed resin in specimen molds and polymerize
B. Chemical Fixation, Cryoprotection, Freezing, Freeze Substitution,
and Resin Embedding
Although high-pressure freezing is considered to be the optimal method for

immobilization, the technology is not routinely available. A useful compromise

when preparing specimens for resin embedding is to freeze-substitute frozen,

cryoprotected and chemically-fixed material. Although this method does not

avoid chemical cross-linking it does omit ambient temperature dehydration, a

process that is often considered to be a contributor to morphological damage

(Bohrmann and Kellenberger, 2001).

Sucrose has been used successfully for cryoprotection prior to freeze-

substitution (van Genderen et al., 1991), but it can only be used if methanol is

the substitution medium. A precipitate may form in and around specimens if cold

acetone or ethanol is used to dehydrate material cryoprotected with sucrose.
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by placing at 60 �C overnight. The hardened blocks of resin-embedded specimens

are now ready to be sectioned using an ultramicrotome and either a glass or

diamond knife (Hagler, 2007; Webster, 2007) and sections can be examined by

light or transmission electron microscopy.
2. Method B: Preparing Specimens for Immunocytochemistry
Biological material prepared for immunocytochemical experiments are usually

cross-linked in lower concentrations of aldehyde to preserve antigenicity. Many

suitable aldehyde mixtures have been used and the final choice will depend on

many factors that can only be determined empirically. The main issues to take into

account are the ability of the specific antibodies to gain access to and bind the

target antigen after fixation yet still obtain adequate specimen preservation. These

issues are too complicated to discuss in depth here but it should be noted that fixing

specimens to obtain good morphology is often at odds with the ability of the

antibody to gain access to the target antigen. The more eVective the cross-linking
the less likely is the antigen in the section to be accessible to antibodies.

Finding the best conditions for retaining antigenicity is a matter of trial and

error. However, there are many simple aldehyde solutions that have been success-

fully used for immunolabelling (e.g., 0.1% glutaraldehyde in 100 mM phosphate

buVer (pH 7.2), or 2% formaldehyde in 100 mM PIPES buVer, pH 7.2 (van

Genderen et al., 1991)). As a general rule, the more glutaraldehyde used for

cross-linking, the better the morphology will be but at the expense of antigenicity.

Using glutaraldehyde to crosslink biological tissues is not recommended if the

tissues are to be subsequently used for light microscopy using epi-fluorescent

illumination. Glutaraldehyde often induces an autofluorescent signal in the tissues

that can interfere with detection of fluorescent antibodies. Formaldehyde-based

fixatives, which do not create an autofuorescent signal and also cross-link less

eVectively than glutaraldehyde, are generally used to cross-link specimens that are

to be examined by light and electron microscopy.

Once the tissues or cells have been cross-linked, they can be cryoprotected as

described above, frozen by immersion in cryogen, and freeze substituted in a dry,

cold freeze-substitution medium. Specimens that have been freeze substituted can

be infiltrated in the cold with an acrylic resin (such as one of the Lowicryl or

London resins (Newman and Hobot, 1987)), and polymerized at low temperature

with ultraviolet light. Commercially available freeze substitution machines have

the capability to process specimens this way, and come with ample instructions for

their operation.

IX. Alternative Approaches to Freeze Substitution

Laboratories that are fully equipped to prepare rapidly frozen material use

commercially available machines to control the temperatures at which freeze-

substitution occurs. Beginners who want to try out this method of specimen
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preparation before investing in instrumentation can perform freeze-substitution on

dry ice held in an insulated cooler or Styrofoam box. It is highly likely that users

who want to try cryo-methods will not have easy access to a high-pressure freezer

so freezing chemically cross-linked, cryoprotected material is a useful alternative

method.

Freeze substitution of frozen material can be performed on dry ice in a

Styrofoam box (Giddings, 2003). In its simplest form, the specimen bottles are

placed at the bottom of the Styrofoam box and covered with dry ice, which

maintains a temperature of �80 �C. The substitution medium can be changed as

the dry ice evaporates, and the box can be re-filled with dry ice if necessary.

Specimens can be polymerized while still at dry ice temperature but placing a UV

light over the box, as described in the brochure supplied with Lowicryl resins.

Alternative, specimens can be gradually warmed by placing the Styrofoam box in

a large freezer and left to let the dry ice evaporate, gradually warming the

specimens to �20 �C for infiltration with resin and subsequent polymerization.

Specimens can also be warmed to ambient temperature and polymerized using a

microwave processor (Webster, 2007).

Modifications to this simple system aimed at improving temperature stability

can be incorporated into the Styrofoam box design. The specimen tubes can be

inserted into metal blocks to provide uniform temperatures around the specimens

(Giddings, 2003), and thermocouple probes (McDonald, 1999) can be used to

monitor specimen temperatures during the freeze-substitution process. Styrofoam

containers can be replaced with more solid ice boxes, and specimen shaking can be

incorporated into the protocol (McDonald, 1999).

Whatever approach is used, it is important to remember that specimen warming

should occur slowly to avoid rapid release of gases from the substitution medium.

It should also be noted that the substances used for freeze-substitution, and the

resins used for specimen embedding, are toxic and should be handled carefully.

Adequate ventilation is required to remove the toxic fumes released by these

chemicals to prevent users from being exposed to them.
X. Correlative Microscopy

At the beginning of this chapter we said that the eventual aim of biological

microscopy is to observe cellular processes as they occur in living cells. Although it

is still not possible for users of the transmission electron microscope to look inside

living cells, the instrumentation and specimen preparation protocols currently

available make it possible to see snapshots of cellular processes as they occur.

Cells can now be examined in the light microscope and then immediately

vitrified, freeze substituted, embedded in resin and sectioned (McDonald et al.,

2007). These methods make it possible to identify single cells in the light micro-

scope and then find them again in thin sections for examination in the TEM (Biel

et al., 2003).
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A much simpler approach to correlative microscopy, where light microscopy is

correlated with TEM data, involves the collection of sequential sections through

the biological material. Alternate sections are then examined either by light or

electron microscopy (Muller-Reichert et al., 2007; Robinson et al., 2001; Schwarz

and Humbel, 2007; Takizawa and Robinson, 2003a,b, 2006). Such an approach

makes it possible to correlate immunolabelling observed at the light microscope

level (and thus determine optimal antibody dilutions, signal intensity and distribu-

tion) with subsequent TEM analysis.

Applying fluorescent antibodies to thin sections of biological material oVers a
high-resolution alternative to the confocal microscope (Mori et al., 2006; Schwarz

and Humbel, 2007; Takizawa and Robinson, 2004), where z-axis resolution is

determined by aperture diameter and can be in the micron range. The z-axis

resolution in thin sections is determined by the section thickness and in some

instances, only the surface of the section it labeled with antibody (Schwarz and

Humbel, 2007; Stierhof et al., 1986). Ultra-small subcellular organelles such as

caveoli can be resolved using thin sections for immunofluorescence microscopy

(Mori et al., 2006).
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I. Introduction

Ninet y years ago in his book On Gro wth and Form the biomat hemat ician D’Arcy

(1917) wrote: ‘‘Dream s ap art, num erical pr ecision is the very soul of scienc e, an d

its attainment aVords the best, perhaps the only criterion of the truth of theories

and the correctness of experiments’’. Today the sentiment of this statement is
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reflected in an increasing demand for reliable numerical precision as cell biologists

strive to analyze increasingly complex and subtle eVects in vitro and in vivo. At the

level of ultrastructure, numerical precision is now provided by sophisticated

methods for eYcient quantitation of immunogold labeling and cell structure.

This review describes how a range of quantitative tools can be applied to ultrathin

sections of biological material.
II. Sampling and Stereology

In transmission electron microscopy quantitative ‘‘estimations’’ are generally

made on images taken of ultrathin sections (see below) but the very first concern of

any well designed study is the origin of these images. The reason is that any

measurements must faithfully represent the bigger biological picture found in the

whole animal, plant, or cell culture, and the application of appropriate sampling

protocols is therefore unavoidable.

Electron microscope images are extremely small representations of intact

specimens and a 20,000� micrograph has, for example, a volume that represents

1/1 � 1011 of the volume of a rat kidney. These small samples are obtained by

successive selection of animals or cultures, organs, blocks, and sections, and together

this chain forms a ‘‘sampling cascade’’ (Fig. 1). The cascade will only faithfully

represent quantities if selection is nonpreferential at each level, and the way to ensure

this is to use a lottery-style selection method called simple uniform random sampling

(Lucocq, 1994).1 In EM quantitation, simple random sampling is used less often and

a powerful modification called systematic uniform random (SUR) sampling is pre-

ferred. SUR sampling spreads samples at regular intervals and is quicker, easier,

more precise, and therefore more eYcient than random sampling especially on the

mostly heterogeneous biological specimens examined in cell biological EM.2 SUR

sampling can be achieved, for example, by cutting tissue/cell pellets into parallel strips

or by positioning micrographs on a thin section as a regular array or by casting

probes onto amicrograph in a regular lattice; each time unbiased results are obtained

by random positioning of the array with respect to the specimen.

Once an appropriate sample has been obtained, EM quantitation uses a stereo-

logical approach that applies simple geometrical probes (points, lines, or quadrats

or brick shaped volumes) to estimate the size or number of structures (Howard and

Reed, 1998; Weibel, 1979). The investigator counts chance encounters between the

geometrical probes and structures of interest, and converts them into quantities
1 To randomly select countable items such as animals/pellets/dishes/experiments, read a random

number from a random number table. If the random number is 0901 then 0.0901multiplied by the number

of animals, indicates the animal to be selected. Thus, for nine animals the result is 0.8109, which is nearer to

1 than 0, so take animal number 1.
2 SUR sampling is more eYcient as long as the structures underlying the array do not happen to be in

register with the array! In this case uniform random sampling will tend to be more eYcient.
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Fig. 1 Sampling ‘‘cascade’’ for quantitative EM analysis. The images analyzed quantitatively are

derived from animals or cell cultures, organs, blocks, and sections. Unbiased results are obtained if the

sampling at each level uses either simple random or systematic uniform random (SUR). SUR sampling

is applied here to cell pellets, blocks, micrographs, and estimations. SUR sampling is more eYcient than

random sampling when samples are heterogeneous and structures are not periodic in register with the

sampling arrays (e.g. as may be the case in striated muscle cells). Random selection using a random

number table is described in footnote 1.
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using simple formulae (see examples in Figs. 3 and 4). Importantly, the method

follows a strict sampling design that limits bias and optimizes precision (hence the

term ‘‘design based estimators’’). The use of geometrical probes has the following

advantages. First, counts are made rather than measurements, making it simply a

choice of ‘‘does this encounter happen or not’’. Second, relatively small numbers

of counts are needed to make accurate estimations. And third, SUR sampling

can be done easily by constructing a regular array or lattice of geometrical probes

(see Figs. 1 and 2).

So how many cell cultures, pellets, blocks, and estimations should one take? It is

generally more eYcient to concentrate eVort at the higher levels of the sampling

cascade, i.e. to do more experiments or take more animals and ‘‘do more less well’’

(Gundersen and Osterby, 1981). This generally means at least 3 experiments/

animals. At the level of sections or blocks multiple samples are preferred, especially

if the specimens are known to be heterogeneous, while at the lower level of the

sampling cascade a good starting point is 10–20 micrographs/images combined

with a modest count of 100–200 stereological ‘‘events’’ (see below).
III. Quantities Displayed on Sections—Gold Labeling
and Profile Data

Currently, a major use of profile data on ultrathin sections is in assessing gold

particle labeling of cell components. Typically, in this approach, ultrathin sections

are exposed to antibodies localized using particles of colloidal gold, and because

the section ‘‘presents’’ the components to the gold labeling system it is crucial to

follow the sampling scheme already outlined. This ensures an unbiased sample of

cell components is contained in the sections and can gain access to the gold labeling

system. Colloidal gold is particulate and can be quantified as a signal that repre-

sents the underlying component3 and the two principal readouts of interest to cell

biologists are the distribution and concentration of gold labeling.
A. Gold Labeling Distribution
The distribution of gold labeling over an array of cellular structures displayed in

ultrathin sections can be estimated in two main ways. In the micrograph method

(Fig. 2A; Lucocq, 1994, 2003), micrographs are evenly spaced over the whole

extent of a section, an EM grid, or a randomly selected section or EM grid square.
3 Not all molecules in the section will be labeled by gold particles and the number of gold particles

related to the number of molecules can be expressed as ratio termed labeling eYciency (GriYths and

Hoppeler, 1986). Most workers proceed on the basis that labeling eYciency is not known but this eVect

should always be borne in mind because it can vary from compartment to compartment. There are ways

to equalize labeling eYciency over intracellular compartments, if necessary (see GriYths, 1993;

Posthuma et al., 1986, 1987, 1988; Slot et al., 1989, for background to this problem).
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Fig. 2 Image samples used for gold labeling quantitation. (A) Micrograph method: An optimally

contrasted and randomly selected section is photographed in a systematic array positioned according to

an EM grid hole corner (white arrow). Notice it is only necessary to take photos when they contain

labeling or compartments of interest (red outlines). Furthermore, it is crucial not to move the field and

include (or exclude) items of interest. (B) Scanning method: An optimally contrasted section is selected at

random and the section scanned systematically. The array is aligned with the grid hole corner to ensure

random positioning (white arrow).
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Counting and assignment of gold pa rticles to compa rtments is made easier by

placing a quadrat ov er the image. In the scanning method ( Fig. 2B ; Lucoc q, 2003;

Watt et al. , 2002, 2004 ), parallel scans are space d evenly across the full extent of the

labeled sectio n or the full extent of the secti ons found in a rando mly selec ted EM

grid square. The ad vantage is that scanning can be done rapidl y at the elect ron



B

A

4 mm

Fig. 3 Gold labeling distribution and density. (A) In the micrograph method the fraction of gold

particles is counted in a quadrat placed over the micrograph. This can be placed arbitrarily with respect

to the micrograph border because the micrograph has already been positioned SUR. There are six

sampled gold particles of which four are over the cytoplasm and two over the plasma membrane. The

estimate of the fraction of gold over the cytoplasm is 4/6. (B) Using the scanning method, the distribu-

tion of gold particles is assessed by counting gold particles over plasmamembrane and nuclear envelope.

Of a total of six sampled gold particles, four are over the plasma membrane and two over the nuclear

envelope. The unbiased estimate of the fraction of gold over nuclear envelope is 2/6. In a real study there

would be more scans (10–20), more compartments (10–15), and more gold counted (100–200 per EM

grid). Both these methods can be used for gold density estimation. In the micrograph method (A) the

area of the cytoplasm enclosed in the micrograph is estimated by counting the number of grid lattice

corners (points, SP) that fall over the cytoplasm (black arrows, total 3) and multiplying this by the area,

a, associated with one point, which here is 4 � 4 mm2. Thus, 4 golds/ (SP � a) = 4/(3 �16) = 4/48 is an

estimate of the numerical density of gold over area in golds per square micron. This can also be

expressed as a density per point in a labeling index, 4/3. Density over membrane length can be obtained

by counting intersections of the borders of the grid lines with the plasma membrane (grey arrows).

The density can be expressed as gold particles per intersection (2/5) or in absolute units using the

64 John Lucocq
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microscope without recording images. In these methods, the arrays can be posi-

tioned randomly by placing them at the corner of an EM grid hole. Initially, the

magnification is set to a level at which both the gold particles and the compartments

of interest are visible, although magnification may be increased to reduce the total

gold count. When the gold particles are of finite size compared to the quadrat or

scanning strip (say >1/100th of the width/length), unbiased counting rules should

be applied (Gundersen, 1977; Lucocq, 1994). The simplest rule for a quadrat is to

exclude all particles that touch two adjacent sides and accept all particles that

are totally inside the quadrat or touch the other two sides (see Fig. 5A). In the

scanning method, particles touching one of the scan borders (upper or lower)

are excluded and particles within the scan or lying on the other border are accepted

(Lucocq, 2003). The results can be expressed as raw frequency data or as a percent-

age of total particles counted. Remarkably, the shape of the frequency distribution

can be assessed reproducibly by counting 100–200 particles over 10–15 identifiable

compartments (Lucocq et al., 2004), although the workload will need to be

increased if increased precision is required on individual compartments.
B. Gold Labeling Density
The density of gold label over structure or compartment profiles can be esti-

mated by combining gold counts with stereological estimators of area or length

(GriYths, 1993; Lucocq, 1994).
1. Gold Density over Profile Areas
The ratio of gold particle counts to profile area is an estimate of gold density.

Profile area can be estimated using a systematic array of points placed randomly

over a structure profile. The number of points that fall over the profile multiplied

by the area associated with each point estimates the profile area (Lucocq, 1994; see

Fig. 3A). The point array can be applied to a micrograph using a transparent sheet

or can be generated digitally. Again the chosen magnification should allow gold

particles and structures to be identified and counting of gold and point counts are

done within a quadrat placed over the image. Gold particles and point counts

should be summed over all quadrats prior to calculating the ratio estimate4

(see William, 1977). Adjustments in these totals can be made by taking more or

less micrographs, adjusting the point spacing, or by sampling smaller areas
formula p/4 � I � d for membrane trace length (using intersections with vertical and horizontal lines in

this type of grid lattice). In the scanning method (B), the gold particles are related to the intersections of

a scanning line formed by the edge of a feature on the microscope screen. Here there are 4 plasma

membrane golds and 10 intersections. Density is 4/10 as a labeling index. In comparison the ratio for

nuclear envelope is 2/8 and so the labeling is more concentrated over the plasma membrane.

4 This principle should be adopted for other ratio estimates discussed in this article.
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(a convenient way of subsampling is to use smaller quadrats which represent

a known fraction of the larger quadrat). The density can then be expressed either

as an absolute value in gold per square micron or simply as density per

point (labeling index). The micrograph method is most suited to this type of

estimation.
2. Gold Density over Linear Profiles
Over two centuries ago Georges Louis Leclerc Comte de BuVon carried out a

probability experiment by throwing sticks over his shoulder (randomly) onto a

tiled floor and counting the number of times the sticks fell across the lines between

the tiles (Comte de BuVon, 1777). This work led to an estimation of linear trace

length which can be applied to membrane profiles displayed on ultrathin sections.

In this method, a regular array of test lines is placed with random position and

orientation5 over a profile and the number of intersections between the lines and

the trace are counted (Fig. 4B). If the array comprises a square grid lattice,

and both vertical and horizontal lines are used, then the formula for the trace

length is p/4 � I � d, where I is the total number of intersections and d the

distance between the lines (the constant p/2 is used for a lattice in which only

horizontal or vertical line intersections are counted). Intersections are defined by

interaction of the test line edge with one border of the membrane trace

(for example, the outer aspect of a plasma membrane profile). Gold particles are

counted as associated with the trace if they lie within a preset acceptance zone,

which corresponds roughly to the expected resolution of the technique. A useful

rule of thumb, when using 8–10 nm gold particles, is to use an acceptance zone of

two particle widths. Again, gold particles can be related to absolute units (gold per

micron) or as gold particles per intersection (labeling index).

This method works with micrographs but can be adapted easily to the scanning

method for more rapid results (Lucocq, 2003, 2006; Watt et al., 2002, 2004). Here,

the edge of a feature on the electron microscope viewing screen forms a scanning

line as the specimen is translocated. Intersection counts and gold counts are made

in systematic random scans and used to compare relative signal intensities along

membrane traces of diVerent compartments.
5 When the position and orientation of the section/image has been assured in the sampling scheme

(or can be safely assumed) the grid can be placed arbitrarily with respect to the micrograph borders.

Anyway, it is advisable to ensure that the specimen already has randomized orientations as well as

randomized position because both labelling density and the quantity of membranes can vary according

to section orientation. Methods for obtaining randomized orientations (isotropy) are discussed in the

section on surface density estimates.
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C. Statistical Assessment of Labeling
New methods have been developed to evaluate labeling distributions and labeling

intensities by statistical means. They enable the investigator to determine whether a

compartment is preferentially labeled or whether there is a diVerence in gold labeling
between experimental groups. These methods generate an expected distribution for

the gold particles to which the observed experimental distribution is compared, and

the diVerence between the expected distribution and the observed distribution is

evaluated using Chi square statistics (Mayhew et al., 2002, 2003, 2004).
1. Preferential Labeling
This method allows preferentially labeled (or poorly labeled) compartments to

be identified (Mayhew et al., 2002). First, gold particles and point counts or line

intersections are counted over selected compartments. Next, an expected distribu-

tion of particles over the same set of compartments is calculated under the

assumption that the density of gold is uniform over all compartments. This

expected distribution serves as a reference for comparison with the ‘‘real’’ data.

Here, the number of gold counted will vary only in proportion to the size of the

compartments (estimated in terms of either point counts or line intersections)

(see Table I). For each compartment the observed (real) signal is then compared
Table I
Statistical Analysis of Gold Labelling Distribution Over Endomembrane Compartments.

Observed Expected

Gold Intersections Gold

Relative labeling

index Chi square

ER 14 90 44.4 0.32 20.8

Golgi 6 11 5.4 1.11 0.067

Endosomes 65 13 6.4 10.2 536.6

Plasma membrane 23 105 51.8 0.44 16.01

Total 108 219 573.5

df 3 p < 0.005

In this experiment gold labelling is compared over a series of membrane bound organelles sampled

systematic uniform random using the scanning method (see above). Using the total gold particles (108)

and total intersections (219) the expected number of golds per intersection, if gold labelling is distributed

randomly, would be 108/219 = 0.493. This value multiplied by the number of intersections for each

compartment gives the expected gold labelling as shown in the table. For example, over endoplasmic

reticulum (ER), there would be 0.493 x 90 = 44.4 expected golds. The relative labelling index (RLI) for

the ER is therefore 14/44.4 = 0.32. The total Chi square value (w2) = 573.5 and for 3 degrees of freedom

(calculated from (r�1) x (k�1), where r = number of rows and k = number of columns), p < 0.005, so

the distribution pattern of gold-labelling is significantly different from random. The endosomes are

preferentially labelled because the RLI = 10.2 and the partial w2 accounts for 94% of total w2.
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to the expecte d signal as a ratio (rel ative label ing index, RLI) an d the Chi squ are

statist ic calculated. Those compart ments with highe st RLI ratios and highest

parti al Chi square values are label ed prefer entially . The overall Chi square va lue

can be used to assess the signi ficance of the di Verence be tween the obs erved and
expecte d distribut ions.

Note that recent work suggests it may be possible to mix membr anes and space-

fillin g organ elles in this type of analys is (Mayhew and Lucoc q, 20 08). Also certa in

constraints apply to the use of Chi square, such that values cannot be less than 5 in

more than 20% of the groups and not less than 1 in any group. Solutions include

increasing the number of gold particles or fusing groups together. The number of

compartments is at the discretion of the investigator and depends on the demands

of the study in question, but we currently recommend any number of compart-

ments between 3 and 15. Increasing the number of compartments increases the

precision of the evaluation of the localization, but decreases the precision of the

statistical analysis. One use of this technique would be, in the initial stages of an

investigation, to identify compartments with preferential labeling. This method

may also be useful for analyzing labeling patterns at different antibody dilutions.

Gold particles over selected membranes and intersections of systematically

spaced grid lines with these membranes are counted using the micrograph or

scanning method. The expected labeling density, assuming no preferential labeling,

is 108/219 = 0.49 gold particles per intersection. The expected gold over each

compartment membrane is given by expected labeling density � intersections

with that membrane, e.g. 0.49 � 90 = 44.4, for the endoplasmic reticulum (ER)

membrane. The relative labeling index is the ratio of observed to expected gold and

is a measure of preferential labeling. The partial Chi square value is calculated

using (O�E)2/E, where O and E are observed and expected gold, respectively. The

significance of the total Chi square value can be read from a table, of Chi squared

statistics with degrees of freedom (df) which is calculated from the number of

compartments-1; df = 3 in this case. The conclusion is that endosomes are prefer-

entially labeled.
2. DiVerences in Labeling Distributions Between Groups/Experiments
This approach allows comparison of immunogold labeling patterns in the same

sets of compartments in diVerent experimental groups (Mayhew et al., 2004). The

procedure starts with counts of gold particles associated with the compartments

that have been selected. Next, the observed numbers of gold particles in compart-

ments are compared using a contingency table analysis. The groups are arranged

in columns and compartments in rows. The data from the experimental groups

are combined to generate expected gold particles for each compartment and

these expected numbers are compared to the observed numbers using Chi

square analysis. The individual Chi square values will show which compartments
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make substantial contribution to between-group diVerences and the total Chi

square value will identify whether there is an overall diVerence between the groups

(Mayhew et al., 2004).
D. Specificity
Thus changes in either the component or reference volume will produce a change

in the ratio. For example, a shrinking reference volume can increase the apparent

density of a membrane without changes in membrane amounts.

The most powerful control for specificity is to change the expression or location

of the antigen in situ. Examples would be a knockdown of protein expression using

small interfering RNA, gene deletion, or mutation; the introduction of the compo-

nent by gene expression, microinjection, or endocytosis; the physiological in vivo

generation of the component; or chemical modification of the component on the

section. The easiest result to interpret is when controls show very little or no signal

indicating very low levels of nonspecific labeling. Distributions and concentrations

of gold labeling then become quantitatively meaningful readouts. When gold

signal is reduced but not ablated in controls, residual label could represent either

nonspecific interactions and/or residual amounts of component. In this case, it is

useful to correct quantitative data by removing the residual labeling to reveal

specific signals (Watt et al., 2004). Other controls for specificity analyze treat-

ments/conditions with predictable eVects on the labeling system, but are less

powerful. Examples would be inhibition of labeling using purified exogenous

antigen, or substituting an unrelated antibody for the specific one (see GriYths,

1993 for more detailed discussion).6
IV. Quantities in Three Dimensions

Sections are excellent tools to reveal the internal structure of intact organisms

and cells at all scales from gross morphology, viewed with MRI and CAT scans,

down to the organelle and molecular levels examined using transmission electron

microscopy. The transition from two-dimensional (2D) image to three-

dimensional (3D) quantity is not an easy one to make, but careful sampling

design and appropriate choice of geometrical probe has provided a wide array
6 Note that prior to doing controls, an almost universal starting point in investigating a new aYnity

reagent is to assess the labeling pattern. A preferential distribution may be immediately obvious (which

might be confirmed statistically) and this may be consistent with independent data obtained from cell

fractionation, immunofluorescence or sequence information (targeting motifs/characteristic domains).

On the other hand significant labeling may lie over compartments that one is fairly certain should not

contain the antigen (e.g. mitochondria in the case of a secretory protein) the next step may be to analyse

a range of aYnity reagent concentrations to assess which pools of labeling are resistant to dilution and

which ones are not. Those resistant to dilution are candidates for specific labeling.
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of stereological tools with which to quantify structures7 (Howard and Reed, 1998;

Lucocq, 1993). Typically, a stereological estimate is based on two components: a

density and a volume. The density is estimated easily on the micrographs and

might be, for example, a packing density of number, surface, or volume inside a

cell or tissue space. The volume can be estimated by a range of methods (see

below) and might be the cell, organ, or tissue space. The volume allows densities

to be converted into an absolute amount (e.g. Vcell � Density ¼ Amount).

Importantly, knowledge of the volume, or reference space as it is often called,

avoids uncertainty in interpreting changes in a ratio such as a density (the so

called reference trap).8
A. Densities

1. Volume Fraction
The concentration of organelle or structure volume inside a reference space such

as a cell can be estimated easily by counting the fraction of randomly placed points

that fall over the structure compared to a reference space (Fig. 4A; Howard and

Reed, 1998; Weibel, 1979). This is known as volume fraction or volume density.9

Points are most often presented as a regular (SUR) array to a set of images from a

randomly positioned section, which is used to carry the probes array ‘‘into’’ the

sample. Points are counted when they fall on the reference space and the fraction of

these points falling over the component gives an estimate of the volume fraction of

the component. The volume fraction has been used extensively in cell biology to

monitor the relative amounts of organelles in cells such as the fraction of cyto-

plasm occupied by organelles such as autophagosomes, Golgi, mitochondria, or

nuclei. However, because of the reference trap it is always safer to estimate the

absolute volume of the component (see below).
7 In simple terms, a 3D quantity ‘‘presents’’ itself on the thinnest of sections reduced in one

dimension. For example, the volume inside an organelle or compartment (3D) displays itself as an

area (2D), and, surface of an organelle (2D) presents as a length (1D), and length (1D) is displayed as a

point (0D). Stereological geometric probes applied to sections supplement profile dimensions to at least

three and so points (0D) can be used to estimate volume (3D), lines (1D) can be used to estimate surface

(2D), and planes (2D) can be used to estimate length (1D). By this rule 2D planes (sections) cannot be

used to estimate number (0D) and the solution is to use a volume probe (3D) called the disector (see

text).
8 Density is a ratio sensitive to changes in numerator and denominator. Thus changes in either the

component or reference volume will produce a change in the ratio. For example, a shrinking reference

volume can increase the apparent density of a membrane without changes in membrane amounts.
9 The principle can be explained in two ways. First, the chance a randomly positioned point lands

inside a component depends on the fraction of a reference space volume occupied by the component.

Second, according to Delesse (1847) the profile areas of a component related to the profile area of a

reference space as a ratio, reports on the fractional volume of component in the reference (the profile

areas can be estimated using point counting as detailed above for gold density per area).
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2. Surface and Length Density
In cell biology, membranes are functional barriers involved in transport, signal

transduction, motility, and vesicular transport. Consequently, much eVort has

gone into quantifying their extent. The conceptual basis of surface estimation in

3D is similar to that of the BuVon stick experiment. For any line inserted into a

specimen the number of intersections (I ) of that line with a surface will depend on

the packing density of that surface in 3D and also the total length of line applied

(L). Packing density is also known as surface density or surface (S ) to volume (V )

ratio (S/V ) and can be estimated by the formula 2I/L (Fig. 4B). For unbiased

estimates the lines used must be positioned and orientated at random (isotropic

uniform random, IUR). Random positioning can be ensured by systematic ran-

dom selection/cutting of pellets/tissues and randomization orientation (isotropy)

can be achieved by generating isotropic sections applying lines to these. An intui-

tive way to ensure isotropy is to chop a pellet or tissue into small pieces (blocks)

and let them settle (see for example, Henrique et al., 2001; Stringer et al., 1982).

However, as randomization is not actively assured, preferential orientations could

occur that can lead to biased results. A more rigorous method suitable for cell

biology is to embed the tissue fragment in a ball of gelatin, roll the ball and embed

(Fig. 4B; the Isector; Nyengaard and Gundersen, 1992). Once an isotropic section

at a uniform random position (IUR) has been generated, the line probes are

applied as a regular (systematic) lattice to micrographs.

The need for isotropic sections for surface estimation presents a problem in the

use of oriented sections through polarized cells such as epithelia or neurons.

However, in 1986, Adrian Baddeley and coworkers (Baddeley et al., 1986)

described the vertical section method, allowing the investigator to choose section

direction but still generate isotropic lines in space (Fig. 4C). The chosen direction is

orthogonal (vertical) to any preffered horizontal plane and the section is placed

randomly on this plane and oriented randomly around the vertical direction.

Isotropic lines in space are then presented to the image as cycloid traces that

contain line elements representing all possible orientations in 3D space. In the

case of electron microscopy, vertical sections might be oriented vertical to the base

of polarized epithelial cells or perpendicular to the horizontal plane of a culture

dish (GriYths et al., 1989). The cycloids can be applied as a systematic array aligned

along the vertical axis and positioned at random with respect to the cells. Surface

density estimates can provide information on the concentration of surface/mem-

brane functions and can also be combined with reference volume (see Section 3B)

to obtain the total surface (Michel and Cruz-Orive, 1988).

Another parameter that is less often of interest is length. The length density of a

linear structure in 3D can be estimated using randomly positioned and oriented

planes (this is a reversal of the surface estimation just described—now using the

surface as a probe for lines). The length density (LV) is given by counting the

density of intersections of the linear structure over profile area of the reference

space on the section (QA, see Howard and Reed, 1998).
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Fig. 4 Estimation of 3D densities. (A) Volume density: A single micrograph taken from a systematic

random set obtained from a cell pellet sampled according to the scheme in Fig. 1. Random or systematic

placement is important but orientation need not be controlled. A regular point lattice is applied to the

micrograph and points over the structure of interest (nucleus, Pn, one hit) and reference volume (in this
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The esti mation of vo lume and surfa ce den sity may become problem atic when

structures are small relat ive to the section thickne ss. Two e V ects tend to introd uce
bias into the estimat ions. First , the edges of small structures such as vesic les are

lost, producing the so-called ‘‘lost-cap s’’ e Vect. Thi s wi ll tend to red uce volume a nd

surface density estimat es. Seco nd, volume and surface densit y esti mations are

based on the premi se that imag es are generat ed from struc tures cut by planes

with zero thickne ss. In reality EM sections are 50–100 nm thick and small struc-

tures enclosed in the section wi ll tend to produce add itional images when project ed

onto the electron micr oscope screen. This e Vect will therefore tend to increa se

volume and surfa ce estimate s. Correcti on factors for volume and surfac e den sity

estimates of such smal l structures ha ve been publis hed (Wei bel an d Paum gartner,

1978) but should be us ed with cauti on as they are ba sed on mo del shapes. A furt her

eVect of section ing is the loss of membrane images that occurs when the membrane

is tilted with respect to the section. Again there are ways to correct for this eVect
(Mayhew and Reith, 1988).
3. Number Density
The number of structures becomes important in studies of biogenesis, degrada-

tion and turnover of individual units (see below). Before 1984 number estimation

was problematic because a 2D section alone does not report on number (in fact, the

chance that a section encounters an object is related to its height in the direction of

sectioning not the number!). The elegant solution was to use a 3D probe made

from a set of two parallel sections (a disector; Fig. 5A; see Gundersen, 1986;

Mayhew and Gundersen, 1996; Sterio, 1984). Particles sectioned by one, but not

the parallel section, will have an edge situated between the sections, and if the

particles have only one edge in the direction of sectioning then the particles are
case cell space, Pcell, five hits) are counted. The point counts are summed over all micrographs and the

volume density (volume fraction) calculated from SPn /SPcell. Points are zero dimensional and defined

by the corners where two lines of the cross meet (e.g. bottom left). (B) Surface density—isotropic

sections: The micrograph is from a SUR set obtained from a cell pellet/tissue piece embedded in a ball

of gelatine (illustrated; isector; Nyengaard Gundersen, 1992), and rolled prior to embedding to ensure

random orientation. Otherwise, sampling is carried out as in Fig. 1. A regular array of lines (in this case

square lattice) is applied and intersections ( I ) with membrane traces are counted. Here, plasma

membrane traces intersect with horizontal and vertical lines (black arrows, nine intersections). In this

grid lattice, the line length ( L) applied to the cell space is given by the point hits on the cell space (P cell,

grey arrows, three hits) multiplied by the line length ‘‘belonging’’ to each point (2d ). The surface density

(Sv) is given by 2I/L. (C) Surface density—vertical sections: The horizontal plane defines a vertical

direction. Vertical sections are positioned at a uniform random position on the horizontal plane and

randomly oriented (isotropic) around the vertical direction. In this illustration, the horizontal plane is

defined by the surface of a culture dish covered by polarized columnar epithelial cells. Micrographs are

taken in a SUR manner and systematic arrays of cycloid arcs are used to count intersections (I ) with

membrane traces. The line length (L) applied to the reference space of interest (e.g. the cell interior) is

estimated from counts of points multiplied by the line length associated with each point on the grid. The

surface density is calculated from the formula Sv ¼ 2I/L.
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counted as individuals. Structures with single edges can include coated vesicles,

peroxisomes, nuclei, nucleoli, secretion vesicles, etc. Particle profiles are first

selected using the so-called reference section by applying unbiased counting rules

to a quadrat. The sampled particles are then sought in the parallel, so-called look-

up section, and particles that have disappeared are designated Q�. Note that the

sections should not be spaced wider than the smallest particle to avoid missing

particles, but they need to be close enough to facilitate comparison of the two

sections. Preparation of disectors is labor intensive and so to increase eYciency the

disector can be used in both directions by reversing, one reverses the reference and

the ‘‘look up’’ sections. As with all the stereological methods described here,

precise and eYcient counting depends on positioning the disectors SUR within

the specimen.

The density of structures (numerical density, Nv) inside a reference volume (cell)

(Fig. 5B) can be estimated by counting the number of structures in the disectors

(SQ�) and by estimating the volume of the reference volume by point counting

(Vcell,dis): Nv ¼ SQ�/Vcell,dis. The product of the sum of point count hits (SP), the
area associated with one point on a regular point lattice (a) and the interval

between the sections (k) is an estimate of the volume of cell inside the disectors

(Vcell,dis ¼ SP � a � k). Often the reference volume is a cell space such as

cytoplasm, cell, or nucleoplasm. If in parallel the reference volume (Vcell) is

obtained by applying the methods described below, the product of numerical

density (Nv) and reference volume (Vcell) provides the total number of structures.

Note that section thickness is required to obtain these estimates of numerical

density (e.g. Gunning and Hardham, 1977; Small, 1968).
B. Volume
So far the volume of tissues, cells, or organelles has been described as an

important yardstick for converting densities into amounts, but volume is a funda-

mental biological parameter in its own right. Here are presented methods for

estimating the volume as an average value for a population of items such as cells,

or for estimating the volume of individual items or ‘‘particles’’. In each case cell

volume is used as an example.
1. Average Cell Volume
If one knows the average cell volume one can use it to convert densities into

absolute values per cell. A simple way of estimating cell volume is to use disectors

to estimate the reciprocal of cell density in cell volume (Q�/Vcell,dis, as described

above). The cells are first sampled using SUR disectors of known size (Fig. 5B),

most conveniently using semithin sections of resin or cryosectioned material. The

cells (or unique components such as nuclei) are counted (SQ�) and the volume of

cell space (Vcell,dis) inside these disectors estimated (Vcell,dis ¼ SP � a � k, where

SP is the sum of point counts of a regular lattice grid, a is the area associated with a
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Fig. 5 Number estimation. (A) Disector counting probe: Number is estimated and particles are

selected unbiasedly with a disector composed of two parallel sections that are situated closer than half

the height of the smallest particle to be counted. One of the sections (reference section) is used to select

particles and the other assesses which particles have disappeared (the look-up section). Particles can be

selected on the reference section unbiasedly according to the forbidden line rule in which a particle

touching the continuous line is not selected (e.g. particle marked ‘‘x’’ in the figure). All particles with

profiles within the quadrat or over the dotted acceptance lines are selected for further consideration. Of

these selected particles those that have disappeared in the look-up are counted (they have edges between

the section planes; particle marked with black dots). Of these selected particles those that have

disappeared in the look-up are counted (they have edges between the section planes). The disector can

be used in both ‘‘directions’’ to increase eYciency. The disector can be used to sample particles

unbiasedly for further characterization or to estimate particle size. (B) Numerical density and particle

volume using disectors: The distance between the sections (k) is measured (e.g. using section thickness

and number of sections) and combined with point counts (SP) and the area associated with each point

(a) to estimate the volume (in this case the cell volume) in the disector (Vcell,dis ¼ SP � a � k). The

numerical density,Nv ¼ Q�/Vcell,dis whereQ
� is the number of disappearing particles. The reciprocal of

this ratio estimates the mean cell volume, Vcell ¼ Vcell,dis/Q
� and can be obtained using either semithin

sections or ultrathin sections.
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point on the lattice, and k is the spacing between the sections of the dissector). The

average volume of the cells Vcell is given by Vcell,dis/Q
�. This method is suited to

cells in suspension but another simple method can be applied to cells growing on

culture dishes. This depends on counting cell density on the dish and estimating the

average height of the cell layer orthogonal to the dish using EM (see GriYths et al.,

1984 for details). Note that average cell volume may also be obtained using the

methods described next for individual structures/reference spaces but these can be

more labor intensive.
2. Volume of Individual Structure or Reference Space
There are a number of methods for obtaining the volume of individual identified

items such as organs, tissues, cells, or organelles possessing particular character-

istics. If the items are selected from a population by sectioning, this should be done

using disectors before applying the volume estimator.

A powerful method for estimating volume of anything from an organelle, to cells

or organs was devised by the 17th century Italian priest Bonaventura Cavalieri

(Fig. 6A; Cavalieri, 1635; Gundersen and Jensen, 1987). Cavalieri’s method uses a

randomly placed series of regularly spaced slices through an object. The summed

areas of profiles on the slices multiplied by the mean distance between the slices

gives the volume, irrespective of object shape or dispersion. The area of the profiles

on the slices can be estimated from the product of point hits (SP) of a grid lattice

and the area associated with one point (a). At the EM level, distance between the

sections (k) can be found from the section thickness (Gunning and Hardham, 1977;

Small, 1968). A complication arises if the thickness of the slices becomes substan-

tial (Gual-Arnau and Cruz-Orive, 1998), but for most purposes EM sections are

very thin compared to the size of the object under investigation. Cavalieri’s method

has been used in EM to estimate the volume of mitotic cells and mitotic ER

(Lucocq et al., 1989; McCullough and Lucocq, 2005). In general, only 5–8 sections

and point hits 100–200 per object are needed to obtain estimates considered to be

precise (Gundersen and Jensen, 1987). Practically, a useful strategy is to do the

estimation using semithin sections and to estimate densities from thin sections

taken in between. Alternatively, thin sections are selected at intervals in a series

and mounted on slot grids. The cells can be counted at low magnification and

densities obtained at higher magnification. Cavalieri estimation is an important

method for estimating total quantities of organelle structures in large organs such

as the lung (Weibel et al., 2007).

In the rotator method (Fig. 6B), the volume of individual cells/organelles can be

estimated using sections that are isotropic around an identifiable axis passing

though a central point. For example, the axis could be perpendicular to a cell

monolayer and directed through the centriole or nucleolus or pass through each

pole of the mitotic spindle. Note that if items at the central point are not of

constant size (and therefore have a variable probability of being sampled), it will

be necessary to sample them using the disector (see above). The Pappus theorum
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Fig. 6 Volume estimation. (A) Cavalieri: A stack of regularly spaced sections is placed at a uniform

random location relative to the object. The spacing (k) is set for 5–10 sections to hit the object. Profile

image areas are estimated by summing point hits (SP) of lattice corners where a is the area associated

with one point (corner). The estimate of volume Est V ¼ SP � a � k. The Cavalieri principle can be
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states that the volume of any item/c ompart ment is given by the pro duct of the area

displ ayed on the sections mult iplied by the distance trave led by the centroi d of the

region in one rotation. This rotator method ( Jensen and Gunderse n, 1993 ) has

been applie d to both mo nolayer cultur e cell s ( Mironov an d Mirono v, 1998 ) and

cells and organ elles in mit osis ( McCullough an d Lucocq , 2005 ). If average vo lume

is requir ed, then the average of summ ed rotator e stimates for each cell c an be

taken. An impor tant feature of the rotator is that it allows counting or size

estimat ions to be mapped onto locations in the cell , providi ng gradie nts of org an-

elle size a nd number in di V erent regions of the cell. This ap proach will be a
power ful way to analyze changes in organel le distribut ion and cell polari ty.

A relat ed method call ed the nuclea tor (Gund ersen et al. , 1988 ), estimat es cell or

organel le vo lume using isot ropic lines emanat ing from unique and iden tifiable

centra l locat ions such as nuc leoli, cen trioles, and centros omes. The centra l loca-

tions are first iden tified using disect ors (see below) and the vo lume is estimat ed by

measur ing the distance across the cell through the org anelle, along a rand omly

orient ed (is otropic) line. The isot ropic lines can be generat ed us ing isotropic

sectio ns (e.g. using the isecto r) or on vertical sectio ns (see How ard and Reed,

1998, for detai ls).
C. Numbe r
As descri bed above the disecto rs can be used to obtain total numbers of an

object /struct ure by combini ng the numeri cal de nsity of structures ( Nv) and refer -

ence volume in tho se disect ors. How ever, there is a second approach that estimat es

total number and avoids estimat ion of section thickne ss. The princip le is to cou nt

the ratio of smal l struc tures in relation to large r struc tures in the same stack of

sectio ns. Typical ly, two sections belongi ng to a stack of serial secti ons are used to

form a disect or to co unt the large r struc tures (e.g. nuc lei) and estimat e their density

within any reference volume (e.g. cell space) . Then, at ran dom, a pair of section s

within the stack is used to coun t the smal ler struc tures and estimat e their de nsity in
adapted to any component contained within the stack of sections. (B) Rotator: (Left) An orthogonally

sectioned structure through a central point sampled with uniform probability is overlaid with a set of

test points (area associated with each point, a). A vertical axis through the point is drawn and for each

point hit over a structure of interest the distance from the point to the axis measured ( d ). An estimate of

the total volume of the structure is p/2 � a � Sd. (Right) Another way of estimating volume is to use the

diVerence in squared intercept lengths ðl 2o � l 2i Þ in the formula V ¼ p=2 � h � S ðl 2o � l 2i Þ where h is the
distance between lines arranged SUR on the axis and lo and li are the distances to the outer and inner

aspects of the structure/compartment. The central point may be sampled using disectors or by using hits

with a structure of constant size (e.g. centrosome). (C) Monolayer cell volume: Using light microscopy

SUR quadrats are used to count the number of cells (SQq) and estimate the area included in these

quadrats (Aq) by point counting. In randomly positioned vertical sections, the mean height of the cells

over the dish area is estimated using SUR vertical intercepts. SQq is the number of cells in each quadrat.

Cell volume ¼ Mean cell height� Aq

SQq
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the same reference volume. The ratio of the densities gives an estimate of small to

larger structures. Conveniently, both density estimates contain a section thickness

term, which cancels because the estimations were done on the same section stack.

This approach called the double disector (Gundersen, 1986) has been used to

estimate the number of coated vesicles per cell (Smythe et al., 1989) and also the

number of gold particles per cell (Lucocq, 1992).

Importantly, the disector can be used as a sampling tool as well as a counting

tool. For sampling, the distance between the sampling and look-up section need

not be known exactly and the particles can be characterized in any way that is

relevant to the investigation, e.g. volume, length, degree of invagination, presence

of a cytoplasmic coat, budding vesicles, etc.; using these measures a ‘‘number

weighted’’ mean can be obtained and proportions of particles with a particular

characteristic or size computed. As an example, coated pits sampled using disectors

can be characterized according to the size of the necks, volumes or degree of

invagination, etc. (Smythe et al., 1989). As mentioned above it may be necessary

to sample cells or their nuclei using disectors prior to Cavalieri, rotator, or

nucleator volume estimations.

When using the disector for counting small structures such as vesicles, a special

situation may arise. It may be that all vesicles sectioned by one ultrathin section are

not visible in the next section and so the probability of finding a disappearing profile is

100%. Therefore, under these conditions there may be no need for a look-up section

to be used. This convenient adaptation of the disector must, however, be used with

caution and preliminarywork is needed to check the proportion of structures that are

detected by one section and disappear in the next. This approach has been used to

count Golgi vesicles in dividing HeLa cells (Lucocq et al., 1989).

One approach to number estimation that is less suited to electron microscopy is

the fractionator (Gundersen et al., 1988). The specimen containing the complete

array of particles is exhaustively divided into slices, blocks, and sections. Then at

each level known fractions are sampled and disectors are used to count particles in

a known fraction of the sections. If the sampling fraction at each level is f1, f2, etc.,

then the estimate of the total number of structures is 1/f1 � 1/f2 � 1/f3, etc.

Unfortunately, the fractionator is diYcult to apply in EM because exhaustive

sectioning is required, although a recent modification avoids this constraint

making it easier for EM analysis (Witgen et al., 2006).
V. Spatial Analysis

Most of the quantitative methods described so far estimate total or aggregate

quantities and are often referred to as ‘‘first-order’’ stereology. However, there

are also methods available for studying spatial distributions of quantities in

both 2D and 3D, and these have acquired the label of ‘‘second-order’’ stereology.

One example of a second-order problem is the statistical assessment of point
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processes, such as gold labeling, on linear and planar profiles (Diggle, 1983; Ripley,

1981). The first-order property of such a point pattern is the number of items per

unit area, while a second-order property is characterized by the distribution of

inter-particle distances. Particle distributions can be assessed using Ripley’s

K-function (Prior et al., 2003; Ripley, 1981), which allows statistical comparison

to an expected distribution obtained using randomly positioned points. This type

of analysis is suited to particulate labeling located on 2D arrays of organelle

membranes labeled with gold particles and can provide clues to the clustering of

receptors, lipids, or signaling molecules recruited to membranes (Prior et al., 2003).

Methods for 3D spatial analysis are illustrated by the use of linear dipole probes

which have shown some promise in assessing the spatial distribution of volume

features at the EM level (Mayhew, 1999; see also Reed and Howard, 1999).

Finally, it is worth mentioning that this review covers some of the basic princi-

ples only and the reader is referred to more extensive texts (such as Howard and

Reed, 1998) and to the International Society for Stereology’s (ISS) web site (http://

www.stereologysociety.org/) for further details. Advice from experienced workers

in this field can be invaluable to anyone embarking on a quantitative EM study.
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Delesse, M. A. (1847). Procédé mécanique pour déterminer la composition des roches. C.R. Acad. Sci.

Paris 25, 544–545.

Diggle, P. J. (1983). Statistical Analysis of Spatial Point Patterns. London: Academic Press.

GriYths, G. (1993). In ‘‘Fine structure immunocytochemistry’’ (G. GriYths, ed.) Springer-Verlag,

Berlin.

GriYths, G., Fuller, S. D., Back, R., Hollinshead, M., PfeiVer, S., and Simons, K. (1989). The dynamic

nature of the Golgi complex. J. Cell Biol. 108, 277–297.

GriYths, G., and Hoppeler, H. (1986). Quantitation in immunocytochemistry: Correlation of

immunogold labeling to absolute number of membrane antigens. J. Histochem. Cytochem. 34,

1389–1398.

GriYths, G., Warren, G., Quinn, P., Mathieu-Costello, O., and Hoppeler, H. (1984). Density of newly

synthesized plasma membrane proteins in intracellular membranes. I. Stereological studies. J. Cell

Biol. 98, 2133–2141.

Gual-Arnau, X., and Cruz Orive, L. (1998). Variance prediction under systematic sampling with

geometric probes. Adv. Appl. Probab. 30, 1–15.

Gundersen, H. J. (1986). Stereology of arbitrary particles. A review of unbiased number and size

estimators and the presentation of some new ones, in memory of William R. Thompson. J. Microsc.

143, 3–45.

http://www.stereologysociety.org/
http://www.stereologysociety.org/


4. Quantification of Structures and Gold Labeling in Transmission Electron Microscopy 81
Gundersen, H. J., Bagger, P., Bendtsen, T. F., Evans, S. M., Korbo, L., Marcussen, N., Moller, A.,

Nielsen, K., Nyengaard, J. R., and Pakkenberg, B. (1988). The new stereological tools: Disector,

fractionator, nucleator and point sampled intercepts and their use in pathological research and

diagnosis. APMIS 96, 857–881.

Gundersen, H. J. G. (1977). Notes on the estimation of the numerical density of arbitrary profiles: The

edge eVect. J. Microsc. 111, 219–223.

Gundersen, H. J. G., and Jensen, E. B. (1987). The eYciency of stereological sampling in stereology and

its prediction. J. Microsc. 147, 229–263.

Gundersen, H. J. G., and Osterby, R. (1981). Optimizing sampling eYciency of stereological studies in

biology: Or ‘do more less well!’ J. Microsc. 121, 65–73.

Gunning, B. E. S., and Hardham, A. R. (1977). Estimation of average section thickness in ribbons of

ultrathin sections. J. Microsc. 109, 337.

Henrique, R. M., Rocha, E., Reis, A., Marcos, R., Oliveira, M. H., Silva, M. W., and Monteiro, R. A.

(2001). Age-related changes in rat cerebellar basket cells: A quantitative study using unbiased

stereological methods. J. Anat. 198, 727–736.

Howard, C. V., and Reed, M. G. (1998). ‘‘Unbiased stereology. Three dimensional measurement in

microscopy.’’ BIOS, Oxford.

Jensen, E. B., and Gundersen, H. J. G. (1993). The rotator. J. Microsc. 170, 35–44.

Lucocq, J. (1992). Quantitation of gold labeling and estimation of labeling eYciency with a stereological

counting method. J. Histochem. Cytochem. 40, 1929–1936.

Lucocq, J. (1993). Unbiased 3-D quantitation of ultrastructure in cell biology. Trends Cell Biol. 3,

345–358.

Lucocq, J. (1994). Quantitation of gold labelling and antigens in immunolabelled ultrathin sections.

J. Anat. 184, 1–13.

Lucocq, J. M. (2003). Electron microscopy in cell biology. In ‘‘Essential Cell Biology: A Practical

Approach’’ (J. Davey, and M. Lord, eds.), pp. 53–112 (Chapter 3) Oxford University Press.

Lucocq, J. M. (2006). Quantitative EM techniques. In ‘‘Encyclopedia of Genetics, Genomics, Proteo-

mics and Bioinformatics’’ (L. B. Jorde, P. F. R. Little, M. J. Dunn, and S. Subramaniam, eds.) Wiley,

Chichester.

Lucocq, J. M., Berger, E. G., and Warren, G. (1989). Mitotic Golgi fragments in HeLa cells and their

role in the reassembly pathway. J. Cell Biol. 109, 463–474.

Lucocq, J. M., Habermann, A., Watt, S., Backer, J. M., Mayhew, T. M., and GriYths, G. (2004).

A rapid method for assessing the distribution of gold labeling on thin sections. J. Histochem.

Cytochem. 52, 991–1000.

Mayhew, T. M., and Reith, A. (1988). Practical ways to correct cytomembrane surface densities for the

loss of membrane images that results from oblique sectioning, in Stereology and Morphometry in

Electron Microscopy. Problems and Solutions (Reith, A. andMayhew, T. M., eds.), Hemisphere Publ.

Co., New York/Washington/Philadelphia/London, pp. 99–110.

Mayhew, T., GriYths, G., Habermann, A., Lucocq, J., Emre, N., andWebster, P. (2003). A simpler way

of comparing the labelling densities of cellular compartments illustrated using data from VPARP and

LAMP-1 immunogold labelling experiments. Histochem. Cell Biol. 119, 333–341.

Mayhew, T. M. (1999). Second-order stereology and ultrastructural examination of the spatial arrange-

ments of tissue compartments within glomeruli of normal and diabetic kidneys. J. Microsc. 195,

87–95.

Mayhew, T. M., GriYths, G., and Lucocq, J. M. (2004). Applications of an eYcient method for

comparing immunogold labelling patterns in the same sets of compartments in diVerent groups of

cells. Histochem. Cell Biol. 122, 171–177.

Mayhew, T. M., and Lucocq, J. M. (2008). Quantifying immunogold labelling patterns of cellular

compartments when they comprise mixtures of membranes (surface-occupying) and organelles

(volume-occupying). Histochem. Cell Biol. 129, 367–378.

Mayhew, T. M., and Gundersen, H. J. (1996). If you assume, you can make an ass out of u and me’:

A decade of the disector for stereological counting of particles in 3D space. J. Anat. 188, 1–15.



82 John Lucocq
Mayhew, T. M., Lucocq, J. M., and GriYths, G. (2002). Relative labelling index: A novel stereological

approach to test for non-random immunogold labelling of organelles and membranes on transmis-

sion electron microscopy thin sections. J. Microsc. F205, 153–164.

McCullough, S., and Lucocq, J. (2005). Endoplasmic reticulum positioning and partitioning in mitotic

HeLa cells. J. Anat. 206, 415–425.

Michel, R. P., and Cruz-Orive, L. M. (1988). Application of the Cavalieri principle and vertical sections

method to lung: Estimation of volume and pleural surface area. J. Microsc. 150, 117–136.

Mironov, A. A., Jr, andMironov, A. A. (1998). Estimation of subcellular organelle volume from ultrathin

sections through centrioles with a discretized version of the vertical rotator. J. Microsc. 192, 29–36.

Nyengaard, J. R., and Gundersen, H. J. G. (1992). The isector: A simple and direct method for

generating isotropic, uniform random sections from small specimens. J. Microsc. 165, 427–431.

Posthuma, G., Slot, J. W., and Geuze, H. J. (1986). A quantitative immuno-electronmicroscopic study

of amylase and chymotrypsinogen in peri- and tele-insular cells of the rat exocrine pancreas.

J. Histochem. Cytochem. 34, 203–207.

Posthuma, G., Slot, J. W., and Geuze, H. J. (1987). Usefulness of the immunogold technique in

quantitation of a soluble protein in ultra-thin sections. J. Histochem. Cytochem. 35(4), 405–410.

Posthuma, G., Slot, J. W., Veenendaal, T., and Geuze, H. J. (1988). Immunogold determination of

amylase concentrations in pancreatic subcellular compartments. Eur. J .Cell Biol. 46, 327–335.

Prior, I. A., Muncke, C., Parton, R. G., and Hancock, J. F. (2003). Direct visualization of Ras proteins

in spatially distinct cell surface microdomains. J. Cell Biol. 160, 165–170.

Reed, M. G., and Howard, C. V. (1999). Stereological estimation of covariance using linear dipole

probes. J. Microsc. 195, 96–103.

Ripley, B. D. (1981). ‘‘Spatial statistics.’’ Wiley, New York.

Slot, J. W., Posthuma, G., Chang, L. Y., Crapo, J. D., and Geuze, H. J. (1989). Quantitative aspects of

immunogold labeling in embedded and in nonembedded sections. Am. J. Anat. 185, 271–281.

Small, J. V. (1968). In ‘‘Measurement of section thickness.’’ Abstracts Fourth European Regional

Conference on Electron Microscopy, Rome, 1, 609–610.

Smythe, E., Pypaert, M., Lucocq, J., and Warren, G. (1989). Formation of coated vesicles from coated

pits in broken A431 cells. J. Cell Biol. 108, 843–853.

Sterio, D. C. (1984). The unbiased estimation of number and sizes of arbitrary particles using the

disector. J. Microsc. 134, 127–136.

Stringer, B. M. J., Wynford-Thomas, D., and Williams, E. D. (1982). Physical randomization of tissue

architecture: An alternative to systematic sampling. J. Microsc. 126, 179–182.

Thompson, D. W. (1917). On Growth and Form. Cambridge University Press. (Second edition,

reprinted 1963).

Watt, S. A., Kular, G., Fleming, I. N., Downes, C. P., and Lucocq, J. M. (2002). Subcellular localisation

of phosphatidylinositol (4,5) bisphosphate using the PH domain of phospholipase C d1. Biochem. J.

363, 657–666.

Watt, S. A., Wendy, A., Kimber, Fleming, I. N., Leslie, N. R., Downes, C. P., and Lucocq, J. M. (2004).

Detection of novel intracellular agonist responsive pools of phosphatidylinositol 3,4 bisphosphate using

the TAPP1 pleckstrin homology domain in immunoelectron microscopy. Biochem. J. 377, 653–663.

Weibel, E. R. (1979). ‘‘Stereological Methods Vol 1 Practical methods for biological Morphometry.’’

Academic Press, London.

Weibel, E. R., Hsia, C. C., and Ochs,M. (2007). Howmuch is there really?Why stereology is essential in

lung morphometry. J. Appl. Physiol. 102(1), 459–467. Epub 2006 Sep 14.

Weibel, E. R., and Paumgartner, D. (1978). Integrated stereological and biochemical studies on

hepatocytic membranes. II. Correction of section thickness eVect on volume and surface density

estimates. J. Cell Biol. 77, 584–597.

William, G. C. (1977). ‘‘Sampling Techniques,’’ 3rd ed. Wiley, New York.

Witgen, B. M., Grady, M. S., Nyengaard, J. R., and Gundersen, H. J. (2006). A new fractionator

principle with varying sampling fractions: Exemplified by estimation of synapse number using

electron microscopy. J. Microsc. 222(Pt 3), 251–255.



METHODS IN CELL BIOL
Copyright 2008, Elsevier Inc.
Abstract
I. Introduction
II. Rationale
III. Method Steps

A. Observation and Fixation of Living Cells
B. Immunolabeling for EM

IV. Immunolabeling for EM with NANOGOLD
V. Immunolabeling for EM with HRP

A. Embedding
B. Locating the Cell on the Resin Block
C. Cutting
D. Picking up the Serial Sections
E. EM Analysis

References

Abstract

Three-dimensional structure of cells and organelles examined with the power of

resolution of electron microscopy (EM) including EM tomography represents the

average view of cell processes. More precise and detailed analysis is limited by the

significant variations in the structure of cells in temporal dynamics of cellular

events. Therefore EM cannot identify rare and fast events that could be extremely

important for understanding molecular mechanisms underlying these cellular
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processes. Observation of living cells under EM is still impossible. In contrast,

observations of cellular dynamics with the help of laser scanning confocal micro-

scopes or light digitalizedmicroscopes became an indispensable tool of cell biology.

However, the resolution of even confocal microscope is limited to the half of the

light wave. Therefore, in studies of dynamic cellular processes, it would be ideal to

be able to combine the capability of in vivo fluorescence video microscopy with the

EM. This chapter describes this technique with details and useful tricks, including

the way to localize the same cell after its transfection with a protein fused with a

fluorescent tag, examination under the microscope in living condition, fixation,

immunolabeling, embedding, serial sectioning from the first section, and observa-

tion under EM. We also illustrate here the kinds of questions that the CVLEM

approach was designed to address, as well as the particular know-how that is

important for the successful application of this technique.
I. Introduction

Many cellular functions crucially depend on rapid translocations and/or shape

changes of specific intracellular organelles, including intracellular traYc, cytokine-

sis, and cell migration. To understand how such functions are organized and

executed in vivo, it would be important to be able to use the degree of spatial

resolution aVorded by electron microscopy (EM) to observe dynamic structures in

real time in living cells, such as a budding transport carrier, an elongating micro-

tubule or a developing mitotic spindle. The most suitable methodology to achieve

this is conceptually simple, yet powerful—combination dynamic observations

obtainable from GFP video microscopy in living cells with EM. We refer this

approach as correlative video-light EM (CVLEM, Polishchuk et al., 2000), by

which observations of the in vivo dynamics and ultrastructure of intracellular

objects can indeed be combined to achieve this result.

II. Rationale

CVLEM procedure includes several stages: (1) observation of the structures

labeled with green fluorescent protein (i.e., GFP) in living cells, (2) immunolabel-

ing and embedding for EM, (3) identification of the cell on the resin block and

cutting of thin or thick serial sections, (4) EM analysis and structure identification,

(5) digital 3D reconstruction of the structure of interest.

During the first step, the cells are transfected with the cDNA encoding the GFP

fusion protein of choice and the fluorescence of the associated structures in living

cells is followed (Lippincott-Schwartz and Smith, 1997). In this way, it is possible

to gain information about the dynamic properties of these structures (i.e., motility

speed and direction, changes in size and shape, etc.). At the end of this stage, the

cells are killed by the addition of fixative, capturing the fluorescent object at
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the moment of interest. As GFP is not visible under EM, immunostaining allows

for the identification of the GFP-labeled structure at the EM level. The immuno-

gold and immunoperoxidase protocols to perform this staining for EM are

described later. Usually, the immunogold protocol (Burry et al., 1992) is suitable

for labeling most antigens, while immunoperoxidase allows the labeling of antigens

that reside only within small membrane-enclosed compartments, because the

electron dense product of the peroxidase reaction tends to diVuse from the actual

location of the antibody binding (Brown and Farquhar, 1989; Deerinck et al.,

1994). Once stained, the cells must be prepared for EM by traditional epoxy

embedding, and the cell and structure of interest must be identified in sections

under EM. The finding of individual subcellular structures in single thin sections

can be complex, and sometimes even impossible, simply because most of the

cellular organelles are bigger than the thickness of the section and lie along a

plane that is diVerent from that of the section. So an analysis of serial sections from

the whole cell is required for the identification of the structure(s) observed previ-

ously in vivo. Finally, the EM analysis of serial sections can be supported by high

voltage EM tomography and/or digital 3D reconstruction.
III. Method Steps
A. Observation and Fixation of Living Cells
Materials:

� Cells of interest, DNA, and transfection reagents;

� MatTek Petri dishes with CELLocate cover slip (MatTek Corporation,

Ashland, MA);

� HEPES buVer (0.2 M). Dissolve 4.77 g HEPES in 100 ml distilled water and

add 1 N HCl to provide a pH of �7.2–7.4;

� Fixative (0.1% glutaraldehyde-8%paraformaldehyde).Dissolve 8 g paraformal-

dehyde powder in 50 ml HEPES buVer, stirring and heating the solution to

60 �C.Add drops of 1 NNaOH to clarify the solution. Add 1.25 ml 8% glutaral-

dehyde and 50 ml HEPES buVer;

� 4% paraformaldehyde. Dissolve 4 g paraformaldehyde powder in 100 ml

HEPES buVer, stirring and heating the solution to 60 �C. Add drops of

1 N NaOH to clarify the solution.

The cells are plated for CVLEM on MatTek Petri dishes that have CELLocate

cover slips attached to their base. The CELLocate cover slips have etched grids

with coordinates that allow the cells of interest to be found easily through all of the

steps of the procedure. Transfect the cells with the cDNA of the GFP fusion

protein of choice using any method available in your laboratory. After a trans-

fected cell has been chosen and located on the CELLocate grid, its position is
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drawn on the map of the CELLocate grid (available fromMatTek, see the example

of the map in Fig. 1A). This living cell can then be observed for the GFP-labeled

structures using confocal or light microscopy, which allows the grabbing of a time-

lapse series of images by a computer. At the moment of interest, the fixative is

added to the cell culture medium while still grabbing images (fixative: medium

volume ratio of 1:1). The fixation usually induces the fast fading of the GFP

fluorescence and blocks the motion of the labeled structures in the cells. Particular

attention must also be paid to the temperature of the fixative, as the addition of a

colder fixative to the cell medium will induce a shift in the focal plane during the

time-lapse observations. The grabbing of the time-lapse images is then stopped, and

the cells are kept in the fixative for 10 min. Wash once with 4% paraformaldehyde

and leave the cells in 4% paraformaldehyde for 30 min.
CA

B
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1 2 3 4

D

E

Fig. 1 Orientation of the sample. (A) The sample for CVLEM after embedding. (B) Detachment of

cells from the cover slip. (C) The sample map. Red arrow shows the cell of interest, black arrows show

marks that are made by a needle. (D) Orientation of the sample along the vertical direction. Black arrow

shows the cells of interest and two marks formed by the needle. Blue arrows show the ends of the blocks

equally cut by the knife if the position of the block is vertical. The blue area shows the shadow that

indicates the distance between the knife-edge and the surface of the sample. (E) If the sample is oriented

vertically, the central zone of the sample where the cells is situated will not be trimmed. Only ends will be

equally cut by the knife (triangle). Arc shows the trajectory of the knife related to the sample. Arrows

indicate the movement of the holder. Note that there is no danger for our cell to be damaged.
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B. Immunolabeling for EM
The immunolabeling of fixed cells for EM during the CLEM procedure can be

performed using both immunogold and immunoperoxidase protocols (see

Introduction). However, preliminary experiments should be done to determine

whether the antibodies selected for labeling of the GFP-fusion protein work with

the immuno-EM protocol. Many antibodies that give perfect results for immuno-

fluorescence do not work for immuno-EM staining. This happens because the

glutaraldehyde used in most EM fixatives tends to cross link the amino groups of

the antigen epitopes, and therefore decrease the antigenicity of the target protein.

However, the decreasing or removing of the glutaraldehyde in a fixative can result in

poor preservation of the ultrastructure of the intracellular organelles. So, if there

are problemswith immuno-EM labeling, it is possible to optimize the concentration

of glutaraldehyde in the fixative or to use a periodate-lysine-paraformaldehyde

fixative (Brown and Farquhar, 1989). After this, it is important to select

the immunoperoxidase or immunogold protocol to label the structure of interest.

We would advise the use of only immunogold protocol to label epitopes of GFP-fu-

sion proteins located in the cytosol (see Strategy), while for other epitopes, horse-

radish peroxidase (HRP) labeling is suitable.

Materials:

� Blocking solution. Dissolve 0.50 g BSA, 0.10 g saponin, 0.27 g NH4Cl in

100 ml of PBS;

� Fab fragments of the secondary antibodies conjugated with HRP (Rockland,

Gilbertsville, PA);

� NANOGOLD conjugated Fab fragments of the secondary antibodies

(Nanoprobes Inc., Yaphank, NY);

� TRIS-HCl buVer (0.1 M). Dissolve 1.21 g TRIZMA base in 100 ml distilled

water and add 1 N HCl to provide a pH of �7.2–7.4;

� Diaminobenzidine (DAB) solution. Dissolve 0.01 g DAB in 20 ml TRIS-HCl

buVer. Add 13.3 ml 30% H2O2 solution just before use;

� Gold-enhance mixture. Use a gold-enhance kit from Nanoprobes. Using equal

amounts of the four components (Solutions A, B, C, and D), prepare about

200 l reagent per Petri dish (a convenient method is to use an equal number of

drops from each bottle). First mix Solution A (enhancer; green cap) and

Solution B (activator; yellow cap). Wait for 5 min, and then add Solution

C (initiator; purple cap), and finally Solution D (buVer; white cap). Mix well.
IV. Immunolabeling for EM with NANOGOLD

Wash the fixed cells for 3 � 5 min with PBS. Incubate the cells with the block-

ing solution for 30 min, and then with the primary antibodies diluted in

blocking solution, overnight. Wash the cells for 6 � 2 min with PBS. Dilute the
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NANOGOLD-conjugated Fab fragments of the secondary antibodies �50 times

in the blocking solution and add this to the cells; incubate for 2 h. Wash the cells

again for 6 � 2 min with PBS. Fix the cells with 1% glutaraldehyde in

0.2 M HEPES buVer for 5 min. Wash the cells for 3 � 5 min with PBS, and then

for 3 � 5 min in distilled water. Incubate the cells with the gold-enhancement

mixture for 6–10 min. The cells will become violet-grey in color if the gold

enhancement is successful. Finally, wash cells for 3 � 5 min with distilled water,

and proceed with the embedding.

V. Immunolabeling for EM with HRP

Wash the fixed cells for 3� 2 min with PBS. Incubate the cells with the blocking

solution for 30 min, and then with the primary antibodies diluted in blocking

solution, overnight. Wash the cells for 6 � 2 min with PBS. Incubate the cells

with the HRP-conjugated Fab fragments of the secondary antibody for 2 h. Wash

the cells again for 6 � 2 min with PBS. Fix the cells with 1% glutaraldehyde in

0.2 M HEPES buVer for 5 min. Wash the cells 3 � 5 min with PBS, and then

incubate them with the DAB solution. A successful peroxidase reaction results in a

slightly brown staining of the cells. Finally, wash the cells for 3 � 2 min with PBS.
A. Embedding
Materials:

� Cacodylate buVer (0.2 M). Dissolve 2.12 g sodium cacodylate in 100 ml

distilled water add 1 N HCl to provide a pH of �7.2–7.4;

� OsO4 (Electron Microscopy Sciences, Fort Washington, PA);

� Potassium ferrocyanide;

� EPON. Put 20.0 g EPON, 13.0 g Dodecenyl succinic anhydride (DDSA) and

11.5 g Methyl nadic anhydride (MNA) into the same test tube. Heat the tube

in the oven for 2–3 min at 60 �C and then vortex it well. Add 0.9 g tri-

Dimethylaminomethyl phenol (DMP-30, all from Electron Microscopy

Sciences, Fort Washington, PA) and immediately vortex the tube again. It is

possible to freeze the EPON in aliquots and to store it for a long time at�20 �C
before use.

Wash the cells 5�/6� with distilled water. Be careful, because the residual

phosphate may precipitate when it is mixed with OsO4. Incubate the cells in the

1:1 mixture of 2% OsO4 and 3% potassium ferrocyanide in 0.2 M cacodylate buVer
for 1 h. Wash the cells once with distilled water, and then incubate them for 10 min

each with the following ethanol solutions: 50% (once), 70% (once), 90% (once),

100% (3�), for the dehydration of the specimens. Keep the cells in a mixture of

EPON and 100% ethanol (1:1; v/v) for 1–2 h. Keep the cells in EPON for 1–2 h at

room temperature, and then leave them in an oven at 60 �C overnight.
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B. Locating the Cell on the Resin Block
Materials:

� Hydrofluoric acid (HF)

� EPON

� Stereomicroscope

After 12 hof polymerization of theEPON, place a small droplet of a fresh resin on

the site where the examined cell is located, and insert a resin cylinder (prepared

before by polymerization of the resin in a cylindrical mold) with a flat lower surface;

leave the samples for an additional 18 h in the oven at 60 �C. Carefully pick up the

resin from the Petri dish and glass; this is easy to do by gentle bending of the resin

cylinder to and fro. The resin block and the empty MatTek Petri dish after block

detachment are shown in Fig. 1A and B. If the cover glass with a coordinated grid

cannot be detached from the cells included into the resin, the latter should be placed

into commercially available HF (do not use glassware for this) for 30–60 min.

Control the completeness of the glass dissolution under a stereomicroscope. Wash

the samples in water after the complete removal of the glass. Leave the samples in

0.1 MHEPES buVer (pH 7.3) for 60 min to neutralize the HF.Wash the samples in

water and allow them to dry. The final resin block is shown in Fig. 1A.
C. Cutting
Materials and equipment:

� Glass and diamond knives;

� Ultratome

Find the cell of interest among the cells within the sample according to the

coordinated grid, and put the resin block into the holder of an ultratome. Using a

steel needle and rotating the sample in the holder, make two small cavities in such

a way that they (thin arrows in Fig. 1A) form a horizontal line (broken red line in

Fig. 1C and D) with the cell appearing in the center of the sample. Introduce the

holder into the ultratome in such a way that the segment arc of the ultratome is in

the vertical position and the two cavities form a horizontal line. By rotating the

glass knife stage, align the bottom edge of the pyramid parallel to the knife-edge.

Using the segment arc, orient the plane of the sample vertically. Bring the sample

as close as possible towards the glass knife. Adjust the gap (which is visible as a

bright band if all three of the lamps of an ultratome are switched on) between the

knife-edge and the surface of the sample. The gap has to be identical in width

between the most upper and lower edges of the sample during the up and down

movement of the resin block. This ascertains that every point of the sample

surface containing the cell of interest is at the same distance from the knife-

edge. Slowly moving the sample up and down, continue its approach until the

knife begins to cut one of the edges of the sample. The sectioning begins from
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either the upper or the lower part of the sample, the middle part of the sample

where the cell of interest is situated will be unaVected because the length of the

radius passing through the cell is shorter than the radii passing through the upper

and the lower edges of the sample. If the sectioning is to begin from the upper

part of the sample, tilt the segment arc to approach the lower edge towards the

knife. If the sectioning is to begin from the lower edge of the sample, tilt the

segment arc and approach the upper edge of the sample towards the knife.

A vertically oriented sample should produce equal sections from both the upper

and lower edges of the samples (Fig. 1D and E). Note down precisely all of

parameters relating to the position of the sample in the ultratome, i.e. the degree

of rotation of the sample in the holder, the degree of tilting of the segment arc,

and the degree of rotation of the knife in its stage. Take the sample and trim it to

provide a narrow horizontal pyramid of about 0.2 � 0.9 mm in size with the cell

of interest at its centre.

Do not take the sample from the holder and do not rotate the sample inside the

holder. The pyramid should be as narrow as possible (no wider than 200 m), and

the cell of interest should be at the centre of the pyramid. An experienced person

can trim a pyramid directly with a razor blade. Introduce the sample back into the

ultratome, and lock it in exactly the same position as before (preserving all of the

parameters of sample positioning; this is very important). Replace the glass knife

with the diamond one, and position the latter towards the pyramid. If the sample is

not parallel to the knife, adjust the angle of the diamond knife by rotating the knife

stage to make its edge parallel to the plane of the pyramid. Do not change any

other parameters of the sample position. Approach the sample towards the edge of

the knife until the gap is extremely narrow. Using a 200-nm approaching step,

begin the sectioning. Take serial 200-nm sections according to the instructions with

the ultratome. It is enough to take only 10 sections to pass 2 mm from the height of

the cell. Remember the position of the organelle of interest according to the

Z-stacking, and select those thick sections that should correspond to this position.

For instance, if the organelle of interest is situated at 500 nm from the bottom of

the cell, it is enough to collect only the first four 200-nm serial sections. If the

position is at 1 mm in height, it will be necessary to collect from the fourth to the

eighth serial sections.

During the cutting of the specimen, the thickness of the serial sections needs to

be selected. This should be about 80 nm for routine work, 50 nm (or less) for very

precise 3D reconstruction, or 250 nm for EM tomography.
D. Picking up the Serial Sections

1. Picking up the Sections with the Empty Slot Grid
Materials and equipment:

� Pick-up loop (Agar, Cambridge, UK);
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� Empty slot grids and slot grids covered with carbon-formvar supporting

film (Agar, Cambridge, England or Electron Microscopy Sciences, Fort

Washington, PA);

� self closing tweezers (Agar, Cambridge, UK)

For this you need one empty (not covered) but cleaned slot grid (the donor

transfer grid) (Fig. 2A) and one slot grid covered with formvar-carbon film (the

acceptor grid, Fig. 2B). The former (Fig. 2A) should have a holder for the tweezer

(thick arrow in Fig. 2A). This holder could be done by bending just the small part

of the grid from horizontal position. For this procedure you need to have serial

sections with the width smaller that 900 m and the height of about 100 mm. In this

case you could place on the slot 18 serial sections (Fig. 3A).

Take the slot grid with supporting film from a container by the self-closing

tweezer (Fig. 2D) and place it film-down on parallel holders covered with scotch

(Fig. 2C, arrows; E).

Take the empty slot grid and place over sections not touching the water. Touch

water with the donor grid in such a way that sections are inside the slot and move

the slot grid away (Fig. 3B and C). The droplet of water and sections will be inside

the slot (Fig. 4A; Fig. 5 arrowheads).

Using stereomicroscope put on the donor grid with serial sections on acceptor

grid as it is shown in Fig. 4B and C. To avoid dirt on the sections (Fig. 5A, arrow) it
Fig. 2 Preparation of the donor and acceptor grids. (A) The empty (not covered) but cleaned slot grid

(the donor transfer grid, arrow shows the holder for the tweezers). (B) The slot grid covered with

formvar-carbon film (the acceptor grid, the slot is covered with the supporting film). (C) Position of the

acceptor grid on parallel holders covered with scotch (arrows). (D) Placement of the acceptor grid on the

scotch holders. (E) Final position of the grid.



Fig. 3 Picking up of serial sections with the donor slot grid from the water. (A) Serial sections in the

glass bath. (B) Approaching of the donor grid. (C) Final position of the donor grid before its contact

with the water surface.

Fig. 4 Transfer of serial sections with the donor grid. (A) After touching of water in such a way that

sections were inside the slot the serial section are inside the slot. The droplet of water with sections inside

the slot are formed. Arrows show the tweezers. (B) Position of the donor slot grid over the acceptor grid.

(C) Approaching of the donor grid towards the acceptor grid.
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is better to place a small droplet of glass handled distilled water on the acceptor slot

grid (Fig. 5A).

Using sharp and very narrow filter paper (Fig. 5C and D) orient slot in parallel

to each other and eliminate the excess of water from the space between slot grids

(Fig. 5E). Dry grids during at least 20 min (Fig. 5E). Carefully eliminate the donor

grid (Fig. 5F). Take the dried acceptor grid and check whether sections are in

correct position (Fig. 5G).
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Fig. 5 Mounting of serial sections on the acceptor grid. (A, B) Touching of the acceptor grid with the

donor grid containing serial sections and formation of the common droplet. Green arrows show serial

sections. (C,D)Elimination ofwater between sections and supporting filmswith the thin filter paper. (E, F)

Drying of water and elimination of the dried donor grid (F). (G) Removal of the acceptor grid with serial

sections on the supporting film from the scotch holders.
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2. Picking up with the Pick-Up (perfect) Loop
Materials and equipment:

� Pick-up loop (Agar, Cambridge, UK);

� Slot grids covered with carbon-formvar supporting film (Agar, Cambridge,

England or Electron Microscopy Sciences, Fort Washington, PA)

For the picking-up of the sections according to this method, stop the motor, and

divide the band of the sections into pieces of a suitable size for collection with the

pick-up loop, using two eyelashes. Touch the surface of the water with the band of

sections with the pick-up loop in such a way that the band is completely inside

the inner circle of the loop, without touching it (Fig. 6A). Raise the loop with the

droplet of water with the sections on it, and place the loop inside the tripod near

the microscope. The loop should be visible under the stereomicroscope of the

ultratome. Take the slot grid coated with the formvar (or preferably butvar)/

carbon supporting film and gently touch sections on the water (do not touch the

loop) with the carbon-coated surface of the grid (Fig. 6B). Very slowly, move the

slot grid away from the loop. If the movement is slow enough, the water is

eliminated from the surface of the supporting film, and only a very small droplet

of water remains on the grid, which will not represent an obstacle for the placement

of the grid directly into the grid container (Fig. 6C).
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Fig. 6 Picking up of serial sections with the perfect loop. (A) Perfect loop with sections. Upper view.

(B) Position of the slot grid with the supporting film (1) over the perfect loop (3) with the droplet of

water and serial sections (2). (C) Position of serial sections on the slot grid (4).
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E. EM Analysis
Place the slot grid under the electron microscope, and using the traces of the

coordinated grid filled with the resin on the first few sections, or the central

position of the cell of interest within the pyramid, identify the cell on the sections.

Take consecutive photographs (or grab the images with a computer using a video

camera) of the serial sections until the organelle of interest (just observed under the

LSCM) is no longer seen. If EM tomography is to be used, take a tilting series of

the organelle of interest and produce the electron tomogram according to the

instruction for the IMOD software (available at the following web site: http://

bio3d.colorado.edu/imod/). Using the software for the 3D reconstruction, align

the images and then make a 3D model according to the instructions with the

software.
1. Critical Parameters and Troubleshooting
One limitation, and at the same time, attraction, of CVLEM, is its complexity.

However, if researchers will follow instructions described here, they will be able to

have good results. Taken together, all of the steps for CVLEM represent

quite a long procedure, and they require significant eVort of the experimenter.

Therefore, it would be particularly disappointing to loose such tour de force

experiments because of small problems with specimen handling. To apply

http://bio3d.colorado.edu/imod/
http://bio3d.colorado.edu/imod/
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CVLEM successfully, several important parameters should always be taken into

account by the experimenter.

First, it is extremely important to be able to find the cell of interest at all of the

steps of the CVLEM procedure. So, only cells located on the grid of the MatTek

Petri dish should be selected for time-lapse observations. The position of the cell of

interest on the grid must be noted; otherwise it would be diYcult to find it again.

The low magnification images showing the field surrounding the cell of interest can

help greatly in order to be able to trim the resin block around the right cells, and to

find them later under the electron microscope. In this case, neighboring cells can be

used as landmarks to identify the cell of interest. For this reason, the cells for

experimentation should be plated with a lower confluence (50–60%) than usual.

During the analysis of the serial sections under the electron microscope, it is useful

to have the fluorescent and phase-contrast images of the target cell because

particular structures (microvilli, pseudopodia, inclusions, etc.) can help greatly to

find both the cell and the structure of interest.

Second, the main demand for CVLEM is to produce as many images as possible

and to perform as many steps as possible (better all manipulations) under the

stereomicroscope. Another possible problem could be tweezers that often lost EM

grids. Therefore, we recommend the use of self closing tweezers although it could

initially seem to be very inconvenient.
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Abstract

The identification and characterization of many biological substructures at high

resolution requires the use of electron microscopy (EM) technologies. Scanning

electron microscopy (SEM) allows the resolution of cellular structures to appro-

ximately 3 nm and has facilitated the direct visualization of macromolecular

structures, such as nuclear pore complexes (NPCs), which are essential for nucleo-

cytoplasmic molecular traYcking. However, SEM generates only static images of

fixed samples and therefore cannot give unambiguous information about protein

dynamics. The investigation of active processes and analysis of protein dynamics has

greatly benefited from the development of molecular biology techniques whereby

vectors can be generated and transfected into tissue culture cells for the expression of

specific proteins tagged with a fluorescent moiety for real-time light microscopy

visualization. As light microscopy is limited in its powers of resolution relative to

electron microscopy, it has been important to adapt a protocol for the processing of

samples for real-time imaging by conventional light microscopy with protein labels

that can also be identified by SEM. This allows correlation of dynamic events with

high resolution molecular and structural identification. This method describes the

use of GFP for tracking the dynamic distribution of NPC components in real-time

throughout the cell cycle and for high resolution immuno-SEM labeling to

determine localization at the nanometer level.
I. Introduction

Fluorescence microscopy, involving the transfection of tissue-culture cells with

vector constructs for the expression of fluorescein-tagged proteins, has proved to

be a powerful tool in the analysis of protein localization and dynamics. Although

substantial progress and improvement has been made in the micrometer-to-nano-

meter resolution capacity of fluorescence microscopes, this discipline, by definition,

is constrained by the wavelength of visible light (approximately 400–700 nm).

In contrast electron microscopy, both scanning and transmission (SEM and

TEM respectively), allows for the direct visualization of biological structures to

single nanometre resolution.

Over the last decade a burgeoning field of exploration has been the elucidation of

the fine structure of the nuclear pore complex (NPC). NPCs are modular protein

assemblies, embedded within the nuclear envelope (NE), that facilitate the

bidirectional traYcking of molecules between the nucleoplasm and cytoplasm

(reviewed in Drummond et al., 2006; Lim and Fahrenkrog, 2006; Schwartz,

2005). Ultrastructural studies of the NPC involves visualization of nuclear

envelope (NE) associated structures that are both annular and filamentous in

arrangement and possess sizes of only single digits to tens of nanometers (Allen

et al., 1997; Bagley et al., 2000; Goldberg et al., 1997; Kiseleva et al., 2004). Recent
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studies have shown that several nucleoporins (nups; the protein constituents of the

NPC) relocate to kinetochores upon entry into open-mitosis and are then recruited

back to the periphery of decondensing chromatin as the cell begins to exit mitosis

(Blegareh et al., 2001; Joseph et al., 2002; Loiodice et al., 2004; Rasala et al., 2006;

Salina et al., 2003). The nup107/160 complex is composed of nine nups, namely

nup107, nup160, nup133, nup96, nup75, nup43, nup37, Seh1, and Sec13, which

remain associated throughout mitosis (Loiodice et al., 2004). This nucleoporin

subcomplex is an essential requirement for NPC assembly upon exit from mitosis

(Boehmer et al., 2003; Harel et al., 2003; Walther et al., 2003) and has been shown

to play an important role in the correct function of kinetochores (Orjalo et al.,

2006; Zuccolo et al., 2007). The methods described here use reagents generated for

the investigation of nup37 and nup43, the most recently identified members of the

nup107/160 complex. Both of these proteins contain multiple tryptophan-

aspartate (WD) repeat motifs. Because of resolution of the tertiary structure of

other WD-repeat containing proteins it is thought that both nup37 and nup43

adopt a similar characteristic propeller structure which may play a role in initiating

or maintaining pore-membrane curvature.

This protocol focuses on the location of nucleoporins at the kinetochore plates

with respect to a well characterized kinetochore structural component, namely

CENP-F. The methods described here show the use of GFP-labeled nup37 or

nup43 to illustrate the migration, and gross associations, of nucleoporins with the

NE during interphase and kinetochores during mitosis.

II. Rationale

Correlation of data relating to protein dynamics, generated by fluorescence

microscopy, and that generated using scanning electron microscopy (SEM) is

often complicated by the lack of probes that are eVective in both techniques.

Therefore the protocol detailed herein allows the identification of the location

and distribution of specific proteins and protein complexes and, observation of the

dynamics of these proteins within the same cell population. This method describes

the use of green fluorescent protein (GFP) as a common protein label that can be

directly visualized in a live cell by fluorescent microscopy and then the same cell

populations can be processed for SEM and the GFP labeled with appropriate

antibodies. This allows for the direct comparison of the dynamics and high

resolution localization of GFP-labeled proteins.

III. Methods
A. Cell Culture and Transfection

1. Thaw a 1 ml aliquot of HeLa cells (that has been stored in cell-culture media

containing 10% glycerol at �80 �C or under liquid nitrogen) in a preheated

water bath at 37 �C.
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2. Transfer the cells to a 75 cm2 tissue culture flask containing 10 ml of L15

Media containing 10% fetal calf serum (FCS) and grow cells in an incubator

at 37 �C.
3. Once the cells are confluent remove the media and incubate with Trypsin-

EDTA until the cells have rounded and are easily detached by shaking from

the surface of the flask (Do not incubate with Trypsin-EDTA for longer than

5 min) and transfer an aliquot of cells to a glass-bottomed dish compatible

with subsequent fluorescence microscope visualization or transfer an aliquot

of the trypsinized cells to a fresh flask containing 10 ml of fresh media, for

subsequent processing for immunogold SEM.

The following steps should be followed for both the cells in the glass-bottomed

dish and those in the tissue-culture flask

When cells are approximately 50–60% confluent, cells can be transfected for the

expression of a GFP-labeled protein.

4. Fugene 6 (Roche Applied Science, Indianapolis, IN) was used as the

transfection reagent of choice owing to high eYciency and reproducibility

of transfection and was used according to manufacturer’s instructions.

5. In these studies cells were transfected with nup37-EGFP or nup43-EGFP, in

both case together with pHA-puro (confers resistance to puromycin for

antibiotic selection of positively transfected cells – often it is possible to include

an antibiotic resistance cassette within the GFP vector, this is preferable).

6. Cells are incubated with serum-containing media and the transfection

mixture for 24 h at 37 �C and then media is changed to media containing

3 mg/ml puromycin.

7. Media is changed every 24 h for the following two days.

For cells grown in the 75 cm2 tissue culture flask:

Cells are collected by ‘manual mitotic shake-oV.’ This involves a sharp tap to the

underside of the tissue culture flask suYcient to dislodge the mitotic cells from

the surface of the flask and subsequent removal of media, which will contain the

mitotic cells in suspension.
B. Preparation of Cells on Silicon Chips
1. Mitotic cells collected by mitotic shake oV are gently collected by centrifu-

gation at 800g at room temperature, excess buVer removed (avoiding drying

of the loosely packed cell pellet), and resuspended in 1 ml of media.

2. Silicon chips (see Fig. 1) are prepared by first numbering with a diamond pen

then washed with 100% acetone, gently wiped dry with a lint-free tissue and

then autoclaved at a minimum of 160 �C for 12 h.



Fig. 1 Adaptation of microtubes for centrifugation of cells onto silicon chips. Remove the lid from a

1.5 ml microtube (A) using a razor blade or scissors. Trim away any remaining lid attachment from the

top of the tube. Cut oV the bottom of the tube to a diameter which pushes into the lid providing a tightly

fitting leak proof seal (B). Retain the lid (C). When required, a 5 � 5 mm silicon chip should be placed

inside the inverted lid (D) and the tube pushed on to fit tightly without damaging the chip (E). When

filled with liquid, the chamber should not leak.
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3. Chips then incubated with poly-l-lysine (10–20 ml pipetted onto the upper

surface of the chip) for at least 1 h at room temperature and then washed

briefly in water.

4. This protocol has only been attempted in adherent tissue culture cell lines,

however it is likely that suspension culture cells can be arrested in mitosis, or

synchronized and processed upon entry into mitosis and processed similarly.

In the case of nonadherent cells it would be especially important to pre-

incubate the silicon chips with poly-l-lysine to ensure cell attachment and

retention during processing.

5. An aliquot of media, containing mitotic cells, was then pipetted into a silicon

chip contained within a chamber constructed from a 1.5 ml Eppendorf tube

(see Fig. 1) and centrifuged at 1000g for 10 min at 4 �C.
6. Chips are then released from the chamber by removal of the ‘lid’ portion of

the tube, excess buVer removed, and the chips are immediately transferred to

fixative (see C below), ensure that samples do not dry out at any stage.



102 Sheona P. Drummond and Terence D. Allen
C. Sample Preparation for Immuno-SEM
1. Cells are fixed by incubation with 2% paraformaldehyde and 0.01% glutar-

aldehyde in PBS for 10 s at room temperature. Each chip is held individually

with forceps during the brief immersion in fixative.

2. Immediately transfer chips to 0.1 M glycine in PBS for a minimum of 10 min

to quench any unreacted aldehyde.

3. Rinse chips briefly in PBS.

4. Incubate cells with 0.5% Triton X�100 in PBS for 30 min. As this protocol

requires the removal of cytoskeletal elements a stringent incubation with

detergent is necessary however, if the GFP-tagged protein of interest is

known to be present at the plasma membrane this step can be omitted.

5. Rinse in PBS.

6. Incubate in 1% Bovine Serum Albumin (BSA) in PBS for a minimum of

20 min.

Immunolabeling:

7. Prepare a wet-chamber using a 90 mm Petri dish containing wet filter paper

and Parafilm (see Fig. 2).

8. Dilute primary antibodies in PBS containing 1% BSA. In this case, the

anti-GFP antibodies and kinetochore-specific antibodies can be diluted

together and incubated with the sample for 2 h at room temperature in the

wet chamber.

9. Wash the chips 2 � 10 min in PBS.

10. Block the samples in 1% fish skin gelatin (FSG) in PBS for 10 min.

11. Incubate the samples with diVerent diameters of gold conjugated to appro-

priate secondary antibodies to facilitate discrimination between GFP and

kinetochore labeling. For example, samples were incubated for 1 h at room

temperature with 10 nm gold conjugated to anti-mouse IgG to identify GFP-

tagged proteins and 5 nm gold conjugated to anti-rabbit IgG to visualize

kinetochore-specific proteins (e.g., CENP-F).
Parafilm

Wet filter paper

Silicon chip with sample

Antibody pipetted onto chip surface

Fig. 2 Preparation of a ‘wet chamber’ for immunolabeling. Filter paper is placed in the bottom of a

plastic Petri dish and saturated with water. The filter paper is then partially covered with a layer of

Parafilm and silicon chips are placed upon the Parafilm layer, with sample facing upwards. Then a

maximum of 20 ml of antibody solution of appropriate concentration is carefully pipetted onto the

surface of the silicon chip.
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12. Wash samples 3 � 10 min in PBS.

13. Fix samples in 3% glutaraldehyde in PBS for 1 h at room temperature or

over-night at 4 �C.

Postfixation, critical point drying, cell fracture, and sample coating:

14. Wash chips briefly in Sorensen’s BuVer (Prepare 0.15 M solutions of

KH2PO4 and Na2HPO4 and mix in the ratio of 19:81 respectively to give a

buVer of pH 7.4)

15. Postfix samples in 1% osmium tetroxide in Sorensen’s buVer for 10 min.

(Osmium preserves lipids and enhances contrast when visualizing the

specimen).

16. Wash the samples briefly in distilled water.

17. Dehydrate samples through a graded ethanol series (30%, 50%, 70%, 95% X2

and 100% X3), incubating for 5 min at each step.

18. Transfer the chips to critical point drying apparatus containing ethanol as

the transitional solvent and critical point dry from high purity liquid CO2

(high purity =< 5ppm H20).

19. Cells are dry fractured after completion of critical point drying by adhering

the chips to standard laboratory adhesive tape (sample directly contacting

the adherent side of the tape), gently tapping the chip and removing the chip

by gently pulling away from the tape avoid lateral movement.

20. Samples are then coated with 3 nm of chromium and stored under vacuum

until visualized by SEM.

IV. Summary

The methods described here can be divided into three main sections:
A. Cell Culture and Transfection
This involves culturing cells to the appropriate density (approximately 50–60%

confluency) for optimal transfection eYciency, either in a tissue culture flask for

subsequent ‘mitotic shake-oV ’ or in glass bottomed Petri dishes compatible with an

inverted microscope for live-cell imaging. In both cases, cells are then transfected

using Fugene 6, or a preferred transfection agent, for incorporation of a vector for

the expression of a GFP-tagged protein of interest. Any other fluorescent label can

be used and then identified using the appropriate antibody in scanning electron

microscopy.
B. Processing for Real-Time Light Microscopy
Approximately 48–72 h post-transfection cells should be expressing fluorescently

labeled protein and will be ready for visualization; however, optimal times for data

collection should be verified for each expression construct and cell-line used.
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In addition, cells can be incubated with Hoechst 33342, a cell-permeable lipophilic

DNA dye, for visualization of chromosome structure and condensation state. Here

a Deltavision multidimensional restorative microscope, based around an Olympus

BX71 microscope, fitted with an isolated environmental chamber to maintain

the temperature at 37 �C, was used for live-cell image acquisition (Fig. 3). Images

were collected every 15 min for a minimum of 24 h and movies were edited to show

the interphase-mitosis transition, throughout mitosis and then re-entry into

interphase.
C. Processing for Scanning Electron Microscopy
The visualization of chromosomes and associated intracellular structures by

field-emission scanning electron microscopy (FESEM) is necessary and informa-

tive in determining the presence and function of nuclear structures and proteins

(Fig. 4). Cells are permeablized and then incubated with appropriate primary

antibodies, washed and then incubated with collodial gold conjugated to second-

ary antibodies. After thorough washing chromosome structure is revealed by

subjecting the cells to a fracturing technique with an adhesive at room temperature

(16–24 �C) in which the fracture planes can pass at various planes through

detergent-extracted cells. In this case the sample is coated with 3 nm of chromium,

before examination in the scanning electron microscope using secondary and

backscatter imaging. Surface topography is apparent from the conventional

secondary imaging, and backscatter imaging produces an unequivocal distribution

of the gold particles (Fig. 5). Both images are acquired simultaneously, and can be

superimposed to show the location of the gold.
V. Concluding Remarks

This chapter details the protocol by which one and the same tissue culture cell

population can be processed for both live-cell imaging and immunogold SEM,

where green (or an alternative) fluorescent protein has been used to generate a

specifically tagged protein using a standard transfection protocol. Once visualized

in the living cell at various stages of division and the cell cycle, the resolution of the

labeling as seen by light microscopy can be increased approximately 200-fold by

the use of antibodies to GFP bound to colloidal gold and visualized by SEM. This

allows for correlation of the dynamic localization of specific proteins and their

structural location at high resolution. Another advantage in the SEM is that

the macromolecular surroundings of the labeling sites are also available in the

secondary image, in contrast to fluorescence, where the signal is always a bright dot

against a black background. Thus in this particular example, the kinetochore

region of the chromosome appears to reside in a depression in the chromation

surface, and the relative distributions of two kinetochore proteins are apparent.

Here the SEM labeling has been extended to a second protein, using specific
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Fig. 3 Still images taken from a real-time movie of HeLa cells transfected with nup37-EGFP or nup43-EGFP. (A) For live-cell imaging of cells containing

GFP-tagged nucleoporins (nup37 in the upper three rows and nup43 in the lower three rows) DNA is visualized with the cell-permeable DNA dye Hoechst

33258, imaged in blue (upper panel), the GFP-tagged nucleoporin is shown in green (middle panel) and the merged DNA and GFP-fluorescence images are

shown in the bottom panel. During interphase (t = 0), the DNA is decondensed within the nucleus, and nucleoporins display a characteristic punctuate

staining at the nuclear periphery as they are present within the nuclear pore complexes (NPCs), which periodically perforate the nuclear envelope (NE). Upon

entry into mitosis (30 min), the DNA begins to condense and concomitantly the NPCs dissociate into specific subcomplexes and then the NE begins to

disassemble. During metaphase (�60�70 min) the DNA is fully condensed into visibly distinct chromosomes each of which aligns at the metaphase plate and

the bulk of the nucleoporins are present as a diVuse cytoplasmic pool. As the daughter chromosomes migrate to opposing poles of the dividing cells, the NE

and NPCs reassociate and bind to the chromatin periphery and form new NEs around each decondensing chromosome population containing NPCs

functional for bidirectional nucleocytoplasmic traYcking. (B) Colocalization of Nup37 and Nup43 with CENP-F During Mitotsis. CENP-F is a well-

characterized component of the mammalian kinetochore that localizes to these chromosomal sites during mitosis. In each montage, DNA is stained with

Hoechst 33258 (blue), CENP-F is identified using a monoclonal antibody conjugated to Cy3 (red), the GFP-tagged nup37 or nup43 are shown in green, and

the images on the right show the indicated merged images. In both the case of nup37 and nup43 it is clear that these proteins relocate to distinct sites upon

condensed chromosomes (small panels below the GFP image reveals individual chromosomes, each with two clear regions of GFP-nup localization). When

the CENP-F, GFP-nup, and DNA images are merged (right) it is clear that the kinetochore-specific CENP-F colocalizes with both nup37 and nup43. This

localization is displayed at higher resolution in the small panels below the merged image and shows that CENP-F and each nup is present on each kinetochore

pair.
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Fig. 4 S.E.M. of mitotic HeLa cells revealing kinetochores and CENP-F localization. (A) A mitotic

HeLa cell prepared by detergent extraction and manual fracture for visualization by SEM shows

condensed chromosome pairs aligning at the metaphase plate. The inset box is magnified in (B), (C),

and (D). (A) and (B) are secondary electron images showing the surface morphology of the mitotic

chromosomes and (B) reveals paired concavities at the surface of the chromosomes. This image was then

visualized by backscatter imaging (C) to reveal 10 nm diameter gold particles (white dots) bound to an

antibody specific for CENP-F in and around the concavities. Images (B) and (C) are captured simulta-

neously, allowing exact superimposition, as shown in (D). In (D) gold particles are pseudocolored

yellow for clarity.

Fig. 5 Double immunogold labeling of mitotic chromosomes with antibodies specific for CENP-F

and GFP-tagged Nup37. These images are collected digitally in the same manner briefly described in

Fig. 4. Similarly, (A) mitotic chromosome profile of a single HeLa cell. (B–E) show magnified regions of

the same chromosome complement in which the secondary and backscatter images have been merged.

In this case, two diVerent sizes of gold particles have been used. 10 nm diameter gold specific for a GFP

antibody (raised in mouse) to bind to GFP-tagged nup37 (pseudocolored yellow) and 5 nm diameter

gold particles specific for a CENP-F antibody (raised in rabbit), which is pseudocolored green. The

distribution of the labeling indicates that nup37 is localized slightly more centrally within the kineto-

chore plate compared with CENP-F.
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antibodies bound to a diVerent sized gold colloid, but this could be extended to a

third antibody, using 5, 10, and 15 nm gold colloids for SEM visualization of three

diVerent colors in the fluorescent microscope.

In this protocol the manner in which each cell fractures and consequently the

structures that are exposed will vary between diVerent cells. However, with

approximately 10,000 cells per chip, the population oVers a suYciently high

density to generate statistically significant information. One of the adavantages

of the SEM in this situation is that relatively rare events such as specific stages of

division in an unsychronized population can be searched for and localized with

similar eVort to that required for light microscopy.
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Abstract

Scanning electron microscopy (SEM) is a high resolution surface imaging tech-

nique. Many biological process and structures occur at surfaces and if antibodies

are available, their components can be located within the surface structure. This is
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usually done in a similar way to immuno-fluorescence, using an unconjugated

primary antibody followed by a tagged secondary antibody against the primary.

In this case the tag is usually a colloidal gold particle instead of a fluorophore.

Therefore it is quite straightforward to adapt an immuno-fluorescence procedure

for SEM, as long as certain precautions are followed, as discussed here. Progres-

sing from immuno-fluorescence, which essentially only indicates the position of a

protein within the volume of a cell, to immuno-SEM, puts the labeling into the

context of cellular structures. The principles and practices of sample preparation,

labeling and imaging are described here.
I. Introduction

Scanning electron microscopes (SEMs) are used to look at surfaces, which can

include cell or tissue surfaces, intracellular surfaces, isolated organelles or isolated

molecular structures, such as viruses, protein, or nucleoprotein complexes, indi-

vidual proteins and nucleic acids. With the increased availability of high-resolution

SEMs with field emission electron sources (feSEMs), SEMs can now be used to

image details of molecular organization at resolutions down to 0.4 nm, which is

approaching the resolution of the transmission electron microscope (TEM) and

depending on the sample and how it is prepared, the level of information can

exceed, or more importantly, complement, the information from TEM.

One application of SEM in cell biology is the imaging of the external side of the

cell which can be accessed and imaged using straightforward methods. Internal

surfaces can be accessed by methods such as cell fractionation (e.g. Goldberg and

Allen, 1992; Kluck et al., 1999), detergent extraction (Long et al., 2006), or physical

fracturing (e.g., Arhel et al., 2007; de Souza et al., 2006).

To localize proteins on a membrane or other surface, immuno-gold labeling can

be used. This is similar to immuno-gold labeling for TEM, and can be considered

as a modification of the immuno-fluorescence that many cell biologists are familiar

with (introductions to immuno-fluorescence and immuno-TEM can be found in

McNamara (2006) and Ochs (2006) respectively). Antibodies still need to be

characterized and labeling conditions determined. Sometimes these can be trans-

lated directly from immuno-fluorescence studies, but often modifications are

required. In particular, as the structures themselves are being viewed, and not

just the position of a label (as in immuno-fluorescence), it is essential that the

structures as well as their antigenicity are well preserved. Therefore time and

resources do need to be set aside for this process.

Successful immuno-SEM therefore depends on a good understanding of how to

prepare samples in a way that exposes the surface, preserves its structure, and

maximizes the accessibility and antigenicity of the target proteins. Although SEMs

are straightforward to use, there are certain variables and choices to be made in

setting up the microscope which aVect the ability to visualize small gold particles

and the labeled structures. For this reason this chapter starts with a short
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discussion on the principles of image formation in the SEM and how this aVects
decisions on the selection of imaging parameters. It then discusses methods for

labeling and preparing samples.
A. Forming an Image

1. Generating the Signal
In the TEM, a ‘‘flood’’ beam of electrons is accelerated through a vacuum onto

the specimen. The image is formed from electrons that are scattered as they pass

through the sample. High resolution information is contained in electrons that do

not transfer energy to the sample. These are known as elastically scattered elec-

trons. Inelastically scattered electrons do transfer energy, change in wavelength

and hence contribute to chromatic aberrations, which degrade the image. Because

of the short mean free path of an electron in matter (the distance it travels between

interactions), the likelihood of inelastic scattering is increased with increasing

specimen thickness. Therefore in the TEM, specimen thickness is limited by the

short distance an electron can travel before being deflected and by the energy it

could loose. In a 120 kV TEM, specimen thickness is limited to around 100 nm.

The mean free path can be increased by using higher accelerating voltages of the

primary beam. Also aberrations correctors (Walther et al., 2006) and electron

energy filters (StoZer et al., 2003) can be applied but high-resolution information

is still only possible in specimens of a few hundred nanometers thickness.

Cells range in size from about 1 mm (bacteria) up to over 1 mm (e.g., amphibian

eggs), so generally the only way a cell biologist can take advantage of the high

resolution aVorded by the TEM is to cut the cell into sections or to isolate cellular

components and study them separately. The cross-sectional views of TEM ultra-

thin sections are highly informative but can be diYcult and time consuming to

translate into 3D. Stereology methods have been developed to quantify three-

dimensional aspects of cell structure from serial sections (GriYths et al., 2001).

EM tomography is also emerging as a powerful method for determining 3D cell

structure from thicker sections, small cells, and isolated organelles (e.g. Beck et al.,

2004), although specimen thickness is still limiting and it is yet to become a routine

method. Another useful technique to determine the 3D structure of cellular sur-

faces is based on making thin metal replicas of the surface before removing the

thick biological material (Heuser, 1980). However this method is time consuming

and diYcult, requiring specialist equipment and dedicated experts.

An alternative to replicas is the SEM, where surfaces can be imaged directly.

There are two major diVerences between SEM and TEM imaging. First, instead of

the flood beam of electrons used in the TEM, in the SEM the electrons are focused

to a very fine diameter beam. This beam is then scanned across the sample in a

rectangular raster much like the laser beam of a confocal microscope. As the

electron beam interacts with each part of the sample, electrons are emitted and

detected. The number of electrons emitted from a point that is interacting with the
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primary beam depends on the physical properties and topography of that point.

As the beam is scanned across the sample and electrons are emitted, a picture is

built up of the area being scanned. To increase the magnification in the SEM you

simply reduce the size of the area being scanned. The resolution is dependent on the

diameter of the beam used to scan the sample: the smaller the diameter, the higher

the resolution. If the beam has a wide diameter it will potentially interact with more

close objects at the same time than if the beam is narrow (Fig. 1). One of the

advantages of the feSEM over conventional SEMs with tungsten filaments is that

the field emission gun generates an intense electron beam (up to 1000 times

brighter) that can be focused to a very fine point and still have enough primary

electrons to generate a good signal from the sample.

The second diVerence between TEM and SEM imaging is the type of electrons

that are collected to form the image. Regardless of the type of microscope, when

high energy electrons emitted from the electron gun interact with the sample, they

may be elastically or inelastically scattered as discussed above. They may also be

elastically reflected, or backscattered (Fig. 2). This type of interaction forms an

essential basis for most immuno-SEM and will be discussed here. However, for
Large diameter
primary beam

Small diameter
primary beam

SE detector

SE detector

SEs generated
from two objects
at the same time
therefore they
are not resolved

SEs generated
from two objects
separately
therefore they
are resolved

Fig. 1 Resolution in SEM is directly dependent on the diameter of the primary electron beam.
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imaging in the SEM, the most important interaction is the absorption of electron

energy by the sample which results in the ejection of low energy electrons from the

sample surface (SEIs, Fig. 2A). These low-energy electrons are then selectively
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attracted by a low voltage to the secondary electron detector. This low voltage does

not attract the high-energy elastically backscattered electrons, very few of which

will interact with the secondary detector, and therefore do not contribute to the

secondary image.
2. Accelerating Voltage (kV)
Backscatter electrons do indirectly aVect the secondary electron image which

leads to an important consideration to be made for SEM and immuno-SEM: that

of the accelerating voltage of the primary beam (kV). High energy primary elec-

trons interact with a certain volume of the sample as they are scattered while

passing through it (Fig. 2A). A higher accelerating voltage produces higher energy

electrons that interact deeper into the sample. As the energy of the primary

electrons is directly related to the energy of the backscatter electrons that are

reemerging from the specimen surface, the depth from which they can come is

related to the accelerating voltage. At high accelerating voltages (i.e., 10–30 kV),

backscatter electrons are generated from relatively deep in the sample, whereas at

low voltages (0.5–3 kV), they are only generated near the surface. Backscatter

electrons also transfer energy to the sample and cause the ejection of secondary

electrons. If this occurs near the surface, these are emitted and detected by the SE

detector. However, the information in these SEII electrons is not primarily from

the surface but from subsurface structures. This can be useful information but

generally it confuses the interpretation of the image, adds to noise and reduces

resolution. The reduction in resolution is because the backscatter electrons can

emerge some distance from the primary beam eVectively increasing the diameter

that is emitting secondary electrons at any one time (see Fig. 2A). At high kVs cell

membranes appear transparent and details are diYcult to see, whereas at low kVs

they appear as solid surfaces. It should be noted however that for some samples

this does not fully hold. For instance thin specimens such as isolated membranes

(Goldberg and Allen, 1992) (especially if they are on thin supports like carbon

films) do not generate large amounts of backscattered electrons, and hence few

SEIIs. Therefore high signal to noise ratios are achieved using high kVs, basically

because most elastically and inelastically scatter primary electrons pass straight

through the specimen and there is no large interaction volume in which to generate

SEIIs, which would appear as noise. Therefore high kVs are generally preferable

for generating high-resolution images if the specimen is thin.
3. High kVs are Required for Immuno-SEM
These considerations have led some to advocate only the use of low kVs for

imaging biological samples (Pawley and Erlandsen, 1989). However, particularly

for immuno-SEM, this is not always possible or desirable.
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a. SEMs Resolve Better When High Accelerating Voltages are Used
First, instrument resolution is reduced at low kVs. How important this is

depends on the microscope. Some modern feSEMs are designed to operate with

high resolution at low kVs (in the order of 2–4 nm at 1 kV). This must be weighed

against the loss of resolution at high kV due to beam interaction, which is highly

specimen dependent. This stresses the need to understand how your sample is likely

to interact with the electron beam so that you can select an appropriate voltage.

Alternatively, simply experiment with diVerent accelerating voltages.

b. Immuno-Gold Particles are Detected Using High Accelerating Voltages
Second, colloidal gold particles used to tag antibodies are detected using the

backscatter detectors which only function at high kVs (Fig. 2B). Primary electrons

are more likely to be backscattered by dense objects with high atomic numbers

(Z number). Hence colloidal gold particles backscatter strongly, unlike the sur-

rounding biological material. Therefore a backscatter image of an immuno-gold

labeled sample will appear as a weak, noisy image of the sample with bright white

dots where the gold particles are (Fig. 4B). A secondary image is then also obtained

of the same area (Fig. 4A) and then the two images are combined to determine the

position of the gold particles in relation to the structures. The backscatter image

should give an unequivocal identification of the gold particles because it can diVer-
entiate objects of diVerent atomic numbers and the gold particles have amuch higher

atomic number than most of the surrounding material. Although it is sometimes

possible to identify immuno-gold particles in the secondary image, there is no real

‘‘Z-contrast,’’ so gold particles can be mistaken for other similar sized particles or

visa versa. Therefore backscatter detection is the method of choice for locating

immuno-gold particles. However, backscatter detectors work by excluding low

energy (usually secondary) electrons from the detector. Therefore if the primary

beam is of low energy (low kV), low energy backscatter electrons will be produced

which cannot be detected. Some backscatter detectors can work down to about

5 kV, but sensitivity is poor so only large gold particles can be detected. However

most work optimally in the 10–20 kV range and even 5 kV is not really ‘‘low kV.’’
4. Charging
Another consideration is charging. The sample is bombarded by electrons. In the

TEM, most of these pass through the sample, but in thick SEM samples that are

nonconductive they cause severe imaging artifacts. Fixation methods that introduce

heavy metals into the sample, such as OsO4 make it more conductive and allow the

excess electrons to escape to earth. This eVect can be increased by using chemicals

such as tannic acid (see Hayat, 2000) and thiocarbohydrazide (Harrison et al., 1982),

which increase the binding of osmium, but it is important to consider the eVect that
such chemicals might have on the structures of interest. For instance we have found

that although tannic acid is beneficial for preserving protein filaments, it can cause

the vesiculation of endoplasmic reticulum membrane tubules.
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The substrate on which samples are deposited is important and must be conduc-

tive to prevent charging but it also must not generate significant secondary or

backscatter electrons which will contribute to background noise. For the former

reason glass coverslips are not suitable. Our preferred substrate is the silicon chip

which is electrically conductive and on which cells can usually be grown in exactly

the same way as on glass, but with the limitation that they are not transparent.

a. Metal Coating—Reduction of Charging and Enhancement of Secondary Signal
The most eVective way to reduce charging is to coat with a thin metal film, which

also generates secondary electrons and increases the signal. Metal coatings, such as

gold, however, mask the signal from the colloidal gold particles attached to the

antibody. Metal coating is generally done in a high vacuum by magnetron sputter-

ing (Allen et al., 1998), although other sputtering methods are also eVective
(Walther et al., 1995). Conventional SEM coatings of sputtered gold are unsuitable

both for high resolution SEM and for immuno-gold labeling. Sputtered gold has

a large particle size that is resolvable even by fairly modest modern SEMs and

therefore obscures surface details. Platinum has a much finer grain size and is quite

eVective at reducing charging and generating secondary electrons. It is often

considered a metal of choice, especially for low kV work. However, platinum

(and of course gold) have a very similar atomic number to colloidal gold and

therefore there is little Z-contrast between the metal coating and the immuno-gold

particles. This makes it diYcult or impossible to pick out gold particles in the

backscatter image of a sample coated with a high atomic number metal.

b. Chromium—An EVective Coating for Immuno-SEM
An important development in this respect was the use of chromium (Allen et al.,

1998; Peters, 1986). If sputtered in the right conditions, chromium is conductive

(to reduce charging) and has a small grain size (so detail is not obscured). It also

has a relatively low atomic number of 24 compared to 79 for gold, so there is good

Z-contrast in the backscatter detector between the colloidal gold and the coated

surface being imaged. Chromium is therefore currently the metal of choice for

immuno-SEM.

Sadly, this does not come without a cost. Because of the low atomic number the

secondary signal generated is less than for platinum. It is also not such a good

conductor. Therefore it is less eVective at reducing charging, especially on bulky

specimens. Chromium is ideal for thin specimens such as isolated macromolecules,

organelles, and even whole cells, but multicellular tissues and more bulky speci-

mens can be diYcult to image with chromium coats. At this point compromises are

almost inevitable, as is often the case in SEM. With bulky specimens, charging can

be reduced by using lower accelerating voltages, but as discussed above, this is

limited by the backscatter detection in immuno-SEM studies. If charging aVects
are not too severe, you can simply live with them and take them into account when

interpreting the images.
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Further, related limitations of chromium are associated with its oxidation pro-

ducing a poor coating. This leads to some important practical considerations.

Chromium coating must be done in a high vacuum system, initially pumped to at

least 5 � 10�7 mbar, with all oxygen and water eliminated, before introducing ultra

pure argon gas. As the surface of the target immediately oxidizes on contact with air,

this oxide layer must be first removed by sputtering onto a shutter before exposing

the specimen. Finally, as soon as the coated specimens are removed from the vacuum

chamber they will start to oxidize and so must be looked at immediately and

generally cannot be stored for long periods (a few hours is OK, a few weeks is not,

generally they deteriorate over a day or two). It is possible to recoat specimens at

a later stage. This will increase the secondary electron signal of old specimens

but increase the coating thickness so that resolution of detail is decreased.
B. Preparing Samples
There are several requirements for successful immuno-SEM:

1. The surface of interest must be exposed.

2. The structure must be well preserved.

3. Epitopes must be accessible to the antibodies.

4. Epitopes must maintain antigenicity.

How the surface of interest is exposed is dependent on the specimen and the

question being asked. Therefore it is beyond the scope and competence of this

chapter to go beyond general advice. The preservation of structure for EM is also a

complex subject and the reader is directed to books such as Hayat (2000) for

discussion on the chemistry of fixation.
1. Fixation
Fixation is one point where the transition from a light microscopy project to the

SEM can be frustrating. First, it is more-or-less essential to use aldehyde fixation for

SEM. A large proportion of a cell is water which needs to be removed for EM (with

the exception of cryo-EM which is not covered here). In TEM thin sections samples

are chemically fixed and then the water is replaced by an embedding resin. For SEM

there is no embedding, so samples need to be made particularly tough in order to dry

them without unduly altering the structure. Therefore fixation needs to be strong.

This generally means using high concentrations of glutaraldehyde (e.g. 2%) and

possibly other stabilizing chemicals such as tannic acid to preserve protein structures

and OsO4 to preserve membranes. Such a protocol is incompatible with maintaining

antigenicity for almost all antibodies. Even glutaraldehyde fixation prevents labeling

with the majority of antibodies. It is therefore necessary to stabilize the specimen

with a relatively mild fix just to maintain it through the labeling procedure, before

fixing again with stronger fixes. This generally means fixing with 2–6% formaldehyde
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in a suitable buVer. This should be made fresh from paraformaldehyde powder. Do

not use premade commercial formaldehyde or formalin solutions which often con-

tain methanol and could cause structural artifacts and will extract membranes. Even

preparations claiming to be for EM can be unsuitable. Especially do not use organic

solvent fixation methods employing chemicals such as methanol or acetone, which

are commonly used for light microscopy. These may maintain antigenicity in some

cases where it is destroyed by aldehyde fixation but there will be little point in using

an electron microscope to look at the resulting structure. Generally if aldehyde

prefixation cannot be used with a particular antibody it will be diYcult to do

immuno-SEM. It may also be possible to do the labeling on unfixed material then

fix afterwards, but only if it is known that the antibody will not disrupt the structure

or organization. Therefore careful controls are required.
2. Labeling
Havingprefixed the sample, it is important toblockany unreacted aldehyde groups

whichmight bind to the antibodies.This is doneby incubationwithglycine orNH4Cl.

The next steps are generally similar to immuno-fluorescence protocols except

antibody-gold conjugates are used instead of fluorescent ones and usually anti-

bodies, especially primary antibodies, are used at higher concentrations. As with

any immunolabeling method it is usually necessary to find empirically the most

appropriate antibody concentrations and blocking agents.

a. Gold Particle Size
Another important consideration is to choose the most appropriate gold label

attached to the secondary antibody. It is generally considered that for maximum

sensitivity you should use the smallest gold particles. Also smaller gold particles

will obscure less of your sample and be more closely located to the epitope.

However, even if it is possible to resolve a 5-nm gold particle in a particular

SEM, it may not be the best choice, because magnifications of around 100,000�
are required just to see it. Therefore an overview of the distribution on the surface

is not obtained. It will only show its localization on fine structural details. There-

fore it is important to consider the question being addressed. It may be worth

sacrificing some sensitivity for visibility and convenience.

For feSEM immuno-gold labeling at high resolution, we start with a high-quality

10 nm colloidal gold tagged secondary antibody (such as from Amersham which we

find very reliable but other manufacturers also produce good products). This can be

observed at moderate magnification (20–30,000�) and gives a good overview of the

level of labeling and distribution. For some conventional SEMs were it is diYcult to

resolve a 10 nm gold particle it may be necessary to use larger (15–20 nm) gold, but

this will reduce the sensitivity. Therefore it may be better still to add a step where

extra layers of silver or gold are added to the surface of a small gold particle, after

labeling, to enhance its size. Such an approach may also be appropriate for feSEM

studies where 1 nm colloidal gold can be used and ‘‘enhanced’’ (to 2–10 nm) to make
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it visible. Companies such as Nanoprobes Inc. sell convenient kits for this. Another

useful reagent is Nanogold (Nanoprobes Inc.) which is a 1.4 nm gold compound

which can be covalently bound to the antibody. Colloidal gold particles are attached

to antibodies by absorption and charge interactions, whereas Nanogold is more

stably covalently attached. The small size increases antibody penetration of the

sample and therefore can increase the level of labeling. The particle size can then

be increased by silver or gold enhancement to a size appropriate for your instrument

and application. It has been possible to directly image 1 nm gold particles in a

feSEM (Hermann et al., 1996), but generally it is very diYcult on any samples

with much bulk or topography and so usually it is necessary to silver/gold enhance.

Best still, Nanogold or colloidal particles can be attached directly to a primary

antibody for direct labeling. The advantage of indirect labeling (a two step procedure

using a secondary antibody that recognizes the primary) in immuno-fluorescence

microscopy is that the signal is enhanced because more than one secondary antibody

can bind to each primary. This is, however, a disadvantage in immuno-SEM where

the extra antibodymolecules and gold particles can obscure the object of interest and

add nothing to the detection limit. Direct labeling is often, however, impractical as

relatively large quantities of antibody are required for the conjugation reactions. The

highest precision labeling will though, in principle, be achieved by direct labeling

using fab fragments attached to Nanogold or 1 nm gold particles.

In some circumstances, where the specimen is particularly well defined and its

structure consistent and well understood, it may be possible to label with just the

antibody or fab fragment and no gold tag (Hermann et al., 1996). This is because

with a high-resolution feSEM the antibody protein, itself, can be directly recog-

nized. However, in complex specimens this may not be practical or even possible.
3. Sample Processing for SEM
After labeling samples are fixed more strongly, generally with glutaraldehyde

and osmium tetroxide and possibly other fixatives to optimally preserve the

structure and fix the antibodies in place. They are then dehydrated using an

ethanol series and critical point dried (CPD). Ethanol (100%) used in the CPD

should be dried with molecular sieve. The CO2 should be high quality and dry.

Some labs dry the CO2 by passing it through a filter (Tousimis LCO2 filter), but

this may not be essential. However, if preservation is poor it may be worth trying

this as it allows for contaminated CO2. Most commercial CPDs are usable but the

bench CPDs such as the Bal-Tec CPD 030, where the temperature and flow of gas

in and out of the unit can be controlled are particularly suitable. In particular,

letting out the gas at the end should be done slowly and with great care (this should

take 10–15 min). A gas flow meter will allow this to be controlled and standar-

dized. As immuno-SEM is a multistep procedure, the more that is standardized the

better, allowing eVective troubleshooting.
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4. Metal Coating
As discussed above magnetron sputtered chromium is the coating of choice for

high-resolution immuno-SEM. Several commercial systems have been successfully

used for chromium coating (e.g. Edwards, Cressington, and Denton). Crucial to this

seems to be pulling a vacuum of at least 5� 10�7 mbar and the elimination of oxygen

and water from the system. The use of cryo-pumps and liquid nitrogen cooled cold

traps may be eVective for this. The system should be kept scrupulously clean, only

using gloves to handle internal components and specimens. It should also be remem-

bered that the chromium target will oxidize immediately upon exposure to air.

Therefore it is essential to presputter onto a shutter before exposing the specimen.

The thickness of the coating is important. Thicker coatings will give more signal

and reduce charging more, but will cover up detail (hence reduce resolution) and

can obscure gold particles. For immuno-SEM it is necessary to find the correct

thickness that allows you to see the gold particles as well as the specimen. To

visualize 10 nm colloidal gold particles by feSEM a thickness of about 1–2 nm is

usually suitable. Any thicker and the gold becomes diYcult to detect. For reasons

discussed above, larger gold particles may necessarily be used, in which case

thicker coatings may be used, but this will be at the expense of resolution

of structural detail. Because chromium oxidizes quickly and dry specimens can

re-hydrate, they should be examined as quickly as possible. Storage in a vacuum

can help prolong their useful life, but not perfectly.
5. Imaging
This is highly dependent on the sample and microscope being used. Accelerating

voltage should be selected as discussed above. Ten kilovolts is used to visualize

5–10 nm gold on the Hitachi S5200 feSEM (Cotter et al., 2007), but a voltage of

25–30 kV seems more appropriate on the Topcon DS130F (Rutherford et al.,

1997). The type of electron source (tungsten filament vs. field emission gun) and

the type of backscatter detector are important considerations here.

Some SEMsallow acquisition of secondary and backscatter images simultaneously.

This is a distinct advantage as the area scanned will then be identical for each type

of image. If images have to be obtained consecutively, any drift or other image

distortions canmake aligning the two images diYcult. Image alignment is done easily

in commonly available image software such asAdobe Photoshop as described below.

II. Methods
A. Materials

1. Fixation
Stock solutions

1. 1 M sodium cacodylate, pH 7.4—note highly toxic, wear double gloves

2. 1 M Pipes, pH 6.8
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3. 1 M NaCl

4. 1 M KCl

5. 1 M MgCl2

6. 25 or 50% glutaraldehyde (EM grade e.g. Agar or Ted Pellar)

7. 10% paraformaldehyde

A stock solution of 10% paraformaldehyde must be made fresh each day from

paraformaldehyde powder. This should be weighed out in a fume hood because it

is toxic and very light, so tends to become airborne easily. Weigh 1 g paraformal-

dehyde into a sealable tube, make up to 10 ml and add one drop of 1 N NaOH.

Close lid and place in a 60 �C water bath. Agitate every now and then until the

powder dissolves.

8. Double distilled or distilled/deionised water

9. Ethanol stored with molecular sieve

10. 1% osmium

Osmium tetroxide is a highly toxic heavy metal solid salt that also forms a vapor

at room temperature. Extreme caution should therefore be taken when handling

this material and a full risk assessment carried out. All procedures must be carried

out in a fume hood and gloves worn at all times. Vials (0.1 g) of osmium tetroxide

are broken open and the whole vial placed in a 100 ml glass reagent bottle. Ten

milliliters of 0.2 M sodium cacodylate is added. The lid is put on and sealed with

parafilm. Gently shake the bottle to expel any air from the vial, then either sonicate

until the osmium tetroxide crystals dissolve or leave in the fume hood overnight

and agitate in the morning to check that the crystals have completely dissolved.
2. BuVers
1. 5� membrane fix buVer: 400 mM Pipes, pH 6.8, 5 mM MgCl2, 750 mM

sucrose

2. 0.2 M sodium cacodylate, pH 7.4

3. PBS: tablets obtainable from Sigma are a convenient source or make up the

following: 137 mM NaCl, 2.7 mM KCl, 10 mM Na2PO4, 2 mM KH2PO4
3. PreFixes
1. PBS prefix (for cells and tissue):

Add 4 ml of 10% paraformaldehyde to PBS powder or tablets before making up

to 10 ml

2. Membrane prefix (for intracellular structure):

1 ml 5� membrane fix buVer

1 ml 10% paraformaldehyde

3 ml water
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4. Preservation Fixes
3. Karnovski’s fix (for cells and tissue): 0.2 M sodium cacodylate pH 7.4, 2%

paraformaldehyde, 2.5% glutaraldehyde

To make 5 ml add the following stock solutions:

1 ml 1 M sodium cacodylate, pH 7.4

1 ml 10% paraformaldehyde

250 ml of 50% glutaraldehyde (500 ml of 25%)

Water to 5 ml

4. Membrane fix (for intracellular structures):

1 ml 5� membrane fix buVer

1 ml 10% paraformaldehyde

25 ml glutaraldehyde (from 50% stock)

2.975 ml water

5 Tannic acid fix (for protein filaments):

Always make fresh.

1M Hepes pH 7.4, 0.2% tannic acid (Sigma-Aldrich), 2% glutaraldehyde
5. Post Fixes
6. 1% osmium tetroxide in 0.2 M sodium cacodylate (after Karnovski or mem-

brane fix)

7. 0.1% osmium in 0.2 M sodium cacodylate (after tannic acid fix)
B. Equipment
1. Critical point drier

2. High vacuum sputter coater with turbomolecular pump and cold trap or

cryo-pump, chromium target, shutter between target and specimen, and

rotating specimen table.

3. Fine tweezers

4. Petri dishes

III. Procedure
A. Attach Sample to Silicon Chip
Cells can be grown on silicon chips (Agar Scientific Ltd.), which have similar

chemical properties to glass coverslips. Therefore for adherent culture cells clean,

sterilized chips can simply be placed into culture dishes and the cells will usually
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grow on them. The chips are not transparent; therefore to indirectly monitor the

density of cells you can put a glass coverslip next to the chips.

Nonadherent cells or samples such as isolated organelles can usually be attached

to the silicon chip by centrifugation. If your sample will stick to a coverslip it will

usually adhere to a silicon chip. Modified Eppendorf tubes can be used as cham-

bers for spinning samples onto 5 mm square chips (see Fig. 3 for construction).

Samples are diluted into 1 ml of suitable buVer, pippetted into the chamber which

is placed in a swing out rotor and spun at a suitable speed ( just fast enough to

pellet the object without distorting it—this may have to be determined empirically).

The tube is then broken open and the chip removed and placed into a Petri dish

containing fix.

The choice of dilution buVer will depend on the specimen. Cells can be spun in

PBS. Organelles will require a suitable intracellular buVer. For SEM it is important

to consider that since you are just looking at the surface, it is vital that the surface of

interest is ‘‘clean.’’ For instance, when examining nuclei present in cell extracts

containing cytosol, other organelles and cytoskeletal components, samples are spun

through a 10% sucrose cushion in an intracellular buVer in order to prevent other

cellular components from adhering to the nuclear surface (Goldberg et al., 1997).
Cut off lid and bottom
of tube so that it fits
into lid

Invert lid and
place chip
into it

Cut

Insert cut
main body of tube
into lid

Cut

Fig. 3 Preparation of chamber from a 1.5 ml microfuge tube for centrifuging specimens onto

silicon chips.
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Adherence can be increased by treating the chip with poly-l-lysine (Sigma). To

do this 20 ml of a 1 mg/ml solution is place on the chip for 30 min, then washed oV
by rinsing twice in water. Note however that placing unfixed samples, such as

culture cells, onto poly-l-lysine can lead to distortion.
B. Fixation
With the sample attached, the chip is then placed in a Petri dish containing a

prefix. Our usual prefix is 2–4% paraformaldehyde in a suitable buVer.
For culture cells, we usually fix in PBS containing 2–4% paraformaldehyde.

Small amounts of glutaraldehyde (0.01–0.5%) can also be added if it is compatible

with your antibody.

Make up PBS from components or tablets (Sigma), including 2–4% paraformal-

dehyde and pour into Petri dish. Chips with cells either spun onto or grown on

their surface are rinsed with PBS then placed in the fix for 10 min.

Organelles and other cellular components, such as protein complexes, cytoskel-

etal filaments, etc., should be fixed in a buVer formulated to best preserve the

structure of interest and containing paraformaldehyde.
C. Antibody Labeling
Washes and buVer incubations are done in small Petri dishes by transferring

chips with fine tweezers. Antibody incubations are done in a simple ‘‘wet chamber’’

to prevent evaporation of the small antibody volume. This is a Petri dish lid with

damp filter paper placed in it. A glass slide or Parafilm is placed on the filter paper

and chips are placed on this. The Petri dish base is then used as a lid.

1. Wash in buVer (e.g. PBS or appropriate buVer) 2 � 2 min in Petri dishes.

2. Place into 100 mM glycine in the same buVer 10 min. This blocks any

unreacted aldehyde.

3. Wash in buVer 2 � 2 min.

4. Place in blocking solution for 1 h.

This helps block nonspecific antibody binding. 1% fish skin gelatine (Sigma) is

routinely used for blocking, but other blocking solutions are sometimes more

appropriate for some antibodies and may have to be tested empirically or using

information from previous experiments (such as immuno-fluorescence). Normal

serum from the species used to generate the primary antibody is often used, as is

bovine serum albumin (BSA). Occasionally, for particularly weak antibodies, the

blocking step is omitted. Then, of course, careful controls become especially

important.

5. Rinse in buVer.

6. Transfer to a dry piece of filter paper to dry the back of the chip.
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It is important that the back of the chip is dry, but that the front (with the

sample) does not dry out at all. Any air drying of the sample will destroy the

structure.

7. Place chip on slide in wet chamber.

8. Pipette 10 ml of primary antibody onto the sample, place the lid on the wet

chamber and incubate at room temperature for 1 h.

Ensure that the antibody solution remains as a drop on top of the chip and does

not run down the sides onto the slide. If it does, the back of the chip was not

completely dry.

The antibody dilution generally needs to be determined empirically but previous

immuno-fluorescence studies can be a guide. Usually the antibody needs to be

2–10� more concentrated for SEM than for fluorescence.

It is good practice to dilute the antibody in blocking solution, but this is not

always necessary if the proper controls are done and often reduces the level of

labeling. If the signal is weak it can help to extend the incubation time. Usually this

is done overnight in the fridge.

9. Wash chips 3 � 5 min, then 1 � 15 min in buVer.

10. Dry the back of the chip on filter paper as above and place in the wet

chamber.

11. Pipette on 10 ml secondary gold tagged antibody and incubate for 1 h.

This can be diluted in blocking solution but straight buVer is usually OK. The

optimum antibody concentration may again need to be determined. We usually

start with dilutions of 1:50 to 1:100 for commercial preparations, but this is only a

rough guide.

12. Wash chips 3 � 5 min, then 1 � 15 min in buVer.
D. Final Fixation
Place into Petri dish containing final fix.

For culture cells or tissue this can be standard EM fixes such as Karnovsky’s

(see Fixes for recipe). This may be suitable for some organelles and macromolecu-

lar complexes but not always. For instance, high concentrations of glutaraldehyde

can cause artifactual fragmentation of endoplasmic reticulum membranes, hence

the use of Membrane Fix (see Fixes).Tannic acid, on the other hand, is useful for

stabilizing protein filaments, but is not ideal for membrane preservation.
E. Processing and Critical Point Drying
1. Dehydrate samples through an ethanol series of 50, 70, 90, 95, 100, 100%

2–10 min each depending on the specimen thickness. This is done in glass

Petri dishes, transferring the samples individually with tweezers.
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Cell monolayers and isolated structures only require 2 min or less, whereas

thicker tissue samples require longer.

2. Fill CPD with ethanol (dried with molecular sieve, VWR).

3. Transfer samples quickly into CPD chamber. Do not allow any air drying to

occur.

4. Cool chamber.

5. Exchange ethanol for liquid CO2 under pressure (at least 10 exchanges).

6. Leave for 30 min then repeat exchange.

7. Heat to 40 �C during which CO2 passes through its critical point.

8. Slowly release gaseous CO2.

Samples can be stored at this stage for a few days in a vacuum. It is not advisable

to store chromium coated samples which should be coated just prior to

microscopy.
F. Coating
Place samples in the coating unit immediately and pump a vacuum of at least

5� 10�7 mbar using an additional liquid nitrogen cooled cold trap. Introduce pure

argon gas (99.999% purity) and sputter onto shutter. Open shutter and deposit

1–5 nm chromium.
G. Imaging
1. Find the object to be imaged using secondary electron imaging.

In order to detect small gold particles it is essential that all alignments and

astigmatism adjustments are done perfectly.

2. Insert backscatter detector.

3. Use accelerating voltages of 10–30 kV so that backscatter electrons have

enough energy to be detected. Experiment with diVerent kVs to find the optimum

for the SEM being used, as well as for the sample and gold size.

4. Use a high beam current (i.e. 20 mA), and the spot size should not be too small

as you want to maximize the number of electrons hitting the gold particles in order

to detect them. Although some resolution is sacrificed such compromises are often

necessary. Well fixed samples that have been coated with chromium are quite

tough at this stage and can generally resist quite high electron doses. Sometimes

however less resistant samples can become damaged and ‘‘contaminated’’ as the

electron beam scans an area of interest. This has the appearance of ‘‘melted

cheese’’ as the detail disappears and fills in. It can be seen most obviously by

focusing on an area at high magnification then going to a lower magnification

when you will see a rectangular patch. If this happens, lower beam currents and

smaller spot sizes can help, but the best advice is to take the picture as quickly as
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possible and move to a new area. Alignments, stigmation, and focusing can be

done on adjacent areas and/or at low magnifications, then you zoom in to your

area of interest, or a randomly selected area, and quickly press the acquisition

button. This may lead to many failed images, but could get you a few good images

from a diYcult sample.

5. If possible, acquire secondary and backscatter images simultaneously.
H. Image Processing
In order to see the position of the gold particles on the structure, it is best to

superimpose the backscatter image of the gold particles onto the secondary image.

However, backscatter signal from other objects than the gold particles can degrade

the secondary image. In the following procedure this is circumvented by using the

backscatter image as a template to mark the position of the gold particles. Fig. 4

shows an example.

1. Open both secondary and backscatter images from the same area in Adobe

Photoshop.

2. If the images were acquired simultaneously,

3. Select the whole backscatter image (Click on the image and press CtrlþA).

4. Copy the image to the clipboard (CtrlþC).

5. Click the secondary image and paste the backscatter image as a new layer on

top (CtrlþV).

6. Open a third new layer on top (Layer ! New ! Layer ! click OK).

7. Use the Paintbrush tool to mark the position of each gold particle with a dot

in the third layer. Ideally gold particles are clearly defined dots of a uniform size. In

practice this is not always the case. As shown in Fig. 4C some particles are small

and ill defined (small arrows). These may be gold particles that are beneath the

surface being visualized which reduces the signal, but it is diYcult to be sure and

these are usually disregarded (Fig. 4D). The large particle (Fig. 4C, large arrow)

also may be an aggregate of gold particles, but as it is uncertain, this too is

disregarded.

8. Finally delete the backscatter image layer leaving just the position of the gold

particles marked on the secondary image.

If the images were obtained one after the other they may need to be aligned before

marking the position of the gold (due to drift). This can also be done in Photoshop.

Repeat (Steps 1–5) above and with the backscatter image layer selected, click Layer

!Layer Style!BlendingOptions. Then in theGeneral Blending box select Overlay

from the drop down menu. This will give you a transparent backscatter image

overlaid onto the secondary image where the gold particles can be seen as bright

dots. Select the Move Tool from the Tools window and drag the backscatter layer

around until the bright gold dots align with the corresponding dots in the secondary

image where they can be seen. Then do Steps 6–7.
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Secondary image

Optimise contrast
in Adobe Photoshop
or similar

Backscatter image

Optimise contrast

Apply median filter

Select all
Copy
Paste as new layer
onto secondary image 

If necessary select
overlay and align
backscatter and
secondary images

Add new layer
Select paint tool
Adjust brush size to
same as gold particles
Paint dots on position
of each gold particle

Delete layer 2
(backscatter image)

Fig. 4 Process of superimposing information from backscatter detector (gold position) onto second-

ary information (high resolution structures). See figure and text for details. (A) Secondary image. (B)

Backscatter image. (C) Filtered backscatter image. (D) Secondary image with gold positions marked

and backscatter image removed.
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Conclusions

SEM is a powerful method to determine many levels of tissue, cellular and

molecular structure. Modern SEMs are capable of resolving fine details of any

biological surface that can be exposed and then using the methods described here

constituent proteins can be located within a structure, often generating surprising

and novel information.
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I. Introduction

Immunogold labeling is an established approach to localize gene products in

their cellular environment. An antibody, coupled to an electron-dense marker, is

linked to an antigen present on the protein of interest within the cryosection.

In 1959, Singer devised a way to couple an electron-dense protein, ferritin, to an

antibody (Singer, 1959). The recognizable marker could be seen with little ambi-

guity using the electron microscope. Enzyme-labeled tags were later developed by

Nakane and Pierce (1967), and Sternberger subsequently developed a technique

that involved the peroxidase–antiperoxidase tag to improve sensitivity and resolu-

tion with enzyme tags (Sternberger et al., 1970). Later, the use of colloidal gold

markers became a popular method (Faulk and Taylor, 1971). Using small gold

markers, many ultrastructural components of the cell can be labeled with little or

no uncertainty.

In this chapter, we will focus on our current protocols for cryoimmunogold

labeling in order to localize subcellular proteins of interest. Section II describes the

types of grids that are most often used and how they can be prepared for labeling.

Next, Sections III and IV address specimen preparation that is a prerequisite for

eYcient labeling. Following specimen preparation, Section V outlines a method for

ultrathin sectioning. Subsequently, a method for immunolabeling, which enables

the localization of specific proteins and cellular components, will be described in

Section VI, reagents and solutions will follow. Finally, we provide an outlook for

the future of cryosectioning and the application of this technique for tomography.

Because of the nature of this chapter, the majority of the text will be focused on

basic principles and variations in order to maximize labeling eYciency.
II. Preparation of Carbon- and Formvar-Coated Copper Girds

The electron microscopic grid is analogous to a light microscopic glass cover

slide, both provide support for the materials to be viewed. Electron microscopic

(EM) grids are made from metals to conduct heat and charge away from the

sample. Carbon, Formvar, or a combination of the two films can be applied to

the metal to provide support for the cryosection.

Materials

� 1.7 mol/l of ammoniumhydroxide solution (6%, w/w)

� Acetone c.z.

� Formvar

� Chloroform p.a.

� 100 mesh copper grids or slot grids (mesh size 0.5 mm � 2 mm)

� 100-ml glass-stoppered Erlenmeyer flask
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� Glass test tube

� Glass microscope slides

� Coplin jar

� White address label – Adhesive paper

� Formvar/carbon coating setup (BOC Edwards or equivalent) (see Fig. 1)

Preparation of the Grids

1. Place the copper grids in a glass test tube that contains 1 ml of ammonium

hydroxide solution (6%, w/w). Vortex until the color of the ammonium

hydroxide solution appears slightly green against a white surface. Pour oV
the supernatant and replace with water. Repeat in water at least 10 times.

Finally, remove the water and rinse in acetone. Pour oV the acetone superna-

tant and place the glass test tube upside down on a piece of filter paper to dry.

The grids will fall from the bottom of the glass test tube on the filter paper.

2. Dissolve 1.1 g of Formvar in 100 ml chloroform, while stirring, in a Erlen-

meyer flask fit with a glass stopper for 30–60 min. After the Formvar is

dissolved let the solution stand overnight to mature.
Fig. 1 (A) Formvar coating setup. The white arrow indicates the valve, which is opened to allow

the Formvar to drain. (B) Side view of the Formvar coating setup.
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3. Place a microscopic slide into the Formvar coating setup (see Fig. 1) and

mark the outside of the apparatus at 70% of the slide. Remove the cover slide

and gently add the Formvar solution to the Formvar coating device.

4. Place the slide into the Formvar coating setup (the fluid level should be at

70% of the glass slide). Leave the slide in the Formvar solution for 1 min.

5. Open the bottom valve to drain the Formvar solution. The drain speed can

be adjusted using the black valve indicated by the white arrow in Fig. 1.

The thickness of the Formvar is determined by the rate at which the Formvar

flows out of the tunnel, �7 s. for an optimal thickness of �50 nm.

6. Remove the Formvar coated slide from the setup and score the edges of the

glass slide with a razor blade to detach the Formvar at the edges of the slide.

Cut a thin strip from the bottom side to split the film.

7. Breathe on the slide and immediately insert the slide slowly, and perpendic-

ular, into a container filled with water. The Formvar film will float from both

sides of the slide on the water surface. A grayish interference color is optimal

and usually indicates an approximately 50-nm thick Formvar layer.

Coat the Girds with Formvar

8. Using fine forceps, place clean EM grids onto the floating Formvar film; the

rough surface of the grid should be placed down facing the film.

9. Remove the Formvar film supporting the grids from the water surface, using

an ethanol cleaned glass slide covered with a white address label on one side,

by placing the slide on the Formvar film and pushing it into the water so that

the grids adhere to the paper on the slide.

10. Dry the slide and evaluate the quality of the film using an electron micro-

scope. The film should not have any significant tears or holes.

Carbon Coat the Grid

11. Coat the girds 1 day later with a thin layer of evaporated carbon at high

vacuum.

Steps 1–10 (see Video 11 at http://www.currentprotocols.com).
III. Aldehyde Fixation of Cells for Cryoimmuno Labeling

Glutaraldehyde and paraformaldehyde cross-link neighboring proteins through

highly reactive aldehyde groups that create interlocking structures. To minimize the

denaturing eVects of aldehyde fixatives, a low concentration of aldehyde solution is

used for optimal fixation. The absence of organic solvents, which are routinely used in

freeze substitution/plastic-embedding, results in better ultrastructural preservation

and antigenicity.

http://www.currentprotocols.com
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Materials—Cells
� Cultures of adherent cells (in a 10-cm dish) or cells in suspension

� Culture medium appropriate to the cell type

� 2 times fixative, prewarmed to room temperature

� Storage solution (see Reagents and Solutions)

� PBS containing 0.15 mol/l glycine at room temperature

� PBS containing (1% w/w) gelatin at room temperature

� Cell scraper

1. All fixative should be prepared freshly the day of the experiment. Cells

should be grown to �75% confluency at the time of fixation.

2. For the fixation procedure mix a 1:1 volume ratio of fixative and cellular

suspension at 37 �C (Note: The cells must be fixed directly after removing

from the incubator). Incubate the cells in the fixative for 24 h in formalde-

hyde (FA) or for 2 h in formaldehyde/gluteraldehyde (FA/GA) at room

temperature. Do not shake or vortex the cells during this fixation period.

Warning:Handle aldehyde solutions carefully and avoid exposure to skin and/or

breathing of the aldehyde solutions. All steps involving aldehyde solutions should

be carried out in a well-ventilated fume hood and solutions containing aldehydes

should be disposed of in the proper manner.

3. For adherent cells, remove the fixative and store it for later use. The fixative

should be replaced by, by washing 2 times with a 0.15 mol/l glycine solution

in PBS. Remove the glycine solution and replace with 5 ml of a 37 �C, 1%
(w/w) gelatin solution in PBS and leave for 30 min. at 37 �C.

a. Remove the viscous cell suspension from the Petri dish using a cell scraper

and transfer it using a glass Pasteur pipet to a 10-ml Falcon tube and

centrifuge the cells for 3 min at 1000g at room temperature (centrifuge

duration may be altered depending on cell type).

b. Remove the supernatant and resuspend the cell pellet in 1ml of PBS and

transfer to a 1.5-ml Eppendorf tube.

c. Centrifuge the saved fixative, remove supernatant and resuspend the pellet

in 1 ml of PBS. Combine this fraction with the resuspended fraction in 3b.

Certain (pro-apoptotic) cells can be detached before or during fixation. In order

to representative information it is important to study both populations.

4. For cells in suspension, transfer suspension of fixed cells to a 15 ml tube and

centrifuge for 3 min at 1000g, at room temperature.

d. Resuspend the cells in 1 ml PBS/0.15 M glycine and transfer to a 1.5 ml

microcentrifuge tube.
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5. If cells must be stored for a long period of time, transfer cells to a storage

buVer. Shipment can take place at room temperature. Avoid freezing of the

sample.

Steps 2 and 3 (see Video 4 at http://www.currentprotocols.com).

Materials—Tissue
� Tissue sample

� 1� fixative: 1� FA, or 1� FA/GA

� Storage solution

� Razor blades, acetone cleaned

� Glass vials with screw caps

� Fine forceps

1. Place one freshly dissected tissue piece immediately to 2 ml of 1� FA fixative

and another tissue piece to 2 ml of 1� FA/GA fixative both in glass vials with

screw caps.

2. Cut tissue into 3-mm thick pieces using clean acetone-rinsed, air-dried razor

blades and fine forceps.

3. Fix FA-fixed tissue at room temperature for 24 h and then GA/FA-fixed

tissue for 2 h.

4. After fixation, transfer tissue to storage solution in glass vials. Store at 4 �C
in an airtight container. Shipment can take place at room temperature, but

always avoid freezing of the sample.
IV. Embedding Samples for Cryoimmuno Labeling

Fixed cells and tissues are embedded in gelatin to enable solidification of the

sample. A small gelatine cube is produced which can subsequently be plunge frozen

into liquid nitrogen and sectioned.

Materials

� Fixed cells or tissue in storage solution

� PBS

� PBS containing 0.15 M glycine

� 12% (w/v) gelatin in 0.1 M sodium phosphate buVer, 37 �C for tissue samples.

� 2.3 M sucrose in 0.1 M sodium phosphate buVer, pH 7.4

� Parafilm M

� Razor blades, acetone-rinsed and air-dried

� Dissecting microscope with cold-light optics

http://www.currentprotocols.com
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� 1 ml plastic vials

� 10 ml vials

� End-over-end rotator (�10 s per rotation)

� Fine forceps

� Greiner analyzer cup 14/24 mm, 1.5 ml, and caps (Greiner Bio-One)

� Aluminum specimen holders, or steel pins, roughened with sandpaper and

acetone-cleaned, dust-free

� 15 ml aluminum cryotubes (Sanbio) with two holes punched in the top

Cells

1. Centrifuge fixed cells 3 min at 1000g, room temperature. Remove storage

solution. Resuspend the cells in PBS/0.15 M glycine (same volume as storage

solution) and centrifuge. Repeat washing step one more time (wash with

PBS/0.15 M glycine and centrifuge).

All free aldehyde groups should be quenched, otherwise the cells and gelatine

may cross-link to the free aldehyde groups.

2. Resuspend cells in 1 ml of 12%, 37 �C gelatin, then incubate 5 min at 37 �C.
3. Centrifuge cells for 3 min at 11,180g, room temperature. Let stand on ice for

10 min to allow the gelatin to solidify.

4. Cut microcentrifuge tubes just above the cell pellet and cut halves. Transfer

to a 10 ml vial containing precooled PBS, and keep on ice.

5. Transfer the pellet halves to a droplet of cold PBS using forceps, but without

adding pressure on the cells. Cut the cells in gelatin into slices of 0.5 mm. Cut

the slices into 0.5 mm cubic blocks with a clean (acetone-rinsed, air-dried)

razor blade, under a dissecting microscope. Then proceed to Step 6.

Perform steps 4–9 in a cold room to avoid melting of gelatine and drying of the

sample.

Tissue

1. Wash tissue twice, each time for 5 min, in PBS/0.15 M glycine

2. Incubate 30 min each in 2%, 5% gelatin, and twice, 30 min each, in 12%

gelatin in an end-over-end rotator (13 rotations/min) at 37 �C.
3. Place the tissue in a small drop of gelatin on top of a piece of ParafilmM and

remove excess gelatin by pushing the piece of tissue, with a small Petri dish,

along the Parafilm surface when the gelatin is still liquid. Put the Parafilm on

ice so the remaining gelatin covering the tissue solidifies. Cover the gelatin-

infiltrated piece of tissue with a drop of cold PBS. Then, proceed to Step 6.
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4. Transfer the cubic blocks to a Grener cup with a cap that contains 2.3

M sucrose.

5. Rotate sample in sucrose for 4 h in an end-over-end rotator in the cold room.

Steps 1–7 (for cells) (see Video 5 at http://www.currentprotocols.com).

6. Transfer the sample, along with a minimal amount of sucrose from the vial

to a clean aluminum specimen holder that has been roughened with sandpa-

per or scratched with a sharp steel pin.

7. Remove excess sucrose using a clean filter paper, and transfer holders to

small aluminum cryocontainers filled with liquid nitrogen and store.

Steps 8 and 9 (see Video 6 at http://www.currentprotocols.com).

V. Cryosectioning for Cryoimmuno Labeling

Ultrathin cryosectioning has been around since the early 1970s. The idea of a

device able to cut thin sections at cryogen temperatures was pioneered by

Christensen (1971). The devise was called a cryobowl and could be maintained at

temperatures from �30 to �160 �C by flushing the bowl with cold nitrogen gas.

Tokuyasu followed and used a sucrose solution to prevent ice-crystal formation in

frozen samples to be cryosectioned (Tokuyasu, 1973). A high-molar sucrose solution

was used to penetrate the membrane of the specimen and also to reduce ice-crystal

formation, resulting in better preservation of cellular ultra-structure.

The term cryosection is referred to a thawed section that has been produced

from an aldehyde fixed, sucrose infiltrated sample and subsequently sectioned at

low temperature. Contrasted to a vitreous section or frozen hydrated section that

has not been subjected to fixation or stain prior to sectioning.

Materials

� Sample blocks that have been stored in liquid nitrogen

� Section retrieval solution (see reagents and solution)

� Ultramicrotome (Leica) with cryochamber and antistatic devices

� Diamond knife (Diatome, cryoimmuno 35�)
� Trimming knife (Diatome, cryotrim 45� or 20�)
� Eyelash, mounted on a wooden stick

(see Video 7 at http://www.currentprotocols.com)

� 3 mm diameter loop made of twisted 0.3 mm romanium wire (Winkelstroeter

Dentaurum) on a 15 cm wooden stick

(see Video 1 at http://www.currentprotocols.com)

� Carbon- and formvar-coated copper grids

http://www.currentprotocols.com
http://www.currentprotocols.com
http://www.currentprotocols.com
http://www.currentprotocols.com
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Procedure

1. Cool the microtome to �80 �C. Once microtome is cooled insert trimming

knife, and knife for ultra-thin sectioning, once the knifes are cooled insert

and secure the specimen and the knifes.

2. Face the front of the specimen block with the trimming knife at a 200 nm

feed with a speed of 100 mm/sec.

An antistatic device facilitates sectioning. Make sure that the ionizer is cleaned

and positioned in the microtome correctly, and operating when sectioning.

3. Trim the specimen block in the shape of a rectangle with dimensions of

250 mm by 350 mm.

a. Trim one edge of the block at a 100 mm/s feed, 100–120 mm deep.

b. Trim other edge, �100 mm from first edge, with the same cutting speed

and depth.

c. Rotate the sample at 90� and trim along each side the same as (a and b).

d. Rotate the sample back to the original position.

4. It is advisable to check whether the trimmed block is suitable for further

sectioning. This can be done by cutting a few �0.25 mm thin cryosections.

The sections can be stained with Methylene blue and evaluated in the light

microscope.

Ultrathin Sectioning

5. Set and maintain the temperature of the cryochamber, knife holder, and

specimen holder of the microtome at �120 �C.
6. For quality sectioning, the feed should be 50–70 nm (gold to yellow interfer-

ence color), at a speed of 1–2 mm/s.

7. After a ribbon of sections is made, carefully lay the ribbon on the platform of

the knife.

8. Retrieve the ribbon sections from the cryochamber using a droplet of

pick-up solution created on a 3 mm stainless steel loop attached to a

15 cm wooden stick. Place the almost frozen droplet very close to the face

of the ribbon of sections until attached and quickly remove the loop carry-

ing the sections from the cryo chamber. The tube that contains the pick-up

solution (methylcellulose/sucrose) should remain on ice throughout the sec-

tioning procedure; a dry film may appear on the surface of the solution.

9. Once the sections are thawed, immediately place them onto a formvar/

carbon coated grid and store sections until immunogold labeling. Grids

can be stored for weeks in the cold room.

Steps 8 and 9 (see Video 8 at http://www.currentprotocols.com).

http://www.currentprotocols.com


Fig. 2 Section retrieval using a droplet of picking up solution captured by a home-made stainless steel

loop attached to a wooden stick. The droplet is placed onto the ribbon of cryosections and subsequently

removed from the microtome chamber, thawed, and placed onto an EM grid for observation. (A) Shows

a droplet of sucrose/methylcellulose solution that is beginning to freeze at liquid nitrogen temperatures.

(B) Show a droplet of pure sucrose solution that was used to pick up the ribbon of cryosections. Note the

diVerent freezing properties from the sucrose/methylcellulose mixture and the pure sucrose droplet.

(C) Shows the droplet from (A) warmed at room temperature, the arrowhead shows the ribbon of

cryosections. (D) The droplet from (B) warmed at room temperature, the arrowhead denotes the ribbon

of cryosections. Note the diVerence in the quality between the two solutions used for retrieving the

ribbon of cryosections. In (D) the ribbon looks warped and wrinkled, but in (C) the ribbon looks

straight. (Courtesy Erik Bos, NKI).
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10.When the sectioning session is finished clean knives (see Handling and Use

Manual at http://www.emsdiasum.com/diatome/diamond5Fknives).

Ultrathin cryosectioning (see Video 8 at http://www.currentprotocols.com).

VI. Immunogold Labeling

This technique utilizes the antigen-antibody reaction, whereby antibodies applied

to the surface of a cryosection localize an antigen. Protein A gold is then attached

to the antibody. The sample is then contrasted with uranyl methylcellulose mixture.

http://www.emsdiasum.com/diatome/diamond5Fknives
http://www.currentprotocols.com
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Materials

� Cryosections on a grid

� 2% (w/v) gelatin-coated 2.5-cm Petri Dishes

� PBS (phosphate buVer solution) containing 0.15 M glycine

� PBS containing 1% (w/v) BSA

� Primary antibody diluted in PBS/1% BSA

� PBS/0.1% (w/v) BSA

� Secondary antibody in PBS/1% BSA

� 10 nm protein A gold particles at OD 0.1 (Cell Biology, Medical School,

Utrecht University) in PBS/1%BSA

� PBS containing 1% (v/v) glutaraldehyde

� Uranyl oxalate solution

� Methyl cellulose/uranyl acetate solution

� Parafilm M

� Whatman no. 5 filter paper

� 37 �C Incubator

� Forceps

� Stainless steel loop slightly larger than grid attached to P100 (yellow, 100 ml)
pipette tip.

� Stainless steel loops larger than grid attached to P1000 (Blue, 1000 ml) pipette
tips.

Preparation of the Sample

1. Place all grids that will be labeled on cold (solid) 2% gelatin plates and leave

for 30 min at 37 �C.

The 2% gelatin will melt and the grids will float on the surface of the gelatin

liquid. The 12% gelatin used to embed the sample is melted away from the

cryosections into the 2% gelatin.

2. Apply a suYcient amount of Parafilm M to the bench that will act as a

surface to place the droplets of solution. (Prewetting the surface may help to

stick the parafilm to the bench.)

3. Transfer the grid with fine tip forceps to a drop (100 ml) of PBS/0.15M glycine.

The upper part of the grid should remain dry at all times. The bottom part of the

grid should always remain wet during subsequent steps.

4. Block 1 time in 100 ml droplet of PBS/1% BSA for 3min.

Primary Antibody

5. Incubate grid for the appropriate time at room temperature on a 5 ml droplet
of primary antibody diluted to an appropriate concentration in PBS/1%

BSA.
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The appropriate dilution and incubation times vary with the antibody used. The

incubation times range from 30 to 100 min. The antibody must be correctly tittered

to find the best specific signal-to-background signal ratio. Useful references are

Auri on (2006) and Raposo et al. (1997) .

6. Wash the grid five times, each time floating for 3 min on 100 ml droplets of
PBS/0.15 M glycine. The final blocking step should be on PBS/0.1% BSA.

7. Optional: If a primary antibody is used that does not react with protein

A gold, incubate with a secondary (bridging) antibody that will bind to

protein A gold. The antibody must be diluted in PBS/1% BSA. The grid is

exposed for 20 min and then rinsed 5 times on droplets of PBS/0.15Mglycine.

Protein A Gold

8. Incubate the grid for 20 min on 7 ml droplets of 10-nm protein A gold

particles in PBS/1% BSA. The OD of the gold is 0.1.

9. Wash grid 3 times with rapid changes in 100 ml droplets of PBS.
10. Wash grid 6 times with 3 min intervals in 100 ml droplets of PBS.

Fix the Sample

11. Incubate grid for 5 min on 100 ml droplets of PBS/1% glutaraldehyde in a

chemical hood.

12. Wash grid 10 times, each in 100 ml droplets of distilled water at 2 min intervals.

13. Optional: Incubate grid for 5 min on a 100 ml droplet of uranyl oxalate

solutions and rinse by floating for 1 min on a 100 ml droplet of water.

Embed the Sample

14. Quickly wash grid in a 100 ml droplet of methylcellulose/uranyl acetate

solution for 1 min, then in fresh 100 ml droplet of methylcellulose/uranyl

acetate solution for 5 min on ice.

Steps 1–5, and 14 (see Video 2 at http://www.currentprotocols.com).

15. Retrieve the grid with a stainless steel loop that has a diameter slightly larger

than the grid, glued into a P1000 pipette tip.

16. Drain excess methylcellulose/uranyl acetate solution by touching the loop at

an angle of 90� to a Whatmann no. 5 filter paper. Slide the loop from left to

right across the filter paper for�2 cm. Lift loop from the paper just before all

of the volume is absorbed.

17. Air-dry grid at room temperature by placing the pipette tip upside down on a

tube drying rack.

A thin film of methylcellulose/uranyl acetate is left on the grid after drying. The

thickness of the film is important for optimal contrast and to preserve the integrity

of membrane structure. The thickness can be assessed by the interference colors

http://www.currentprotocols.com
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(viewed under a stereomicroscope). A gold colored film is optimal for 50–70-nm

thick sections.

Steps 14–17 (see Video 3 at http://www.currentprotocols.com).
VII. Reagents and Solutions
A. BSA Stock Solution, 10% (W/V)
Prepare 10% (w/v) bovine serum albumin (BSA, fraction V; Sigma) in 0.1

M sodium phosphate buVer containing 0.02% (w/v) sodium azide. Stir slowly at

4 �C until BSA dissolves. Adjust pH to 7.4 and centrifuge 1 h at 10,000g, 4 �C.
Retain supernatant and store in 1 ml aliquots at 4 �C in closed tubes.
B. Formaldehyde (FA) Fixative, 2�

Thaw a 5 ml aliquot of 16% (w/v) formaldehyde (FA) stock solution in 60 �C

water. When the solution is dissolved completely, mix the following:

10 ml 0.4 M PHEM buVer (0.2 M final)

5 ml 16% FA stock (4%, w/v/final)

5 ml H2O

This solution must be prepared fresh before the experiment.
C. Formaldehyde (FA) Stock Solution, 16% (W/V)
Dissolve 32 g of paraformaldehyde in 200 ml of water (to assist with dissolving,

3 drops of 10 M NaOH can be added and the solution can be stirred on a hotplate

until completely dissolved—do not heat above 60 �C. Divide formaldehyde solution

into aliquots in 10 ml tubes. This solution can be stored for years at �20 �C in a

sealed box.
D. Formaldehyde/Glutaraldehyde (FA/GA) Fixative, 2�

Thaw a 5 ml aliquot of 16% formaldehyde stock solution in 60 �C water. When

the solution is completely dissolved mix with the following:

10 ml 0.4 M PHEM buVer (0.2 M final)

5 ml 16% (w/v) FA stock solution (4%, w/v final)

1 ml 8% (v/v) glutaraldehyde (0.4%, v/v final)

4 ml H2O

This solution must be prepared fresh before the experiment.

http://www.currentprotocols.com
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E. Paraformaldehyde (PFA) Fixative, 2�

Prepare immediately before use.

10 ml 0.4 M PHEM buVer

5 ml 16% PFA stock solution

5 ml dist. H2O

Alternative is to purchase premade 16% paraformaldhyde from EMS (Electron

Microscopy Sciences).
F. Gelatin, 1%, 2%, 5%, and 12% (W/V)
Prepare gelatin (Merck) solutions in 0.1 M sodium phosphate buVer, pH 7.4,

containing 0.02% (w/v) azide. Store 2% gelatin to be used for labeling in small Petri

dishes in a closed box at 4 �C to avoid drying.
G. Methyl Cellulose/Uranyl Acetate
For the methyl cellulose stock solution, add 2 g methyl cellulose (Sigma, 25 cP)

to 98 ml prewarmed (90 �C) distilled water and stir. Place solution on ice to cool

until the temperature has dropped to 10 �C. Stir overnight at low speed in the cold

room. Let the solution stand for 3 days in the cold room. Centrifuge for 95 min at

97,000g, 4 �C, then divide the supernatant into 10 ml aliquots and store for up to

2 months at 4 �C.
For methyl cellulose/uranyl acetate, mix 1 ml of 4% uranyl acetate and 9 ml of

methyl cellulose stock. The solution can be stored for a couple weeks at 4 �C in a

dark container.
H. PHEM BuVer
Dissolve 72.5 g PIPES (240 mMfinal) in 600 mL 0.375MNaOH. Gradually add

15.2 g EGTA (40 mM final) while stirring. Dissolve 23.8 g HEPES (100 mM final)

in 200 ml water and add this to the other mixture. Add 1.63 g MgCl2 (8 mM final).

Adjust the pH to 6.9 using 1 M NaOH and adjust the volume to 1 l. The solution

can be stored for years at �20 �C.
I. Section Retrieval Solution
Prepare a 1:1 mixture of 2.3 M sucrose in 0.1 M sodium phosphate buVer, pH
7.4, and 2% (v/v) methyl cellulose in distilled water. Mix on an end-over-end

rotator in the cold for 20 min. This solution must be prepared fresh before the

experiment.
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J. Storage Solution
Thaw 5 ml aliquot of 16% formaldehyde stock solution in 60 �Cwater. When the

solution is clear, add the following:

5 ml 0.4 M PHEM buVer

0.6 ml 16% FA stock solution, thawed and clear

14 ml H2O

The solution can be stored for a month at 4 �C.
K. Uranyl Acetate, 4% (V/V)
Prepare a 4% stock of uranyl acetate in distilled water and adjust pH to 4 with

0.1 NHCl. This solution can be stored in the dark for up to 1 month at 4 �C. Before
using the solution must be filtered through a 0.22-mm Millipore filter.
L. Uranyl Oxalate Solution
Mix one volume of 4% uranyl acetate and one volume of 0.15 M oxalic acid.

Adjust pH to 7 with 25% (v/v) ammonium hydroxide, stirring well after adding

each drop. This solution can be stored for several months in the dark at 4 �C.
Fig. 3 An electron microscope micrograph of an ultrathin cryosection (50nm) of an A543 cell. The

cryosection was immunolabeled with an antibody against a connexin 43 that was linked to 10 nm

protein A gold. Inset depicts the specific labeling of the gap junction. Bar ¼ 300 nm. (Courtesy Hans

Janssen, NKI).
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VIII. Future Outlooks

Microscopy enables observation of small cells and organelles, unrecognizable to

the human eye. While light microscopy can provide valuable information about

whole cells, the spatial resolution is limited to the wavelength of light (�0.4–

0.7 mm). Therefore, in order to resolve cellular structures greater than 0.5 mm,

electrons are used which can provide �100% better resolution than imaging with

light. The immunogold labeling techniques provide reliable localization of proteins

in their cellular environment (van der Wel et al., 2005), i.e. a connexin 43 localized

in the gap junction (Fig. 4). Proper ultrastructural preservation and eYcient

labeling techniques aVord quantification of labeling within the cryosection

(Mironov et al., 2003). The opportunity to quantify the distribution of a protein

within the cellular environment is an important tool to understand the labeling

eYciency and the proper location of the protein.

Although single image projections provide a starting point for EM imaging, the

cell and cellular components are naturally three-dimensional. In order to capture

the three-dimensionality of cells and cellular components, many projection images

are needed at diVerent tilting orientations, called electron tomography. Tomogra-

phy involves recording images at diVerent tilt increments by automatically tilting

the stage of the microscope, the images are subsequently complied and aligned to a

common origin and reconstructed into a 3D map (Koster et al., 1992).

Tomography of immunolabeled cryosections can provide better spatial infor-

mation about immunolabeled proteins, i.e. Escherichia coli tsr receptor, COPII-

coated membranes and Golgi (Zhang et al., 2004; Zeuschner et al., 2006; Ladinsky

et al., 2007), within the 3D architecture of the cell. Figure 4 shows slices from a

reconstructed tomogram of the gap junction labeled with an antibody that recog-

nizes a connexin 43. For further reading on tomography of immunolabeled sam-

ples see Ladinsky and Howell (2007).

Although the EM of immunolabeled cryosections enables visualization of cellu-

lar details and organelles, individual proteins and macromolecular protein inter-

actions are currently unreachable using conventional preparation techniques

(fixation, dehydration, or staining).

For the next generation, the cell and cellular components must be imaged in

their most native state. Because of the nature of the fixation process, cells are never

completely free of fixation artifacts, for example aldehydes cross-link proteins

and dehydration reduces the integrity of cellular macromolecules rendering the

interactions nonnative. In hopes to alleviate these problems, a novel preparation

technique emerged that involves rapid freezing to immobilize cells in an amor-

phous layer of water (Dubochet, 1983). At such high rates of freezing, water or

biological material is absent of crystallization, which may damage ultrastructure of

the cell. Cryoelectron tomography has revealed many novel insights into macro-

molecular architecture and subsequent function of complex biological machines,

i.e. axoneme of Chlamydomonas and Sea Urchin sperm (Nicastro et al., 2006).



Fig. 4 Tomography of a cryosection immunolabeled with a connexin 43. A) A slice from the original

tilt series acquired with an Tecnai F20. The black arrow indicates 10 nm gold that is localized to a gap

junction within an A543 cell. (Similar to the area shown in Fig. 4.) Bar ¼ 100 nm. B) A slice from the

middle of a reconstructed tomogram. C) A slice from the tomogram that has been rotated perpendicular

to the section plane. Note the gold label remains on the surface of the section. The tilt series was

acquired using a Tecnai F20 (FEI, Eindhoven) and reconstructed using the IMOD software (Kremer

et al., 1996). Bar ¼ 50 nm.
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Mammalian cells, tissue, and larger bacteria cells are too large to be viewed in

toto by plunge freezing. Therefore, to freeze such large volumes of cells high-

pressure is applied during the process of freezing (HPF). Cells larger than 0.5 mm
and even small pieces of tissue can be vitrified and then sectioned using HPF

technique (Studer et al., 1989). Frozen thin sectioning was demonstrated in 1971

by Christensen and colleagues (Christensen, 1971), and later some of the pioneers

demonstrated and developed the technique of frozen hydrated sectioning

(McDowall et al., 1983; Dubochet et al., 1988; Fredrik et al., 1982). The technique

has been applied to a number of interesting biological structural studies (Al-

Amoudi et al., 2004; Bouchet-Marquis et al., 2007; Zhang et al., 2004). Although

there are still problems associated with the sectioning process and imaging of the

vitreous sections (Al-Amoudi et al., 2005; Hsieh et al., 2006), cryotomography of

vitreous sections is currently the only technique to visualize cells and tissues larger
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than 0.5 mm close to their native state (Marko et al., 2007). Cryotomography of

vitreous sections may hold the key to unraveling some of the most exciting

macromolecular interactions, in turn revealing the true function of supramolecular

complexes in situ.
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Abstract

The objective of modern transmission electron microscopy (TEM) in life science

is to observe biological structures in a state as close as possible to the living

organism. TEM samples have to be thin and to be examined in vacuum; therefore

only solid samples can be investigated. The most common and popular way to

prepare samples for TEM is to subject them to chemical fixation, staining, dehy-

dration, and embedding in a resin (all of these steps introduce considerable

artifacts) before investigation. An alternative is to immobilize samples by cooling.

High pressure freezing is so far the only approach to vitrify (water solidification

without ice crystal formation) bulk biological samples of about 200 micrometer
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thick. This method leads to an improved ultrastructural preservation. After high

pressure freezing, samples have to be subjected to follow-up procedure, such as

freeze-substitution and embedding. The samples can also be sectioned into frozen

hydrated sections and analyzed in a cryo-TEM. Also for immunocytochemistry,

high pressure freezing is a good and practicable way.
I. Introduction
A. General Aspects Concerning Sample Preparation for TEM
In transmission electron microscopy (TEM) only solids can be investigated.

Biological samples consist of about 80% water or more and this has to be either

removed or solidified. The most common approach is chemical fixation, followed

by dehydration and embedding in a resin (Luft, 1961). These steps introduce

artifacts. Soybean root nodules cannot be well preserved by chemical fixation;

however, high pressure freezing followed by freeze-substitution and Epon embed-

ding provides an excellent ultrastructure (Studer et al., 1992). The same holds for

cartilage (Studer et al., 1995) and other biological samples. High pressure freezing

introduced by Moor in the 1970s (Moor, 1987; Moor et al., 1980; Moor and

Hoechli, 1970; Riehle and Hoechli, 1973) is mainly restricted by sample size. The

samples have to be small (diameter: 1–2 mm, maximum thickness: 200 mm). The

transition of a biological sample into a solid must occur fast. This, in fact, is

possible only by cryofixation (fixation time is less than 50 ms).
B. General Aspects of Cryofixation
Cryofixation greatly increases the viscosity of the solvent (water) in a biological

sample. At extremely high viscosity, all cell constituents, including water, are

completely immobilized. The formation of crystalline water (ice), however, will

destroy the cell’s ultrastructure since only water molecules are incorporated in the

ice crystal and therefore all solutes are concentrated on the surface of the ice crystal

ramifications. This phase segregation leads inevitably to solute segregation,

destroying the ultrastructure, and is manifested as segregation patterns (netlike

structures) in the sections. Therefore ice formation must be prevented at all costs.

Successful cryofixation passes a temperature window in which water usually cools

that fast that no crystallization of water occurs (Fig. 1). Such state is called the

vitreous state, and the solid gained amorphous ice.
C. How Undesired Ice Is Formed
The crystallization and melting of water are not the reverse transformation of

each other. Melting is a single step process that occurs at the melting point when

solid water is heated, whereas freezing of liquid water involves ice crystal nucle-

ation and crystal growth. Liquid water, however, is easily supercooled to about
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Fig. 1 The influence of solute concentration and pressure on the crystallization window for cryofixa-

tion. Upon slow cooling of pure water, ice crystals can form from 273 K (0 �C), but the eVect of

supercooling can postpone this process up to the nucleation temperature of 231 K (�42 �C). However,

the increasing probability that ice crystals are formed at decreasing temperatures is represented by the

grayscale gradient. Below 231 K (�42 �C), ice crystals will form (black region). The ice crystallization

process is halted at temperatures below the recrystallization temperature of 136 K (�137 �C). The
typical solute concentration of the cell’s cytoplasm will lower the melting point (concentration depend-

ing) and will elevate the recrystallization temperature, as can be morphologically derived after freeze

substitution. Applying a pressure of 204.5 MPa will further lower the melting point and the nucleation

temperature. As a result, the temperature range suitable for ice crystal formation is decreased. The

arrows indicate the direction of cooling.
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248 K (�25 �C) and in 5 mm diameter tiny droplets down to about 231 K (�42 �C)
under normal atmospheric pressure (Fig. 2). Liquid water may be supercooled to

about 181 K (�92 �C) at 205 MPa. The extent of supercooling also increases with

increasing solute concentration (Kanno et al., 2004). However, ice formation also

requires a minimum temperature (energy). This lower temperature limit is known

as recrystallization temperature, which is about 136 K (�137 �C) for pure water.

At lower temperatures, the energy is not suYcient for the formation of new

crystals. Together, the nucleation temperature and the recrystallization tempera-

ture define a temperature window wherein water crystallizes (Fig. 1). Successful

cryofixation passes this temperature window that fast that no ice crystals can be

formed. This happens when heat is extracted faster from the system than it can be

produced by the crystallization process.
D. Vitrification
Whether or not an aqueous solution will form crystalline ice depends on its ice

nucleation frequency and the rate of heat removal from the system. Vitrification

circumvents ice formation, and is depending on the thermal diVusivity (¼ thermal

conductivity divided by density and thermal capacity) and solute concentration of

the sample, the sample thickness, and the pressure applied. Successful vitrification

is mainly influenced by two factors: the cooling rate and cryoprotective aspects.

Under atmospheric conditions, only cooling rates of 500 000 K/s and higher can

extract heat fast enough to prevent the formation of ice crystals in biological
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samples. However, heat can only be removed eYciently from the surface, and the

physical properties of the sample itself controls the heat extraction in the sample

(Studer et al., 1995; Shimoni and Müller, 1998). Thermal diVusivity of water and

thickness of the sample will define the cooling rate in the sample. Bad thermal

diffusivity of water prevents efficient heat extraction over a large distance. Even at

a theoretically infinitely high cooling rate (>500,000 K/s) at the surface of a 600 mm
thick aqueous sample, the cooling rate drops below 1000 K/s within 150 mm from

the surface. Hence, improvement of technology will not help to vitrify thicker

samples. At ambient pressure, water films of about 100 nm thickness can be

vitrified (Dubochet et al., 1988).

For an aqueous solution, the time required to form an ice crystal increases with

increasing solute concentration (Angell and Choi, 1986). The nucleation temperature

decreases and the recrystallization temperature increases, narrowing down the crys-

tallization temperature window of water. This implies that the needed cooling rate is
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reduced and heat can be extracted from the centre of thicker samples fast enough to

avoid ice crystal formation. For a hypothetical biological sample with a ‘typical’

solute distribution and concentration, about 10–20 mm thick samples can be vitrified.

Almost infinitely large samples can be vitrified by applying the Tokuaysu protocol

(Tokuyasu, 1973). Such samples were mildly fixed (chemically) and then cryopro-

tected with 2.3 M sucrose. In these samples, ice nucleation is this rare that ice crystals

almost never form. The last parameter is pressure. At 204.5 MPa, the maximum

melting point depression of pure water is reached at 251 K (�22 �C; Kanno et al.,

1975; Fig. 2). Reducing or increasing the pressure at this temperature will induce

crystallization. In hyperbaric environments, the eVect of supercooling is increased to

lower temperatures: the nucleation temperature has aminimumof 181 K (�92 �C) at
210 MPa (Kanno et al., 1975; Fig. 2). These properties reduce the crystallization

window and vitrification is achieved in the centre of the sample at lower cooling

rates than at ambient pressure (Fig. 1). Practically, about 100 times smaller cooling

rates are required than at ambient pressure. A cooling rate of about 5000 K/s is

suYcient to vitrify at 205 MPa. As a result, vitrification at 205 MPa is achieved in

approximately 10 times thicker samples than at ambient pressure. The increase in

pressure to 205 MPa during freezing has a similar eVect as an increase in solute

concentration of the sample. Practically, this means that ice crystal formation can

be prevented in 100–200 mm thick samples with a typical biological solute concentra-

tion anddistribution (Sartori et al., 1993; Shimoni et al., 1998; Studer et al., 1995).The

eVect of high pressure on biological samples cannot be neglected. Whenever it is

possible to vitrify a sample at ambient pressure, high pressure should be avoided;

however, only very thin sampleswill be vitreous (10–20 mm in thickness).During high

pressure fixation, living cells or entire organisms are submitted to a pressure of

205 MPa for about 25–100 ms prior to freezing (Fig. 3). Experiments with Staphylo-

coccus aureus at 200 MPa showed a survival rate of 99.99%after 25 ms of pressuriza-

tion (Butz et al., 1990).Around90%survival rates ofEuglena gracilisalgaewerenoted

(Riehle and Hoechli, 1973) after treatment with 200 MPa for considerable longer

periods (100 ms).Highpressures donot directly impact physical damage to living cells

(Suppes et al., 2003). Although exposure to pressure for short time is not lethal for

most cells, pressure has an eVect on the biological structure. 200 MPawill solidify the

lipid bilayers, and leads to a change in biologicalmembrane structure (Semmler et al.,

1998). Moreover, high pressure failed to retain the structure of cholesteric liquid

crystal phase DNA (Leforestier et al., 1996). This crystal structure is preserved in

samples frozen at ambient pressure.
II. Rational

The main goal in electron microscopy is to show structural features reflecting the

native biology. This goal can only be achieved with improved sample preparation

methods. So far, high pressure freezing is the best option for small bulk biological

samples.
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Fig. 3 The process of high pressure freezing (Leica EMPACT 2). The pressure is increased to 200 MPa

within 10 ms. Once the required pressure is achieved, the temperature (starting at 37 �C) drops. Ice
crystals can be formed from the moment the temperature falls below the nucleation temperature (Tm ¼
253 K or �20 �C) until the temperature is lower than about 173 K (Tr ¼ �100 �C). This temperature

drop lasts about 30 ms in the center of a 200 micrometer thick sample. The pressure is maintained for in

total 600 ms (only 200 ms shown in the graph) at an average of 204.5 MPa.

156 Dimitri Vanhecke et al.
III. Material

Three high pressure freezing machines are commercially available (Leica, Baltec,

Wohlwend). We focus on the Leica EMPACT (Fig. 4; Studer et al., 2001; Leica-

microsystems, Vienna, Austria). Whatever machine is used, the biological sample

is transferred into a specific holder (the sample holder). A range of sample holders

are available, and each type of holder is tuned for optimal use of distinct types of

samples: tubes for suspensions, ring holders for in vitro grown cell layers on

sapphire disks, and microbiopsy holders for a specially designed microbiopsy

system (Fig. 5). Consumables and additional tools can be obtained from the

respective manufacturers.

The nature of the sample determines which type of sample holder should be

used. Suspensions such as bacteria, yeast, and Trypanosoma can be easily loaded

in the copper tube sample holder of the Leica EMPACT (Fig. 5, Grunfelder et al.,

2002; Matias et al., 2003). Even for larger, nonunicellular organisms, such as the

Nematode model organism Caenorhabditis elegans (Claeys et al., 2004) and roots



Fig. 4 The Leica EMPACT 2 (on the left).

Fig. 5 Three sample holders for the Leica EMPACT. On top the tube holder, placed in its envelope

prior to freezing. Below are two platelet systems: the flat platelet (left) can hold a range of samples in

its cavity (200 mm deep, 1.5 mm in diameter). On its right is a specialized platelet for biopsies depicted.

Bar ¼ 1 mm.
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of the plant model organism Arabidopsis thaliana (Van Belleghem et al., 2007), this

type of sample holder is suitable. The copper tubes would also be the holder of

choice for fluids such as milk or blood. Additionally, the copper tubes present an

eYcient solution for the generation of frozen hydrated sections by CEMOVIS

(Al-Amoudi et al., 2004a,b; Dubochet et al., 1988).

DiVerent platelet holders (Fig. 5, discs with a central cavity of 200 mm in depth

and 1.5 mm diameter) are suitable for a large variety of samples, including plant

leaves (PfeiVer and Krupinska, 2005), Xenopus pituary gland (Wang et al., 2005),

Axolotl embryos (Epperlein et al., 2000) and Drosophila gestation organs

(Shanbhag et al., 2001), to adress but a few.

On occasion, the samples have to be trimmed down to fit the small dimensions of

the holder. Often, the use of microbiopsy systems (Hohenberg et al., 1996;

Vanhecke et al., 2003 (Leica-microsystems, Vienna)) is useful in situations where

the excision is particularly diYcult, has to be precise (e.g. human tissue) or fast

(Hsieh et al., 2006; Liu et al., 2006; Muhlfeld and Richter, 2006).
IV. Methods

Suspensions are concentrated by centrifugation and the pellet is transferred with

a pipette onto parafilm. Small drops (�10 ml) easily form on its hydrophobic

surface. Then the cell suspension is aspirated into a copper tube by means of a

piston wire, in which the pistons diameter fits the bore of the tube (�0.3 mm).

Tissues are trimmed to the correct size with scalpels and punches prior to transfer

to the platelets. Microbiopsy systems are specialized tools to avoid trimming of the

sample and facilitate transfer to the high pressure freezing machine. Once the

samples are introduced into the sample holders, they are fixed in a so-called

pod and high pressure frozen in the EMPACT. The microbiopsy system allows

for a handling time (from excision of the sample until the sample is frozen) of

maximum 30 s.

High pressure freezing as stated earlier is limited to small samples. There is also

another restriction: samples cannot contain gaseous compartments. If possible

these compartments have to be filled with a liquid prior to freezing. Studer et al.

(1989) proposed 1-hexadecene for this purpose. Gaseous compartments will col-

lapse completely during the application of 204.5 MPa and destroy the structures.

Once the samples are frozen, follow-up procedures, such as freeze substitution,

freeze drying, freeze-fracturing, or cryosectioning, are applied. The most popular

one is freeze-substitution (Van Harreveld et al., 1965). With the exception of yeast,

all images shown originate from samples freeze-substituted at 183 K (�90 �C) in
acetone containing 2% of osmiumtetroxide. Substitution is followed by embedding

in Epon, curing, ultrathin sectioning, and investigation in the electron microscope.

Frozen-hydrated sections are obtained by cryosectioning after high pressure

freezing and investigated on a cryostage at 100 K in the electron microscope

(CEMOVIS, Al-Amoudi et al., 2004b).
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Several fluorescent dyes are shown to survive the treatment of high pressure

freezing (Biel et al., 2003), thus creating possibilities for correlative confocal laser

scanning microscopy and TEM.
V. High Pressure Frozen Samples

Figures 6–9 show some well preserved high pressure frozen samples. Character-

istics are straight membranes and no ‘empty’ organelles. The overview (Fig. 6A)

shows how well the ultrastructure of an ivy leaf is preserved when impregnated

with 1-hexadecene. The detail shows two adjacent cells. Brain tissue sample is

shown in Fig. 7. The image depicts a pyramidal cell in an organotypic tissue culture

of mouse hippocampus. Cell organelles as well as the adjacent neuropil are well

preserved. Fig. 8 shows Langerhans cells grown on a sapphire disc. The cells were

sectioned perpendicular to the plane of the disc. The cell on the top is in the state of

apoptosis. The remaining two cells are healthy. Frozen hydrated yeast cells are

shown in Fig. 9. The samples are not stained with heavy metal solutions; just the

vitreous biological matter is depicted by phase contrast.
Fig. 6 A high pressure frozen and freeze-substituted ivy leaf is shown. The leaf is beautifully

preserved—the overall leaf architecture (Fig 6A, bar ¼ 50 mm) as well as the cell organelles (Fig. 6B,

bar ¼ 1 mm).



Fig. 8 Langerhans blood cells high pressure frozen and freeze-substituted are shown. The two cells

adsorbed on a sapphire disc are healthy cells, whereas the top cell is apoptotic showing condensed DNA

in the nucleus and a lot of empty vesicles in the cytoplasm. The section was taken perpendicular to the

disc surface. Organelles of the two healthy cells are perfectly preserved. Bar: 1 mm.

Fig. 7 A pyramidal cell high pressure frozen and freeze-substituted is depicted. The cell derives from

an organotypic brain tissue culture of the hippocampus of mouse. The cell as well as the adjacent

neuropil show an excellent structural preservation. Bar ¼ 1 mm.
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VI. Discussion

It was shown on a wide variety of samples that the preservation of the ultrastruc-

ture is improved when cryofixation is applied as an alternative to chemical fixation

(Kaneko and Walther, 1995; Kellenberger et al., 1992; Mony and Larras- Regard,

1997; Morason et al., 1994; Murk et al., 2003; Royer and Kinnamon, 1996;



Fig. 9 Yeast cells investigated on a cryostage in the electron microscope after cryosectioning of a high

pressure frozen sample. The frozen biological matter is visible because of phase contrast. This approach

in electron microscopy shows biological details closest to their native state. The overview shows some

single yeast cells. The image of the middle shows a single yeast cell. The cell wall is well depicted. The

largest organelle is the nucleus. The bright organelles represent vacuoles and the dark ones mitochon-

dria. The bottom image shows the nuclear membrane with pores. The nucleus is located left of the

membranes. Bar: 10 mm (top), 1 mm (middle), and 100 nm (bottom).
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Studer et al., 1992 and 1995; Vonschack and Fakan, 1993). Often, once-thought

biological features could be debunked to aldehyde-induced artifacts (Van Harreveld

et al., 1965; Wagner and Andrews, 1985). Also immunolabelling methods profit

from these improvements: epitopes do not react with fixatives and therefore survive

the embedding better, which leads to an increased signal (Lawrence et al., 1995).

As shown earlier, the sample thickness is limited by the physics of cooling. Thanks

to the introduction of high pressure, typical biological samples can be vitrified up to

200 mm thickness and a diameter of 1–3 mm. For studying large samples, this is not

suYcient. However, whenever high pressure freezing is possible, it increases the

structural preservation enormously.Up to date there is no alternative available for a

better preserving of small samples of a thickness of 200 mm.
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I. Introduction

High-pressure freezing (HPF) in combination with substitution of the vitrified

ice by organic solvent at low temperature, so-called freeze substitution, has widely

been accepted as a method that is superior to conventional chemical fixation of the

living state (for review,Moor, 1987; Schwarz et al., 1993). Once embedded in resins

and sectioned for transmission electron microscopy, such cryoprocessed tissues

and cells show less extraction of biological material and less aggregation artifacts.

In addition to these preparative aspects, the immobilization of the living state

within milliseconds and its chemical fixation at low temperature oVer bright

prospects for the correlation of light- and electron microscopy on cell monolayers.

The sequence of dynamic fine structural alterations, recorded by video microscopy,

could be reconstructed by electron microscopic ‘‘snap shots.’’

Recently, sapphire glass was found to be a suitable tissue culture substratum for

cell monolayer freezing at both ambient and high pressures (Hess et al., 2000;

Neuhaus et al., 1998; Reipert et al., 2003, 2004a; Schwarb, 1990; Wild et al., 2001).

The interest in the latter is understandable, as HPF achieves depths of ice-crystal

free freezing that exceed the thickness of cells. Therefore, routinely reproducible

results can be expected by this freezing technique. Apart from this, sapphire

substrata are appreciated for their optical and mechanical properties.

Currently, diVerent technical solutions for HPF are commercially available.

Although initially designed for bulky tissue samples, they also allow cryofixation

of cell monolayers on sapphire coverslips. While the stationary BAL-TEC (Lich-

tenstein) high-pressure freezer oVers the possibility to freeze cells on sapphire with

a large diameter (3 mm), LEICA Microsystems (Austria) follows the concept for

mobile HPF that requires sapphire sizes of 1.4 mm in diameter. In its new version,

the LEICA high-pressure freezer can be coupled with a rapid transfer station for

sapphire coverslips coming directly from the light microscope.

Once ice-crystal damage-free freezing by one technique or the other is accom-

plished, success largely depends on reliable procedures for cryosample handling

and on optimized freeze substitution/embedding protocols. The protocols pre-

sented here were adapted to the special needs for handling of tiny 1.4 mm sapphire

coverslips. However, they consider also more general principles in cryopreparation

that could be of common interest. Furthermore, a protocol is provided for best fine

structural preservation in epoxy resin, comprising low temperature fixation and

osmification of cell monolayers in the substitution medium acetone (Reipert et al.,

2004a; Zenner et al., 2007). Finally, since osmification and epoxy resin embedding

are not promising options for postembedding immunogold labeling, technical

solutions are oVered for low-temperature fixation and embedding of cell mono-

layers in the metacrylic resin Lowicryl HM20.
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II. Materials and Instrumentation

HPF was performed by using the LEICA EMPACT high-pressure freezer with a

flat specimen holder system that includes a loading device (LEICA Microsystems,

Austria) for handling of flat gold-plated specimen carriers (0.5 mm thick, 1.5 mm

in diameter, 200 mm deep; LEICA Cat. #16706898). Sapphire coverslips (1.4 mm

diameter, 0.05 mm thick) were purchased from LEICA Microsystems (Cat.

#16706849) and Wohlwend GmbH (Sennwald, Switzerland).

Freeze substitution was performed using an automatic freeze substitution unit

(AFS; LEICA Microsystems). The spider cover with eight positions (LEICA Cat.

#16702743), stem holder for spider cover (LEICA Cat. #16702744), and universal

containers for plastic capsules (LEICA Cat. #16702735) were used in the way

described below. Multiply-Pro cups, 0.2 ml, for PCR (Sarstedt, Germany; Cat.

#72.737.002) were found to be particularly useful for economical use of Lowicryl

and its polymerization under UV light. Attention was paid to low water content in

the substitution medium (use of dried acetone, SeccoSolv with max. 0.01% H2O,

Merck, Germany; dehydration of uranyl acetate by calcium chloride). Low tem-

perature measurements were done with an instrument, Testo 735–2 (Testo AG,

Lenzkirch, Germany), equipped with an immersion probe TC Type K.

Selection of the right tweezers for sample handling was found to be of particular

importance. The following models were used: tweezers, super fine points, short,

Style #4; tweezers, thick point, short, Style #5SA; and wafer tweezers, Style #39S2.

Other chemicals and consumables mentioned in this article are commonly

available from electron microscopy supply companies.
III. Procedures
A. Cell Growth on 1.4-mm Sapphire Coverslips
1. Clean the sapphire coverslips as follows:

� Treat them with concentrated HCl for 2 h.

� Rinse them under running tap water.

� Subsequently, wash them in double distilled water.

� Place them in a plastic Petri dish containing 70% ethanol.

2. Transfer the coverslips (one per well) into a 24-well plate with culture medium

or matrix protein solution. Incubate them at 36 �C in culture medium over-

night. If cells, e.g., keratinocytes, require collagen coating, place them in

collagen solution and incubate them for 3 h at 37 �C or in the fridge over night.
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3. Replace the content of the wells by 0.5 ml fresh medium without disturbing

the coverslips at the bottom. Use a sterile Gilson pipette for this purpose.

4. Seed cells onto coverslips by seeding 1 ml cell suspension, obtained by tryzi-

nisation of a 90% subconfluent cell layer.

5. Incubate cells (murine keratinocytes in keratinocyte full medium without

Caþþ; PtK2 rat kangaroo cells in DMEM) for 2 days at 37 �C and 5% CO2.
B. HPF of Cells on 1.4-mm Sapphire Coverslips
For transfer of the cells under well-defined conditions it is necessary to position

the tissue culture incubator and high-pressure freezer next to each other. The mobile

LEICA EMPACT HPF machine and its successor device allow temporary place-

ment in tissue culture labs. For freezing, sapphire coverslips with a diameter of

1.4 mm have to be transferred into flat sample carriers with an inner diameter

of 1.5 mm. Ideally this should be done under a stereo microscope with long distance

range. Transfer and fitting of the sample carrier into a specimen pod, supported by a

loading station, take about 10–15 s. Further 10–15 s are required for mounting of

the specimen pods onto the loading device and starting of the freezing process via a

tough-sensitive screen.
Steps
1. Keep a flat sample carrier and a sample pod ready in the loading station.

2. Take the sapphire coverslip out of the well plate (tweezers #5SA) and dip it

shortly into a 20% BSA solution in phosphate buVered saline (PBS) before putting

it with the cells facing up into the sample holder. Make sure that no air bubbles are

trapped and the holder is not overloaded with BSA solution.

3. Shift the lever with sample carrier vertically into the flat specimen pod and

seal the pod by tightening it with a torque wrench. As a result the cell layer is

sandwiched between a black diamond and the sample carrier itself. The cell-free

back side of the sapphire coverslip faces a small hole at the bottom of the specimen

carrier through which the high pressure would be inserted (Fig. 1).

4. Mount the specimen pod onto the loading device, insert it into the HP-freezer,

lock the tube connection to the sample pod and start freezing at high pressures

between 1950 and 2020 bars. The high pressure can be adjusted conveniently by

regulation of the internal working pressure of themachine. After freezing, the sample

pod will be released automatically into a liquid N2 bath.

5. While still in liquid N2, separate the sample carrier from the specimen pod

and transfer it to the freeze substitution unit or to a storage Dewar. Make sure to

use precooled tools and tweezers for handling.

6. Since the BSA solution is sticky, always clean the sample pods after use:

remove the black diamond for this purpose and clean its surface on wet filter paper.

Perform ultrasonication of the pods in double distilled water. Subsequently, blow

out residual water from the inside of the pod and dry it on a warm plate.
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Fig. 1 Cross section through a flat sample carrier (1) with a hole at its bottom for insertion of high

pressure (arrow). The cell monolayer on the sapphire coverslip (2) faces towards the opening of the

carrier that is sealed by a black diamond (D). The space in between is filled with BSA solution.
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C. Freeze Substitution of Cell Monolayers
Importantly, freeze substitution has to be performed while the sapphire cover-

slips are still in the sample carriers. This avoids the unintended loss of sample

orientation during processing and handling. Despite the use of an open carrier, the

coverslip will remain in it during the whole procedure.

The chamber space of a freeze substitution unit is limited. The arrangement of

containers, vessels for polymerization and tools seen in Fig. 2, allows processing of

a small number of samples. However, by exchange of vessels in accordance to the

needs of the protocol, safe handling of up to 24 samples is possible.
1. Preparation of the AFS
1. Program the AFS for gradual warming up (35 �C/h) from the lowest temper-

ature that can be achieved (�160 �C) to the substitution temperature of�90�. This
will help to avoid cracks in the frozen sample.

2. Fill substitution medium in Sarstedt tubes, with a conical bottom (1–1.5 ml

substitution medium/tube). Place these tubes into universal containers and cool

them down to �160 �C. Also, insert media for exchange of solvents and screw-

caped glasses for the uptake of liquid waste.

3. Put the liquid N2 cooled samples into a small transfer container filled with

liquid N2 and transfer it into the AFS. Place one sample carrier per Sarstedt tube

onto the frozen substitution medium.

4. Start the gradual warming up from �160 �C to the substitution temperature

at a rate of 35 �C/h.

After 2 h, the AFS is ready to start the freeze substitution program destined for

subsequent embedding either in epoxy resin or in Lowicryl HM20.
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Fig. 2 Freeze substitution chamber of the AFS. Universal container containing Sarstedt tubes with

samples (1); vessels for the uptake of tweezers (2), waste (3), and Lowicryl (4); 5–6 ‘‘work bench’’ created

by two universal containers turned upside down. A plate for manipulation of the sample carriers (5) is

located next to a lid with a sample in it and a mounted tube (6), which is ready to be connected with a

spider cover. The spider cover (7) is placed on top of a stem holder.
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2. Freeze Substitution and Epoxy Resin Embedding for Morphological
and Fine Structural Studies
1. Perform freeze substitution at �90 �C for more than 48 h in a solution of 2%

OsO4 in dried acetone (made from crystalline OsO4).

2. Activate low temperature-fixation by gradual warming up of the solvent by

2 �C/h up to �54 �C. Keep this temperature for 8 h before continuing the

warming up at a rate of 3 �C/h up to �24 �C. Keep this temperature for 7 h.

3. For contrasting samples by OsO4 more intensely switch from �24 �C to 0 �C
and keep this temperature for 1 h.

4. Stop contrasting by washing the samples 3 times with acetone. For this

purpose use plastic Pasteur pipettes with narrow tips. Ensure that OsO4

vapor cannot escape (keep screw-caped bottles for uptake of OsO4 waste

inside the AFS).

5. Infiltrate with the following epoxy resin/acetone mixtures:

� 1/3 volume Agar 100 and 2/3 volume acetone for 1 h at 10 �C.
� 1/2 volume Agar 100 and 1/2 volume acetone for 1 h at 10 �C.
� 2/3 volume Agar 100 and 1/3 volume acetone for 1 h at 20 �C.

6. Transfer the sapphire coverslips for infiltration with pure Agar 100:
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� Place a small plate, made from polypropylene, under the stereo microscope

(in a hood or in a well-ventilated room) and empty out the Sarstedt tube

into it.

� Fix the sample holder with the sapphire facing up by using wafer tweezers,

while lifting the coverslip with fine tweezers #4 (Fig. 3).

� Take tweezers #5SA and open them wide enough to get a grip of the

opposite sides of the perimeter of the sapphire disc, transfer it into the

lid of a 0.5-ml Eppendorf tube, and add a drop of pure epoxy resin.

� Subsequently, mount a tube with its bottom cut oV onto the lid and fill it

up with resin to the top.

� Infiltrate pure resin for 3 h, or over night.

7. Polymerize the samples in the oven at 36 �C for 36 h.

8. Detach the sapphire glass from the resin as follows:

� Cut away the Eppendorf tube with a razor blade.

� Gently remove resin that surrounds the perimeter of the sapphire by using

a file.
1

2

Fig. 3 Separation of the sapphire coverslip from the sample carrier. The carrier is fixed by wafer

tweezers (1). While in a plate with acetone/resin, the sapphire is lifted by means of very fine tweezers #4,

and subsequently transferred by using tweezers #5SA. For transfer, the tips of tweezers #5SA exert a

firm grip from opposite sides of the sapphire disc perimeter (2).
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� Dip the resin block with the sapphire attached to it in liquid N2. Fix it in a

bench vice. A slight lateral file stroke might be enough to detach the

coverslip. If necessary, this procedure has to be repeated. Note that in

almost every case the sapphire glass detaches as a whole.

9. After removal of the dust particles from the cell containing abutting face,

trim a rectangular section profile with a glass knife. Subsequently, cut

ultrathin sections and place them on Formvar-coated grids. After contrast-

ing with uranyl acetate and lead citrate, they are ready for evaluation in the

electron microscope.
3. Freeze Substitution and Lowicryl Embedding for Immunohistochemical Applications
As substitution media either methanol or acetone is to be chosen. To stabilize

structures, uranyl acetate should be added at concentrations that are tolerated by

the epitopes of the antigen (usually not above 0.5%). While uranyl salt dissolves

easily in methanol, it requires dissolution in water before mixing with acetone.

The water content in the uranyl/acetone solution has to be removed by drying on

CaCl2.

All resin/medium changes and infiltration steps will be performed safely in the

AFS at �40 �C while the samples are still in the Sarstedt tubes. Importantly, the

sapphire coverslips will be embedded in Lowicryl while they remain in the flat

sample carrier. As a reliable option for polymerization of small amounts of Low-

icryl, a system consisting of stem holder, spider cover, and PCR cups is recom-

mended (Fig. 4).

1. Perform freeze substitution in uranyl/acetone at �90 �C for at least 2 days or

in uranyl/methanol at �88 �C for at least 36 h.

2. Raise the temperature in the AFS at a rate of 2 �C/h up to �40 �C. Once the

chamber is warmed up to �40 �C, perform all successive processing steps at this

temperature.

3. As soon as �40 �C is reached, wash the samples 3 times with pure acetone or

methanol, while they remain in the Sarstedt tubes.

4. Infiltrate your samples with Lowicryl/solvent mixtures:

� 1/3 volume Lowicryl HM20 and 2/3 volume solvent for 30 min

� 1/2 volume Lowicryl HM20 and 1/2 volume solvent for 1 h

� 2/3 volume and Lowicryl HM20 1/3 volume solvent for 2 h

� pure Lowicryl HM20 for 1 h

5. To transfer the sample carrier safely into the lids of small PCR cups create a

‘‘work bench’’ inside the AFS (for instance, by insertion of universal containers).

Place a polypropylene plate on it for the uptake of the sample carriers (Fig. 2).

Empty the sample carriers into that plate. By using precooled tweezers turn them in

a way that the sapphire coverslip faces up.
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Fig. 4 Polymerization of Lowicryl in PCR cups attached to spider covers. (1) Upside down-fitting of

eight cups to a spider cover placed onto a stem holder. The fitting is achieved by cutting the PCR cups

(a–c). (d) Sample carrier placed into the lid. The cut cup (c) will be pressed onto the lid and filled up with

resin. (2) Spider cover with already polymerized samples attached. (e) Detached polymerized sample

with a carrier embedded.
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6. Position the lids of the PCR cups next to the plate with the sample and fill

them with a drop of fresh Lowicryl HM20.

7. Place the sample carrier into the lid while keeping its orientation with the

sapphire facing up.

8. Press the tube, with its bottom cut oV (Fig. 4), onto the lid and fill it up with

precooled resin. Collect the sample carrier-filled PCR cups inside the AFS for

mounting to a spider cover.

9. Mount them to the spider cover and place the assembly onto the stem holder

(Fig. 4).

10. For UV polymerization, cover the spider with aluminum foil of the same

diameter. Ensure indirect UV illumination by reflecting side walls of the AFS.

Note: If the reflection from the bottom of the chamber is low, cover it with

aluminum foil.
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11. Place the UV lamp on top of the AFS chamber and ensure that the liquid N2

evaporator is switched oV. Polymerize for 48 h at �40 �C.
12. Switch oV the UV lamp and gradually warm the samples up to room

temperature.

13. Subsequent curing of the resin at day light turns the color of the resin

slightly pink. Now, it is safe to detach the samples from the spider cover and to

release the resin block by cutting away the PCR cup with a razor blade.

14. To detach the sapphire coverslip from the Lowicryl block:

� Gently, remove resin that surrounds the perimeter of the sample carrier by

using a file.

� Warm up the carrier by pressing the sample against a heat plate.

� Immediately after warming, fix the sample carrier in a bench vice and

gently insert force to lift the resin block. Support the lifting by a slight

turning force. Usually, the sapphire glass will remain in the flat carrier

while the block detaches.

15. Proceed as described for the epoxy resin embeddings to get sections on

Formvar coated grids. Perform postembedding immunogold labeling, before

counterstaining of sections with uranyl acetate and lead citrate.
IV. Comments and Pitfalls

HPF of monolayers provides large sample areas in equally high freezing quality

(inset Fig. 5A). Their appearance in the electron microscope, however, strongly

depends on the degree of extraction of biological material by solvents and possible

aggregation artifacts (Fig. 5). For example, when keratin network organization in

mouse keratinocytes is assessed, it becomes clear that application of methanol-

based substitution in combination with Lowicryl aVects fine structures in the most

negative way (Fig. 6A). Structural preservation by acetone-based substitution in

combination with Lowicryl embedding reduces aggregation artifacts significantly

(Fig. 6B). In addition, immunogold labeling intensity might be even enhanced.

However, in general, the freeze substitution protocol does not guarantee success in

immunogold labeling. Therefore, one protocol or the other may prove useful for

certain applications.

As evident from the keratin bundle shown in Fig. 7, embedding of 2% OsO4/

acetone-substituted samples in epoxy resin further reduces aggregation artifacts.

In addition to this advantage for the preservation of cytoskeletal components, such

preparations oVer excellent opportunities to study membrane-bound organelles,

such as mitochondria and autolytic vacuoles, in tissue culture cells (Fig. 8).

By prolongation of the time for freeze substitution, the protocols presented here

are also suitable for embedding of high-pressure cryoimmobilized tissue blocks,

and cell suspensions that fit in the same flat sample holders (Nowikovsky et al.,

2007; Reipert et al., 2004b).
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Fig. 5 Morphological diVerences between HP-frozen mouse keratinocytes embedded in Lowicryl or

epoxy resin. (A) Freeze substitution in 0.5% uranyl acetate/methanol and subsequent embedding in

Lowicryl HM20. For overview: see inset showing a confluent cell layer. Note strong aggregation of

keratin bundles and the absence of membrane staining. Fine structural details of the mitochondria are

disrupted. (B) Freeze substitution in 2% OsO4/acetone and subsequent embedding in Agar 100.

The cytoplasm is rich in fine structural details. Mitochondria are well preserved. Scale bars, 2 mm.
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Fig. 6 Details of the keratin organization in HP-frozen mouse keratinocytes embedded in Lowicryl

HM20 and immunolabeled for plectin with 10-nm colloidal gold: (A) Freeze substitution in 0.5% uranyl

acetate/methanol. (B) Freeze substitution in 0.5% uranyl acetate/acetone. Note the aggregation of

keratin to thick filament bundles (f) in A. n, nucleus. Scale bars, 200 nm.
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Fig. 7 Detail of the keratin organization in a HP-frozen mouse keratinocyte, freeze-substituted in 2%

OsO4/acetone and embedded in epoxy resin. Individual fibers of a keratin bundle are resolved. Scale

bars, 200 nm.
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A. Safety
For the use of the cryotechnical equipment follow the safety instructions

provided by the manufacturers. Chemicals used for freeze substitution and embed-

ding are toxic (mutagenic, allergenic, and in some cases perhaps carcinogenic) and

should be handled with adequate safety precautions. Gloves have to be used that

resist penetration of the resin/solvent mixtures. All preparations have to be per-

formed in a well-ventilated hood. Exhaust gases from the AFS should be guided

into a hood as well. Fine dust particles of the resins should be hoovered away

immediately.
B. Sapphire Glass
Make sure that you get batches of sapphire glass that do not show scratches

under the stereo microscope. Otherwise, you might put the diamond knife at risk.
C. Handling of Sapphire Discs and Flat Sample Holders
By choosing the appropriate tools, loss of samples and damage to tweezers can

be avoided. Therefore, pay attention to the tweezers suggested in the protocol.
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Fig. 8 Oxidative stress induced fission of mitochondria in HP-frozen PtK2 cells, freeze-substituted in

2% OsO4/acetone and embedded in epoxy resin. (A) Detail of an untreated cell that contains elongated

mitochondrial profiles (m). Note also well-preserved nuclear structures and nuclear pores (arrows).

(With permission from Wiley–Blackwell Publishing Ltd. (Reipert et al., 2004a).) (B) Detail of a

hydrogen peroxide-treated cell displaying round mitochondrial profiles (m) at various sizes (arrows).

Note also autolytic vacuoles (v) and parts of the Golgi complex (g). Scale bars, 1 mm.
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D. HPF with the EMPACT
� Make sure that there are no air bubbles in the hydraulic liquid (methyl cyclo-

hexan). They may cause pressure fluctuations that inflict damage to the frozen

sample.

� Ensure that the working pressure required to generate the high-pressure is

suYciently high. As a precondition, the incoming pressure provided by a

compressor or a laboratory air supply should be high enough.
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� After each shot, inspect the flange of the sealing tube made from copper.

If damages are indicated, this tube has to be exchanged.

� The freezing curves recorded by the EMPACT enable detection of gross

malfunction. However, satisfactory synchronization between pressure and

temperature during freezing requires fine tuning of the working pressure

according to the freezing result. Not just damage of structures by ice crystals,

but also fracture of otherwise well frozen cells, damage of plasma mem-

branes and deformation of nuclei may indicate the need to alter the working

pressure.
E. Ice Crystals
Small, bright spots in the cytoplasm, net-like patterns within chromatin, nucleoli,

or mitochondria indicate ice crystals. They may originate from suboptimal freezing,

handling errors during sample transfer into the AFS, warming up of the samples

during refilling of liquid N2 into the AFS, or freeze substitution at temperate above

the re-crystallization temperature. Since there are no temperature sensors attached

to the solvents it is recommended to check the substitution temperature, directly,

by using a temperature measurement instrument with an immersion probe type

K (Testo AG), calibrated for low temperature application.
F. Lowicryl Polymerization
Although polymerization in 0.5-ml Eppendorf tubes works well (Reipert et al.,

2004a), the use of smaller PCR cups harnesses all eight positions of the spider cover

and saves expensive Lowicryl. For successful polymerization, do not take the

samples out immediately after the resin in the tubes appears to have hardened.

The inside of the sample holder with the cell monolayer polymerizes particularly

slowly and, therefore, requires prolonged UV exposure. Change the UV lamp from

time to time since it alters its characteristic during its life time. Alternatively, you

might consider LED-UV lamps for use.
G. Detachment of the Resin from Sapphire Glass
None of the detachment procedures leads to breakage of the sapphire glass.

However, since Lowicryl is brittle, during filing oV the block could break at the rim

of the carrier. Gentle filing oV will grant a high success rate.
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Abstract

The term freeze-fracture cytochemistry embraces a series of techniques which

share the goal of chemical identification of the structural components viewed in

freeze-fracture replicas. As one of the major features of freeze fracture is its ability to

provide planar views of membranes, a major emphasis in freeze-fracture cytochem-

istry is to identify integral membrane proteins, study their spatial organization in the
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membrane plane, and examine their role in dynamic cellular processes. EVective
techniques in freeze-fracture cytochemistry, of wide application in cell biology, are

now available. These include fracture-label, label fracture, and the freeze-fracture

replica immunolabeling technique (FRIL). In fracture-label, samples are frozen and

fractured, thawed for labeling, and finally processed for viewing either by critical-

point drying and platinum–carbon replication or by thin-section electronmicroscopy.

Label-fracture involves immunogold labeling a cell suspension, processing as for

standard freeze-fracture replication, and then examining the replica without removal

of the cellular components. Of greatest versatility, however, is the FRIL technique,

in which samples are frozen, fractured, and replicated with platinum–carbon as in

standard freeze fracture, and then carefully treated with sodium dodecylsulphate

(SDS) to remove all the biological material except a fine layer of molecules attached

to the replica itself. Immunogold labeling of these molecules permits the distribution

of identified components to be viewed superimposed upon high resolution planar

views of replicated membrane structure, for both the plasma membrane and intra-

cellular membranes in cells and tissues. Examples of how these techniques have

contributed to our understanding of cardiovascular cell function in health and disease

are discussed.
I. Introduction

Freeze-fracture electron microscopy was established as a major technique in

ultrastructure research over 30 years ago. The success and credibility of the tech-

nique arose from its ability to provide compelling images of membranes that were

entirely novel in their scientific content, set in the context of cellular features that

were instantly recognizable from existing knowledge. The landmark paper byMoor

and Mühlethaler (1963) presenting the first successful freeze-fracture micrographs

of cells attracted wide interest, but interpretative uncertainties initially hindered full

exploitation of the technique. From the early 1970s, however, with interpretative

controversies resolved, the scene was set for the technique to flourish; and this it did

over the following two decades, profoundly shaping our understanding of the

structural organization of the plasma membrane, membrane-bound organelles

and other components of the cell. With the supply of new discoveries diminishing,

andmolecular techniques in the ascendant, interest in freeze fracture declined in the

1990s, but a revival is currently taking place, stimulated by the development of

eVective approaches in freeze-fracture cytochemistry. This chapter aims to give a

brief overview of the state-of-the-art in this field, focusing on those techniques that

are currently contributing to new advances in cell biology.

An understanding of the principles and methodology of freeze-fracture cyto-

chemistry requires a basic knowledge of how standard freeze fracture works. The

utility of freeze fracture depends critically on the tendency of the fracture plane to

follow a plane of weakness in the hydrophobic interior of frozen membranes,

splitting them into half-membrane leaflets. This creates, at low magnification,
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spectacular three-dimensional perspectives of cellular organization in which

en face-viewed membranes are brought to the fore. At high magnification, details

of membrane structure are seen at macromolecular resolution. In particular, the

distribution and organization of integral membrane proteins (seen as intramem-

brane particles) are viewed in the membrane plane.

There are four essential steps in making a standard freeze-fracture replica:

(1) rapid freezing of the specimen, (2) fracturing it at low temperature (�100 �C
or lower), (3) making a replica of the newly exposed frozen surface by vacuum-

deposition of platinum and carbon, and (4) cleaning the replica to remove the

biological material. The replica is then examined in the transmission electron

microscope. For a detailed protocol on how to carry out freeze fracture, see

Severs (2007).

In routine application, the freezing step is often preceded by pretreatment with

glutaraldehyde fixation and glycerol cryoprotection. Ultrarapid freezing techni-

ques, such as copper block impact freezing and propane jet freezing, overcome the

need for cryoprotection, and provide opportunities for examining specimens fro-

zen directly from the living state and capturing rapid, dynamic cellular events

(Escaig, 1982; Heuser, 1981; Müller et al., 1980). An optional step of etching,

involving vacuum sublimation of ice, may be interposed between fracturing and

replication to reveal the surface structure of cells and their components. One

particularly eVective technique for imaging surface structure is the combination

of ultrarapid freezing, extended etching and low-angle rotary shadowing, a tech-

nique popularized as the ‘‘quick-freeze/deep-etch technique’’ (Heuser, 1981, 1989;

Heuser and Salpeter, 1979).

Freeze fracture and associated techniques revolutionized the way we look at

membranes. Nevertheless, without a means to identify the chemical nature of the

structural components visualized, the functional role of these components all too

often remained a matter of intelligent guesswork rather than firmly established

fact. For this reason, the combination of cytochemistry with freeze fracture was an

eagerly sought goal. The technical challenges involved in developing eVective
techniques in freeze-fracture cytochemistry were considerable, however, and took

several decades to overcome. Ironically, with the major ultrastructural discoveries

of standard freeze fracture in place, interest in freeze-fracture electron microscopy

ebbed at the very time that some of the solutions to eVective freeze-fracture

cytochemistry were emerging. This has left something of a dearth in expertise to

exploit the opportunities aVorded today.
II. Basic Rationale: Solving the Problems of Combining Freeze
Fracture with Cytochemistry

Originally, the combination of cytochemistry with freeze fracture was thought to

be impossible because of the need to clean the replica scrupulously (e.g., with

sodium hypochlorite or chromic acid) in order to remove all biological material



184 Nicholas J. Severs and Horst Robenek
that would otherwise obstruct the electron beam and interfere with visualization of

detail in the replica. Such cleaning inevitably leads to loss of any label that might be

attached to the biological material before or after freeze fracture. Thus, the only

labeling procedure applied in the early days of freeze fracture involved attaching

relatively nonspecific markers to the surfaces of cells in suspension, and then

etching to expose these markers for visualization as shadowed particles on a

margin of the true surface of the membrane, adjacent to the membrane fracture

face (Pinto da Silva and Branton, 1970; Tillack and Marchesi, 1970).

During the 1980s, however, more sustained and increasingly imaginative

attempts at further development of freeze-fracture cytochemistry gathered pace

(see Severs, 1995a). An early attempt to solve the problem of losing preattached

label along with the biological material at the cleaning stage came with ‘‘the

sectioned replica technique,’’ in which the replica was viewed en face, together

with labeled biological material still in place, from within a thin section (Rash

et al., 1989). Perturbation of membrane structure before freezing using specific

lipid binding agents (e.g., filipin and tomatin) oVered another avenue; here the

structural alterations, rather than an attached label, acted as the marker (Severs

and Robenek, 1983). This approach enjoyed a spell of popularity in the 1980s but,

with the adoption of a more critical approach to interpretation, proved to have

more restricted applications than many researchers initially anticipated (Severs,

1995b, 1997; Severs and Simons, 1983).

Significant breakthroughs came with the introduction of colloidal gold cyto-

chemistry to electron microscopy in the early 1980s. Gold particles, because of

their high electron density and small size, were quickly recognized to be ideal

markers to use in conjunction with replicas, and this stimulated experimentation

with new ideas for retaining label in such a way that it could be viewed super-

imposed on replicated structural detail. Experimental strategies for integrating

gold labeling into the freeze-fracture procedure were tried at each of the key steps

in the freeze-fracture procedure: (1) before the freezing step, (2) after fracturing,

and (3) after replication. Notable among the techniques developed were ‘‘label-

fracture’’ (Pinto da Silva and Kan, 1984) in category (i) and ‘‘fracture-label’’

(Pinto da Silva et al., 1981a,b) in category (ii). Among the techniques in category

(iii) were ‘‘replica-staining label-fracture’’ (Andersson Forsman and Pinto da Silva,

1988), ‘‘replica-label-whole mount’’ (Rash et al., 1989) and the ‘‘SDS freeze-

fracture replica labeling technique’’ otherwise known as freeze-fracture replica

immunolabeling (FRIL) (Fujimoto, 1995). These various techniques diVer
in precisely how freeze fracture and cytochemistry are combined, what type of

information is obtained, and which types of specimen are amenable to study. For

a detailed discussion of the full range of techniques, the reader is referred to an

earlier comprehensive review (Severs, 1995a). In this article, we will concentrate

on three techniques that have stood the test of time, ‘‘fracture-label’’ (category

(i)), ‘‘label-fracture’’ (category (ii)), and ‘‘FRIL’’ (category (iii)).
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III. Methods
A. Freeze-Fracture Nomenclature
An understanding of these three freeze-fracture cytochemistry techniques

requires a grasp of the nomenclature used for describing the aspects of the mem-

brane viewed and accessible to label with freeze fracture and etching (Branton

et al., 1975). The nomenclature is best explained by envisaging the membrane as

consisting of two halves—a P half which lies adjacent to the protoplasm, and an

E half which lies adjacent to the extracellular, exoplasmic, or endoplasmic space

(Fig. 1). The term fracture face is reserved for the interior views of membranes

exposed by freeze fracturing, while the term surface is used for the true, natural

surfaces of the membrane that may potentially be exposed by etching. The fracture

face of the P half is thus termed the P face, while that of the E half is termed the

E face. The true surfaces of the membrane are correspondingly designated the

P surface and the E surface, respectively. When applying the nomenclature to

intracellular membranes, the term ‘‘P’’ encompasses cytoplasm, nucleoplasm, the

matrix of mitochondria, and the stroma of chloroplasts, while the term ‘‘E’’ is used

to designate the spaces between inner and outer membranes of all double

membrane-bound organelles (nucleus, mitochondria, and chloroplasts), and the

lumina of all single-membrane organelles (Fig. 2).
Protoplasm

Extracellular space

E Surface (ES)

P Surface (PS)

E Face (EF)

P Face (PF)

E half

P half

E half

P half

Fig. 1 Nomenclature for describing the aspects of the plasma membrane revealed by freeze fracture

and etching. The membrane comprises a lipid bilayer with intercalated proteins. The half-membrane

leaflet adjacent to the extracellular space is termed the E half; that adjacent to the protoplasm is termed

the P half. The term fracture face is reserved for the interior views of membranes exposed by freeze

fracturing, while the term surface is used for the true, natural surfaces of the membrane that may

potentially be exposed by etching. The fracture face of the P half is thus termed the P face (or PF), while

that of the E half is termed the E face (or EF). The true surfaces of the membrane are correspondingly

designated the P surface and the E surface (PS and ES), respectively.
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P face

E face

Extracellular
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Extracellular
space

P half

E half

E half

P half

Space
E

Space
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Fig. 2 Application of the nomenclature to intracellular membranes. When intracellular membrane

vesicles are formed from the plasma membrane by endocytosis, the P half of the membrane forms the

outer monolayer of the vesicle membrane and the E half forms the inner monolayer. The interior of the

vesicle is derived from the extracellular space. Thus, convex fractures of vesicles show the E face, and

concave fractures the P face of the vesicle membrane. Corresponding spatial relationships apply to

exocytotic vesicles undergoing fusion with the plasma membrane, and to the numerous bidirectional

membrane fusion and fission events throughout the cell. Accordingly, the term ‘‘E’’ designates the interior

of all single-membrane organelles and the spaces between inner and outer membranes of all double

membrane-bound organelles (nucleus, mitochondria, and chloroplasts). The term ‘‘P’’ encompasses

cytoplasm, nucleoplasm, the matrix of mitochondria, and the stroma of chloroplasts. When fusion occurs

between two membrane systems, P half joins with P half, and E half with E half. Correspondingly, when

one membrane system pinches oV from another, P half gives rise to P half, and E half to E half. Thus,

during the dynamic interactions between the various compartments and membrane-bound structures of

the cell, the topological relationship between extracellular, exoplasmic and endoplasmic space and that

between homologous membrane-halves is preserved.
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B. Fracture-Label
In ‘‘fracture-label,’’ cytochemical labeling is done immediately after samples have

been manually freeze fractured under liquid nitrogen and thawed. This exposes for

labeling the membrane halves created by freeze fracture. Fracturing the sample

allows access of the label to these membrane halves, and other components, within

tissue samples and cells. The labeled specimen may be examined by thin sectioning

(Pinto da Silva et al., 1981b) or as a replica (Pinto da Silva et al., 1981a).

The basic procedure for fracture-label is straightforward (Pinto da Silva et al.,

1986). Tissue pieces or cell pellets (cross-linked in a gel of bovine serum albumin)
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are aldehyde-fixed and rapidly frozen. Fracturing under liquid nitrogen is routinely

done by repeatedly crushing samples to give multiple fractures or by using a blade

for directed fracturing of individual specimens. The fractured pieces are then

thawed in the presence of aldehyde fixative, rinsed and blocked, and the cytochem-

ical procedure of choice carried out.

For the replica approach, the labeled samples are critical point dried or freeze

dried, and a platinum-carbon replica of the fractured surface prepared at room

temperature. This step can be done using a standard vacuum evaporator if a freeze-

fracturemachine is not available. The platinum–carbon shadowing results in the gold

marker particles being partially embedded in the replica. Because the shadowed

platinumand carbon of the replica come into direct contactwith the gold, the replicas

are carefully cleaned using sodium hypochlorite rather than chromic acid so that the

biological material is removed without dislodging the gold that is directly attached to

the replica. For the thin-section approach, the samples are simply embedded by

standard procedures, and sections cut at right angles to the plane of fracture.

A drawback of fracture-label is that exposure to aqueous media at the thawing

stage leads to reorganization of the fractured half-membrane leaflets into a discon-

tinuous bilayer. Underlying cytoplasmic or extracellular components are exposed

for labeling in addition to epitopes of membrane proteins partitioning with a given

membrane half. Aldehyde prefixation is essential to minimize these structural

changes but frequently has an adverse eVect on epitope preservation and hence

ability to label the sample. Glutaraldehyde was extensively used in the original

protocols in which lectins and other cytochemical methods not involving antibo-

dies were applied. Owing to the deleterious eVects of this fixative on

epitope preservation, however, formaldehyde fixatives (freshly prepared from

paraformaldehyde) are normally employed when immunogold labeling is to be

undertaken. This means that ultrastructural preservation is likely to be less than

ideal. A useful compromise can be to include a trace of glutaraldehyde (0.05–0.3%)

with the formaldehyde fixative, but the eYcacy of this approach will depend on the

specific antigens to be detected and the antibodies available.

Another limitation of fracture-label is that because samples are thawed and

dried before replication, the planar views of membranes have a ruZed appearance;

the crisp, smoothly contoured and highly detailed faces familiar from standard

freeze fracture are lost. Despite these drawbacks, fracture-label has proven to be a

useful technique for analyzing the spatial organization of peripheral proteins at the

cytoplasmic interface of the membrane, and has the merit that it can be done in

laboratories that do not have a freeze-fracture machine.
C. Label-Fracture
The label-fracture technique provided the first really eVective solution to the

problem of how to retain gold markers for viewing in conjunction with high-

quality freeze-fracture replica details of membranes (Kan and Pinto da Silva,

1989; Pinto da Silva, 1989; Pinto da Silva and Kan, 1984). An explanatory
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diagram and summary protocol is given in Fig. 3. In brief, a suspension of cells is

immunogold labeled and then freeze-fractured and replicated in the standard

manner. Instead of cleaning the replica, it is simply rinsed in distilled water and

examined with the cells that have been fractured still attached. Where a cell is

convexly fractured, the bulk of the cellular remnants completely obstructs the

electron beam, preventing visualization of any detail. However, where a cell is

concavely fractured, all that remains attached to the replica is the E half of the

membrane together with the label attached to the E surface. A half-membrane

leaflet is so thin when viewed en face that there is little interference with visibility

of the replicated detail. Thus, label attached to the E surface of the half-

membrane leaflet is seen superimposed upon a standard E face view of the

membrane’s fracture face.

The images produced by label fracture are stunning, but the limitations of the

technique are that it is restricted for use with cells in suspension or the luminal

portions of the membranes of tissues, and only the E face of the plasma membrane

can be viewed structurally in combination only with labeling of the E surface;

components of the P half of the membrane remain inaccessible to study.

Nevertheless, the realization that stabilizing fractured membrane leaflets at-

tached to the replica could be used as a vehicle to view label in conjunction with

the usual detail visible in a standard freeze-fracture replica stimulated and under-

pinned subsequent development in techniques. Apart from the extension of this

concept in ‘‘fracture flip’’ (giving extended replica views of labeled membrane

surfaces (Pinto da Silva et al., 1989) and dual replica techniques (‘‘simulcast’’

(Ru-Long and Pinto da Silva, 1990) and ‘‘composite replica technique’’ (Coleman

and Wade, 1989) where surface label is combined with replicas of both the surface

and the membrane fracture face), it provided the foundation for FRIL (Fujimoto,

1995), which has become the preeminent technique in freeze-fracture cytochemistry

today.
D. Freeze-Fracture Replica Immunolabeling
In the FRIL technique, invented by the late Kazushi Fujimoto, conventional

freeze-fracture replicas are first prepared; the biological material is then dissociated

using sodium dodecylsulphate (SDS) (Fujimoto, 1995, 1997). The SDS removes the

bulk of the biological material, leaving a single lipid monolayer and associated

integral and surface proteins adherent to the replica. As in label-fracture, this remain-

ing layer is so thin that it does not obstruct the electron beam. The proteins (or less

commonly, the lipids) are then localized by immunogold labeling. This reveals their

spatial distribution superimposed upon a standard planar freeze-fracture view of the

membrane interior (Fig. 4). Unlike ‘‘label-fracture’’ which is restricted to E-surface

labeling of cells in suspension, both membrane halves are accessible to labeling.

Moreover, because samples are freeze fractured prior to the cytochemistry step,

target epitopes deep within tissues are rendered accessible for labeling.



1. Cells in suspension are immuno-gold labeled

2. Labeled cells are frozen and fractured

3. Platinum-carbon replica is made

4. Replica examined with fractured cell remnants
still attached

Fig. 3 The key steps in label-fracture. A suspension of cells is immunogold labeled, rapidly frozen and

processed for standard freeze fracture (1). The fracture may split the plasma membrane by traveling

upwards and over the cell (revealing the P face), or downwards and under the cell (revealing the E face);

alternatively, it may cross-fracture the cell (2). A platinum–carbon replica of the frozen, fractured

surface is made, as in conventional freeze fracture (3). The replicated specimen is rinsed in distilled water

and the replica, with attached cell fragments, examined in the electron microscope (4). Where cells are

convexly fractured or cross fractured, the mass of cellular material attached to the replica completely

obstructs the electron beam, so no structure is visible (X). However, where cells are concavely fractured,

the electron beam penetrates the very thin membrane monolayer, so that the gold label on the E surface

is viewed superimposed upon an E-face replica view of the membrane.



1. Frozen cell

2. Freeze-fracture splits membrane

3. Replication preserves fracture face
structure

4. SDS removes cellular material leaving
surface membrane components attached
to the replica

Epitopes available for labeling

Replica

Fig. 4 The key steps in FRIL. Tissue or cell samples are frozen and fractured (1 and 2), and then

replicated with platinum–carbon (3), as in the standard freeze-fracture technique. The replicated

specimen is treated judiciously with SDS to remove the cellular components apart from those attached

to the replica. The cellular component of choice is then immunogold labeled. On examination in the

electronmicroscope, the fine layer of cellular components is essentially transparent to the electron beam;

the electron dense gold label is clearly visible against the replica, marking the target molecule in the

membrane plane.
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For the SDS to work, glutaraldehyde prefixation has to be avoided. Thus, in the

original technique, samples are prepared by ultrarapid freezing. An alternative is

to give a brief treatment in glycerol (with no glutaraldehyde fixation beforehand)

and then use standard rapid freezing techniques. Typical preparation conditions

involve treatment of the replicated specimens in Tris-buVered 5% SDS (with

sucrose), pH 8.3, overnight at room temperature followed by thorough washing

in PBS and blocking with 1% BSA before immunogold labeling.

More than any other technique, FRIL has meant that freeze-fracture cytochem-

istry has come of age. Whether applied to tissues or cell suspensions, FRIL gives

superb high-resolution images in which structural and compositional information

are combined. The scope of scientific information is unique to the technique, and

hence its application is currently having a substantial impact in solving questions in

cell biology that have hitherto been impossible to address with other ultrastructural,

cell biological or molecular approaches.
IV. Discussion: Impact on Topical Questions in Cell Biology

As an illustration of how freeze-fracture cytochemistry has recently contributed

to advances in cell biology, we will look at two areas of research, the spatial

organization of plasma membrane proteins in cardiovascular cells, and the role

of lipid droplets and their associated proteins.
A. Spatial Organization of Proteins in the Plasma Membrane
The cardiac muscle cell is uniquely specialized to contract constantly, without

tiring, 3 billion times or more in an average human life-span. A detailed picture of

the membrane organization of the cardiac muscle cell—to which freeze-fracture

cytochemistry has made major contributions—underpins our understanding of the

exquisite machinery through which individual cellular contractions are harnessed

to create the heart beat.

The plasma membrane of the cardiac muscle cell is seen in conventional freeze-

fracture replicas to be studded with abundant, scattered intramembrane particles,

typically 3–10 nm in diameter (Fig. 5A and B). These particles represent the

complement of specific channels, transporters, and receptors that endow the

plasma membrane of the cardiac muscle cell with its unique electrical, transport,

and signal detection/transduction properties. Upon depolarization, influx of calci-

um through L-type calcium channels in the plasma membrane triggers the opening

of calcium release channels in the junctional sarcoplasmic reticulum (SR) mem-

brane, resulting in a major release of calcium into the cytoplasm that triggers

myofibril contraction (calcium-induced calcium release). Label-fracture demon-

strates that L-type calcium channels are organized in discrete clusters in the plasma

membrane, facing underlying junctional SR cisternae (Fig. 5C and D) (Gathercole

et al., 2000; Takagishi et al., 1997). Such close spatial apposition of L-type calcium



Fig. 5 Cardiac myocyte plasma membrane; structure and localization of L-type Ca channels by label

fracture. (A) Planar freeze-fracture view of the plasma membrane (E-face), showing regular arrays

of transverse tubule openings (T), and smaller vesicular structures, the caveolae (c). At the site of the

transverse tubule openings, the plasma membrane curves upwards; before freeze-fracture, these were

finger-like extensions of the plasma membrane projecting upwards, at right angles to the plane of the

page. (B) High magnification freeze-fracture views disclose a heterogeneous collection of particles

(3–10 nm in diameter) which represent the integral proteins of the membrane. (C) L-type calcium

channels are shown by label-fracture to be aggregated in the plasmamembrane (encircled). These clusters

of channels lie adjacent to sacs of junctional sarcoplasmic reticulum in the cytoplasm (D), enabling the

calcium-induced calcium release process that triggers contraction. The example in (D) shows a junctional

sarcoplasmic reticulum sac (asterisk) apposed to transverse tubule membrane (T). The junctional SR is

continuous with the free SR network (sr) that surrounds the myofibril along the length of the sarcomere.

Scale bars: (A) 1 mm; (B) and (C) 100 nm; (D) 200 nm. From Severs BioEssays 22: 188–199 (2000).
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channels (in both the peripheral plasma membrane and transverse tubules of the

myocyte) to calcium release channels in the junctional SR facilitates optimal

coupling of plasma membrane Ca2þ influx to SR Ca2þ release into the cytoplasm.

The plasma membrane of the myocyte not only serves as a vehicle to carry the

electrical impulse but has to sustain the force of contraction without damage, and

transmit this force both from cell to cell and laterally across the tissue. The role of

fasciae adherentes junctions in cell-to-cell force transmission, and of the desmo-

some/intermediate filament cytoskeleton, is well established. In addition, the mem-

brane skeleton, comprising networks of peripheral membrane proteins closely

applied to the entire cytoplasmic aspect of the lateral plasma membrane, plays a

key mechanical role. Freeze-fracture cytochemistry has helped unravel how these

proteins are organized and interact. For example, fracture-label combined with

double immunogold marking demonstrates, at the plasma membrane interface, a

direct molecular interaction between the carboxyl-terminal domains of dystrophin

(a peripheral membrane protein of the membrane skeleton) and b-dystroglycan (an

integral membrane protein which in turn binds to laminin via a-dystroglycan on

the extracellular side of the membrane) (Fig. 6A) (Stevenson et al., 1998). Dystro-

phin, however, is organized independently from spectrin, despite overlapping

mechanical roles (Fig. 6B) (Stevenson et al., 2005).

Coordinated contraction of the cardiac chambers requires a precisely orche-

strated spread of electrical excitation from cell to cell throughout the heart. The

sites of electrical coupling between individual cardiac muscle cells that mediate this

process are formed by gap junctions, clusters of transmembrane channels which

span the closely apposed plasma membranes of neighboring cells. Gap-junctional

channels are composed of connexins, a multigene family of conserved proteins.
Fig. 6 (A) Fracture-label demonstration of direct molecular interaction between the carboxyl-

terminal domains of dystrophin and b-dystroglycan (pairs of arrows: large gold markers, b-dystroglycan;
small gold, dystrophin). (B) FRIL demonstration that spectrin (labeled with 15 nm gold) is distributed

independently from dystrophin (10 nm gold). Scale bars: 100 nm.
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The specific connexin type or mix of connexin types is a major determinant of the

functional properties of gap junctions. Three connexin types — connexin43, con-

nexin40, and connexin45 — are diVerentially expressed, in various combinations

and relative quantities, in diVerent, functionally specialized subsets of cardiac

myocyte (Severs et al., 2004). For example, while myocytes of the ventricle pre-

dominantly express connexin43, those of the atrioventricular node express con-

nexin45, a connexin that forms low conductance channels, contributing to the

slowing of conduction that ensures sequential contraction of atria and ventricles.

A notable feature of distal Purkinje fibre myocytes, which distribute the impulse to

the contractile cells of the ventricle, is the presence of high levels of connexin40, a

connexin that gives high conductance channels, facilitating rapid distribution of

the impulse at this stage of the cycle.

FRIL is ideally suited to exploration of the diversity of connexin expression in

cardiac myocytes and other cardiovascular cells in relation to their functional

properties (Severs et al., 2001; Yeh et al., 1998) (Fig. 7). The technique has similarly

contributed to the diversity of connexin expression in neurones (Kamasawa et al.,

2005, 2006; Nagy et al., 2004; Rash et al., 2005). A protocol for FRIL, as applied to

the study of gap junctions, has been published by Dunia et al. (2001).
Fig. 7 FRIL demonstration of the co-assembly of three connexin types, Cx37 (5 nm gold, small

arrows), Cx40 (10 nm gold, large arrow) and Cx43 (15 nm gold, large arrowhead) within the same gap-

junctional plaque. This example comes from aortic endothelial cells. Scale bar: 100 nm.
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B. Lipid Droplets
Until recently, the lipid droplet was arguably the most neglected organelle in cell

biology, widely envisaged as little more than a relatively inactive intracellular

storage depot for excess lipids. Recent research, to which FRIL has made a crucial

contribution, has completely transformed this view by overturning long-held

concepts on the biogenesis, structure, dynamic nature, and functions of the lipid

droplet and its associated proteins.

Structurally, the lipid droplet consists of a hydrophobic neutral lipid core (con-

taining cholesterol esters and triacyl glycerol) enveloped by a single monolayer of

phospholipids. The assembly, fusion and degradation of lipid droplets, resulting in

storage and release of their lipid components, is controlled by a series of proteins, in

particular lipid transport proteins, acyl-CoA synthetases, caveolins and PAT fami-

ly proteins (the collective term for perilipin, adipophilin and TIP47). As a storage

depot, lipid droplets not only serve as a source of cellular fuel and constituents for

membrane construction, but also provide precursors for lipid signaling molecules

and hormones. They are thus intimately involved in the cellular influx and eZux of

lipids and in the signaling and transcriptional networks central to lipid homeostasis

in health and disease. Lipoatrophy (lack of mature lipid-droplet containing adipo-

cytes) leads to diabetes and fatty liver pathology, while lipodystrophy (abnormal fat

distribution), resulting from sedentary lifestyle and excess food intake, is associated

with obesity and diabetes. Moreover, lipid accumulation is a critical step in the

pathogenesis of atherosclerosis which, by causing coronary heart disease, is a

principal cause of death and disability throughout the world.

Understanding how lipid droplets form in the cell is thus fundamental to our

knowledge of these disease conditions. The mechanism of lipid droplet formation

that has gained general acceptance holds that neutral lipids accumulate within the

lipid bilayer of the endoplasmic reticulum (ER) membrane from where they are

budded-oV, enclosed by a protein-bearing phospholipid monolayer originating

from the cytoplasmic monolayer of the ER membrane, to give a cytoplasmic

lipid droplet This idea has the superficial attraction of explaining how the lipid

droplet could acquire both its outer phospholipid monolayer and the proteins

necessary for its function, but unfortunately required something of a leap of

imagination in the capabilities of the principal imaging methodologies applied to

support the idea (i.e., fluorescence confocal microscopy and immunogold label

thin-section electron microscopy).

Results from FRIL refute the prevailing view on several counts (Robenek et al.,

2006b). First, freeze fracture, by permitting unique three-dimensional views of the

spatial relationships of membranes and organelles, demonstrates unequivocally

that at sites of close association, the lipid droplet is not situated within the ER

membrane, but adjacent to it (Fig. 8). Both ER membranes clearly lie external to

and follow the contour of the lipid droplet, enclosing it in a manner akin to an

egg-cup (the ER) holding an egg (the lipid droplet) (Fig. 8A). Freeze-fracture

cytochemistry further demonstrates that the PAT family protein adipophilin is



Fig. 8 Freeze-fracture views of lipid droplets and their association with endoplasmic reticulum (ER)

membrane from lipid laden macrophages (i.e., macrophages fed acetylated low density lipoprotein to

induce lipid droplet formation). (A) Lipid droplet situated in a cup formed from ER membranes. Both

ER membranes are visible (seen in P-face and E-face view), following upwards and over the contour of

the lipid droplet from below. The lipid droplet has been convexly fractured, and lies beneath (i.e.,

adjacent to and not within) both ER membranes exposed. (B) Similar view to (A), but with labeling for

adipophilin using the FRIL technique. Abundant gold label is visible on the ER membrane (P-face)

immediately adjacent to the lipid droplet. (C) Lipid droplet seen in concave fracture. FRIL demon-

strates abundant labeling for adipophilin in the outer phospholipid monolayer surrounding the lipid

droplet (P-face) exposed in this view. Scale bars: 200 nm.
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concentrated in prominent clusters in the P-half of the ER membrane at the site of

the closely apposed lipid droplet (Fig. 8B), as well as in the lipid droplet surface

apposed to the ER (Fig. 8C). Adipophilin is thus strategically placed to play a role

in lipid droplet growth by facilitating lipid transfer from the ER to the droplet.

The evidence from these studies indicates that lipid droplets originate and develop

adjacent and external to specialized domains of the ER membrane enriched in

adipophilin, not within the bilayer of the ER as previously supposed.

The prevailing view is further discredited by the spatial distribution of caveolin 1,

a putative mediator of intracellular lipid transport (Robenek et al., 2003, 2004).

As with other lipid droplet associated proteins, caveolin 1 is proposed to traYc to

the lipid droplet from the ER membrane by the budding oV process. As this

process involves the budding oV and enclosure of the lipid accumulation in the

P half of the ER membrane, the model requires that lipid droplet proteins such as

caveolin originate from this membrane leaflet. Contrary to this prediction, FRIL

demonstrates the caveolin 1 is situated in the E-half of the ER membrane. As this

membrane half does not participate in the proposed mechanism of lipid droplet

production, caveolin is actually in a location in the ERmembrane that would make

it impossible to gain access to the forming lipid droplet.
Fig. 9 FRIL images demonstrating that PAT family and other proteins are distributed not only at the

lipid droplet surface but also in the cross-fractured lipid droplet core. These examples come from

adipocytes and show labeling for perilipin and caveolin. (A) Example in which perilipin label is seen

predominantly in the outer phospholipid monolayer (P face) of the lipid droplet. (B) Example of a lipid

droplet in which perilipin label is seen throughout the core. (C) Example in which abundant caveolin

label (18 nm gold) is seen in the core, and perilipin label (12 nm gold) is predominantly in the

phospholipid monolayer (seen in P-face view). Scale bars: 200 nm.
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The prevailing wisdom holds that caveolin and the PAT family proteins are

confined exclusively to the droplet surface and that the latter are specific to lipid

droplets and not present in any other organelle or membrane system of the cell.

FRIL, however, demonstrates that in macrophages and adipocytes (1) PAT family

proteins and caveolin are distributed not only in the surface but also throughout

the lipid droplet core (Fig. 9); and (2) PAT family proteins are integral components

of the plasma membrane (Fig. 10) (Robenek et al., 2005a,b). Under normal culture

conditions, these proteins are dispersed in the P half of the plasma membrane

(Fig. 10A). Stimulation of lipid droplet formation by incubation of the cells with

acetylated low-density lipoprotein leads to clustering of the PAT family proteins in

raised plasma membrane domains (Fig. 10B). Fractures penetrating beneath the
Fig. 10 FRIL images demonstrating that PAT family proteins are present in the plasma membrane,

and undergo profound changes in distribution under conditions of lipid loading. (A) View of the plasma

membrane (P face) of a normal cultured adipocyte after labeling for perilipin. The perilipin is widely

distributed throughtout the membrane. (B) Upon lipid loading, the perilipin becomes clustered in

elevated domains in the plasma membrane. (C) Fractures that penetrate beneath the plasma membrane

demonstrate that lipid droplets lie beneath the elevated protein-rich domains, as seen in this example

from an adipophilin-labeled lipid laden macrophage. Scale bars: 200 nm.
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plasma membrane demonstrate that lipid droplets are closely apposed to these

domains (Fig. 10C). A similar distribution pattern of labeling in the form of linear

aggregates within the clusters is apparent in the P half of the plasma membrane and

the immediately adjacent outermonolayerof the lipiddroplet (Robenek et al., 2005b).

The aggregation of the PAT family proteins into such assemblies may facilitate

carrier-mediated lipid influx from the extracellular environment into the lipid droplet.

The findings point to a common cellular mechanism of intracellular lipid loading in

the macrophage as part of the pathogenesis of atherosclerosis and in the adipocyte

during development of obesity.

A related area to which FRIL has shed new light is the mechanism of milk fat

globule secretion (Robenek et al., 2006a). Milk fat globule formation involves the

traYcking of what is essentially a lipid droplet with an outer phospholipid mono-

layer (termed the ‘‘secretory granule’’) to the cell surface; the granule is then

enveloped by a portion of plasma membrane and released from the cell as a milk

fat globule. The milk fat globule thus has a lipid bilayer derived from the plasma

membrane exterior to the phospholipid monolayer enclosing the neutral lipid core

(Fig. 11). The molecular mechanism of the secretory process is proposed to involve
Fig. 11 Freeze-fracture view illustrating the structure of a milk fat globule secreted from a human

mammary epithelial cell. The globule consists of a lipid droplet core surrounded by a phospholipid

monolayer, which in turn is surrounded by a membrane bilayer derived from the plasma membrane

which enwraps the droplet during secretion. These diVerent structures are revealed as the fracture plane

skips between them (bilayer seen in P-face view; phospholipid monolayer in E-face view; core

cross-fractured). Scale bar: 200 nm.
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formation of complexes between butyrophilin in the plasma membrane with

cytosolic xanthine oxidoreductase; the resulting complexes are then believed to

interact with adipophilin on the outer surface of the lipid droplet to enwrap the

secretory granule in plasma membrane.

The reality demonstrated from FRIL, however, is that the topological distribu-

tion of the relevant proteins makes the proposed mechanism impossible (Figs. 12

and 13). Adipophilin is actually more abundant in the plasma membrane domains

to which secretory granules are apposed in the mammary epithelial cell, and in the

bilayer surrounding the secreted milk fat globule, than in the monolayer enclosing

the lipid droplet (Fig. 12). Xanthine oxidoreductase is diVusely distributed in the

lipid droplet monolayer. Importantly, butyrophilin in the plasma membrane is

concentrated in a network of ridges that tightly appose and match the protein’s
Fig. 12 FRIL images demonstrating the distribution of adipophilin and butyrophilin in the secreted

milk fat globule. (A) Abundant adipophilin label is seen in the bilayer P face. (B) Double labeling reveals

that adipohilin (18 nm gold) is also abundant in the phospholipid monolayer P face, while butyrophilin

(12 nm gold) is present both in the bilayer E face and phospholipid monolayer P face. Scale bar: 200 nm.



Fig. 13 FRIL image demonstrating pattern of butyrophilin labeling in concavely fractured milk

fat globule. Note the network pattern of butyrophilin distribution in both the bilayer E face and

phospholipid monolayer P face. This mirror distribution suggests a role for butyrophilin-butyrophilin

interactions in the secretory process. Scale bar: 200 nm.
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distribution in the monolayer of the lipid droplet (Fig. 13). While adipophilin-rich

domains in plasma membrane may well be linked to secretory granule positioning

at the cell surface, butyrophilin–butyrophilin interactions between monolayer and

bilayer mediate envelopment of the granule by the plasma membrane and its

release from the cell (Robenek et al., 2006a).
V. Concluding Comment

The examples discussed illustrate the recent impact of freeze-fracture cytochem-

istry in advancing our understanding of selected aspects of cardiovascular cell

biology. The information that this approach provides is unique; without its

wider application, substantial gaps in our knowledge of how membranes function

will remain. Further exploitation of freeze-fracture cytochemistry may be expected

as the scope and power of this technique become more widely appreciated.



202 Nicholas J. Severs and Horst Robenek
Acknowledgments
We are indebted to all the members of the Severs and Robenek laboratories for their contributions to

the work discussed in this review. Some of the results discussed come from studies supported by grants

from British Heart Foundation (NJS) and Deutsche Forschungsgemeinschaft (HR).
References
Andersson Forsman, C., and Pinto da Silva, P. (1988). Label-fracture of cell surfaces by replica staining.

J. Histochem. Cytochem. 36, 1413–1418.

Branton, D., Bullivant, S., Gilula, N. B., Karnovsky,M. J., Moor, H.,Muhlethaler, K., Northcote, D. H.,

Packer, L., Satir, B., Satir, P., Speth, V., Staehelin, L. A., et al. (1975). Freeze-etching nomenclature.

Science 190, 54–56.

Coleman, R. A., andWade, J. B. (1989). Composite replicas: Methodologies for direct evaluation of the

relationship between intramembrane and extramembrane structures. J. Electron Microsc. Tech. 13,

216–227.

Dunia, I., Recouvreur, M., Nicolas, P., Kumar, N. M., Bloemendal, H., and Benedetti, E. L. (2001).

Sodium dodecyl sulphate-freeze-fracture immunolabeling of gap junctions. In ‘‘Methods in Molecu-

lar Biology: Connexin Methods and Protocols’’ (R. Bruzzone, and C. Giaume, eds.), Vol. 154,

pp. 33–55. Humana Press, Totowa, NJ.

Escaig, J. (1982). New instruments which facilitate rapid freezing at 83 K and 6 K. J. Microsc. 126,

221–230.

Fujimoto, K. (1995). Freeze-fracture replica electron microscopy combined with SDS digestion for

cytochemical labeling of integral membrane proteins—Application to the immunogold labeling of

intercellular junctional complexes. J. Cell Sci. 108, 3443–3449.

Fujimoto, K. (1997). SDS-digested freeze-fracture replica labeling electronmicroscopy to study the two-

dimensional distribution of integral membrane proteins and phospholipids in biomembrane: Practical

procedure, interpretation and application. Histochem. Cell Biol. 107, 87–96.

Gathercole, D. V., Colling, D. J., Takagishi, Y., Skepper, J. N., Levi, A. J., and Severs, N. J. (2000).

L-type Ca2þ calcium channel clusters over junctional sarcoplasmic reticulum in guinea pig cardiac

myocyte. J. Mol. Cell Cardiol. 32, 1984–1991.

Heuser, J. (1989). Protocol for 3-D visualization of molecules on mica via the quick freeze, deep etch

technique. J. Electron Microsc. Tech. 13, 244–263.

Heuser, J. E. (1981). Preparing biological specimens for stereo microscopy by the quick-freeze, deep-

etch, rotary-replication technique. Methods Cell Biol. 22, 97–122.

Heuser, J. E., and Salpeter, S. R. (1979). Organization of acetylcholine receptors in quick-frozen, deep-

etched, and rotary replicated Torpedo postsynaptic membrane. J. Cell Biol. 82, 150–173.

Kamasawa, N., Furman, C. S., Davidson, K. G., Sampson, J. A., Magnie, A. R., Gebhardt, B. R.,

Kamasawa,M., Yasumura, T., Zumbrunnen, J. R., Pickard, G. E., Nagy, J. I., and Rash, J. E. (2006).

Abundance and ultrastructural diversity of neuronal gap junctions in the OFF and ON sublaminae of

the inner plexiform layer of rat and mouse retina. Neuroscience 142, 1093–1117.

Kamasawa, N., Sik, A., Morita,M., Yasumura, T., Davidson, K. G., Nagy, J. I., and Rash, J. E. (2005).

Connexin-47 and connexin-32 in gap junctions of oligodendrocyte somata, myelin sheaths, paranodal

loops and Schmidt–Lanterman incisures: Implications for ionic homeostasis and potassium siphon-

ing. Neuroscience 136, 65–86.

Kan, F.W.K., and Pinto da Silva, P. (1989). Label-fracture cytochemistry. In ‘‘Colloidal Gold. Principles,

Methods and Applications’’ (M. A. Hayat, ed.), pp. 175–201. Academic Press, Orlando, London.

Moor, H., and Mühlethaler, K. (1963). Fine structure of frozen-etched yeast cells. J. Cell Biol. 17,

609–628.

Müller, M., Meister, N., and Moor, H. (1980). Freezing in a propane jet and its application in

freeze-fracturing. Mikroskopie(Wien) 36, 129–140.



11. Freeze-Fracture Cytochemistry 203
Nagy, J. I., Dudek, F. E., and Rash, J. E. (2004). Update on connexins and gap junctions in neurons and

glia in the mammalian nervous system. Brain Res. Brain Res. Rev. 47, 191–215.

Pinto da Silva, P. (1989). Visual thinking of biological membranes: From freeze-etching to label-

fracture. In ‘‘Immunogold Labeling Methods in Cell Biology’’ (A. Verkleij, and J. L. N. Leunissen,

eds.), pp. 179–197. CRC Press, Boca Raton, FL.

Pinto da Silva, P., Andersson Forsman, C., and Fujimoto, K. (1989). Fracture-flip: Nanoanatomy and

topochemistry of cell surfaces. In ‘‘Cells and Tissues: A Three-Dimensional Approach by Modern

Techniques in Microscopy’’ (P. Motta, ed.), pp. 49–56. Alan R. Liss, New York.

Pinto da Silva, P., Barbosa, M. L. F., and Aguas, A. P. (1986). A guide to fracture-label: Cytochemical

labeling of freeze- fractured cells. In ‘‘Advanced Techniques in Biological Electron Microscopy’’

(J. K. Koehler, ed.), Vol. 3, pp. 201–227. Springer, New York.

Pinto da Silva, P., and Branton, D. (1970). Membrane splitting in freeze-etching. Covalently bound

ferritin as a membrane marker. J. Cell Biol. 45, 598–605.

Pinto da Silva, P., Kachar, B., Torrisi, M. R., Brown, C., and Parkison, C. (1981a). Freeze-fracture

cytochemistry: Replicas of critical point-dried cells and tissues after fracture-label. Science 213, 230–233.

Pinto da Silva, P., Parkison, C., and Dwyer, N. (1981b). Freeze-fracture cytochemistry: Thin sections of

cells and tissues after labeling of fracture faces. J. Histochem. Cytochem. 29, 917–928.

Pinto da Silva, P., and Kan, F. W. K. (1984). Label-fracture: A method for high resolution labeling of

cell surfaces. J. Cell Biol. 99, 1156–1161.

Rash, J. E., Davidson, K. G., Kamasawa, N., Yasumura, T., Kamasawa, M., Zhang, C., Michaels, R.,

Restrepo, D., Ottersen, O. P., Olson, C. O., and Nagy, J. I. (2005). Ultrastructural localization of

connexins (Cx36, Cx43, Cx45), glutamate receptors and aquaporin-4 in rodent olfactory mucosa,

olfactory nerve and olfactory bulb. J. Neurocytol. 34, 307–341.

Rash, J. E., Johnson, T. J. A., Dinchuk, J. E., and Levinson, S. R. (1989). Labeling intramembrane

particles in freeze-fracture replicas. In ‘‘Freeze-Fracture Studies of Membranes’’ (S. W. Hui, ed.),

pp. 41–59. CRC Press, Boca Raton, FL.

Robenek, H., Hofnagel, O., Buers, I., Lorkowski, S., Schnoor, M., Robenek, M. J., Heid, H.,

Troyer, D., and Severs, N. J. (2006a). Butyrophilin controls milk fat globule secretion. Proc. Natl.

Acad. Sci. USA 103, 10385–10390.

Robenek, H., Hofnagel, O., Buers, I., Robenek, M. J., Troyer, D., and Severs, N. J. (2006b). Adipo-

philin-enriched domains in the ER membrane are sites of lipid droplet biogenesis. J. Cell Sci. 119,

4215–4224.

Robenek, H., Lorkowski, S., Schnoor, M., and Troyer, D. (2005a). Spatial integration of TIP47 and

adipophilin in macrophage lipid bodies. J. Biol. Chem. 280, 5789–5794.

Robenek, H., Robenek, M. J., Buers, I., Lorkowski, S., Hofnagel, O., Troyer, D., and Severs, N. J.

(2005b). Lipid droplets gain PAT family proteins by interaction with specialized plasma membrane

domains. J. Biol. Chem. 280, 26330–26338.

Robenek, M. J., Schlattmann, K., Zimmer, K. P., Plenz, G., Troyer, D., and Robenek, H. (2003).

Cholesterol transporter caveolin-1 transits the lipid bilayer during intracellular cycling. FASEB J. 17,

1940–1942.

Robenek, M. J., Severs, N. J., Schlattmann, K., Plenz, G., Zimmer, K. P., Troyer, D., and Robenek, H.

(2004). Lipids partition caveolin-1 from ER membranes into lipid droplets: Updating the model of

lipid droplet biogenesis. FASEB J. 18, 866–868.

Ru-Long, S., and Pinto da Silva, P. (1990). Simulcast: Contiguous views of fracture faces and membrane

surfaces in a single cell. Eur. J. Cell Biol. 53, 122–130.

Severs, N. J. (1995a). Freeze-fracture cytochemistry: An explanatory survey of methods. In ‘‘Rapid

Freezing, Freeze Fracture, and Deep Etching’’ (N. J. Severs, and D. M. Shotton, eds.), pp. 173–208.

Wiley-Liss, New York.

Severs, N. J. (1995b). Lipid localization by membrane perturbation: A cautionary tale. In ‘‘Rapid

Freezing, Freeze Fracture and Deep Etching’’ (N. J. Severs, and D. M. Shotton, eds.), pp. 225–234.

John Wiley & Sons, New York.



204 Nicholas J. Severs and Horst Robenek
Severs, N. J. (1997). Cholesterol cytochemistry in cell biology and disease. In ‘‘Subcellular Biochemistry.

Vol. 28. Cholesterol: Its Functions and Metabolism in Biology and Medicine’’ (R. Bittman, ed.),

pp. 477–505. Plenum Press, London.

Severs, N. J. (2007). Freeze-fracture electron microscopy. Nat. Protoc. 2, 547–576.

Severs, N. J., Coppen, S. R., Dupont, E., Yeh, H. I., Ko, Y. S., andMatsushita, T. (2004). Gap junction

alterations in human cardiac disease. Cardiovasc. Res. 62, 368–377.

Severs, N. J., and Robenek, H. (1983). Detection of microdomains in biomembranes—An appraisal of

recent developments in freeze-fracture cytochemistry. Biochim. Biophys. Acta (Reviews on Biomem-

branes) 737, 373–408.

Severs, N. J., Rothery, S., Dupont, E., Coppen, S. R., Yeh, H.-I., Ko, Y.-S., Matsushita, T., Kaba, R.,

and Halliday, D. (2001). Immunocytochemical analysis of connexin expression in the healthy and

diseased cardiovascular system. Microsc. Res. Tech. 52, 301–322.

Severs, N. J., and Simons, H. L. (1983). Failure of filipin to detect cholesterol-rich domains in smooth

muscle plasma membrane. Nature 303, 637–638.

Stevenson, S. A., Cullen,M. J., Rothery, S., Coppen, S. R., and Severs, N. J. (2005). High-resolution en-

face visualization of the cardiomyocyte plasma membrane reveals distinctive distributions of spectrin

and dystrophin. Eur. J. Cell Biol. 84, 961–971.

Stevenson, S., Rothery, S., Cullen, M. J., and Severs, N. J. (1998). Spatial relationship of C-terminal

domains of dystrophin and b-dystroglycan in cardiac muscle support a direct molecular interaction at

the plasma membrane interface. Circ. Res. 82, 82–93.

Takagishi, Y., Rothery, S., Issberner, J., Levi, A. J., and Severs, N. J. (1997). Spatial distribution of

dihydropyridine receptors in the plasma membrane of guinea pig cardiac myocytes investigated by

correlative confocal microscopy and label-fracture electron microscopy. J. Electron Microsc. 46,

165–170.

Tillack, T. W., and Marchesi, V. T. (1970). Demonstration of the outer surface of freeze-etched red

blood cell membranes. J. Cell Biol. 45, 649–653.

Yeh, H.-I., Dupont, E., Rothery, S., Coppen, S. R., and Severs, N. J. (1998). Individual gap junction

plaques contain multiple connexins in arterial endothelium. Circ. Res. 83, 1248–1263.



SECTION 12
METHODS IN CELL BIOL
Copyright 2008, Elsevier Inc.
The Cell Membrane
CHAPTER 12
Three-Dimensional Molecular Architecture
of the Plasma-Membrane-Associated
Cytoskeleton as Reconstructed by
Freeze-Etch Electron Tomography

Nobuhiro Morone,* Chieko Nakada,† Yasuhiro Umemura,†

Jiro Usukura,‡ and Akihiro Kusumi†

*Department of Ultrastructural Research
National Institute of Neuroscience
National Center of Neurology and Psychiatry
Kodaira 187-8502, Japan.

†
Membrane Mechanisms Project
International Cooperative Research Project (ICORP)
Japan Science and Technology Agency
Institute for Integrated Cell-Material Sciences and Institute for Frontier Medical Sciences
Kyoto University, Shougoin
Kyoto 606-8507, Japan.

‡
Division of Integrated Projects
EcoTopia Science Institute
Nagoya University
Furo-cho, Chikusa
Nagoya 464-8603, Japan.
OGY, VOL. 88 0091-679X/08 $35.00
All rights reserved. 207 DOI: 10.1016/S0091-679X(08)00412-3



208 Nobuhiro Morone et al.
A. General Introduction
The cytoskeleton and the plasma membrane are likely to carry out many

functions interdependently. These structures work collaboratively, and together

are largely responsible for determining the movements, shapes, and shape changes

of the cell. The plasma membrane dynamics, such as endocytosis, exocytosis,

membrane extension, and membrane resealing after cell wounding, could be

regulated by the tension exerted on the membrane by the cytoskeleton (Sheetz
I. Introduction
A. General Introduction
B. Introduction to Terminology: Membrane-Associated Part

of the Cytoskeleton (Membrane Skeleton[MSK])
C. Introduction to the MSK: The MSK of the Human Erythrocyte Ghost

II. Protocol for Visualization of the Three-Dimensional Structure of the MSK of the
Cytoplasmic Surface of the Plasma Membrane

A. Methods for Exposing the Cytoplasmic Surface of the Plasma Membrane
B. Immunolabeling of the Proteins on the Cytoplasmic Surface of the Plasma

Membrane
C. Rapid-Freezing
D. Deep-Etching and Platinum Replication
E. Recovering the Platinum Replicas
F. Summary of the Methods for Producing Large Plasma Membrane

Fragments and Avoiding Excessive Fragmentation of Replicas
G. Creation of Stereo Views (Anaglyphs)
H. 3-D Reconstruction of the MSK by Electron Tomography

III. 3D Structure of the Cytoskeleton-Plasma Membrane Interface
A. The Cytoplasmic Surface of the Plasma Membrane of Cultured Cells is

Entirely Coated with the Meshwork of the Actin-Based MSK
B. View of the MSK Using Anaglyphs
C. Quantitative 3D Reconstruction of the Undercoat Structure on the

Cytoplasmic Surface of the Plasma Membrane Using Electron
Tomography

D. Interface Structure of the MSK on the Cytoplasmic Surface of the Plasma
Membrane

E. Distribution of the MSKMesh Size on the Plasma Membrane Determined
by Electron Tomography

F. Comparison of the MSKMesh Size on the Plasma Membrane Determined
by Electron Tomography with the Compartment Size for Membrane
Molecule DiVusion

IV. Electron Tomography Clarified that Some of the Actin Filaments are Laterally
Bound to the Cytoplasmic Surface of the Plasma Membrane
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and Dai, 1996; Sheetz, 2001). Signal transduction by glycosylphosphatidylinositol

(GPI)-anchored proteins is mediated by the binding of stimulation-induced clus-

ters of GPI-anchored proteins to actin filaments (Suzuki et al., 2007a,b). Tension

exerted on integrin clusters in the plasma membrane by the force generated by

actomyosins and by binding to the extracellular matrix strengthens the linkages

between the integrin clusters and the cytoskeleton (Choquet et al., 1997), possibly

by way of the force-induced conformational changes of the Src family kinase

substrate p130Cas at the integrin clusters (Sawada et al., 2006).

The cytoskeleton has been a target of comprehensive studies by electron micros-

copy (EM). The ‘‘cortical’’ cytoskeleton, the cytoskeleton located near the plasma

membrane, has also been studied quite extensively (for example, see Hartwig et al.,

1989; Svitkina et al., 2003; Yin and Hartwig, 1988), but since many of these studies

employed detergents, the structures at the exact interface between the cytoskeleton

and the plasma membrane were not clear. One of the best ways to observe the

membrane surface is to prepare the specimens using ‘‘freeze etching’’, an

EM technique for sample preparation. In this technique, the biological specimen

is rapidly frozen, faster than the growth of the ice microcrystals, and then, after the

removal of excess ice, the ice on the membrane surface is sublimed (etching) so that

the membrane surface is exposed outside the ice. The surface morphology is

replicated by coating this surface with platinum, and the platinum coat is observed

by EM.

This technique was greatly improved and modified for its application to investi-

gations of the plasma membrane and the cytoskeleton near the plasma membrane

by Heuser and his colleagues, as well as others, in the late 1970s and early 1980s

(Chandler andHeuser, 1979; Heuser and Salpeter, 1979; Heuser et al., 1979; Landis

and Reese, 1981). Among them, two papers published by Heuser, Hirokawa, and

their colleagues stand out in the history of the studies of both the plasmamembrane

and the cytoskeleton (Hirokawa andHeuser, 1981; Hirokawa et al., 1982). By using

intestinal epithelial tissue, and by devising various ways of identifying a variety of

intracellular structures, they clearly and impressively showed images of the cyto-

skeleton closely associated with the microvilli and the apical plasma membrane.

Actin bundles in microvilli were shown vividly. The barbed ends (fast-growing

ends) were attached to the cytoplasmic surface of the tip of the villus, while the

pointed ends (slowly-growing ends) at the root of the villus were linked to a

structure called the ‘‘terminal web’’, which was further linked to the bulk cytoskel-

eton consisting of actin, myosin, and other intermediate filament structures. The

structures linking the actin bundles as well as those linking the actin filaments and

the plasma membrane were clearly shown in their electron micrographs.

Here, we list only several of the membrane-related, representative investigations

using the freeze-etching technique during the last 20 years: Fujita et al. (2007),

Hartwig et al. (1989), Hanson et al. (1997, 2008), Heuser and Anderson (1989),

Heuser (2005), Italiano et al. (1999), Katayama et al. (1996), Kanaseki et al.

(1997, 1998), Kajimura et al. (2000), Ohno and Takasu (1989), and Rothberg

et al. (1992), and Nakata and Hirokawa (1992).
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We have recently adopted this technique to observe the undercoat structures of

the plasma membrane. In addition, we showed that the platinum replica of the

rapidly-frozen, deep-etched, plasmamembrane is suitable for the three-dimensional

(3D) reconstruction of the cytoplasmic surface of the plasma membrane with its

membrane-associated part of the cytoskeleton, using electron tomography. Hence,

the objectives of this review are:

1. To show the high potential of freeze-etch EM for studying the interface

between the plasma membrane and the cytoskeleton;

2. To briefly review the structure of the plasma-membrane-associated part of

the cytoskeleton;

3. To briefly summarize the protocols for preparing the plasma membrane

specimen with its undercoat structures, and for the rapid-freezing, deep-etching,

and platinum replication of the plasma membrane specimen, with several recent

improvements; and

4. To present the 3D reconstruction data and the meshwork of the actin fila-

ments associated with the cytoplasmic surface of the plasma membrane (within

0.85 nm from the surface), and to compare the mesh size with the size of the

compartments for the diVusion of plasma-membrane molecules, detected by

single-molecule tracking of phospholipids and proteins.
B. Introduction to Terminology: Membrane-Associated Part
of the Cytoskeleton (Membrane Skeleton[MSK])
Distinguishing the plasma membrane-associated part of the cytoskeleton from

the bulk skeleton is diYcult because the membrane-associated part of the cytoskel-

eton is continuous with the bulk cytoskeleton. In this review, we define the

membrane-associated part of the cytoskeleton as the part of the cytoskeleton that is

located within several tens of nanometers from the plasma membrane, and we call this

structure the ‘‘membrane skeleton (MSK)’’ for convenience. The vague distance

stated here is due to the large variations in the association of the cytoskeleton with

the plasma membrane among diVerent cell types.
The reasons why the termMSK, separate from the bulk cytoskeleton, is used are

as follows:

1. Since the MSK-part of the cytoskeleton often functions in close cooperation

with the plasma membrane, it is often more logical and easy to consider the MSK

as a part of the plasma membrane, rather than as a part of the cytoskeleton, in

terms of cellular functions. As mentioned in the first paragraph of this review, the

proteins in the plasma membrane constantly interact with the cytoskeleton

adjacent to the plasma membrane.
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2. For the interaction with the plasma membrane, the MSK is likely to involve

protein species and to have structures diVerent from those of the bulk cytoskeleton.

The proteins that are more often found in the MSK, rather than the bulk cyto-

skeleton, include spectrin, ankyrin, band 4.1, adducin, villin, gelsolin, supervillin,

filamin, dystrophin, and utrophin.

3. Since the term membrane skeleton or MSK is often used as an adjective, such

as the ‘‘MSK fence model’’, the following term, the membrane-associated part of

the cytoskeleton, which might sound more proper, is inconvenient.
C. Introduction to the MSK: The MSK of the Human Erythrocyte Ghost
EM investigations of the MSK structure have long been conducted using human

erythrocytes. Since the human erythrocyte can easily be obtained, and since its

plasma membrane can be readily isolated due to its lack of intracellular membrane

compartments, the biochemical and structural analyses of the erythrocyte plasma

membrane were much easier than those of other cell types. Therefore, it has been

used as an important paradigm for studying the interaction between the MSK and

the plasma membrane.

Due to the clarity of the results as well as the historical importance, first, we will

describe the MSK structure, as revealed by EM (þAFM) as well as biochemical

investigations. The MSK of the human erythrocyte even now provides a basic

paradigm for studies of MSK structure and function. The schematic structure of

the human erythrocyte MSK, obtained as a result of pioneering studies, is shown

in Fig. 1 (Bennet, 1990; Byers and Branton, 1985). This amazing structure is

completely diVerent from the MSKs of other cell types, which will be described

in the latter part of this review. Short actin filaments of approximately 40 nm in

length, each consisting of 12–18 G-actin molecules, are bound by a tropomysin
Carbohydrate chain Band 3

Band 4.2

Band 4.1

Glycophorin

Actin

Tropomyosin

Lipid bilayer

Spectrin

a chain b chain

Ankyrin

Adducin Tropomodulin

Fig. 1 Schematic model of the MSK of the human erythrocyte.
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molecule on its side (this molecule is considered to determine the length of these

short actin filaments), and are linked to the plasma membrane on its barbed

end (fast-polymerizing end) and to the tropomodulin at its pointed end

(slow-polymerizing end). These filaments are densely distributed throughout the

cytoplasmic surface of the plasma membrane. The short actin filaments are linked

to the plasmamembrane by way of protein complexes, called junctional complexes,

consisting of a single-pass transmembrane protein, glycophorin C, band 4.1, and

adducin, occurring most frequently every 78 nm (Byers and Branton, 1985). These

junctional complexes are linked to each other sideways by flexible spectrin tetra-

mers with lengths between 50–80 nm, which can be extended up to �200 nm.

Schematically, this structure can be envisaged as a picket-fence structure, like a

garden fence. In this analogy, the short actin filaments can be considered as the

pickets, each of which is fixed to the ground by a glycophorin C-band 4.1-adducin

complex, and these junctional complexes are linked by spectrin fences. The diVer-
ence from the picket fences found in the agricultural farm is that the spectrin fences

are not attached to the short actin pickets, but to the ground protein complex

structures (junctional complexes þ spectrin). The flexibility of individual spectrin

molecules is considered to provide both the elasticity and resilience of erythrocytes

in circulation (Evans, 1989;Mohandas andChasis, 1993; Vertessy and Steck, 1989).

Observations of the erythrocyte’s MSK without using detergent solubilization

and negative staining of the erythrocyte membrane, which might modify the MSK

structure greatly, have been carried out by several methods, including scanning EM

(Hainfeld and Steck, 1977), thin-section EM (Tsukita et al., 1980), and EM after

freeze-etching and platinum replication (Nermut, 1981; Ursitti et al., 1991; also see

Fig. 2A in the review by Coleman et al. (1989), which was provided byDr. J. Heuser

of Washington University). These studies showed that the membrane skeleton is a

dense, complex, three-dimensional network of filaments. Atomic force microscopy

of the cytoplasmic surface of the erythrocyte plasma membrane, taking advantage

of its high sensitivity to small height variations on the surface, were conducted using

freeze-dried human erythrocyte ghosts (Takeuchi et al., 1998). The average mesh

size of the spectrin network was 3000 nm2, which is basically consistent with the

number density of junctional complexes detected by the negative-staining EM.

II. Protocol for Visualization of the Three-Dimensional
Structure of the MSK of the Cytoplasmic Surface
of the Plasma Membrane
A. Methods for Exposing the Cytoplasmic Surface of the Plasma Membrane
Generally, two methods have been used for exposing the cytoplasmic surface of

the plasma membrane of cultured cells, for immunolabeling and visualization of

the cytoplasmic surface (Fig. 2). One is used to observe the upper plasma mem-

brane (top surface in the cell culture on the coverslip) from inside the cell; and the
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Fig. 2 The ‘‘rip-oV’’ method (A) and the ‘‘unroofing’’ method (B) for exposing and observing the

cytoplasmic surface of the plasma membrane of cultured cells.

12. Molecular Architecture of the Plasma-Membrane-Associated Cytoskeleton 213
other is employed for the observation of the bottom cell membrane (the cell

membrane facing the cover slip), again from inside the cell. The former method

is often called the ‘‘rip-oV’’ protocol, as it involves the placement and attachment

of a coverslip from the top, and the subsequent removal of the top coverslip to rip

the top membrane oV from the rest of the cell. The latter method is referred to as

‘‘unroofing’’, because the upper plasma membrane and the majority of the cyto-

plasmic structures and molecules are removed by very brief, weak sonication,

leaving the bottom membrane attached to the coverslip on which the cell was

originally cultured. Both methods can work reasonably well, but they both have

their own potential problems and limitations. Further details are given in the

following subsections.

Another method frequently used to visualize the actin filament meshwork and its

binding proteins near the plasma membrane is to solubilize the plasma membrane

using detergents. Triton X-100 solutions, containing other stabilizing reagents such

as polyethylene glycol, glycerol, and sucrose, are the most popular ones. However,

these detergent solutions tend to disintegrate caveolae and clathrin-coated pits.

Using this detergent-solubilization method, the development of cortical actin

filaments was clearly observed (Svitkina et al., 1995, 2003).

a. The ‘‘rip-oV’’ method for the observation of the cytoplasmic surface of the

upper plasma membrane (Fig. 2A)
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No.1 coverslips are cut into 5-mm square pieces. These small coverslips are

cationized (coated) with alcian blue, a small-molecule reagent. The cationized

coverslips are placed on cells cultured on the cell sheet at 4 �C for 10 min in order

to allow the coverslips to attach to the plasma membrane (Fig. 3A). A buVer
solution is then gently introduced into the gap between the coverslips and the

cell sheet (Fig. 3B). The surface tension of the buVer forces the coverslips to

float up, which could rip oV the upper cell membrane from the rest of the cell,

sometimes with very small amounts of the membrane skeleton or with contamina-

tion by whole cells (Fig. 3B). This buVer usually contains chemical fixatives such as

2% formaldehyde, so that the plasmamembrane ripped oV from the rest of the cell is

immediately fixed, before its component proteins dissolve away into the rip-oV
buVer.

b. Unroofing by low-power ultrasonication for the observation of the cytoplasmic

surface of the bottom plasma membrane (Fig. 2B)

A probe-type, low-power ultrasonic generator is used to remove the top mem-

brane and the bulk cytoplasmic materials (Heuser, 2000). This method has often

been plagued by the limited observation areas, the broken MSK meshwork
Alcian-blue coated coverslip
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B E
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H

Fixation medium

Rapid freezing

Cytoplasmic surface of the cell

Pure copper block
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Pre-chilled glass knife
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Pt-C: 22�
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Cell
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Fig. 3 Specimen preparation protocol for ripping-oV the upper plasma membrane, followed by

rapid-freezing, deep-etching, and platinum replication.
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structures, and the loss of small membrane invaginations, including caveolae and

clathrin-coated pits. Careful adjustments of the various conditions for the sonica-

tion step are required, such as the use of smaller probes (e.g., 1 mm in diameter)

and lower output powers (e.g., up to several milliwatts), for the observations of

the MSK, caveolae, and clathrin-coated pits spread throughout the cytoplasmic

surface of the bottom plasma membrane, just like those of the upper cell

membrane.

In both cases, the plasma membrane is (further) fixed by an incubation in fresh,

ice-cold 1% paraformaldehyde/0.25% glutaraldehyde for 10 min (Fig. 3C).
B. Immunolabeling of the Proteins on the Cytoplasmic Surface of the Plasma Membrane
Immunogold labeling is an excellent way to reveal the molecular identifications

in the observed structures in the electron micrograph. Immunolabeling of the

isolated plasma membrane on its cytoplasmic surface can be conducted in

the normal manner for fixed samples. As we intend to use platinum replication

of the plasma membrane specimens, colloidal gold particles are generally recom-

mended as probes. Since each gold particle exhibits a clear dot surrounded by a

halo of platinum-carbon coating, these gold probes can be easily identified in the

platinum replicated specimens. Transmembrane proteins can be labeled from

the extracellular surface, and these proteins with gold probes can be retained

after chemical fixation and platinum replication on the replica (Fujimoto, 1995;

Fujimoto et al., 1996).
C. Rapid-Freezing
The plasma membrane with the exposed cytoplasmic surface is next frozen

quickly from the cytoplasmic surface, with its external surface still attached to

the coverslip. One of the surfaces of a pure-copper block is polished with diamond

paste to make a mirror surface, and the block is placed in liquid helium, with its

mirror surface slightly exposed over the helium surface. Each coverslip is placed on

the plunger tip of the rapid-freezing device, with the cytoplasmic surface of the

membrane facing down (Fig. 3D). The plunger is slammed down onto the polished,

pure-copper block (metal-contact method). This method takes advantage of the

feature of pure copper, for which its thermal conductivity is maximal around the

temperature of liquid-helium. Usually, within 20 microns from the frozen surface,

the growth of ice crystals is suYciently suppressed, due to the rapid freezing rate

(105 �C/s, Heuser et al., 1979) so that they do not alter the cellular structures

(Fig. 3D).
D. Deep-Etching and Platinum Replication
The frozen specimen is placed in liquid nitrogen, and then it is transferred into

the freeze-etching-shadowing chamber, where the pressure can be lowered to

approximately 10�6 Pa. The excess ice covering the cytoplasmic surface of the
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membrane is shaved oV, with a prechilled glass or diamond knife, using a micro-

tome placed in the chamber at �110 �C or below (Fig. 3E). Under optimal condi-

tions, this shaving process leaves the structures (in ice) approximately 0.2 to 1

micron from the plasma membrane (Fig. 3F). The surface of the ice layer is then

sublimed by slightly raising the temperature of the specimen to approximately

�100 to�70 �C, so that the structures hidden in the ice layer are exposed (Fig. 3G).

This process is called ‘‘etching (or deep-etching as, in this protocol, the etching is

more extensive than other methods)’’, and hence this whole specimen preparation

protocol is named ‘‘freeze-etching.’’ The etched specimen surfaces are then

rotary shadowed with platinum at an angle of approximately 20� from the

surface, with a thickness of 1–2 nm, and then with carbon from the top (Fig. 3H).

By lowering the specimen temperature and the pressure during shadowing, the

platinum grains become smaller, giving images with higher resolutions. The mole-

cules as well as the gold probes localized on the cytoplasmic surface of the cell

membrane are immobilized by the deposited platinum (Fujimoto, 1995; Fujimoto

et al., 1996).
E. Recovering the Platinum Replicas
The following is the procedure we learned from Drs. T. Baba and S. Ohno of

Yamanashi University Medical School. Collodion is applied immediately after

the platinum-carbon replicas are removed from the cold chamber, to fortify them.

The platinum-carbon replica is removed from the glass coverslip by an incubation

in 1% hydrofluoric acid in distilled water. After the replicas are successfully

removed from the glass surface and mounted on the grid, the collodion coat is

dissolved away in n-pentyl acetate. In this protocol, the sodium hypochlorite

solution, which is generally used to remove the replicas from the coverslip and

also to clear the membrane and the undercoat structure of the replicas, is replaced

with 1% hydrofluoric acid, in order to keep the cell membrane, the undercoat

structure, and the immunogold probes attached to these structures on the platinum

replicas (Fujimoto, 1995; Fujimoto et al., 1996; 1% hydrofluoric acid is likely to

only dissolve the glass, leaving the cell membrane molecules bound to the platinum

replica). An additional advantage of using 1%hydrofluoric acid is that the platinum

replicas break less often, probably because the membrane components are not

removed from the replicas, leaving them rather intact.

In addition, to keep as many colloidal gold particles attached to the platinum

replicas as possible, all of the solutions included 0.5–1% Kodak Photo-Flo 200,

a detergent used to prevent water-drop stains on the photographic film (advice

from John Heuser). After the replicas are washed with distilled water, they are

mounted on 100–200 mesh copper grids coated with polyvinyl formvar, and

then observed at magnifications of 10,000 � 70,000 with a transmission electron

microscope (�80 kV).
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F. Summary of the Methods for Producing Large Plasma Membrane Fragments
and Avoiding Excessive Fragmentation of Replicas
The following methodological precautions and improvements will help to repro-

ducibly produce large plasma membrane fragments and replicas without excessive

fragmentation. Although individually these are minor modifications, but collectively

they exert a substantial impact.

1. Employ an alcian-blue coat, rather than a poly-l-lysine coat (Rutter et al.,

1988; Sanan and Anderson, 1991).

2. In the protocol to observe the top membrane, before overlaying the alcian-

blue-coated coverslips, remove the excess water from the specimen, leaving just

enough buVer to cover the cell.

3. To cleave oV the upper membrane attached to the overlaid coverslip, float the

coverslip oV very gently by adding cleavage medium (using the surface tension of

the buVer to float the coverslip). If this is not done gently enough, the membrane

will be fragmented.

4. Shave oV the frozen sample with a glass or diamond knife, with the angle

between the knife and the cover glass adjusted to a shallow angle (less than 6�), so
that most of the excess water and the cytoplasm are removed and the cytoplasmic

surface of the cell membrane could be exposed after light etching. Since replicas

with too many variations in height tend to break when they are removed from the

coverslip and placed on the water surface, removal of the excess cytoplasm helps to

avoid replica breakage.

5. Apply collodion immediately after the replicas are removed from the cold

chamber (before the replicas are removed from the coverslip on the water surface),

to fortify the replica. This step helps to prevent replica breakage when the replicas

are removed from the cover slip. Dissolve away the collodion coat in n-pentyl

acetate, after the large replicas are successfully removed from the glass surface.

6. Use a solution of 1% hydrofluoric acid to slightly dissolve the glass surface, to

facilitate the removal of the replicas from the cover slip.

7. To keep as many colloidal gold particles attached on the platinum replicas as

possible, include 0.5–1% Kodak Photo-Flo 200 in all of the solutions used to

remove the replicas from the coverslips.
G. Creation of Stereo Views (Anaglyphs)
The term ‘‘anaglyph’’ refers to any image that has the appearance of being raised

from the surface of the paper. For the stereo views (anaglyphs), image pairs have to

be obtained by tilting the stage at �12.5� from the vertical axis. For details on the

production of anaglyphs, see Heuser (2000).
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H. 3-D Reconstruction of the MSK by Electron Tomography
In X-ray tomography, an increasingly popular technology for disease diagnosis,

X-rays irradiate the body at various angles, and from the X-ray images taken at

various rotated or tilted images, sliced images of the body are calculated for

reconstructing the 3-D images of the body. In electron tomography, the specimen

stage is tilted with respect to the incident electron beam in the transmission electron

microscope. The mathematical formulation is basically the same, except that the

tilt angle may be limited within ��70�, limiting the z-resolution. In addition, since

the axis of rotation slightly shifts around upon stage tilting, inducing large shifts in

the location of the observed detailed structures (large as compared to the subnan-

ometer size of the object we observe under the electron microscope), correction to

compensate for this eVect is needed for three-dimensional reconstruction. Usually,

EM images are taken every 1�, and therefore, for the tilt angles between �70�, 141
tilt images are taken for a single view field (Fig. 4).

Such quantitative data acquisition and three-dimensional image reconstruction

in EM were developed and automated in the 1990s, resulting in the current

prevalence of this method. Four key features in the development were: (1) the

development of the tilting stage that allows accurate rotation; (2) the development

of an electron microscope with z-axis correction and a side-entry specimen holder;

(3) the development of a scientific CCD camera with high sensitivity, resolution

(1024 � 1024 pixels or more, with a pixel size of 0.85 nm or better on the sample,

which should be finer than the platinum grain size), and linearity; (4) the creation

of software for the automatic data acquisition of a series of tilted images (Medalia

et al., 2002). Recently, this method has increasingly been used to determine

molecular forms as well as cellular structures (Lucic et al., 2005).

We generally use the ‘‘IMOD’’ software package, created by Dr. J. R. McIntosh

of the University of Colorado at Boulder (Kremer et al., 1996), running on Linux,
Electron beam
Sample stage angle

(−70�)

−45�

−30�

−15�

±0�

+15�

+30�

+45�

(+70�)

Fig. 4 EM images obtained at diVerent tilt angles of the specimen stage with respect to the incident

electron beam.
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for the generation of a series of sliced images (for example, about 100 image

sections of every 0.8–1.3 nm) from a series of tilted images. Corrections for the

tilt and the long-wavelength undulations of the membrane can also be achieved

with the IMOD software. 3D rendering (displaying 3D images in diVerent ways)
can be carried out using the Templace Graphics AMIRA software package,

operating on a Linux system.
III. 3D Structure of the Cytoskeleton-Plasma Membrane Interface
A. The Cytoplasmic Surface of the Plasma Membrane of Cultured Cells is Entirely Coated
with the Meshwork of the Actin-Based MSK
A typical electron micrograph, providing a bird’s-eye view of the cytoplasmic

surface of a large area of the upper cell membrane of a cultured normal rat kidney

(NRK) cell line, is shown in Fig. 5. A number of such EM images showing the

cytoplasmic surfaces of large cell membrane fragments were obtained for NRK

and fetal rat skin keratinocyte (FRSK) cells, suggesting that the entire (upper)

plasma membrane, except for the places where clathrin-coated pits and caveolae

exist, is coated with a filamentous, net-like structure.

The extensive filamentous, net-like structures shown in the magnified images of

the cytoplasmic surface of the plasma membrane in Figs. 6A and B, which were
Fig. 5 EM image of the cytoplasmic surface of the upper plasma membrane (bird’s-eye view). The

plasma membrane fragment shown here represents about a quarter of the upper plasma membrane.

Adapted from Morone et al. (2006). # 2003 The Rockfeller University Press.



Fig. 6 EM images of the MSK of the upper plasma membrane. (A) NRK cell. (B) FRSK cell.

Clathrin-coated structures (A and B) and a caveola (A) show the cytoplasmic surface. The striped

banding patterns with the 5.5-nm periodicity on individual filaments are characteristic of actin fila-

ments. These images reveal the close links of theMSK actin filaments with the clathrin-coated structures

and caveolae. Bars¼ 100 nm. The bar in the inset in B¼ 50 nm. Reproduced fromMorone et al. (2006).

# 2003 The Rockfeller University Press.
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obtained for an NRK cell (A) and an FRSK cell (B), respectively, are the MSK.

The presence of clathrin-coated structures shows that this is indeed the cytoplasmic

surface. The striped banding patterns with a 5.5-nm periodicity on individual

filaments are characteristic of actin filaments, and thus indicate that these are

actin filaments (Heuser and Kirschner, 1980; Katayama, 1998; Schoenenberger

et al., 1999). Since almost all of these filaments contain this striped pattern, it was

thus concluded that the MSK is predominantly composed of actin filaments. This

was also confirmed by immunogold staining.
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The inset in Fig. 6B indicates the spatial resolution: since each band in the

striped pattern with a 5.5-nm periodicity is visibly separated, the eVective resolu-
tion is thought to be � 2 nm (both the thickness of the platinum coating and the

platinum granule size are � 2 nm: Heuser and Kirschner, 1980; Heuser, 1983).

The MSK structure observed here on the upper cell membrane is similar to that

on the bottom cell membrane (the part of the cell membrane facing the coverslip)

observed previously (Heuser and Anderson, 1989). Based on these observations, it

was concluded that the entire cytoplasmic surface of the plasma membrane is

coated with the filamentous actin network (MSK), except for the places where

clathrin-coated pits and caveolae are present. The notion of the complete coverage

of the cytoplasmic surface of the plasma membrane by actin filaments might have

existed for over 30 years in part of the EM community (Byers and Porter, 1977; see

Sheetz et al. (2006) for a review), but the data specifically indicating that the actin

filaments of the MSK may cover the entire plasma membrane had neither been

presented in the literature, as done by Morone et al. (2006), nor shared in the cell

biology community. The EM observations described here are consistent with the

MSK-fence and anchored transmembrane protein picket models, in which the

entire plasma membrane, except for specific membrane domains, is parceled up

into apposed domains, with regard to the lateral diVusion of the molecules

incorporated in the plasma membrane (Fujiwara et al., 2002; Kusumi et al.,

2005a,b).
B. View of the MSK Using Anaglyphs
A representative anaglyph produced from images taken at �12� is shown in

Fig. 7. In these images, because of their 3D representation, it is especially clear that

the MSK, which is mostly composed of actin filaments, generally spreads along

the plasma membrane, covering almost the entire cytoplasmic surface of the upper

plasma membrane. In addition, clathrin-coated pits and caveolae are very closely

associated with the actin filaments in the MSK, as seen in this image as well as in

Figs. 6A and B. These results are consistent with those reported by Fujimoto et al.

(2000), Rothberg et al. (1992), and Parton (2003), but in the NRK cells studied

here, 92 and 93% of clathrin-coated pits and caveolae (n ¼ 200) are bound by the

actin filaments. Furthermore, in these images, many actin filaments are associated

with each clathrin-coated pit or caveola. These results are consistent with the

requirement of f-actin for clathrin-coated pit internalization (cf. Merrifield et al.,

2002; Qualmann et al., 2000).

Many short, thin filaments protrude toward the cytoplasm, mostly perpendicu-

larly, from the membrane surface (arrows in Fig. 7; they were short probably

because they were broken when the membrane was ripped oV). Note that these

perpendicular filaments are almost always connected to the MSK network lying on

the cytoplasmic surface (see the tips of the arrows). Thus, the part of the MSK

that is located on the cytoplasmic surface is connected three-dimensionally to



Fig. 7 Stereo electron micrograph (anaglyphs; left ¼ red, right ¼ green) of the plasma membrane

undercoat structure generated at �12�  of the tilt angle among the 131 tilt images (acquired in the range

of �65�  with 1�  steps). For the 3D view, one will need red-blue viewing glasses. These glasses are widely

available online or via novelty sources, such as comic book shops and toy stores, and are often attached

to Journals [for example, J. Cell Biol. 2006 vol.174, No.6)] or confocal microscopes. We will send a pair

upon request at singlemolecules111@frontier.kyoto-u.ac.jp. Arrows: actin filaments protruding from

the membrane cytoplasmic surface toward the cytoplasm. The arrows point to the places where the

protruding actin filaments intersect with the actin filaments lying horizontally on the plasma membrane.

Bar ¼ 100 nm. Adapted fromMorone et al. (2006).# 2003 The Rockfeller University Press.
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the cytoske leton. Toge ther, they will pro vide the mechan ical suppo rt for the

membr ane an d the force for deform ing the membr ane.
C. Qu antitati ve 3D Recons truction of the Und ercoat Struct ure on the C ytoplas mic
Sur fac e of the Plasma Membrane Using Elect ron Tomogr aphy
The 3D struc ture of the unde rcoat within 100–134 nm from the cytopl asmic

surfa ce of the plasm a membr ane, which includes clat hrin-co ated pits, caveola e,

and the actin -based MSK, was reconst ructed using electro n tomogr aphy for the

platin um repli cated samples. Bas ed on the 9 7–141 tilt image s acqu ired in the range

of � 48–70 � every 1� step for a single EM view field, 100–121 sliced imag es of every

0.85–1 .34 nm perpe ndicula r to the z-axis (paral lel to the image obtaine d at 0 � of
the tilt angle) were calcul ated by a computer (long-w aveleng th [ 	� 500 nm] undu-

lation s of the cell membr ane were correct ed by the 3D-recon struction softwar e,

IMOD ). The 3D-imag e was recon structed ba sed on these serial thin slices.

maito:singlemolecules111@frontier.kyoto-u.ac.jp
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In Fig. 8A, a typical MSK structure quantitatively analyzed in the present work

is shown in an anaglyph, and its 8.5-nm thick sections (created by superimposing

ten 0.85-nm sections) of the MSK of an NRK cell, starting from the cytoplasmic

side toward the membrane, are shown (Fig. 8B). The actin-basedMSK is visible on

image sections 81 through 110. Individual actin filaments, forming a network as

well as bundles, can be identified. Given the high density of the actin filament

meshwork, which is much smaller than the optical resolution, conventional fluo-

rescence microscopy cannot be used to observe the individual actin filaments, and

can visualize only the bundles of actin filaments.
D. Interface Structure of the MSK on the Cytoplasmic Surface of the Plasma Membrane
The part of the actin-based MSK that contacts the cytoplasmic surface of the

plasma membrane has been proposed to partition the cell membrane into 30–

230 nm compartments, by the ‘‘fence and picket’’ eVect (Edidin et al., 1991;

Kusumi and Sako, 1996; Kusumi et al., 2005a,b), for the diVusion of membrane

molecules. If these fence and picket models are correct, then the distribution of the

mesh size of the MSK on the cytoplasmic surface of the plasma membrane would

be practically the same as that of the compartment size determined by diVusion
measurements of membrane molecules. To carry out this examination, the 3D

reconstruction of the MSK by electron tomography provides a unique opportu-

nity, because the obtained images provide quantitative data on the distance

between the individual filaments and the membrane surface.

The actin filaments of the MSK that are directly associated with the cyto-

plasmic surface of the plasma membrane and may be involved in partitioning the

plasma membrane were systematically determined. Out of the stack of 121 image

slices taken every 0.85 nm from the cytoplasmic surface (� 100-nm thick altogether),

16 consecutive image slices from the membrane surface (� 13.6-nm thick altogether)

were used for this analysis (Figs. 9A and B).

In Figs. 9A (four images on the right) and 9B (from the second to the fourth

images), the square boxes in the left-most images were expanded, and the sections

of every 1.7 nm (superposition of two 0.85-nm-thick slices, 330 � 330 nm) are

displayed, between 0 and 11.9 nm. Using these sections, the filaments that are

closely associated with the cytoplasmic surface of the cell membrane were deter-

mined. Since the width of the actin filament after platinum shadowing is between

9–11 nm (consistent with Heuser, 1983) and the thickness of the platinum replica is

� 2 nm (consistent with Heuser, 1983 and Moritz et al., 2000), the height of the

actin filament that is associated with the membrane will be 7–9 nm (because the

height is given by the actin thickness and one replica thickness, whereas the width

of the actin filament in the image is determined by the actin thickness plus two

replica thicknesses), with 8 nm being a reasonable estimate.

The electron tomography sections shown in Figs. 9A and B revealed three major

classes of filaments, with regard to the distance from the membrane surface.



Fig. 8 A typical actin MSK structure on the cytoplasmic surface of the plasma membrane of an

NRK cell. (A) An anaglyph of a typical actin MSK structure generated at �12� of the tilt angle among

the 97 tilt images (acquired in the range of�48� with 1� steps). (B) A typical series of sliced images of the

actin MSK. Ten consecutive sections, each 0.85-nm thick, are superimposed, and six of these super-

imposed images, representing 60 image sections out of 121 image sections, are shown from the

cytoplasmic side toward the plasma membrane side. The numbers here indicate the number of slices

counted from the cytoplasmic side. The actin-based MSK near the cytoplasmic surface of the plasma

membrane is visible on images 81 through 110.Adapted fromMorone et al. (2006).# 2003 TheRockfeller

University Press.
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Fig. 9 The method for determining the MSK mesh on the cytoplasmic surface of the plasma

membrane, which possibly delimits the compartments of the plasma membrane, using the 3D-recon-

structed images of the MSK (an NRK cell). (A, B) The images on the far left are the 0� 6.8 nm or 6.8�
13.6 nm sections, each of which is a stack of eight 0.85-nm sections of 670 � 670 nm. These are from a

series of 121 image sections (0.85-nm thick) from the cytoplasmic surface, after the tilt and the long-

wavelength undulation of the cell surface were corrected. The images in the white squares in (A) and (B)

(330� 330 nm) are expanded on the right of these image stacks, with a section thickness of 1.7 nm (two

0.85-nm sections are superimposed)(330 � 330 nm for each image). (C) The outline of each actin

filament adjacent to the membrane surface (green, which could not be observed above 10.2 nm) and

that of each actin filament that could be observed above 10.2 nm (red). The view field and magnification

are the same as those for the thinner sections shown in (A) and (B) (330 � 330 nm). See the Methods

section for details. (D) The outline of actin filaments in a greater view field, which is the same as those in

the thick sections (0� 6.8 nm and 6.8� 13.6 nm) in (A) and (B) (670� 670 nm, expanded here). (E) The

image of the 0� 6.8 nm sections (670� 670 nm), superimposed on the image of the areas surrounded by

the filaments outlined in green in (D) (green areas with yellow outlines). According to the ‘‘fence’’ and

‘‘picket’’ models, these areas are likely to be the compartments where the membrane molecules are

temporarily confined. Adapted from Morone et al. (2006). # 2003 The Rockfeller University Press.
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The actin filaments of the first class are distinct even in the first 0 � 1.7 nm

section (since the contrast is reversed in these micrographs, they look more lucent

or white), but they fade out of the reconstructions 8–10 nm away from the mem-

brane surface. These filaments are drawn in green in Fig. 9C. We interpreted this to

mean that these filaments are in close contact with the plasma membrane, with the

gap between the filament and the inner membrane surface being less than 0.85 nm,

because they can be seen clearly even in the first 0.85-nm section. These filaments

are likely to be the significant ones for generating membrane corrals (for more

quantitative analyses and descriptions, see Morone et al. (2006)).

The filaments of the second class are also clearly visible in the sections very close

to the membrane surface, but they do not fade out until about 14 nm away from

the surface. These are probably the actin filaments that caught the platinum

coating all around their surfaces because they resided slightly oV the surface. The

extra coating slightly exaggerated their thickness and made them look as though

they were in contact with the plasma membrane, when in fact they probably were

not quite in direct contact. We did not consider these filaments to be close enough

to generate membrane corrals.

The actin filaments of the third class are not apparent in the sections closest to

the plasma membrane, but they become clear some distance away from it (greater

than 2–4 nm), and they also do not fade out until �14 nm. We interpreted this to

mean that these filaments are those that definitely do not contact the plasma

membrane directly, and hence should not contribute to forming corrals.

The second and third classes of filaments are drawn in red in Fig. 9C.

Therefore, we considered that only the first class of filaments (those drawn in

green in Figs. 9C and D) forms the MSK fences and pickets, and the area

surrounded by these filaments is colored green in the 0–6.8 nm section shown in

Fig. 9E. Note that there are regions that were not amenable to such an analysis.

They were the areas where the bundles of actin filaments are present (e.g., the

structure crossing diagonally from the lower left to the upper right in Fig. 8), the

actin filaments are too crowded to be individually discerned, the actin filament is

terminated in the middle of a domain (domains that contain a loose end of an actin

filament) or the clathrin-coated pits, caveolae, and the smooth-surface membrane

invaginations are present. They were excluded from this analysis (the white regions

in Fig. 10C).
E. Distribution of the MSK Mesh Size on the Plasma Membrane Determined
by Electron Tomography
A similar determination of the MSK meshwork was also made for FRSK cells.

Representative meshes of theMSK are shown in Fig. 10 (for an FRSK cell, colored

to aid visualization). We carried out such analyses for 10 representative stacks of

image sections (1290 nm � 1290 nm plane) each for NRK cells and FRSK cells

(eight diVerent cell membrane sheets for each cell type), and identified 76 and 1300

areas bounded by theMSKmeshwork, respectively. The two-dimensional area size



Fig. 10 The MSK meshwork directly located on the cytoplasmic surface of the plasma membrane of

an FRSK cell. The central parts of the figures in the left column (bar ¼ 300 nm) are magnified by a

factor of 3, and are shown in the right column (bar ¼ 100 nm). (Row A) Typical stereo views of the

plasma membrane specimen (anaglyph; left ¼ red, right ¼ green). (Row B) Normal electron
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Fig. 11 Comparison of the distributions of the MSK mesh size on the cytoplasmic surface of the

plasma membrane estimated by electron tomography (open bars), with that of the compartment size

determined from the phospholipid diVusion data (closed bars, adapted from Fujiwara et al. (2002) and

Murase et al. (2004)), for NRK (magenta) and FRSK (blue) cells. Within the same cell type, the MSK

mesh size and the diVusion compartment size exhibited similar distributions (compare the open and

closed bars with the same color). The actual sizes are quite diVerent between NRK and FRSK cells.

Adapted from Morone et al. (2006). # 2003 The Rockfeller University Press.
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for each domain was measured by the AMIRA software. The distributions of the

square root of the area size (the side length, assuming a square shape for the area)

for NRK (magenta open bars) and FRSK (blue open bars) cells are shown in

Fig. 11. The median values of the area and its square root are 3.9 � 104 nm2 and

200 nm, respectively, for NRK cells, and 2.7� 103 nm2 and 52 nm, respectively, for

FRSK cells.
F. Comparison of the MSK Mesh Size on the Plasma Membrane Determined by Electron
Tomography with the Compartment Size for Membrane Molecule DiVusion
Our group has proposed that a part of theMSK is directly and closely associated

with the cytoplasmic surface of the plasma membrane, and that this close associa-

tion of parts of the MSKmeshwork induces partitioning of the plasma membrane,

with regard to the translational diVusion of membrane molecules, based on high

speed single-particle tracking data for membrane proteins and lipids (Fig. 12,

Jacobson et al., 1995; Kusumi and Sako, 1996; Kusumi et al., 2005b). Namely,

the entire plasma membrane is parceled up into apposed domains by the MSK

meshwork associated with the plasma membrane. In the short-time regime, these
micrographs of the plasma membrane samples. The same view fields as those in A. (Row C) The areas

delimited by the actin filaments closely apposed to the cytoplasmic surface of the cell membrane are

shown. DiVerent colors are used to aid in visualization. Adapted fromMorone et al. (2006).# 2003 The

Rockfeller University Press.
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membrane molecules are temporarily confined within the compartments delimited

by the MSK mesh, and, in the long-time regime, they undergo macroscopic diVu-
sion by hopping between these compartments. The Singer-Nicolson model of the

membrane is only suitable for a description of diVusion on the scale of �10 nm in

the plasma membrane, but the presence of such compartment boundaries must be

considered for the diVusion over distances of several 10 s of nanometers.

Transmembrane proteins are temporarily confined within a compartment, due

to the collision of their cytoplasmic domains with the actin filaments in the MSK

mesh, closely located on the surface of the plasma membrane (MSK-‘‘fence’’

model, Fig. 12; also see Sako and Kusumi, 1995; Sako et al.,1998; Suzuki et al.,

2005; Tomishige et al., 1998).

Lipid molecules also undergo hop diVusion, which might be explained by the

‘‘anchored-protein picket model’’ (Fujiwara et al., 2002; Kusumi et al., 2005b;

Murase et al., 2004). In this ‘‘picket’’ model, various transmembrane proteins

anchored to and aligned along the actin filaments that are located right on the

cytoplasmic surface of the plasma membrane might eVectively act as rows of

pickets against the free diVusion of all of the molecules incorporated in the cell

membrane. This is due to the steric hindrance and circumferential slowing of the

immobile picket proteins, anchored to and lined up along the MSK. Here, the

circumferential slowing due to the hydrodynamic friction-like eVect of the immo-

bile picket proteins (Bussell et al., 1995a,b) is critical for eVectively blocking the

passage of membrane molecules across the picket line, because this eVect will

propagate quite far from the immobile protein surface. Without this eVect, the
picket model would not be valid. Lipid movement is aVected only by pickets,

whereas both pickets and fences would act on transmembrane proteins.

The size distributions of the compartments for the diVusion of membrane

molecules were obtained for an unsaturated phospholipid, l-a-dioleoylphosphati-
dylethanolamine, by Fujiwara et al. (2002) and Murase et al. (2004), for NRK and

FRSK cells, respectively. The distributions of the side lengths for NRK (magenta

closed bars) and FRSK (blue closed bars) cells are shown in the histograms in

Fig. 12. The median values of the compartment area and the side length are 4.3 �
104 nm2 and 230 nm, respectively, for NRK cells, and 2.1 � 103 nm2 and 41 nm,

respectively, for FRSK cells (Murase et al., 2004).
All of the membrane constituent molecules undergo short-term confined diVusion within a compart-

ment and long-term hop diVusion between these compartments. This may be due to corralling by two

mechanisms: The membrane-skeleton ‘‘fences’’ and the anchored-protein ‘‘pickets’’. (A) Side-view

schematic representation of a transmembrane protein, a phospholipid located in the outer leaflet, and

an MSK-anchored protein (membrane skeleton-anchored protein, grey cylinder). The former two

molecules are mobile, whereas the MSK-anchored protein is immobile. (B) The membrane-skeleton

‘‘fence’’ or ‘‘corral’’ model, showing that transmembrane proteins are confined within the mesh of the

actin-based membrane skeleton, as viewed from inside the cell. Meanwhile the phospholipids located in

the outer leaflet of the membrane do not directly interact with the membrane skeleton. (C) The

anchored-protein ‘‘picket’’ model, showing the MSK-anchored proteins eVectively represent immobile

obstacles to the diVusion of transmembrane proteins and phospholipids, as viewed from outside the cell.
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These results indicate that in the same cell line (for both the NRK and FRSK

cases), the MSK mesh size determined by electron tomography and the diVusion
compartment size determined by the high-speed single-particle tracking of a phos-

pholipid are similar to each other. However, between these two cell lines, both the

MSK mesh and the diVusion compartment sizes diVer greatly. The similarities

between the MSK mesh sizes and the diVusion compartment sizes in cell lines that

exhibit quite diVerent distributions strongly support the MSK fence and picket

models.
IV. Electron Tomography Clarified that Some of the Actin
Filaments are Laterally Bound to the Cytoplasmic Surface
of the Plasma Membrane

Many mammalian cells have a well-developed cytoskeleton in the bulk cyto-

plasm. The cytoskeleton consists of actin filaments, intermediate filaments, such as

keratin filaments and neurofilaments, and microtubules. Since actin filaments are

more involved in cell movement and morphological changes of the cell than the

others, they have been believed to be associated with the plasma membrane, at

least in the regions of leading edges and membrane ruZes. However, since the

interactions of the actin filaments with the plasma membrane have traditionally

been investigated in this context, in the actin literature, researchers have almost

always assumed that, to understand their interactions, it is suYcient to consider

that the barbed-ends of the actin filaments are bound to the plasmamembrane, and

that they can neglect the lateral binding of the actin filaments to the components of

the plasma membrane.

In the late 1980s, actin binding and nucleation on the cytoplasmic surface of the

plasma membrane were investigated (Schwartz and Luna, 1986, 1988; Tranter

et al., 1989), and ponticulin, a transmembrane protein in the Dictyostelium dis-

coideum plasma membrane that laterally binds to actin filaments, was discovered

(Wuestehube and Luna, 1987). Since then, biochemical analyses have revealed

many more proteins that exhibit lateral binding to the actin filaments as well as

binding to membranes and membrane molecules. These proteins include the Ezrin/

Radixin/Moesin (ERM)-family of proteins (Hamada et al., 2003; James et al.,

2001), the villin-gelsolin-superfamily proteins including fimbrin and supervillin

(Pestonjamasp et al., 1997, where the involvement of supervillin in adhesion struc-

tures is described), Epithelial protein lost in neoplasm (EPLIN), which binds to the

cadherin-catenin complex (Abe and Takeichi, 2008; Maul et al., 2003), filamin,

which is involved in various membrane-protein functions (Stossel et al., 2001;

Tavano et al., 2006; Uribe and Jay, 2007), dystrophin and utrophin, which, like

tropomyosin, are likely to bind to actin filaments (Fig. 1; Rybakova and Ervasti,

1997; Rybakova et al., 2002), and, let us not forget the myosin-family of proteins,

includingmyosin-I. Namely, these proteins are likely tomediate the lateral binding of
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actin filaments to the cytoplasmic surface of the plasma membrane, and thus lateral

binding as well as barbed-end binding is important for understanding the MSK

functions and the interaction between the plasma membrane and the cytoskeleton.

However, very few systematic structural studies of the MSK at the interface with

the plasma membrane have been carried out. The actin filaments laterally bound

to the plasma membrane have not received suYcient attention, despite their

possibly important functions. This is partly due to the technical diYculties in

obtaining large plasma membrane specimens that allow high resolution observa-

tions, without introducing too many artifacts. We think that 3D reconstructions of

the MSK, using electron tomography with frozen-etched, platinum-replicated

plasma membrane specimens, may be ideal for carrying out ultrastructural obser-

vations of the interface between theMSK and the plasmamembrane.We hope that

this review enhances the readers’ interests in the interface structures between the

MSK and the plasmamembrane, and that the methods described in this review will

help the readers to perform electron microscopic as well as tomographic studies of

the interactions of the MSK with the plasma membrane.
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I. Introduction

Dynamins play a crucial role in numerous membrane remodeling events

throughout eukaryotic cells and have a relatively low nucleotide aYnity and high

rate of GTP hydrolysis. The propensity of dynamins to self-assemble and stimulate

their own GTPase activity distinguishes them from other GTPases. The founding

member, dynamin, regulates vesicle scission at the plasma membrane, endosome,

and trans-Golgi network during endocytosis and caveolae internalization

(Hinshaw, 2000). The dynamin-related protein (Drp1/Dnm1/ADL2B) is involved

in mitochondrial fission, while mitofusins (Mfn1 and Mfn2) and OPA1/Mgm1
/08 $35.00
(08)00413-5
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control fusion of the outer and inner mitochondrial membranes, respectively

(Hoppins et al., 2007). Other dynamin family members control peroxisome

(Vps1/Drp1) division as well as chloroplast division and cell wall formation in

plants (ARC5/ADLs/Phragmoplastin) (Hong et al., 2003; Otegui et al., 2001;

Praefcke and McMahon, 2004).

To achieve these varied tasks, all dynamins contain three conserved domains

essential for function: a highly conserved GTPase domain, a middle domain, and a

GTPase eVector domain (GED) (Fig. 1). Each domain is required for self-assembly

of dynamins into functional, oligomeric structures (Ingerman et al., 2005;

Ramachandran et al., 2006; Smirnova et al., 1999; Song et al., 2004). In addition

to these conserved motifs, dynamins contain other functional domains specific to

the cellular mechanism associated with each protein (Fig. 1).

Dynamin, the family member studied most extensively, has an additional

pleckstrin-homology (PH) domain and a proline-rich domain (PRD) (Fig. 1). The

PH domain serves to target dynamin to negatively charged lipids (Klein et al., 1998;

Tuma et al., 1993; Zheng et al., 1996), whichmay concentrate dynamin at the necks of

invaginating pits during endocytosis (Achiriloaie et al., 1999;Artalejo et al., 1997; Lee

et al., 1999). The PRD interacts with SH3-domain containing proteins, including

endophilin, amphiphysin, intersectin, and cortactin. These dynamin partners all serve

to help regulate vesicle endocytosis (Dawson et al., 2006; Schmid et al., 1998). Other

dynamin family members contain transmembrane (TM) domains (mitofusin, Opa1/

Mgm1), a mitochondrial targeting sequence (MTS; OPA1/Mgm1) and additional
MTS

TM

Protease cleavage site

PRD

PH

B-insert

GTPase

Middle

GED

Fig. 1 A schematic alignment of mammalian and yeast dynamins is presented and highlights the

domain organization for each protein. The GTPase, middle, and GED topology is conserved among all

family members. GED, GTPase eVector domain; PH, pleckstrin homology; PRD, proline-rich domain;

MTS, mitochondria targeting sequence; TM, transmembrane. (For Arabidopsis dynamins see Hong

et al., 2003)
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inserts whose functions remain unknown (see B-insert inDnm1/Drp1) (Fig. 1). All of

these domains are tailored to the cellular function associated with the individual

proteins while maintaining the conserved GTPase, middle, and GED topology. For

mitofusins, the TM domains anchor the protein in opposing membranes and likely

act as tethers during mitochondrial fusion (Koshiba et al., 2004) in a mechanism

believed to be similar to SNARE fusion events (Choi et al., 2006). TheMTS found in

Mgm1/OPA1 is essential for targeting the protein to the intermembrane space in

mitochondria, where it is responsible for fusion events at the inner mitochondrial

membrane and regulating cristae structure (Frezza et al., 2006; Meeusen et al., 2006;

Meeusen and Nunnari, 2005). Some of the smallest dynamin-related proteins are the

Mx proteins, which are involved in viral resistance (Haller and Kochs, 2002). The

GTPase, middle, GED topology is maintained with little added sequence and no

additional domains. Of all the dynamin family members studied to date, MxA

contains the minimal set of domains essential for the function of dynamins.

Large oligomers of dynamins formed upon self-assembly, are amenable to

visualization using various microscopic techniques. Specifically, transmission elec-

tron microscopy (TEM), atomic force microscopy (AFM), and scanning transmis-

sion electron microscopy (STEM) have been used to examine dynamins. To

quantify the assembly state of the entire sample, biochemical techniques are also

an essential tool. For dynamins, sedimentation assays provide a measure of the

oligomeric state, while light scattering experiments provide a measure of confor-

mational changes in dynamin structures due to GTP hydrolysis. When combined

with high-resolution imaging techniques, these methods provide a complementary

representation of dynamin self-assembly and structural properties, giving a more

complete interpretation.

In this chapter, we will focus on three dynamin family members: human dyna-

min 1, yeast Dnm1, and human MxA. Despite diVerences in sequence, all three

proteins contain similar structural features that can be attributed to the conserved

GTPase–middle–GED topology. Each protein oligomerizes in low-salt conditions

or with nucleotide analogs and forms helical arrays in the presence of lipid. In the

absence of lipid, both dynamin and Dnm1 assemble into spirals while MxA forms

curved filaments and rings (Fig. 2). For dynamin and Dnm1, the oligomeric state is

tailored to its function: dynamin forms structures with sizes comparable to the size

of necks at budding vesicles (�50 nm) (Hinshaw and Schmid, 1995), while Dnm1

forms significantly larger structures required for mitochondrial fission with sizes

comparable to diameters observed at mitochondrial constriction sites (�100 nm)

(Ingerman et al., 2005). Furthermore, both Dnm1/Drp1 and MxA proteins have

an apparent aYnity for lipid despite lacking a PH domain. Therefore, the polymers

of dynamins may preferentially interact with lipid bilayers due to their inherent

curvature. Comparing the similarities and diVerences in dynamin family members

using a combination of biochemical and imaging techniques provides the oppor-

tunity to understand the relationship between conserved and unique protein

domains associated with varied cellular functions.
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Fig. 2 Oligomeric structures of dynamins are visualized using negative stain TEM. (A) Oligomers are

generated under low salt conditions or in the presence of nonhydrolyzable nucleotides. (B) Dynamin

spiral structures are shown that were dialyzed in the presence of GDP/BeF. (C) Larger spiral structures

are observed for Dnm1 in the presence of GMP-PCP. (D) MxA curved filaments and occasional rings

are presented after incubation with GMP-PCP. All protein structures were generated in HCB100. Scale

bar, 100 nm.
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II. Methods and Materials
A. Self-Assembly of Dynamins
Purified dynamin in high salt exists as a tetramer/monomer (Binns et al., 1999)

and dilution into low salt conditions (<50 mM NaCl) forms ring and spiral

structures (Hinshaw and Schmid, 1995). In addition, incubation with GDP/BeF,

under physiological salt conditions, results in dynamin rings and spirals (Carr and
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Hinshaw, 1997). To make spirals, dynamin (�0.2 mg/ml) in HCB100 (Hepes

Column BuVer (20 mM Hepes, pH 7.2, 1 mM MgCl2, 2 mM EGTA, 1 mM

DTT) with 100 mM NaCl) is incubated with 1 mM GDP, 5 mM NaF, and

500 mM BeCl2 for 15 min at room temperatur e (Fig. 2A and B). Alternat ively,

AlF3 can be used in place of BeF2 by combining 5 mM NaF and 500 mM AlCl2.

Dialysis of dynamin into HCB25 (25 mM NaCl) overnight at 4 �C also results in

dynamin spirals, though not as consistent as with GDP/XFx.

Dnm1 oligomerizes into curved filaments in the absence of nucleotide (HCB100

alone) and forms spirals only in the presence of GMP-PCP (Fig. 2C) (Ingerman

et al., 2005). These structures are much larger than dynamin spirals (�100 nm vs.

�50 nm). The addition of GTP (1 mM) to GMP-PCP–Dnm1 spirals caused the

disassembly of highly ordered rings into curved filaments that are similar to those

seen in the absence of nucleotides. For GMP-PCP spirals, Dnm1(�1.0 mg/ml) is

dialyzed into 1 mM GMP-PCP in HCB150 (150 mM NaCl) overnight at 4 �C.
MxA protein also oligomerizes under certain conditions (Kochs et al., 2002,

2005), but not as well as other dynamins. Upon dialysis of MxA (�1 mg/ml) in

HCB25–150 and the presence of 1 mM GMP-PCP, ring structures form (Fig. 2D)

(Kochs et al., 2005). Additionally, long, straight assemblies are generated by

dialysis of MxA in HCB50 and the presence of 1 mM GDP, 5 mM NaF, and

500 mM BeCl2 in 5% ethylene glycol for 20 h at 4 �C (Kochs et al., 2005).
B. Dynamin–Lipid Tubes
Dynamin interacts with lipid in vitro with a specific preference for negatively

charged bilayers (Sweitzer and Hinshaw, 1998; Zheng et al., 1996). To generate

dynamin oligomers on lipid bilayers, dynamin is incubated with liposomes for

1–2 h at room temperature. Liposomes are made by drying 50 ml of lipid in

chloroform (100% synthetic phosphatidyl serine (PS), Avanti Polar Lipids) under

nitrogen gas, keeping the lipid in vacuum overnight and resuspending to a final

concentration of 2 mg/ml in buVer with physiological salt conditions (HCB100).

The lipid is then extruded 11–15 times through a 1 mm polycarbonate membrane

(Avanti Polar Lipids) to generate unilamellar vesicles of uniform size (Fig. 3A).

Adding PS liposomes to dynamin at a final concentration of 0.2 mg/ml (protein

and lipid) and incubating at room temperature for �2 h results in the formation of

long helical arrays of dynamin–lipid tubes (Fig. 3B–D). Dynamins form the best

decorated tubes with 100% PS or 90% PS, 10% phosphoinositol-4,5-bisphophate

(PI4,5P2). We have also had some success with total brain lipid (Avanti Polar

Lipids), PS plus cholesterol (up to 10%), and a mixture of 70% PS and 30%

galactosylceramide (GalCer). Upon addition of GTP (1 mM final), all but the

GalCer tubes constrict and under certain conditions fragment (Fig. 3E–G)

(Danino et al., 2004; Sweitzer and Hinshaw, 1998).

Well-ordered structures of dynamin tubes are formed with a dynamin mutant

lacking the PRD (DPRD). DPRD dynamin forms tubes in the same manner as

described earlier, but unlike wild-type dynamin, a constricted structure is observed
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Fig. 3 Dynamin-lipid tubes generated with extruded liposomes constrict and fragment upon addition

of GTP. (A) To create extruded liposomes, lipid in chloroform solvent is dried under nitrogen gas in a

glass tube and stored under vacuum overnight. The lipid is then resuspended in buVer and extruded

through a 1 mm polycarbonate membrane (Avanti). (B) Liposomes are added to dynamin in HCB100

and incubated for �2 h to generate dynamin–lipid tubes, which are observed using negative stain TEM

(panels C and D). GTP is added either directly to the sample in the tube or by placing the grid with

sample adhered to its surface on a drop of GTP in solution. (C, D) Negative stain EM of dynamin–lipid

tubes prior to GTP addition are 50 nm in diameter. (E-G) In the presence of GTP, dynamin–lipid tubes

fragment and constrict to 40 nm in diameter. Scale bar, 100 nm.
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in the presence of nonhydrolysable GTP analogs (GMP-PCP, GMP-PNP, and

GTPgS). To form constricted tubes, DPRD dynamin (0.2 mg/ml in HCB100) was

preincubated with GMP-PCP (1 mM final) for 15 min at room temperature prior

to the addition of liposomes (�0.2 mg/ml) for 1–2 h at room temperature (Zhang

and Hinshaw, 2001).

Dnm1 also forms helical arrays upon the addition of negatively charged lipo-

somes despite lacking the PH domain. Unlike dynamin, a greater abundance of

tubes are formed if nonextruded lipid is used in the sample, possibly due to the

larger surface area required for the larger helical structures. As with dynamin, PS

liposomes work well, but we also find a combination of 90% phosphatidylethanol-

amine (PE; Avanti Polar Lipid) and 10% PI4,5P2 results in tubes with a more

regular diameter and length. Addition of GMP-PCP to these tubes does not

constrict the lipid; however, the tubes are more ordered. GMP-PCP was added

to a final concentration of 1 mM and allowed to incubate for 15 min.

MxA forms protein–lipid tubes only with nanotubes made with GalCer, a lipid

that makes extended lipid tubes without protein. This suggests that MxA may not

be able to deform liposomes to lipid tubes, but it is capable of binding to a lipid tube

with the correct diameter. As with dynamin, incubating MxA (0.2 mg/ml) with

GalCer tubes (0.2 mg/ml comprised of 70% PS and 30% GalCer synthetic lipids) at

37 �C for 1 h results in protein helical oligomerization on the lipid substrate.
C. Quantifying Dynamin Oligomerization
A commonmethod used to quantify the amount of oligomer formation in solution

is a sedimentation assay (Carr and Hinshaw, 1997; Danino et al., 2004; Hinshaw and

Schmid, 1995). Samples incubating at room temperature are transferred to an ice

bath to prevent any additional reactions. Samples are then centrifuged at 100,000�g

for 15 min at 4 �C in a Beckman ultracentrifuge (TLA 100 rotor). The supernatant

and pellet fractions can then be separated and loaded onto a 4–12% SDS-PAGE gel

(Invitrogen) and stained with Coomassie to determine the amounts of protein.

Assembled dynamin is found in the pellet (Fig. 4A). The relative densities of dynamin

in each fraction can be quantified using gel-imaging software.

Ninety degree light scattering has been used to assess conformational changes in

dynamin–lipid tubes treated with GTP. Dynamin tubes are prepared as previously

described and diluted 1:10 with HCB100 (dynamin at 0.02 mg/ml). A PC1 Spec-

trofluorometer (ISS, Champaign, IL) was used at 350 nm with a 4% screen for

excitation and 355 nm for emission with excitation and emission slit widths set at

5 nm with an OD1 filter. To begin, measurements of 90� light scattering were made

at 0.1-s intervals up to 15 min. After obtaining a stable background, GTP is added

to a final concentration of 1 mM, and is stirred gently with a pipette tip. The

scattering curves are normalized, and arbitrary units are presented. Upon GTP

addition to wild-type dynamin tubes, an immediate drop in light scattering is

detected (Fig. 4B), which correlates with membrane constriction and supercoiling

observed by electron microscopy (Fig. 3C and D).
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Fig. 4 Biochemical assays quantify dynamin assembly and conformational changes upon addition of

GTP. (A) The sup/pellet assay quantifies dynamin assembly under diVerent conditions by centrifuging

the sample at 100,000g and running the supernatant and pellet fractions on a gel (top). Imaging software

quantifies the relative amount of protein in the pellet (bottom). (B) 90� light scattering measures the

relative change in tube conformation. Addition of GTP (indicated with an arrow) leads to a rapid and

dramatic decrease in scattering.
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D. Transmission Electron Microscopy
While sedimentation assays provide a measure of protein assembly, electron

microscopy (EM) provides a means to visualize large oligomeric structures. Nega-

tive stain EM is a rapid, qualitative method to observe macromolecular structures

with high contrast, although heavy atom stains introduce some structural artifacts,

such as flattening. Cryo-EM overcomes many of the negative staining disadvan-

tages by flash freezing the sample in a thin film of vitreous ice and imaging without

stain. However, cryo-EM is significantly more time-consuming, and therefore,

preliminary imaging of the sample by negative staining is commonly used to

provide a simple, quick assessment of sample quality and structural homogeneity.
1. Negative Stain EM
To prepare a negative stain sample, the protein is adhered to carbon-coated

mesh grids. To increase hydrophilicity, the grids can be glow discharged or plasma

cleaned (Fischione Instruments) prior to adding sample. A small drop of sample

(5–10 ml) is placed on a clean surface (i.e., parafilm) and the grid is placed, carbon-

side down, onto the drop. After incubating for 0.5–2 min, the grid is washed in
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either buVer or 2% uranyl acetate (UA) solution in dH2O and blotted with filter

paper and washed again before placing the grid on a drop of UA for 2 min, blotted

again and dried. The entire time needed to generate a negative stain sample is less

than 5 min.

Dynamin spirals and tubes are readily seen using a TEM operated at 100 kV

(Figs. 2B and 3C and D) and imaged at magnifications ranging from �3000� to

35,000� with a bottom mount 1K � 1K CCD camera, which increases the magni-

fication by a factor of �1.3. To examine the eVects of GTP, dynamin–lipid tubes

are adhered to a grid and then incubated facedown on a drop of GTP in HCB100

(1–5 min) followed by subsequent staining and fixing with 2% UA. EM images of

dynamin tubes before and after GTP treatment (Fig. 3C–F) show that the tubes

constrict and fragment upon GTP hydrolysis.

Dnm1 spirals generated by incubation with GMP-PCP are easily visualized by

negative stain EM (Fig. 2C). These structures are a great deal larger than homolo-

gous dynamin spirals. Similarly, Dnm1–lipid tubes are significantly larger than are

dynamin tubes (Fig. 5A), and because of the size of these tubes, negative stain

flattens the tubes. The flattening is apparent when examining the Fourier trans-

form of these tubes (Fig. 5B), which show diVraction spots consistent with a 2D

lattice as opposed to layer lines observed for well-ordered helical structures

(Fig. 5D). Adding 1 mM GMP-PCP to preformed Dnm1–lipid tubes for 15 min

at room temperature improves the overall order of the helical structure, but some

flattening is still observed.
2. Cryo-EM
Cryo-EM eliminates the flattening eVect of negative stain EM observed on

Dnm1 tubes (Fig. 5C and D). In addition, cryo-EM allows for direct examination

of the sample in its native state without staining. To control humidity and temper-

ature, a Vitrobot (FEI Co.) system is used for sample vitrification. A 3–5 ml drop of

sample is placed onto a holey carbon grid (Quantifoil R 3.5/1 with copper mesh)

and blotted with filter paper to create a thin film of solution. The grid is immedi-

ately plunged into liquid ethane, which rapidly freezes the sample in noncrystalline,

vitreous ice with the protein in its native state. The time and pressure of the blotting

and subsequent freezing is computer controlled in the Vitrobot. Other manual

devices work equally well with an experienced user. The advantage of the Vitrobot

system is a novice can obtain good ice thickness and homogeneity. After freezing,

the grid is stored under liquid nitrogen prior to examining the sample in the

microscope. Using low-dose electron microscopy to prevent destruction of the

sample, we are able to see ordered helical structures of the Dnm1–lipid tubes

(Fig. 5C) with promising layer-line data in the Fourier transform (Fig. 5D).

Cryo-electron tomography, a relatively new technique used to determine the struc-

ture of large cellular complexes, was also used to examine Dnm1 tubes. For this

experiment, the vitreous sample is prepared as described earlier with the addition

of gold particles applied to the grid prior to applying the sample. The sample is
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Fig. 5 Dnm1–lipid tubes are imaged using negative stain and cryo-EM. (A) Negative stain imaging of

Dnm1–lipid tubes suggests flattening occurs due to stain and sample dehydration (B) Corresponding

Fourier transform of image in A shows spots indicating a 2D lattice, indicative of tube flattening.

(C) Cryo-EM image of Dnm1–lipid tube. (D) Fourier transform of image in (C) provides a regular

helical pattern with layer lines suggesting a helical structure.
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tilted to obtain a series of images at various angles (�70�) with the Serial-EM

software (Mastronarde, 2005). The images are aligned and a three-dimensional

reconstruction is obtained using IMOD software (Kremer et al., 1996). Tomo-

graphic reconstruction of Dnm1 tubes confirms that the flattening seen with

negative stain on a carbon surface is no longer observed when cryo-EM methods

are used.

Cryo-EM has also been used to visualize dynamin structures in their native

states (Chen et al., 2004; Danino et al., 2004; Sweitzer and Hinshaw, 1998; Zhang

and Hinshaw, 2001). Vitreous samples of dynamin–lipid tubes can be generated as

described earlier. As observed with negative stain EM, a T-shape structure is seen

at the lipid interface (Fig. 6A; see insert); a common feature observed among all

dynamin family members examined to date, regardless of diVerences in protein

circumference (Ingerman et al., 2005; Kochs et al., 2005; Low and Lowe, 2006).
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Fig. 6 Cryo-EM imaging and reconstructions of dynamin are presented in the nonconstricted and

constricted states. (A) Dynamin–lipid tubes formed as in Fig. 3 and imaged using cryo-EM. (B, C)When

GTP is added, the tubes constrict the lipid bilayer, leading to bulges in regions of undecorated lipid.

(D) DPRD dynamin forms well-ordered tubes in the presence of lipid and GMP-PCP, which diVract to

�20 Å resolution (Fourier transform in inset). Such images are averaged using helical reconstruction

methods to generate a three-dimensional reconstruction (panel F). (E) DPRD dynamin–lipid tubes in

both the nonconstricted and constricted states are boxed (blue and red boxes respectively) for image

processing using the IHRSR reconstruction method (Egelman, 2006). (F) 3D map of dynamin–lipid

13. Visualization of Dynamins 247
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When GTP is added to the dynamin tubes, a constriction in the helical structure

occurs that changes the overall diameter of the helical array from 50 to 40 nm

(Fig. 6B and C). The major diVerence between cryo and negative stain samples is

the lack of tube fragmentation in cryo-EM. The fragmentation observed in nega-

tive stain is due to the stain and sample drying. Another advantage of cryo-EM is

that it allows for shorter time points to be observed after substrate addition. After

the dynamin–lipid sample is added to the holey grids in the Vitrobot apparatus,

GTP is added separately to the drop of sample on the grid and allowed to incubate

for a specified amount of time before blotting and plunging the sample in liquid

ethane. This procedure reveals that within 5 s after addition of GTP, most of the

dynamin tubes are constricted and supercoiled with undecorated lipid bulges

betw een constr icted segme nts (Dani no et al., 2004).

Cryo-EM also provides higher resolution images with less background noise

since the sample is preserved in a thin layer of ice without stain or carbon support.

Conversely, the low electron dose required for preventing sample damage results in

low contrast and a higher background noise. Therefore, averaging numerous

images to enhance the signal-to-noise ratio is necessary for subsequent image

reconstructions. For dynamin, it was determined that removing the PRD favors

the formation of well-ordered tubes that are ideal for image reconstruction (Zhang

and Hinshaw, 2001). Additionally, constricted DPRD dynamin tubes in the pres-

ence of GMP-PCP are straight with a consistent helical pitch (Fig. 6D). Using

helical reconstruction techniques, a three-dimensional structure for DPRD dyna-

min tubes was obtained for the constricted (nucleotide-bound) state (Fig. 6F)

(Zhang and Hinshaw, 2001). The nonconstricted DPRD dynamin tubes (Fig. 6E,

a section is boxed in blue) are more curved and flexible with a varied pitch, and

therefore the traditional helical reconstruction techniques could not be applied.

Instead, the Iterative Helical Real Space Reconstruction (IHRSR) method (devel-

oped by Edward Egelman at the University of Virginia) was used to overcome

these problems. The IHRSR method uses a single-particle approach to generate

three-dimensional reconstructions (Egelman, 2006), and was used to generate

reconstructions for DPRD dynamin in both the nonconstricted and constricted

states (Fig. 6G) (Chen et al., 2004).
3. Docking Structures to Cryo-EM Maps
Cryo-EM with image reconstruction methods allows for visualization of protein

structures at resolutions greater than �0.5 nm. Only recently has subnanometer

resolution been achieved in part due to improved optics and sample stabilization in
tube solved by helical reconstruction methods (Zhang & Hinshaw, 2001) represented at both high

(yellow mesh) and low (blue) thresholds. (G) IHRSR image reconstructions of the nonconstricted (left)

and constricted (right) DPRD dynamin–lipid tubes (high-yellow mesh and low–blue thresholds) (Chen

et al., 2004). Scale bar for A-E, 100 nm. Scale bar for F and G, 10 nm.
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the microscope. To overcome the limited resolution, a comprehensive approach is

used that combines X-ray crystallographic data with cryo-EM structures. There are

numerous ways to dock X-ray structures into a cryo-EM map, including manually

fitting crystal structures into cryo-EM density. Several visualization programs are

available for manual fitting, including O (Jones et al., 1991), Pymol (http://pymol.

sourceforge.net/), and Chimera (http://www.cgl.ucsf.edu/chimera). Using O, struc-

tures of the GTPase domain from a related dynamin family member and the PH

domain from human were manually fit to the constricted DPRD dynamin structure

determined by helical reconstruction (Zhang and Hinshaw, 2001).

The disadvantage of manual fitting is that the final model is subject to user

prejudice. To prevent bias, automated fitting ofX-ray structures provides a superior

alternative. There are traditionally two methods used to match X-ray structures to

the cryo-EM density: topology comparison and atom–voxel matching. For topolo-

gy comparison, a density representation of the high-resolution structure is used to

search orientations that best match the cryo-EM structure based on cross-

correlation of the surfaces. For atom–voxel matching methods, the premise is to

exhaustively search orientations in real or reciprocal space and find a best fit. To

sample conformations with the cryo-EM density, various algorithms are available,

includingMonte Carlo simulations (see YAMMP/YUP (Tan et al., 1993; Tan et al.,

2006) developed in group of StephenC. Harvey).Monte Carlo simulations stochas-

tically refine the structure(s) within the conformational space until a best fit is

determined. This method requires a significant amount of user intervention but

also allows a great deal of flexibility, because the force field for the simulation is user-

defined. Consequently, bonds, nonbonds, volume exclusion, multidomain fitting,

and other terms can be introduced along with simple rigid-body docking (Mears

et al., 2006). TheGTPase andPHcrystal structures of dynaminwere docked into the

3-dimensional densitymaps of dynamin using YAMMP/YUP and revealed a possi-

ble corkscr ew mechani sm of constr iction (Mear s et al. , 20 07). Anothe r doc king

package, SITUS, uses vector quantization to fit high-resolution structures into low-

resolution density (Wriggers et al., 1999). Thismethod allows for fast and exhaustive

docking of rigid-body atomic structures to the cryo-EM structure, and newmethods

allow for flexible fitting as well (Wriggers and Birmanns, 2001).
E. Rotary Shadowing
Rotary shadowing is commonly used to examine the shape of molecules and

complexes. A thin layer of metal (usually Pt) applied at a low angle, while the

sample is rotating, provides a clear replica of the top surface of the sample. This

method is therefore useful for determining the hand of a helical array since only

one side of the tube is imaged. With negative stain or cryo-EM the hand would be

indiscernible because both the top and bottom layers of the helix are reflected

equally. To determine the handedness of the DPRD dynamin tubes, the sample was

freeze-dried and rotary-shadowed with Pt and carbon (Fig. 7A). A drop (10 ml) of
DPRD dynamin tubes were directly added to clean mica (1 cm � 1 cm), washed

http://pymol.sourceforge.net/
http://pymol.sourceforge.net/
http://www.cgl.ucsf.edu/chimera
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Fig. 7 Dynamin examined by several diverse image techniques. (A) Rotary shadowing of dynamin–

lipid tubes reveals the surface of the tube and subsequently the hand of the helices. (B) Fourier

transform of the shadowed image confirm the long (gray) pitch helix is left-handed and the short

(black) pitch helix is right-handed. (C) STEM analysis of a dynamin spiral (highlighted by arrowhead)

provides an accurate measure of mass over a defined length when compared with a TMV particle

(arrow). Scale bar, 50 nm. (D) AFM imaging of dynamin tubes was used to examine conformational

changes triggered by GTP hydrolysis. A zoomed image of dynamin tubes is shown in the inset. Scale bar,

2 mm.
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with HCB0 (no NaCl) for 2 min and blotted from the back and side of the mica

before freezing in liquid ethane. The sample was then stored in liquid nitrogen

prior to freeze-drying and rotary shadowing. Later, the sample is placed quickly

into a freeze-fracture machine (Balzers) that had been pumped down for several

hours to a vacuum of 4 � 10–6 m bar and cooled to �150 �C. The fracture blade
from the machine is placed over the sample to act as a cold trap as the temperature

is raised to �95 �C. The sample is etched for �30 min, and the temperature is

returned to �150 �C prior to shadowing. While the sample is rotating (speed 9)

Ptwas applied for 6–8 s at a 6� angle followedby�10 s of carbon. The sample is then

warmedbefore removing from themachine. The replicas are floated oVondeionized

water andpicked upon copper grids, and they are then examinedbyTEM.The hand
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of the long pitch and short pitch helices can be observed by eye (Fig. 7A) or

determined by the Fourier transform (Fig. 7B).
F. Scanning Transmission Electron Microscopy
STEM analysis determines the mass of the specimen based on image intensity.

With calibration of a specimen of known mass (usually tobacco mosaic virus

(TMV); arrow in Fig. 7C), intensity in the STEM can be integrated over an isolated

particle and converted to a molecular weight. STEM was used in this way to

determine the number of dynamin molecules per turn of the helix (Fig. 7C). For

STEM preparations, the DPRD dynamin spirals, made in the presence of GMP-

PCP, were sent to Brookhaven National Laboratory (BNL) for imaging (Fig. 7C;

arrowhead). The specimen is freeze-dried on holey carbon grids in the presence of

TMV (as described on the BNL web page, http://www.biology.bnl.gov/stem/stem.

html). The final concentration of dynamin spirals was 25–100 mg/ml. The images

were processed using the PIC program on a VMS Dec Alpha; however, BNL

currently has an updated program called PCMass25 available on the web that

runs in Windows 95 or higher. The mass per length of TMV is known and acts as

an internal control for the specimen. Dividing the length of the spiral by the helical

pitch of 94.8 Å (determined by the diVraction pattern) and then dividing by the

relative molecular mass of DPRD dynamin (87,100) determines the number of

molecules per helical turn.
G. AFM
Dynamin tubes were examined by AFM in collaboration with Dr. Jan Hoh

(Johns Hopkins University) to determine if the GTP-induced conformational

change of the tubes could be observed in real time (Fig. 7D). To prepare the

sample, dynamin tubes were diluted 1:1 with 20 mM NaCl prior to adding to

clean mica. After 30 min, the sample was washed ten times with 20 mM NaCl

and then imaged by AFM in a thin layer of liquid. Unfortunately, the conforma-

tional changes were not observed when GTP was added to tubes adhered to the

mica; however, addition of GTP in solution prior to applying the sample to mica

revealed supercoiled, shorter, and fewer tubes.
III. Discussion

In vitro studies of any protein require that the protein behave in a manner similar

to in vivo preparations. For example, dynamin spirals and dynamin–lipid tubes

observed in vitro are similar to dynamin structures observed at the necks of

invaginating pits in nerve synapses (Evergren et al., 2004; Koenig and Ikeda,

1989; Takei et al., 1995). Also the large Dnm1 structures seen in vitro coincide

with the mitochondrial constriction sites seen in wild-type yeast (Bleazard et al.,

http://www.biology.bnl.gov/stem/stem.html
http://www.biology.bnl.gov/stem/stem.html


252 Jason A. Mears and Jenny E. Hinshaw
1999; Ingerman et al., 2005). In contrast, the oligomers of MxA still remain to

correlate with structures seen in vivo; however, human MxA may also be

membrane-associated as evidence suggests it interacts with the smooth endoplas-

mic reticulum (Accola et al., 2002).

The intrinsic quality of dynamins to self-assemble makes them amenable for struc-

tural studies as illustrated in this chapter. Dynamins have a strong propensity to self-

assemble because of strong interactions between the GTPase, middle and GED

domains. Even in 400 mM salt, dynamin exists as a tetramer (Binns et al., 1999).

Adecrease in salt concentration (<50 mMNaCl) leads tooligomerizationofdynamin

(rings/spirals) (Hinshaw and Schmid, 1995), Dnm1 (curved filaments) (Ingerman

etal., 2005),andMxA(curvedfilaments) (Kochs etal., 2002).Additionally,nucleotide

analogs interactwith dynamins to formring/spiral structures (Fig. 2).Dynamin forms

spirals in the presence of GDP/BeF, a transition state analog, while nonhydrolysable

GTPanalogshavenoobservedaVect. Incontrast,Dnm1andMxAformrings/spirals,

albeitwithdiVerentdimensions, in thepresenceofGTPanalogs (GMP-PCP,GTPgS).
The diVerence in nucleotide-dependent assembly between the dynamins may be

directly related to the PRD region. DPRD dynamin behaves similar to Dnm1 and

MxA and readily forms ring/spiral structures in the presence of GMP-PCP. In addi-

tion, DPRD dynamin–lipid tubes constrict when GMP-PCP is present (Fig. 6D and

E). Therefore, the PRDmay help regulate GTPase substrate aYnity and activity.

The PH domain of dynamin is important for interactions with negatively charged

lipids (Tuma et al., 1993; Zheng et al., 1996), and deleting this domain results in the

loss of endocytosis as measured by transferrin uptake (Vallis et al., 1999).Moreover,

the addition of negatively charged lipid to dynamin in solution stimulates GTP

hydrolysis due to increased self-assembly of dynamin on lipid bilayers (Tuma et al.,

1993). Dnm1 and MxA both form helical arrays in the presence of lipid, despite

lacking a PH domain. The inherent curvature of the assembled oligomer may

predispose the proteins to interact with membrane bilayers. However, Dnm1 favors

lipid bilayers with less curvature because of the increased diameter of the oligomer.

When GTP is added, dynamin rapidly constricts and then disassociates from the

lipid bilayer. The conformational change of dynamin–lipid tubes has also been

examined in real time by fluorescence microscopy. In this work, Roux et al. observe

a twistingmotion resulting fromGTPhydrolysisofdynamin (Roux et al., 2006). If the

ends of the tubes are tethered, the twisting leads to fragmentation of the tubes. The

tethered dynamin tubes are similar to the negative stain results, which also show

dynamin tubes fragment uponGTPhydrolysis when attached to a support.Dynamin

tubes free in solution twist and supercoil as observed by cryo-EM and as untethered

tubes in light microscopy (Roux et al., 2006). In vivo, dynamin decorated necks of

coated pits may be tethered by actin and the plasma membrane through numerous

mediator proteins containing an SH3 domain to interact with the PRD in dynamin.

Examining the 3D structures of dynamin in the constricted and nonconstricted

states show conformational changes in the ‘‘stalk’’ region of the T structure during

lipid constricti on (Che n et al., 2004). The middl e domain and GED, which

are conserved throughout the dynamin family and are responsible for driving
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self-assembly, are likely contained in this region, which undergoes a dramatic

change from a relatively straight pattern to a kinked, zigzag pattern when GMP-

PCP is added to the DPRD dynamin tube. Therefore, these conserved domains not

only drive assembly but also regulate conformational changes that are essential for

dynamin function.

It is unclear at this time what role cofactor proteins will have on assembly and

constriction of dynamins. In the case of dynamin, many SH3 domain-containing

binding partners (endophilin, amphiphysin, cortactin, etc.) are involved in endo-

cytosis (Schmid et al., 1998), and many of these proteins contain lipid-binding

motifs (Dawson et al., 2006). Still, the PH domain eVectively targets dynamin to

membranes in vitro (Tuma et al., 1993; Zheng et al., 1996) and is essential for

endocytosis (Achiriloaie et al., 1999; Lee et al., 1999). Dnm1 is largely cytoplasmic

in yeast cells, and other cofactor proteins (Fis1, Mdv1, and Caf4) are responsible

for recruiting Dnm1 to the outer membrane of the mitochondria (Hoppins et al.,

2007). Similarly, MxA is largely cytoplasmic, but some protein is associated with

smooth ER (Accola et al., 2002). No binding partners have been identified for

MxA, although it is able to interact directly with certain viral nucleocapsid pro-

teins (Kochs and Haller, 1999).

In the future, examining additional dynamin family members will further define

the fundamental mechanism of action of the dynamins and more importantly

reveal the diVerences that are unique to the function of each protein. For example,

Opa1/Mgm1 and mitofusins are required for mitochondrial fusion and under-

standing how these proteins exploit dynamins’ distinctive self-assembly property

will provide great insight into this poorly understood mechanism. In addition,

Vps1 and Mx proteins only contain the GTPase, middle, and GED domains with

little additional sequence, suggesting these proteins are regulated by yet to be

identified binding partners. Determining the process of how dynamins reach

their functional sites is also crucial. For dynamin, the PRD has been shown to

be essential for the localization of this protein to the plasma membrane while the

inner membrane fusion protein (Opa1/Mgm1) contains a mitochondria targeting

sequence. However, no comparable targeting sequence has been found for either

Vps1 and Mx. Overall, comparison of dynamin family members provides an

excellent example of modular protein domains organized around a conserved

topology that dictate the function(s) for that protein.
IV. Summary

The tools presented in this chapter have been used to characterize the structural

and biochemical properties of dynamins. The versatility in microscopic techniques

allows for visualization of dynamins with varied shapes, including ring, spiral, and

helical oligomers. Negative stain allows for structures to be examined quickly;

however, larger structures may flatten, as was observed with Dnm1. Cryo-EM

helps eliminate flattening, as shown with Dnm1, allows the specimen to be viewed
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in a more native state and freezing the sample rapidly following substrate addition

(i.e., GTP) allows conformational changes to be observed in seconds. In addition,

AFM, fluorescence microscopy, and light scattering assays can be used to observe

structural rearrangements that occur upon GTP hydrolysis. Rotary shadowing

reveals the surface structure of the sample and can be used to determine the hand

of the helical array. The accuracy of STEM analysis provides a means to calculate

atomic mass over a defined area or length of helix. Together, these methods

provide a comprehensive approach for visualizing dynamins.
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Abstract

The cytoskeleton of cultured cells can be most easily visualized in the electron

microscope by simultaneous extraction and fixation with Triton–glutaraldehyde

mixtures, followed by negative staining. Actin filaments are better preserved by

stabilization with phalloidin, either during or after the primary fixation step.

A technique is described for the combination of this procedure with live cell

microscopy. Optimal conditions for light microscopy are achieved by culturing

cells on coverslips coated with formvar film. For cell relocation a gold finder grid

pattern is embossed on the film by evaporation through a tailor-made mask. After

video microscopy and fixation, the film is floated from the coverslip and an electron

microscope grid added to the film with the central hole of the grid over the region of

interest. Accurate positioning is achieved under a dissecting microscope, using

forceps mounted in a micromanipulator. Examples are shown of the changes in

organization of actin filaments in the lamellipodia of migrating melanoma cells

resulting from changes in protrusion rate. The technique is applicable to alternative

processing procedures after fixation, including cryoelectron tomography.
I. Introduction

The turnover and rearrangement of actin filaments in cells is central to morpho-

genetic processes. Interactions of actin filaments with the cell membrane underlie

the pushing and pulling that goes on, to change shape and to move and actin

filaments provide the structural scaVolding for cell–cell and cell–substrate interac-

tions, which likewise exert a primary influence on cell form. Actin filaments were

first visualized by electron microscopy in plastic sections of muscle, and their

helical substructure was deduced from negatively stained images of isolated native

thin filaments or from actin polymerized in vitro (Huxley, 1969; Steinmetz et al.,

1997). When attention turned to visualizing actin arrangements in nonmuscle

cells by electron microscopy, the results were disappointing. It soon became

evident that plastic embedding procedures were unsuited to the visualization of

actin filaments in arrays other than actin bundles stabilized by interactions with

proteins such as tropomyosin and myosin (Goldman and Knipe, 1972) or other

cross-linkers (Tilney et al., 1980). Motile regions of cells, corresponding to ruZes

or lamellipodia, were either devoid of structure (Abercrombie et al., 1971), or

appeared in thin sections as an amorphous, ‘‘fuzzy’’ matrix (Wessels et al., 1973).

Subsequent studies (reviewed in Small, 1988) showed that actin networks are

distorted by procedures that include osmium tetroxide fixation and dehydration

in organic solvents. Other procedures for visualizing the cytoskeleton were there-

fore adopted, each with their own advantages and pitfalls (see Small, 1988; Small

et al., 1999). To avoid plastic embedding, present methods are so far limited to cells

thin enough to be taken directly into the electron microscope after appropriate

processing. Current studies are thus restricted to cells in primary culture or to cell
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lines. We will here focus on the technique of negative staining for contrasting, but

will also discuss the applicability of the general approach to cryoelectron micros-

copy. Emphasis will be placed on correlating the movement of living cells in the

light microscope with the organization of the actin cytoskeleton in the electron

microscope. An alternative approach, described by Svitkina and coworkers

(Svitkina and Borisy, 1999; Svitkina et al., 1995, 2003), employs the critical point

drying procedure and contrasting by rotary shadowing with platinum.

II. Materials and Methods
A. Materials
PBS

Chloroform

Formvar powder

MES, NaCl, EGTA, glucose, MgCl2

Triton X-100

EM-grade glutaraldehyde

Phalloidin in MeOH (stock 1 mg/ml)

Alexa 488 or 568 Phalloidin 300U
B. Solutions
Formvar solution: 0.8–1% and 4% formvar in Chloroform; stir overnight in a

closed container.

Cytoskeleton buVer (CB): 10 mM MES, 150 mM NaCl, 5 mM EGTA, 5 mM

glucose, 5 mM MgCl2; pH 6.1

Extraction solution: 0.25% glutaraldehyde (GA), 0.5% Triton, 1 mg/ml Phalloi-

din, 1:300 Alexa Phalloidin in CB; pH 6.5

Note: The ratios of glutaraldehyde and Triton can be adjusted to suit a given cell

type.

Intermediate fixation solution: 2% GA, 1 mg/ml Phalloidin, 1:300 Alexa Phalloi-

din in CB; pH 7

Post-fixation solution: 2% GA, 10 mg/ml Phalloidin in CB; pH 7

Negative stain solutions:

4% sodium silicotungstate (SST)

2% SST

2% SST þ 1% aurothioglucose

1% SST þ 1% aurothioglucose

These solutions need to be pH adjusted (to around pH 7.5) and filtered (0.2 mm)!

For pH adjustment it is important to avoid any intake of salts (use only NaOH)

and to check pH every few days until it is stable.
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III. Methods
A. Patterned Thin Films for Correlated Light Microscopy
To combine light microscopy with the electron microscopy, cells can be grown

on filmed electron microscope grids and imaged live with the grid inverted in a

growth chamber on the light microscope (Resch, 2006; Rinnerthaler et al., 1991).

The preparation is fixed at an appropriate time and processed for electron micros-

copy. By using a finder grid, the cell observed by light microscopy is readily located

in the electron microscope. While this technique works well (Resch et al., 2006),

optimal resolution is diYcult to achieve on the freely suspended film in the light

microscope. We have therefore adopted a modification, originally introduced by

Buckley and Porter (1967), that employs coverslips coated with formvar films. For

the purpose of cell relocation, a finder grid pattern is coated onto the film. This

method facilitates light microscopy under more suitable imaging conditions.

The method can of course be used without a finder pattern, when identification

of the same cell in the light and electron microscope is not required.

The procedure for substrate preparation is illustrated schematically in Fig. 1.

A formvar film (FV) is cast on a glass slide and floated onto a water trough as usual

(Steps 1–4, Fig. 1). Coverslips that fit in the incubation chamber of the light

microscope are prepared beforehand: these are dipped and dried in a solution of

2.5% Triton X-100 (to ensure later release of the film) and then coated on their rim

with a concentrated solution of formvar (4%), applied through a pipette tip (Step 5,

Fig. 1). The latter step is necessary to facilitate later handling of the film. The

coverslips are then added to the floating formvar film and retrieved with a piece of

parafilm (Steps 6 and 7, Fig. 1). After drying, the coverslips are covered with

copper grid masks and coated with gold in an evaporation unit (Step 8, Fig. 1).

The grid masks are custom made ‘‘negative grids’’ (Small, 1984) from Pyser

(Edenbridge, UK) in which the grid bars are open and the squares closed (Fig. 2),

so that a finder grid pattern is deposited on the film. The amount of gold deposited

through the mask should be suYcient that the pattern is easily visible under a

dissecting microscope. The masks are made from thin copper foil, have a total

diameter of 15 mm and contain 9, separately numbered grid patterns to allow more

choice in the selection of suitable cells (Fig. 2). The masks are glued to steel washers

to facilitate handling and to keep them flat and can be reused many times.

The coverslip-film combination is sterilized under UV, coated with connective

tissue components as required and cells plated onto the film. The cells are trans-

fected with probes of interest expressing EGFP and RFP tags (Shaner et al., 2004)

1–2days before plating.
B. Live Cell Microscopy and Fixation
Imaging of cells can be performed in diVerent modes (wide field, confocal, or

TIRF), depending on the experimental requirements. We routinely use wide field

imaging on a Zeiss Axiovert 200 inverted microscope equipped with a rear
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Fig. 1 Preparation of the support films for correlated light and electron microscopy. A formvar film is

cast on a cleaned glass slide by dipping into a formvar solution (FV) in ameasuring cylinder and drying in

the cylinder above the liquid surface (Steps 1 and 2). After scoring on the edge (Step 3), the film is floated

onto a water surface (Step 4). Coverslips required for light microscopy are precoated on the edge with a

thick rim of formvar (4%) through a pipette tip (Step 5). The coverslips are added to the floating film and

retrieved with a piece of parafilm, PF (Step 7). After drying, the coverslips are individually covered with

a grid mask (GM), transferred to a vacuum evaporator and coated with a thin layer of gold (Step 8).
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illuminated, cooled CCD camera (Micromax, Roper Scientific), and filter wheel

and shutter systems for alternating phase and fluorescence microscopy. Transmit-

ted (phase contrast) and incident illumination (fluorescence) is provided by halo-

gen or mercury lamps (with intensity control), with times between subsequent



Fig. 2 The negative grid mask. (A) The copper film mask, containing nine finder patterns, mounted

on a washer for easy handling. The outside diameter of the mask is 15 mm. (B) The finder pattern in

which the black areas correspond to the open regions in the copper film.
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frames ranging from 2 to 20 s. Imaging is performed with an oil immersion 100�,

NA1.4 objective lens.

Two types of chambers are employed for imaging: an open chamber from

Harvard Instruments (Nr, 64 0232) mounted on a heating platform and a home-

made, flow through chamber that fits on the same platform. Similar results have

been obtained with either chamber, and for simplicity, we will confine discussion to

the open system that is commercially available. In the absence of a CO2 cabinet

around the microscope, we use a CO2-independent culture medium and limit

observation to normally less than 1 h. At a chosen time during imaging, the cell

of interest is arrested by exchange of the growth medium for the extraction/fixation

mixture, containing glutaraldehyde (0.25%), Triton (0.5%), and optionally, 1 mg/
ml phalloidin in a cytoskeleton buVer (CB). After around 1 min, the fixation/

extraction mix is exchanged for the intermediate fixation solution, including op-

tionally fluorescent phalloidin, to record an actin image of the fixed cell while still

on the microscope. The coverslip is then removed from the chamber and trans-

ferred to the post-fixation solution, which also includes phalloidin. Post-fixation is

performed for at least 30 min at RT and is typically continued overnight at 4 �C.
Cells can be kept in this solution for several days at 4 �C before further processing.
C. Cell Relocation and Negative Staining
The next step involves removal of the film from the coverslip, location of the grid

square carrying the imaged cell and the application of an EM grid onto the film

with the cell in the centre of the grid. This is achieved by following the steps

depicted in Figs. 3 and 4.

The coverslip is placed, film side up in a 9-cm Petri dish containing CB. Using

forceps, the film is carefully detached from the edge of the coverslip where it is

supported by the thick formvar rim. With two pairs of forceps the film is then

inverted and brought to the buVer surface so that it spreads out by surface tension,
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Fig. 3 Film retrieval and negative staining. With the coverslip immersed in CB in a Petri dish (Step 1),

the film is loosed on the edges and flipped onto the buVer surface, with the cells down (Steps 2 and 3).

Under a dissecting microscope, the film is maneuvered onto a ring and the grid placed on the film using

forcepsmounted in amicromanipulator (Step 4). Parafilm is layed over the floating grid and the parafilm

and formvar film pressed together at the periphery with forceps (Step 5). The parafilm-grid combination

is then removed, rinsed with several drops of stain and blotted on the edge with filter paper (Steps 6–8).
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Fig. 4 Maneuvering the grid onto the film. (A) Overview of the mounting set-up. (B) Forceps in the

modified dual pipette holder, mounted on the micromanipulator. (C) Application of the grid with the

film immobilized on the support ring. (D) Close-up view of the 50 mesh hexagonal grid over the finder

grid pattern on the film.
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with the cells facing down (Steps 2 and 3; Fig. 3). Next, the film is immobilized on a

stainless steel ring platform (height, 1 cm, inner and outer diameters 8 and 15 mm,

respectively; Fig. 4A and C) by floating it over the ring and removing enough liquid

from the dish to capture the film, with the grid pattern centered (Fig. 4D). Under a

dissecting microscope, a 50 mesh hexagonal copper grid is placed onto the film so

that the cell of interest lies in the central hole. This is achieved using forceps in a

micromanipulator to hold the grid, with an arrangement that allows gentle release

of the grid onto the film. For this operation, we use a modified dual pipette

holder from Leica to hold the forceps, fixed on a manual micromanipulator from

Narashiga (Fig. 4B).

The grid is retrieved and negatively stained as depicted in Steps 5–8 in Fig. 3.

With the grid attached, the film is floated oV the platform and covered with a piece

of parafilm not much larger than the film. Forceps are used to press the floating
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film to the parafilm surface (Step 5) so that it remains attached in the next step. The

parafilm–film combination is removed from the dish with forceps, rinsed on the cell

side with several drops of negative staining solution and blotted on the sides with

the torn edge of a filter paper (Steps 6–8; Fig. 3). Care should be taken that no

macroscopic drops remain on the grid. After drying, the grid can be observed in the

microscope. To prevent recrystallization of the stain by uptake of moisture from

the atmosphere, grids should be stored in an exicator, but are preferably observed

immediately.

Neutral negative stains have been found to be most suitable for cytoskeleton

preparations (see also Hoglund et al., 1980). We have used sodium silicotungstate,

phosphotungstic acid, and mixtures of sodium silicotungstate with aurothioglucose

or trehalose. The concentrations tried range from 1 to 4%, with the pH adjusted

between 7 and 8. Acidic uranyl acetate gives high contrast, but the actin filaments

are more distorted, suggestive of undue collapse of actin networks during drying

Small, J. V., and Celis, J. E. (1978). This contrasts with the results obtained with

uranyl acetate for synthetic actin filaments stabilized on a support film, as evidenced

from the wealth of literature on actin filament ultrastructure (e.g., Steinmetz et al.,

1997). Some three dimensionality of lamellipodia networks is preserved in sodium

silicotungstate, as can be illustrated with stereopairs (Small, 1981, 1988) and actin

filament substructure is readily visualized in bundles of actin, in filopodia (Small,

1981). Neutral uranyl acetate, buVered with EDTA, can also give good contrast

(Resch, private communication), but has not been used enough on cytoskeletons

to warrant discussion of its potential here. SuYce it to say that there is room for

more experimentation with new mixtures of heavy metal stains for contrasting

cytoskeletons.
D. A Note on the Fixation Procedure
The fixation protocol described earlier, comprising a mixture of glutaraldehyde,

Triton, and phalloidin (optional), has evolved from original eVorts to preserve cell

morphology by rapid fixation and at the same time extract cells suYciently to make

the cytoskeleton visible (see Small, 1988; Small et al., 1999). The most suitable ratio

of glutaraldehyde to Triton will depend on cell type and should be first assessed in

control experiments. Phalloidin has a dual function: as a fluorescent label to

control actin preservation in the fluorescence microscope and as a stabilizer of

actin filaments. Without phalloidin, actin filaments in negatively stained cytoskel-

eton networks are often distorted, presumably because they are more susceptible to

drying eVects than filaments directly attached to the supporting film. Most of our

earlier studies employed phalloidin after fixation. However, for correlated live cell

microscopy and EM, we have found it advantageous to include phalloidin in the

primary fixative. Since the basic structural details are the same, whether phalloidin

is added during or after fixation, it appears that the time of cell arrest by the

fixative mixture (a fraction of a second) is too short for phalloidin to modify the

endogenous filament pool.



Fig. 5 Low magnification view of the peripheral region of a fish fibroblast cytoskeleton (initial

fixation: 0.5%Triton; 0.25%glutaraldehyde), stained with 2% sodium silicotungstate. Bar, 2 mm.
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IV. Results and Discussion
A. Structural Features in Cytoskeleton Preparations
Figures 5 and 6 show some general features of negatively stained cytoskeletons

prepared by simultaneous extraction and fixation with Triton–glutaraldehyde

mixtures. At low magnification, cells should display a continuous, nonfragmented

cell edge and a smooth appearance of lamellipodia. The appearance of holes is

diagnostic of poor preservation or poor staining. The spreading cell edges show

actin networks and actin bundles (filopodia), with all transition stages in between

(Fig. 6A; Small, 1988; Small et al., 1982). Behind the lamellipodium, in the so-

called lamella zone, the three filament systems of the cytoskeleton can be distin-

guished (Fig. 6B).
B. Correlated Light and Electron Microscopy
We give two examples here of correlated light microscopy and electron micros-

copy of motile B16 melanoma cells. In both cases, the cells were treated with

aluminum fluoride, which leads to the activation of Rac and to continuous



Fig. 6 (A) Details of a cell edge, in the region of a transition between the lamellipodium network and a

filopodium. (B) A lamella region showing the three filaments of the cytoskeleton: actin, a; intermediate

filaments, if and microtubules, mt. Bars, 0.5 mm.
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protrusive activity over a period of around 30–60 min. In the first example (Fig. 7),

the cell was fixed at an early stage of stimulation, when protrusion over the whole

cell front was continuous at about 1 mm/min. The cell was transfected with GFP-

VASP, which localizes to adhesion structures and to the tips of protruding lamel-

lipodia (Rottner et al., 1999). The figure shows the first and last frames of the video

of the cell in the GFP channel on the fluorescence microscope, up to the fixation

step (Fig. 7A) and the overview of the cell in the EM (Fig. 7B). An overlay of the

EM image with the last frame of the video (not shown) confirmed that the cell was

rapidly arrested by the fixation step. The region boxed in the overview is depicted

at high magnification in Fig. 7C and shows a distinct diagonal network of actin

filaments in the protruding lamellipodium.

In the second example (Fig. 8), the cell was fixed at a later stage of aluminum

fluoride stimulation, when the protrusion rate was decreasing to diVerent degrees



Fig. 7 Correlated light and electron microscopy of a B16 melanoma cell tagged with VASP-GFP.

A. First and last video frames (5 s between frames) of the living cell, taken at the times indicated. Cell

was fixed immediately after the final frame at 5 min 47 s. In the region indicated by the white line, the cell

front was advancing continuously in the final 30 s at 1 mm/min. (B) EM overview; boxed region

corresponds to position shown in (A) and to the close up in (C). (C) Actin filament organization in

the region indicated in (A) and (B). Note more or less regular diagonal network of filaments. Bars: A and

B, 10 mm; C, 0.5 mm.
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along the cell edge. Again, the cell was transfected with GFP-VASP, in this case

resulting in a lower expression as compared to Fig. 7. Figure 8A and B correspond

to the first and last frames of the video and C to the EM overview of the cell, fixed

immediately after the last frame. The regions marked ‘‘x’’ and ‘‘y’’ in the final video

frame correspond to sites on the cell edge that were moving slowly, 0.8 m/min (x) or

that were stationary (y) during the final 30 s of the video. The same positions are

marked on the EM overview. Note that a decrease in protrusion rate is associated

with a less organized actin network (Fig. 9A) than seen in Fig. 7C. And the arrest

of protrusion is associated with the development of actin arrays parallel to the cell

edge (Fig. 9B), through a rearrangement of filaments in the lamellipodium (see also

Rinnerthaler et al., 1991; Small et al., 1998).



Fig. 8 (A and B) The first (0.0 min) and last video frame (11 min 16 s) of a B16 melanoma cell

transfected with VASP-GFP. The vertical white line marks a reference position in the cell. (C) Overview

of the cell in the EM. The positions marked ‘‘x’’ and ‘‘y’’ correspond to sites where the cell edge was

stationary during the final 30 s (y) and moving forward at 0.8 mm/min(x). The same positions are

marked on (C) and shown at higher magnification in Fig. 9. Bars, 10 mm.
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C. Evaluation of the Technique
With the method described, the success rate of cells that make it from the light

microscope to the EM is in the range of 50%. The yield of good cells with clear

filament contrast is a little lower, owing to some uncontrolled variability in the

depth of the negative stain. Actin filaments, intermediate filaments and microtu-

bules are clearly resolved. In particular the rearrangements of actin at the cell

front, associated with motility and adhesion are most accessible by this technique.

Some variability in staining does however occur, leading to cells that are too

weakly or too strongly contrasted. Whatever method may be employed, it is

important to have light microscope controls of the extraction/fixation process to

ensure that it faithfully arrests the cell without visibly changing morphology. The

use of GFP tagged proteins is obviously advantageous as it opens up the possibility

of controlling more structural parameters. Using cells tagged with actin-GFP, we

have monitored the fixation process by live cell microscopy and shown that the

Triton–glutaraldehyde mixtures described here preserve the gradient of actin

density in the lamellipodium (Koestler et al., 2008).

In an alternative approach for correlated light and electron microscopy,

Svitkina et al. (1995) have developed a procedure based on processing of cells for

critical point drying and contrasting by metal shadowing. The advantage of this

technique is that the cells can be grown on glass coverslips and processed on the

coverslips through to the metal coating stage. The replica is then floated oV and the

picked up on a formvar film under a dissecting microscope. This technique has

been used to great advantage in studies of the cytoskeleton (Biyasheva et al., 2004;

Svitkina and Borisy, 1999; Svitkina et al., 2003). One drawback of this approach is



Fig. 9 (A) and (B) correspond respectively to the slowly advancing region ‘‘x’’ and the stationary

region ‘‘y’’ in Fig. 8B and to the boxed regions in Fig. 8C. See text for details. Bars, 0.5 mm.

270 Sonja Auinger and J. Victor Small
the requirement for multiple processing steps after fixation, which can potentially

introduce artifacts (Resch et al., 2002a).

The general technique of live cell imaging on support films described here

can in principle be adapted for other procedures. Cytoskeletons prepared by

extraction with detergent alone can be ‘‘dissected’’ to remove specific components

before fixation to reveal other details, for example by the use of actin depolymer-

ising proteins (Small et al., 1982; Svitkina et al., 1996; Verkhovsky et al., 1995)

and inhibitors. Likewise, alternative processing and imaging modes can be

employed, including critical point drying (Svitkina et al., 1995) and cryo-EM

(Resch et al., 2002b). In view of the new possibilities opened by cryo-EM tomog-

raphy (Medalia et al., 2002), cytoskeleton preparations for which correlated live

cell imaging was performed oVer interesting potential for correlating structure

and function. The latter technique, combined with new methods for tagging
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proteins for recognition in the EM, promises to open important new avenues in

cytoskeleton research.
V. Summary

The technique described here is applicable to the thin regions of cultured cells,

which are well preserved after embedding in negative stain. Some degree of three-

dimensionality is inevitably lost during drying, particularly in lamella regions

behind the lamellipodium. The present methods have been used to advantage to

relate the organization and filament density in lamellipodia to protrusion speed

(Koestler et al., 2008). Further advances are to be expected from the development

of new methods for high-resolution protein localization and the application of

cryoelectron tomography to gain three-dimensional information of filament

arrangements and interconnections.
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Abstract

Intermediate filaments (IFs) were originally discovered and defined by electron

microscopy in myoblasts. In the following it was demonstrated and confirmed that

they constitute, in addition to microtubules and microfilaments, a third indepen-

dent, general filament system in the cytoplasm of most metazoan cells. In contrast

to the other two systems, IFs are present in cells in two principally distinct

cytoskeletal forms: (i) extended and free-running filament arrays in the cytoplasm

that are integrated into the cytoskeleton by associated proteins of the plakin type;

and (ii) a membrane- and chromatin-bound thin ‘lamina’ of a more or less regular

network of interconnected filaments made from nuclear IF proteins, the lamins,

which diVer in several important structural aspects from cytoplasmic IF proteins.

In man, more than 65 genes code for distinct IF proteins that are expressed during

embryogenesis in various routes of diVerentiation in a tightly controlled manner.

IF proteins exhibit rather limited sequence identity implying that the diVerent
types of IFs have distinct biochemical properties. Hence, to characterize the

structural properties of the various IFs, in vitro assembly regimes have been

developed in combination with diVerent visualization methods such as transmis-

sion electron microscopy of fixed and negatively stained samples as well as meth-

ods that do not use staining such as scanning transmission electron microscopy

(STEM) and cryoelectron microscopy as well as atomic force microscopy. More-

over, with the generation of both IF-type specific antibodies and chimeras of

fluorescent proteins and IF proteins, it has become possible to investigate the

subcellular organization of IFs by correlative fluorescence and electron microscop-

ic methods. The combination of these powerful methods should help to further

develop our understanding of nuclear architecture, in particular how nuclear

subcompartments are organized and in which way lamins are involved.
I. Introduction

The discovery of intermediate filaments (IFs) in animal cells is tightly connected

to advancements in electron microscopy. Buckley and Porter had early on inves-

tigated cultured rat embryo cells by a combination of light microscopy, photomi-

crography, and electron microscopy (Buckley and Porter, 1967). In this

‘correlative’ light and electron microscope study, they described ‘curving filaments’

of diameter 75 Å, forming elaborate arrays that were distinctly diVerent from the

filament bundles known as ‘stress fibers’ from phase contrast microscopy. These

new filaments were associated with various cellular organelles, surrounding

mitochondria ‘and weaving about the segments of the endoplasmic reticulum.’

Although they were measured to be of diameter 7.5 nm and therefore similar to

those found in the bundles, individual filaments outside of bundles exhibited tiny
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dense nodes of diameter 8 nm, giving the filaments a ‘faintly beaded appearance.’

Considering the later characterization and designation of these wavy filament

arrays in mouse 3T3 fibroblasts as vimentin, referring to the latin vimentum for

wickerwork or brushwood (Franke et al., 1978), it is quite obvious that Buckley

and Porter observed IFs of the vimentin type (Bär et al., 2007; Buckley and

Porter, 1967).

IFs were definitely identified a year later as unique structural elements of

approximately 10 nm diameter by the group of Howard Holtzer in skeletal muscle

cells cultured from chick embryos (Ishikawa et al., 1968). These authors noticed

them as unique structures at all stages of development, because they were scattered

throughout the sarcoplasm exhibiting no obvious association with myofibrils and

because their diameter was clearly diVerent from actin filaments, 5–7 nm in diame-

ter. Furthermore, the latter were easily identified in the developing muscle cells by

their association with the thick, i.e., myosin filaments. Interestingly, it was noted

that the diameter of these new filaments varied between 8 and 11 nm with a

prominent peak at 10 nm, for which reason they were referred to as 10 nm

filaments or ‘intermediate filaments,’ i.e., being in diameter between actin and

myosin filaments. As their cell cultures also contained fibroblasts, these authors

analyzed them for the new intermediate filaments too and indeed found IFs in

abundance, here measuring between 7 and 11 nm. In retrospect, it is notable that

with their measurements they already elaborated the diVerence in diameter

between desmin IFs, characteristic for muscle cells, and vimentin IFs typically

found in fibroblasts (see e.g., Wickert et al., 2005). In particular, after colcemid

treatment of both myoblasts and fibroblasts, they were able to correlate the nuclear

‘caps’ observed by phase contrast with extensive perinuclear filament arrays in

electron microscopy, and furthermore, metaphase cells exhibited 10 nm filaments

abundantly too. Because metaphase cells from cultures of skeletal muscle did not

bind fluorescein-labeled antibodies against myosin or actin, it was clear that the

new filaments were biochemically not related to these muscle proteins (Okazaki

and Holtzer, 1965).

In the following years, filaments of similar diameter and shape were identified by

electron microscopy in other cell types and tissues of higher vertebrates, including

mesenchymal cells, neurons, glia cells, oocytes, smooth muscle, epidermis, and brain

(Bond andSomlyo, 1982;Franke et al., 1978;GoldmanandFollett, 1969, 1970; Small

and Sobieszek, 1977; Steinert and Parry, 1985). Moreover, the diVerent surface

properties of microtubules, microfilaments, and IFs have been visualized by trans-

mission electron microscopy of rotary-deposited platinum replicas of rapidly frozen,

freeze-dried cytoskeletons frommousefibroblasts (HeuserandKirschner, 1980).Also

in this study, the powerful approach by EM allowed to approve the distinct nature of

IFs, demonstrated by the lack of decoration of these new ‘thin’ filaments by the S1

fragment ofmyosin as well as their specific interaction with anti-vimentin antibodies.

In corresponding experiments, the quick-freeze, deep-etch and rotary replication
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method was employed to visualize the fine details of neurofilaments being cross-

bridged to microtubules (Hirokawa, 1982) as well as those of keratin IFs and micro-

filaments in the terminal web from mouse intestinal epithelial cells (Hirokawa et al.,

1982).The involvement of plectin in the interactionof IFswithbothmicrotubules and

microfilaments in cultured cells was eventually demonstrated by immunoelectron

microscopic methods (Clubb et al., 2000; Svitkina et al., 1996).

It was noted frequently that IFs may position the nucleus within the cell and that

they may also connect to the plasma membrane. This notion was particularly

evident in an immunoelectron microscopic study of chicken erythrocytes, which

still contain a nucleus but are mostly devoid of cytoplasmic organelles (Granger

and Lazarides, 1982). Employing TEM after low-angle rotary shadowing with

platinum of sonicated erythrocytes adsorbed to a glass substrate, it was demon-

strated that IFs attached to both the plasma membrane and the outer nuclear

membrane, thereby positioning the nucleus within the erythrocyte. In the same

study, antibodies against synemin, a large IF protein originally described in

muscle, were used to visualize the distribution of synemin along vimentin IFs.

Synemin constitutes only a minor part of chicken erythrocyte IF proteins (1 in 50

molecules), whereas vimentin accounted for the rest, and therefore anti-IgG

antibodies were employed to enhance the signal for synemin within the vimentin

IFs. With this trick, a spacing of 180 nm� 40 was determined for synemin-positive

domains along the vimentin IFs in the case of adult erythrocytes. Given that

vimentin IFs exhibit a structural periodicity of about 46 nm, as determined on

negatively stained specimens (Steven et al., 1982), there should be one synemin

dimer in every fourth unit-length filament (ULF) segment – assuming that four

ULFs contain 64 vimentin dimers (Herrmann et al., 1996). Moreover, IFs are not

restricted to vertebrates. Homologous filaments were also detected in invertebrates

such as the giant axon of annelid worms or the somatic cells of nematodes (Bartnik

et al., 1986; Krishnan et al., 1979).

IFs constitute a distinct cytoplasmic structural system that is interconnected

with microtubules, microfilaments and organelles, as well as adhesion complexes at

the plasma membrane through associated proteins such as the cross-bridging

molecules of the plakin family. And the same type of molecule, e.g. plectin, is

engaged to connect the outer nuclear membrane proteins to the cytoskeleton

(Herrmann et al., 2007). Interestingly, when cells are cut such that the observed

plane exhibits the cytoplasm, the nuclear envelope and the nucleoplasm, it is obvious

that the cytoplasm contains a multitude of filaments, microtubules, microfilaments

and IFs side by side. On occasion, bundles of IFs come very close to the outer nuclear

membrane and large arrays of parallel bundles appear to emerge at that side.

In contrast, within the nucleus, similar patterns of filament organization are not

seen. Thus, filaments may simply be absent or they may be organized in a way to be

less visible. In contrast, by electron microscopy a fine structural network has been

demonstrated to tightly adhere to the inner nuclear membrane of the giant oocytes of

Xenopus laevis (Aebi et al., 1986). At the same time, genetic cloning of the proteins
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involved, i.e. the lamins, provided proof that they structurally relate to bona fide

cytoplasmic IF proteins. In the following, lamins were cloned also from lower inver-

tebrates such as Caenorhabditis elegans and Hydra (Dodemont et al., 1994; Erber

et al., 1999). Their electronmicroscopic characterization is, however, still restricted to

pre-embedding gold-labeling immunelectron microscopy methods and no detailed

structural data at ameaningful resolution are available for somatic cells (Cohen et al.,

2002). Although IF-related proteins naturally populate the nucleus, the question

arises why they are not as readily visible as those in the cytoplasm. To approach this

question, vimentin, a cytoplasmic IF protein was engineered to contain a classical

nuclear localization signal (NLS) such that it would not impede normal filament

assembly. These experiments clearly revealed that vimentin filaments are easily de-

tectable in the nucleus of cells (Herrmann et al., 1993).A similar observation has been

made before with keratins, both with domain-deleted simple epithelial (Bader et al.,

1991) and with ectopically expressed full-length epidermal keratins (Blessing et al.,

1993). In both cases, extensive keratin bundles were found to distribute between

interphase chromosomal territories. Nevertheless, a clearly defined authentic intra-

nuclear filament system has not been demonstrated yet, except for the nuclear

envelope-bound lamina of the giant oocyte of Xenopus laevis (Aebi et al., 1986).

Despite the attempt to visualize the ultrastructure of what had been observed as a

‘nuclear haze’ or intranuclear lamin structures, a convincing way to visualize such

elusive intranuclear lamin scaVolds has failed to reproduce convincing results. Nev-

ertheless, microinjection of isolated lamins into cells has revealed that an internal

nuclear space for lamin deposits exists (Goldman et al., 1992). Moreover, we do not

want to give the impression thatwe ignore themanymicrographs published in the last

20 years with impressive examples of what can be obtainedwith various EMmethods

(see, for instance Capco et al., 1982; Carmo-Fonseca et al., 1988; Hozak et al., 1995;

Paddy et al., 1990). In some cases, immunoelectron microscopy was employed too.

However, the degree of preservation of ultrastructure is in most cases questionable

and in the end uncertainties persist whether the fibrillar arrays bind the gold-labeled

antibodies. For this reason, we employed cDNA-transfection of cultured cells with

GFP-chimeras. Thereby we were able to complement live-cell observations with

ultrastructural data by straightforward processing of individual cells of interest for

electron microscopy following their light-microcopic investigation.
II. Rationale

In this article we give insight into novel achievements in the treatment of IFs

both for in vitro experiments and for the study of living cells and tissues. This

includes electron microscopy as used for fast kinetic experiments, atomic force

microscopy of single filaments and filament precursors, as well as correlative

fluorescence and electron microscopy.
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III. Visualization of Intermediate Filaments
in vitro and in Cultured Cells
A. Following the Process of Vimentin IF Assembly by Electron Microscopy

1. Glycerol Spraying/Low-Angle Rotary Metal Shadowing of Vimentin Tetramers
Vimentin, recombinantly expressed in bacteria, is easily purified from inclusion

bodies after dissolution with 8 M urea and column chromatography (Herrmann

et al., 2004; Strelkov et al., 2004). The protein can then be stored at �80 �C in

8 M urea for several months. For the assembly test, an aliquot of vimentin is

dialyzed in steps of 15 min, reducing the urea concentration by 2 M at each step,

into a low ionic strength buVer, i.e., 5 mM Tris-HCl, pH 8.4, 1 mM DTT

(T1-buVer). Analytical ultracentrifugation and small angle X-ray scattering studies

have demonstrated that vimentin then reconstitutes mainly into a tetrameric unit

containing two a-helical coiled-coil dimers (Mücke et al., 2004b). These tetramers

can be observed by EM using a preparation technique called glycerol-spraying/

rotary-metal-shadowing (Fowler and Aebi, 1983). In this method, pure glycerol is

diluted into a protein solution and sprayed on a freshly cleaved piece of mica. Then

the sample is mounted in an evaporator and shadowed at a low angle with a thin

layer of platinum and carbon. Carbon backing strengthens the layer, which can

then be floated oV onto a water surface and transferred to a copper grid for further

EM inspection. The achievable resolution of about 2 nm is suYcient to reveal the

overall size and shape of the vimentin tetramers, being 2 to 3 nm in diameter and

65 nm in length (Fig. 1A). The anti-parallel orientation of the two vimentin dimers

within the tetramer was elucidated by chemical crosslinking (Mücke et al., 2004b)
2. ULF Capture
Upon reconstitution in T1-buVer, vimentin assembles into filaments. We usually

use concentrations of 0.1 mg/ml and increase the ionic strength by adding 1/9

volume of 200 mM Tris-HCl, pH 7.0, 1.6 M NaCl. Assembly of human vimentin

is performed at 37 �C and stopped by simple dilution, i.e., adding an equal volume

of 25 mM Tris-HCl, pH 7.5, 160 mM NaCl containing 2% glutaraldehyde. Within

1–10 s of assembly ULFs, rod-like structures 15 nm in diameter and 60–65 nm in

length, form in abundance (Fig. 1B and C, and (Herrmann et al., 1999). Early on,

ULFs are often seen to longitudinally fuse with each others (Fig. 1B and C,

arrowhead). The fusion event is best visualized with tailless vimentin. Because of

the unique A11 orientation of tetramers, i.e., the antiparallel, half-staggered over-

lap of two dimers via their amino-terminal halves, these early products of lateral

association have the carboxy-terminal ends on either side of the ULF, which gives

them somehow tapered ends (Fig. 1C). Glycerol-spraying/low angle rotary-metal-

shadowing preparations reveal a 21.5 nm banding pattern that corresponds to the

overlap between the two dimers in a vimentin tetramer (Fig. 1B, see also

Henderson et al., 1982). Note that in some cases, fine projections are visible on
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Fig. 1 Imaging the first steps of intermediate filament assembly by electron microscopy (EM) and

atomic force microscopy (AFM). (A) Glycerol spraying rotary metal shadowing of vimentin tetramers

in T1-buVer (5 mM Tris-HCl, pH 8.4, 1 mM DTT) and (B) Vimentin unit-length filaments (ULFs),

notice the 21.5 nm beading typical of IFs prepared by rotary metal shadowing and the millipede

appearance of the ULFs (arrowheads). Bar: 100 nm. (C) Negative staining electron microscopy of

recombinant human tailless vimentin for 10 s. ULFs are visible (arrow) as well as longer assemblies

(arrowheads; for details see Herrmann et al., 1996). Bar: 100 nm. (D) Tapping mode AFM image in

buVer imaging vimentin assembled for 10 s in phosphate buVer (2 mM sodium phosphate, pH 7.5,

100 mM KCl) and fixed with 0.1% glutaraldehyde. The solution was adsorbed to highly oriented

pyrolitic graphite. The solid support was covered with ULFs of 10 nm in height (Mücke et al., 2005).
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the side of the ULFs, giving rise to a millipede appearance (Fig. 1B, arrowheads).

In the case of the ULFs, the only drawback of electron microscopy is the diYculty

to estimate the height of these rod-like structures. This problem can be solved using

atomic force microscopy (see below). We were able to image glutaraldehyde fixed

ULFs adsorbed to a surface in assembly buVer condition (Fig. 1D), yielding an

average height of 10 nm (Mücke et al., 2005).
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Quantitative analysis of the length distribution of filaments fixed at diVerent
time points as observed by both electron microscopy and AFM revealed that end-

to-end fusion is indeed the main mechanism of elongation while other potential

mechanisms, like the addition of individual tetramers to a free-end, are not

operative (Kirmse et al., 2007). Still another hallmark of vimentin – and desmin –

assembly was revealed by electron microscopy, i.e. a radial compaction event. This

means that during the assembly process vimentin filaments reduce their diameter

from around 16 nm, exhibited by ULFs and short filaments, to 11 nm as measured

with mature filaments (compare Fig. 1C and Fig. 2A; see also Herrmann et al.,

1996). This reduction in diameter has also been observed with the assembly

of recombinant desmin: At 10 s the average diameter was 17.1 nm, at one

minute and 10 min it was 15.5 and 13.9 nm, respectively (Herrmann et al., 1999).

Moreover, radial compaction has been observed under various ionic conditions

with authentic desmin too. Here, on average a reduction of the filament diame-

ter by 1.3 nm was observed between 5 and 60 min of assembly (14.9–13.6 nm)

(Stromer et al., 1987).
3. Co-Assembly of Vimentin and Desmin
Electron microscopy is not only very useful to follow the time course of IF

assembly. It can also be employed to morphologically distinguish between diVerent
types of IFs. As an example, we have analyzed the co-assembly of human vimentin

with human desmin by mixing the two proteins at diVerent stages of assembly.

First, we characterized the two types of filaments separately using negative staining

EM. Desmin appeared to be wider on average than vimentin filaments (Wickert

et al., 2005). The larger width of desmin filaments correlates with a higher mass-

per-length (MPL) as measured by scanning transmission electron microscopy
BA
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Fig. 2 (A) Mouse desmin (0.05 mg/ml) was assembled for 1 h at 37 �C in 25 mM Tris-HCl, pH 7.5,

50 mMNaCl. Negative staining electron microscopy. Bar: 100 nm. (B) Mouse desmin (0.05 mg/ml) was

assembled for 1 h at 37 �C in 25 mM Tris-HCl, pH 7.5, 100 mM NaCl. The solution was adsorbed to

mica for ten seconds and the surface was imaged by contact mode AFM. The filaments appeared 4.5 nm

in height. Bar: 1 mm.
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Fig. 3 Filaments with diVerent mass-per-length (MPL) can fuse end-to-end. Dark-field Scanning

Transmission Electron Microscopy (STEM) and Mass-per length (MPL) distribution (kDa/nm) of (A)

vimentin and (B) desmin filaments. Bars: 50 nm. Notice that the desmin filaments have a higher MPL

than the vimentin filaments (A and B adapted from Wickert et al., 2005. (C) Fusion events between

vimentin and desmin filaments and ULFs as seen by negative staining electron microscopy, V stands for

vimentin, and D stands for desmin. Bar in (C): 100 nm.
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(STEM) (Fig. 3, A an d B; see also ( Wickert et al., 2005 ). Em ploying a Vacuum

Generators HB-5 scanning transmission electron microscope (East Grinstead,

UK), this technique can accurately determine the mass of a dried protein sample

by counting the number of elastically scattered electrons (Engel, 1978a,b). Second,

we mixed vimentin ULFs with desmin ULFs and let them assemble at 37 �C.
Negative staining EM revealed two types of filaments with clearly diVerent dia-
meters that were able to fuse end-to-end (Fig. 3C). This result indicated that ULFs

with diVerent number of subunits per cross-section were able to anneal longitudi-

nally to form a filament containing both vimentin and desmin.
4. The Diameter of Ectopically Expressed Vimentin IFs in Cultured Cells
By ultrathin sectioning of vimentin-free cultured cells cDNA-transfected with

human vimentin and a tailless vimentin derivative, the properties of the assembly

products were followed in living cells. In the bovine mammalian gland epithelial

(BMGE) cell, vimentin and tailless vimentin accumulate near the nucleus in a

structure called ‘central aggregate,’ as revealed by immunofluorescence microsco-

py (arrows in Fig. 4A and B; see also Herrmann et al., 1996). In these aggregates,

loosely oriented arrays of single IFs were observed by conventional electron

microscopy (Fig. 4C and D). Their diameter was determined to be on average

10.2 versus 13.4 nm for wild type and tailless vimentin IFs (Fig. 4E). This diVer-
ence correlated well with the diVerence in number of molecules per cross-section

as determined by STEM of both types of filaments assembled in vitro, i.e. 29
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versus 54, which corresponds to a MPL of 37 versus 59 kDa/nm (Fig. 4F and G;

and Herrmann et al., 1996). However, to perform such experiments, stable cell

lines are needed. Otherwise the chance to find an appropriate transfected cell is

very low and would need tedious searches. To circumvent this problem, correlative

fluorescence and electron microscopy has to be employed (see part C).
B. Atomic Force Microscopy (AFM)

1. Sample Preparation for AFM
In vitro assembled or tissue extracted IFs are very flexible filaments that can

adsorb physically to several solid supports like glass, graphite, and muscovite mica

(Mücke et al., 2005). Typically 20–100 ml of filaments (protein concentration

0.001–0.01 mg/ml) are adsorbed to a 10–50 mm2 substrate for several minutes.

The surface should not be too crowded with filaments in order to limit contamina-

tion of the atomic force microscope tip by proteins detaching from the filaments

(Fig. 2B). For in vitro assembled filaments, the imaging buVer is generally identical
to the assembly buVer.
2. Contact Mode versus Tapping Mode
‘Contact mode’ is the most common AFM imaging method where the tip scans

the surface at a constant deflection of the cantilever. For IFs, very soft types of

cantilevers with spring constants below 0.05 N/m must be employed and the

applied force must remain in the 100–200 pN range. Higher applied forces can

lead to the mechanical disruption of the filaments. Hence ‘contact mode imaging’ is

not well suited to obtain high-resolution pictures of IFs in fluid. However it can be

used as a preliminary screening method (Fig. 2B).

To observe the molecular architecture of IFs, we generally use ‘tapping mode.’

In this case a cantilever with a spring constant between 0.1 and 0.5 N/m is

oscillated at its resonance frequency. Because of intermittent contact, the force

applied by the tip onto the filament is lower and better controlled, compared with

the ‘contact mode.’
3. Unraveled Filaments by EM and AFM
‘Tapping mode imaging’ in assembly buVer enabled us to directly observe the

presence of twisted subfilaments in several IFs (Mücke et al., 2005) and to confirm

previous electron microscopy observations that had been made after treatment of

adsorbed authentic keratin IFs with phosphate buVer (Aebi et al., 1983). Corre-

spondingly, the recombinant keratin pair K5/K14 and the Epidermolysis Bullosa

Simplex mutant pair K5/K14 R125H form filaments that massively unravel into

subfilaments when exposed to 10 mM sodium phosphate, pH 7.5 (Fig. 4A, arrows

and arrowhead; Herrmann et al., 2002). K5/K14 filaments adsorbed to graphite
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Fig. 4 Ultrastructural analysis of BMGEþH cells stably transfected with wild-type human vimentin

(A, C) and tailless human vimentin (B, D) cDNAs. (A, B) Immunofluorescence images. Notice the

formation of ‘central aggregates’ (arrows) containing vimentin-positive material close to the nucleus.

(C, D) Embedding and ultrathin sectioning of both types of ‘central aggregates.’ Bar: 200 nm. (E)

Histograms displaying the apparent diameters measured for vimentin IFs within the ‘central aggregates’

of cell lines transfected with wild-type human vimentin (continuous curve) and tailless human vimentin

(broken curve). The histograms are represented as single Gaussian curves fitted to the measured

apparent diameter values (adapted fromHerrmann et al., 1996). Tailless vimentin forms wider filaments
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and imaged by atomic force microscopy also show a strong unraveling, probably

because of the high negative charge of the surface (Fig. 4B; Kreplak et al., 2005).

The AFM cantilever was furthermore used to stretch a piece of filament that

appears thinner than the neighboring unstretched filaments (Fig. 4B, asterisk).

Notice that subfilaments are not visible anymore within the stretched segment.

In neurofilaments, the light chain NF-L forms filaments exhibiting a strong

21.5 nm beading as observed after glycerol spraying/rotary metal shadowing

(Fig. 4C, arrows) (Heins et al., 1993). However, partial unraveling after adsorption

to mica was observed by AFM with neurofilaments (NFs) purified from rat spinal

cords (Fig. 4D; see also (Kreplak et al., 2005). The resolution is high enough to

distinguish the unraveled segments (Fig. 4D, arrowheads) from the more compact

ones. Local unraveling was also observed for vimentin filaments observed by

cryo-electron tomography (Fig. 4E, arrowhead, for details see Goldie et al.,

2007) or adsorbed to a mica surface and imaged by AFM (Fig. 4F, arrowheads).

In summary, while performing structural investigations on IFs one should keep

in mind that the architecture of the filaments is considerably sensitive to buVer
change as well as adsorption to a surface or even fast freezing. Their stability against

high concentrations of salt may have generated the misconception that IFs are as

stable as concrete: On the contrary, most IFs are easily dissolved in distilled

water and hence they have to be fixed when prepared for negative staining or

STEM, as in both procedures the samples have to be washed with distilled water.
C. Correlative Fluorescence and Electron Microscopy of IFs in Cells

1. Cell Lines to Study Patterns of Recombinant Vimentin Expression
To exclude interferences with endogenous vimentin upon transfection with

recombinant vimentin modifications, vimentin-free cells may be used for the

investigation of processes involved with the formation of vimentin networks.

Model cell systems are BMGEþH (bovine mammary gland epithelium) and

SW13 (a human adrenal cortex carcinoma-derived cell line). The subclone E7/

300 of SW13, used for some of the presented studies, is stably transfected for

expression of a modified Xenopus vimentin carrying within its head domain a

lamin-type NLS, i.e. Xenopus NLS-vimentin, (Bridger et al., 1998; Herrmann

et al., 1993). The NLS-modification does not interfere with filament formation

in vitro (Reichenzeller et al., 2000). For direct fluorescence microscopic observation

of NLS-vimentin in E7/300 cells, GFP-Xenopus NLS-vimentin was transiently
than wild-type vimentin within BMGEþH cells, i.e. 10.2 (� 1.0) versus 13.4 (� 1.3). Ordinate, number

of filaments; abscissa, filament diameter in nanometers. These diameter histograms correlate well with

the mass-per-length (MPL) measurements of in vitro assembled wild-type human vimentin IFs (F) and

tailless human vimentin (G). Ordinate, number of segments; abscissa, mass-per-length (kDa/nm).

Tailless vimentin exhibits higher MPL values than wild-type vimentin (adapted from Herrmann et al.,

1996).
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Fig. 5 Electron microscopy and AFM reveal the hierarchical organization of various IFs. The sub-

filamentous nature of IFs was first revealed by negative staining EM of keratin filaments that

were incubated with 10 mM sodium phosphate, pH 7.5. (A) K5/K14 R125H filaments after phosphate

treatment (adapted from Herrmann et al., 2002). One filament was captured during the unraveling

process (arrowhead). Other filaments were either partially (large arrows) or totally (small arrows)

unraveled into sub-filamentous structures. Bar: 100 nm. (B) K5/K14 filaments assembled in 10 mM

Tris-HCl, pH 7.5 for 1 h at 37 �C and adsorbed to highly oriented pyrolitic graphite. ‘Tapping mode’

AFM imaging reveals partially unraveled filaments (arrowhead; adapted fromKreplak et al., 2005). The

AFM tip was used to pull on one of the filaments (asterisk in the lower right). (C) Glycerol spraying/low-
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cotransfected. The GFP-cDNA was cloned into the XenopusNLS-vimentin vector

such that the GFP was in front of the amino-terminal end. Although this

GFP-tagged Xenopus NLS-vimentin is incapable of forming filament on its own,

copolymerization with Xenopus NLS-vimentin produces filament patterns

indistinguishable from those of Xenopus NLS-vimentin alone (Herrmann et al.,

2003; Reichenzeller et al., 2000).
2. Correlation of Confocal Laser Scanning and Electron Microscopy
For the ultrastructural investigation of transfected chimeras of IF proteins and

fluorescent proteins, correlation with fluorescent light microscopy can be exploited

to locate the protein of interest on the electron micrograph. In contrast to immu-

nolocalization, this approach imposes no restriction with respect to the fixation

protocol, allowing the use of glutaraldehyde and osmium tetroxide for optimized

structural preservation.

Cells were grown on gridded cover slips (for this review: CellocateÒ, Eppendorf

AG Germany were employed; these cover slips are no longer available and etched

grids from Bellco Biotechnology, USA, can be used instead). This allows to

observe the fluorescent signal of the expressed, fluorescent-protein tagged protein

either in vivo or post fixation (i.e. 1 h fixation with 4% freshly prepared formalde-

hyde plus 1% glutaraldehyde, EM-grade, plus 1 mM MgCl2 in 100 mM sodium

phosphate buVer at pH 6.8, rinsing with buVer followed by embedding in a water

soluble mounting medium such as Vectashield, Vector Laboratories, USA). For

the identification of subcellular structures, it is advantageous to use confocal laser

scanning microscopy (LSM, model TCS-SP II from Leica Microsystems,

Germany) to obtain 3D information on the IF-distribution patterns. Stacks of

optical sections were acquired at maximum resolution (e.g., 100�/1.41 oil objec-

tive, pinhole-size 1 Airy, voxel-size 73 � 73 � 300 nm3). In addition, diVerential
interference contrast images from a central plane of the cell of interest as well as

low-power views were acquired to assist the subsequent relocation on ultrathin

sections for electron microscopy.

Following the light microscopic investigation, the coverslips were further

processed for electron microscopy, i.e., upon a rinse in buVer, they were postfixed
angle rotary metal shadowing of filaments assembled from neurofilament light chain (NF-L) protein

(adapted from Heins et al., 1993). Notice the 21.5 nm beading typically observed with IFs prepared for

glycerol spraying/rotary metal shadowing (arrows). Bar: 100 nm. (D) Neurofilaments extracted from rat

spinal cords, adsorbed to mica and imaged in ‘tapping mode’ in buVer containing 20 mM Tris-HCl, pH

7.0, 50 mMNaCl. Notice the subfilamentous architecture within open regions (arrowheads). (E) Vimen-

tin filaments assembled for 1 h at 37 �C in 25 mM Tris-HCl, pH 7.5, 50 mM NaCl. Selected slice of a

cryoelectron tomogram. Bar: 100 nm. Notice the unraveled ends of some of the filaments (arrowhead).

(F) Vimentin filaments assembled for 1 h at 37 �C in phosphate buVer (2 mM sodium phosphate, pH 7.5,

100 mMKCl). ‘Tapping mode’ AFM image of filaments adsorbed tomica (courtesy of NorbertMücke).

The filaments are partially unraveled; thin strands extend out of the filaments (arrowhead).
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in 1% buVered OsO4 (30 min at room temperature), then carefully rinsed in

buVer followed by a wash in water to eliminate phosphate as a source of

precipitates. Dehydration was performed in aqueous ethanol of increasing concen-

tration, including en-bloc staining with uranylacetate saturated in 70% ethanol

overnight. Transfer to epoxy-resin (Epon 812 Kit, Polyscience, Germany) was

done from 100% ethanol through propylene oxide. For final polymerization,

resin-filled gelatin capsules were inverted on top of the gridded field of the cover

slips. The cover slips detached from the polymerized resin samples under liquid

nitrogen, depicting the negative imprint of the etched grid on the shiny block-

surfaces. Ultrathin sections (at nominal thickness of 70 nm) were prepared from

the grid region of interest, taking care not to loose the first section that includes the

grid imprint for orientation and to obtain continuous ribbons in order to preserve

the three-dimensional information of the section stack.

For straightforward relocation of the cells of interest, careful trimming of the

block faces before ultrathin sectioning is essential. The block face should be as small

as possible, and its shape should be nonsymmetrical, e.g., by breaking one of its

edges, to facilitate recognition of the section’s orientation in the EM. A strict

protocol should be followed to mount the sections and transfer them into the EM

to ensure consistent handedness of the electron micrographs. Take care to avoid

confusion of handedness between light and electron microscopic images.

Ultrathin sections were mounted on formvar-coated slot-carriers and post-

stained in aqueous lead citrate (2 mg/ml) for observation in a conventional

transmission electron microscope at 80 kV (Philips EM410). The first two ultrathin

sections depict the etched pattern of the gridded coverslip (Fig. 6). Together with

the geometry of trimming and sectioning, and taking into account the information

from overview DIC-images about cells in the surroundings, the cell of interest was

identified. Micrographs were taken from consecutive sections and searched for

structural features, which correlate with the fluorescent signals. Though fluores-

cence microscopy cannot resolve the structure of IFs, it is feasible to detect

the fluorescence signal from a single filament. Thus, correlation with electron

microscopy is a powerful method to relocate macromolecules at ultrastructural

resolution (Fig. 7).
3. Ectopic Expression of Vimentin
The behavior of cytoplasmic IFs in the nucleus was studied by correlative

fluorescent light and electron microscopy of ectopically expressed modifications

of vimentin from human and Xenopus origin. The nuclear expression represents a

system to study filament formation at physiological pH and osmotic pressure, but

lacking the typical, cytoplasmic environment (Reichenzeller et al., 2000).

The polymerization of Xenopus vimentin can be triggered by a temperature shift

from 37 to 28 �C (Herrmann et al., 1993). In contrast, polymerization of human

vimentin cannot be triggered. However, this construct comes closer to human-

related clinical questions. At first glance, both the frog and the human proteins



Fig. 6 Correlation of cellular ultrastructure with the fluorescent-protein reporter signal. SW13 cells

were transfected with modified Xenopus Vimentin, linked to GFP in addition to an NLS. Cells had been

incubated at 28
�
C for 45 min to induce polymerization of vimentin filaments. Upper row: Cells were

grown on a gridded coverslip. The cell of interest (arrow) and its environment are documented by DIC

images : (A) overview of grid location ‘K’; (A0) enlarged view. (B) The first ultrathin section carries the

imprinted relief of the coverslip-grid. The section is thicker in the darker regions. (B0) For curiosity,
note that the coverslip-grid is also visible on the second section, however as a negative. This is an artifact
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Fig. 7 Xenopus vimentin, ectopically expressed in the nucleus of an SW13 cell, formedbody-like dots of

fine-fibrillar, convolved texture, two of which are shown (D; CB: Cajal body). From these two sites, few

filaments radiated (arrowheads) towards each other to meet somewhere halfway. While the right branch

passed beyond (arrow), the left branch appears to reorient its slope in parallel with the right branch. This

geometry is also appreciable in thefluorescencedata (inset).Note, the entire filament array is caught in the

single ultrathin section. Scale bar: 1 mm. Reproduced with permission from Richter et al., 2005.
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behave very similar. Three modifications of structured vimentin were observed:

filament arrays, body-like fibrillar convolutes, and focal accumulations. However,

there were also significant diVerences in structure. Thus, filament arrays typically

associated laterally with body-like fibrillar convolutes of human vimentin (Fig. 8),

in contrast to the frontal association in the case of Xenopus vimentin (Fig. 6).

Furthermore, filaments of human vimentin appeared thicker and barbed by at-

tached material.

Of the three structural forms of vimentin observed in the nucleus, filaments are

easily recognized as vimentin IFs after ectopic expression of the NLS-vimentin. In

contrast, the ultrastructural investigation of body-like convolved vimentin dots

requires their unequivocal identification, e.g., by correlation with their fluores-

cence signal (Fig. 8). Similar to bundled filament arrays, vimentin dots are not

pervaded by structural components of the nucleoplasm. Although they often

associate with filament arrays, which typically run between dots, the vimentin

structures within the dots distinctly diVers from filaments: The fine-fibrillar, con-

voluted ultrastructure reveals a much higher flexibility of their structural elements.
due to cutting-induced tear of material from the block face, which depends on section thickness. When

cutting the first section, more material is torn from the block face at the thicker parts of the section, i.e.

those representing the grid relief. Consequently, the next section is thinner in these regions. (C) Part of

the nucleus of the cell of interest. The expressed vimentin organized in several ‘vimentin dots’ (white

broken rings) and started to polymerize in filaments forming arrays. A corresponding optical section

(insert) correlates the dots unequivocally with fluorescence signals of the GFP-tagged vimentin (black

broken rings). N, nucleoli; C, cytoplasm. (D) Enlarged view of the area boxed in (A), including the two

vimentin dots (D). A bundle of vimentin filaments formed an arch to the right of the left dot

(see fluorescence image), part of which is caught in the section plane (F). Scale bar: 1 mm.



Fig. 8 Nuclear expression of human vimentin. (A) The human vimentin targeted to the nucleus of an

MCF7 cell organized into arrays of filament bundles and dots. Dots typically associate laterally to

bundle arrays (Inset: corresponding optical section of the fluorescence signal from the YFP-tagged

protein). (B) Detailed view of the boxed area in (A). Like with Xenopus vimentin, the ultrastructure of

dots (D) reveals a convolved, fibrillar texture, which is very diVerent from the comparably stiV filaments

in bundle arrays (F). Note, that the dark body (x) on top of the dot contains no vimentin (see insert,

arrowhead pointing to the dot). Scale bar: 1 mm. (C) Enlarged view from the lower left of part (B). Single

filaments appear barbed by attached material (arrows). (D) More distant part of the same array at the

same magnification. Cross-sections of filaments reveal connecting strands (arrow).

290 Laurent Kreplak et al.
Accordingly, filaments were never seen to permeate the dots: Vimentin dots and

filament arrays do not merge. A third variation of vimentin structures is repre-

sented by the focal accumulations, which are only occasionally observed (Fig. 9).

Foci are built from a number of stick-shaped units (about 15–20 nm thick



Fig. 9 Focal accumulations of Xenopus vimentin in an SW13 cell nucleus upon overnight incubation

at 28 �C. (A) Overview micrograph of lower part from the nucleus with speckled fluorescence signal

(insert). Several groups of focal accumulations are scattered throughout the nucleus (arrowheads;

N: nucleoli). (B) Foci within one group often align in rows (arrowheads). (C) Single foci are about

200 nm in size, and composed of stick-shaped units in radially orientated from the centre to the

periphery of foci. Scale bars: 1 mm.
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50–70 nm long) that appear to associate with a central matrix, oriented with their

free ends towards the periphery. Several of these foci group together and several of

these groups can be found in one nucleus. This hierarchical organization is not

revealed by light microscopy owing to its limited resolution.
4. Overexpression of Human YFP-Lamin A
Expression of transfected lamin A, even when transiently overexpressed, does

not apparently influence nuclear architecture, except for local increases in thick-

ness of the lamina (Fig. 10). Moreover, the transgenic YFP-lamin A does not

accumulate in the nucleoplasm but instead localizes to the lamina. This possibly

relates to physiological constraints of the nucleus to preserve a balanced composi-

tion for the rest of the lamina. Alternatively, it may reflect the behavior of

nonprocessed forms of lamin A: In this study it had not been established to

which extent the transgenic construct matures physiologically. The YFP-tagged

lamin A accumulated in lens-shaped thickenings, which bulged the nuclear enve-

lope towards the cytoplasm, whereas the inner contour of the nuclear periphery

remained flat. Evidently, the nucleoplasmic surface is more restricted by

tension forces than the cytoplasmic surface of the nuclear envelope. Moreover,



Fig. 10 Ultrastructure of a HeLa cell nucleus upon overexpression of YFP-lamin A. (A) The over-

expression of YFP-tagged lamin A caused its accumulation in lens-shaped thickenings of the nuclear

lamina. The fluorescence signal (lower right inset, corresponding optical section) unequivocally demon-

strates their load with the YFP-tagged protein (arrowheads point to fluorescent dots seen on

the electron micrograph as lens shaped thickenings; left inset: DIC image to assist identification of the

nucleus; N: nucleoli). (B) Enlarged view of the boxed area in (A). The lens-shaped thickenings of the

nuclear lamina protrude farther to the cytoplasm (C) than to the nuclear interior. Their content is of

homogeneous, fine-fibrillar texture. (C) The interphase of the thickened lamina with the nucleoplasm is
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this behavior does not indicate the existence of a system generating major filament

arrays within the nucleoplasm, in sharp contrast to the ectopically expressed

vimentin.

IV. Materials
A. IF Proteins

1. Vimentin and Desmin
Recombinant vimentin and desmin are expressed and purified according to a

protocol that has been described elsewhere (Herrmann et al., 2004). The

proteins were stored at �80 �C in 8 M urea, 5 mM Tris-HCl, pH 7.5, 1 mM

DTT, 1 mM EDTA, 0.1 mM EGTA, 10 mM methyl ammonium chloride. To

reconstitute the protein, the stock solution was dialyzed at about 1 mg/ml into

5 mM Tris-HCl, pH 8.4, 1 mM DTT (T1-buVer) or into 2 mM sodium phos-

phate, pH 7.5, 1 mM DTT (T2), at room temperature by lowering the urea

concentration stepwise from 6 M to 0 M. Dialysis was continued overnight at

4 �C into fresh buVer without urea. The next day, the protein was further

dialyzed for 1 h at room temperature against fresh buVer.
2. Neurofilaments
Neurofilaments (NFs) containing the NF triplet proteins NF-L, NF-M, and

NF-H, were purified from rat spinal cords (Leterrier et al., 1996). The crude NF

pellet was purified by sedimentation at 200 000g for 3 h 30 min at 4 �C onto 5 ml of

1.5 M sucrose in 0.1 M Mes, pH 6.8, 1 mM MgCl2, 1 mM EGTA (RB), and 15 ml

of 0.8 M sucrose in RB. The purified NFs were then dialyzed overnight at 4 �C
against RB containing 90% D2O in order to avoid aggregation over time. Dialyzed

NFs were gently homogenized with a Teflon glass potter, and 20 ml aliquots were
frozen in liquid nitrogen for storage at �80 �C. Before use, the sample was thawed

on ice and then stirred on a vortex mixer at maximal speed for a controlled time:

20 times 3 s with standing in ice for 2 s between stirring.
often sharply delimited (arrowheads). The packing-density of the fine-fibrillar material decreased in the

center of the lens (asterisk). However, no peculiar substructural organization becomes visible. Apart

from these locally restricted lens-shaped accumulations of lamin A, the nuclear periphery has a regular

appearance. In particular, the thickness of the lamina did not significantly increase globally. (D) The

overexpressed lamin A specifically accumulated in a region between the outer nuclear envelope and an

indentation of the inner nuclear membrane (arrow). Note that the accumulation is shaped like a droplet

of water between two hydrophobic surfaces. (E) Nuclear periphery of a normal, nontransfected control

cell (NP: nucleoplasm). Because of reduced osmium-fixation, the nuclear membranes have weak

contrast only. Thus, the lamina becomes visible as a thin, dark line of granular appearance (arrowhead).

Scale bar in B–E: 1 mm.
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B. Atomic Force Microscope
A commercial AFM (Nanoscope IIIa, Veeco Inc., Santa Barbara, CA) equipped

with a 120 mm scanner (j-scanner) and a liquid cell is employed. Before use, the

liquid cell has to be cleaned with normal dish cleaner, gently rinsed with ultrapure

water (18 MO/cm; Branstead, Boston, MA), sonicated in ethanol (50 kHz) and

sonicated in ultrapure water (50 kHz).
C. Substrates for AFM
The substrate that we routinely use is a mica sheet (Mica house, Calcutta, India),

which is punched to a diameter of about 5 mm and glued onto a teflon covered steel

disc with water insoluble epoxy glue (Araldit, Ciba Geigy AG, Basel, Switzerland).

The steel disc is required to magnetically mount the mica disc onto the piezoelectric

scanner. Notice that other solid supports can be easily glued to the Teflon disc such

as glass cover slips or graphite sheets (highly oriented pyrolitic graphite); any

atomic flat solid substrate can be used.
V. Conclusions and Outlook

IFs are relatively stable structures under physiological conditions, in particular

when they are in association with proteins such as plectin (Foisner et al., 1988;

Herrmann andWiche, 1983) or desmoplakin (Mueller andFranke, 1983). However,

on occasion open filaments can be observed after reconstitution in vitro (Herrmann

and Aebi, 1998), and furthermore in a pronounced way after treatment with

physiological sodium phosphate solutions on EM grids (see, e.g. (Aebi et al., 1983;

Herrmann et al., 2002). In addition, unraveling occurs uponbinding tomica (Mücke

et al., 2004a) or during preparation for cryo-electron microscopy (Goldie et al.,

2007). These properties have drawn the attention to the fact that IFs may respond

more sensitive to buVer changes as anticipated by many workers in the field.

Notably, for electron microscopy in most cases IFs were fixed before being treated

with distilled water. Hence, individual unmodified IFs as obtained by recombinant

techniques, may significantly differ from one another, which has be left unnoted as

tissue IFs are regularly isolated in buVers containing high concentrations of salt.

Thismay then somehow reflect their diVerential ability for dynamic processes in vivo

such as lateral subunit exchange.
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Abstract

Microtubules are one of the three components of the eukaryotic cytoskeleton

and play a central role in many aspects of cell function, including cell division and

cell motility. Electron microscopy, of both isolated microtubules and of micro-

tubules in their cellular context, is an essential tool in understanding their structure

and function. These studies have been particularly important because the size and
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heterogeneity of microtubules mean that they are not readily studied by other

structural methods. Electron microscopy at diVerent levels of detail can bridge the

gap between atomic resolution structures solved by X-ray crystallography or

NMR, and the dynamic but relatively coarse information that is achieved in

light microscopy experiments. This chapter provides an overview of current

approaches to studying microtubules by electron microscopy. Negative stain

studies can be relatively quick and easy, and provide a useful overview of micro-

tubules and their interactions prior to undertaking more complicated experiments

such as high resolution structure determination by cryo-electron microscopy or

reconstruction of unique cellular entities by electron tomography. As more

microtubule-associated proteins are uncovered, EM studies will make a significant

contribution to our understanding of how these proteins influence microtubules

and where in the cytoskeleton they act.
I. Introduction
A. Introduction to Microtubules
Microtubules are involved in many essential aspects of cell life, including cell

division, cell motility, defining cell architecture, and intracellular transport (see for

example Guzik and Goldstein, 2004; Wittmann et al., 2001). Electron microscopy

(EM) has been an essential technique in characterizing microtubules (Ledbetter

and Porter, 1963) and in understanding their contributions to cellular processes.

The relative ease with which microtubules can be visualised by EM, coupled with

their inherent beauty, continues to inspire biologists to study and understand

them, although only an overview of the diVerent types of EM-based approaches

can be discussed here.

Microtubules – hollow cylindrical polymers with a diameter of �25 nm – are

built from heterodimers of a- and b-tubulin (reviewed in Nogales, 2000). The

individual monomers are folded together by dedicated chaperones so that only

ab-heterodimers are present in cells. a- and b-tubulin show 40% sequence identity

and are structurally very similar (Nogales et al., 1998; Fig. 1); both contain a

guanine nucleotide binding site but are biochemically distinct. The GTP bound to

a-tubulin is buried within the tubulin dimer and is protected from hydrolysis, while

GTP bound to b-tubulin can be hydrolyzed to GDP. In fact, microtubule poly-

merization stimulates hydrolysis of b-tubulin-bound GTP, such that tubulin acts

as its own GAP (GTPase Activating Protein). GTP-bound b-tubulin enables

microtubule polymerization while GDP-b-tubulin does not. Microtubule polymers

are very dynamic as a result of these cycles of GTP-stimulated growth and

hydrolysis-induced depolymerization, a property known as dynamic instability

(reviewed in Desai and Mitchison, 1997).

Cellular microtubules interact with, and are regulated by, a plethora of

microtubule-associated proteins. These proteins are even more diverse than the
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Fig. 1 Microtubule organization and structure of the ab-tubulin heterodimer. Microtububules are

built from ab-tubulin heterodimers that join head-to-tail to form protofilaments and side-by-side to

form the microtubule wall. The structure of the ab-tubulin heterodimer was determined using electron

crystallography. In this figure, the dimer is viewed as from the outside of the microtubule wall. b-tubulin
is located towards the plus-end of the microtubule, while a-tubulin is towards the minus-end. a- and
b-tubulin both bind guanine nucleotides (shown as space-filling models) but the a-tubulin GTP-binding

site is buried at the intradimer interface and always has GTP bound, whereas the b-tubulin-bound
GTP is subject to hydrolysis as polymerization proceeds. Paclitaxel, which stabilizes lateral inter-

protofilament contacts and suppresses dynamic instability, is shown as a space-filling model. This figure

was prepared using 1JFF.pdb (Löwe et al., 2001) and Pymol (DeLano, W.L. The PyMOL Molecular

Graphics System (2002) DeLano Scientific, Palo Alto, CA, USA. http://www.pymol.org).
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functions performed by the microtubules, and understanding how all these

proteins impact on microtubule function in vivo is a significant challenge. Electron

microscopists have, broadly speaking, taken two complementary approaches to

understanding these microtubule-associated proteins (MAPs): (1) a divide-and-

conquer approach in which microtubules are assembled in vitro and the interaction

of individual MAPs (or recombinantly expressed fragments of MAPs) are exam-

ined, providing insight into the molecular details of their interaction (Section II);

(2) a top-down approach in which microtubules are investigated in their cellular

context (Section III). Complete mechanistic insight into MAP function lies at the

intersection of these two approaches, in combination with many cell biology and

biochemical tools.

http://www.pymol.org
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B. Introduction to Electron Microscopy
Images are formed in an electron microscope when the electron beam interacts

with the sample. The wavelength of electrons is around 0.005 nm; this is

much smaller than that of visible light, so the details that can be seen by an EM

are much finer. The EM operates under a vacuum, and biological samples must be

fixed in some way so that they can withstand both the vacuum of the microscope and

the damaging electron beam. Samples observed by EM are therefore necessarily

static and thus EM is essentially a tool for studying snapshots of cellular life. The

images obtained by EM are two-dimensional projections of the sample because

the depth of focus of the imaging lens is large compared with the sample, and this

must be taken into consideration when EM images are interpreted.
II. Molecular Electron Microscopy
A. Background
Many striking insights into microtubule biology have been made by studying

microtubules in isolation. Molecular microscopy can either observe specific

phenomena directly or, with computational image analysis, yield macromolecular

structures. Dynamic microtubules are hard to study and for most experiments,

artificially stabilized microtubules are used (see below). Tubulin also forms diverse

non-microtubule oligomers and polymers, which are also amenable to study by

EM and which have provided additional insight into structural aspects of micro-

tubule dynamics (for example, Wang and Nogales, 2005). Probably the best

example of this is the determination of the structure of the ab-tubulin dimer at

near-atomic resolution using EM images of zinc-induced two-dimensional tubulin

sheets (Löwe et al., 2001; Nogales et al., 1998; Fig. 1).
B. Materials and Methods for Microtubule Polymerization
Tubulin can be isolated in reasonable quantities from mammalian brains using

well-established protocols (Shelanski et al., 1973). However, the success of these

protocols depends on the availability of brain tissue from freshly slaughtered

livestock (and therefore proximity to an abattoir). Small amounts of tubulin can

also be obtained from cell cultures. However, since relatively little material is

needed for molecular EM experiments, by far the simplest way to obtain tubulin

is to buy it (http://www.cytoskeleton.com/). Microtubules can be stabilized, either

using the tubulin-binding drug paclitaxel (http://www.merckbiosciences.co.uk/

home.asp) or by polymerization in the presence of the nonhydrolyzable GTP

analogue GMPCPP (http://www.jenabioscience.com/). The number of protofila-

ments in a microtubule can vary from 9 to 18 (Chrétien et al., 1992) and polymeri-

zation conditions can be modified according to the microtubule architecture

required (Ray et al., 1993). In the first instance, this is unlikely to be a critical

consideration, but since the majority of microtubules in vivo are built from 13

http://www.cytoskeleton.com/
http://www.merckbiosciences.co.uk/home.asp
http://www.merckbiosciences.co.uk/home.asp
http://www.jenabioscience.com/


16. Studying Microtubules by Electron Microscopy 303
protofilaments (Tilney et al., 1973), protofilament architecture may prove

important for a subset of MAPs (Moores et al. 2004; Sandblad et al., 2006).

Tubulin is labile and must be stored at �80 �C and should be rapidly thawed

immediately prior to use. Typically, we mix equal volumes of tubulin with

2� polymerization buVer (80 mM Pipes, pH 6.8, 16% DMSO, 3 mM MgCl2,

1 mM EGTA, 2.5 mM GTP) and incubate at 37 �C for 30–60 min. After this

time, paclitaxel, dissolved in DMSO, should be added in excess (1 mM). Unsta-

bilized microtubules are extremely temperature sensitive, so only remove the

polymerizing solution from 37 �C for long enough to mix the paclitaxel and

then leave it at 37 �C for another 2–3 h. If paclitaxel is present at the outset of

polymerization, tubulin sheets (unclosed microtubules) will also be observed.

Twenty four hours should elapse between polymerization and microtubule use

in EM experiments, since some dynamic instability continues up to this point and

leads to a high background of unpolymerized tubulin on the EM grids. Once they

have stabilized, paclitaxel microtubules are quite robust and can be diluted into

most buVers. Alternatively, GMPCPP can be added to the polymerization buVer
instead of GTP and no paclitaxel will be needed. If helical microtubules (micro-

tubules with a perfectly crystalline lattice with no discontinuities most frequently

built from 15 or 16 protofilaments) are required for subsequent structure deter-

mination, polymerization should be performed at 34 �C in the presence of GTP.

It is surprising and aggravating how temperature sensitive helical microtubule

polymerization can be, but their formation can be slightly enhanced in the

presence of higher concentrations of magnesium (Chretien et al., 1992).

GMPCPP overwhelmingly favors polymerization of 14 protofilament nonhelical

microtubules (Hyman et al., 1992).
C. Negative Stain Electron Microscopy

1. Rationale
A great deal of useful preliminary information can be obtained by negative stain

EM of microtubules and their associated proteins. In fact, this is a recommended

first step in the characterization of any new MAP before attempting technically

challenging cryo-EM experiments. Negative stain experiments are, in principle,

quick and easy and require minimal specialist equipment aside from a standard

TEM. Negative stain works by surrounding the microtubule with grains of heavy

metal salts and is so-called because it is the stain envelope that is imaged rather

than the protein itself. The stain strongly scatters electrons and generates well-

contrasted images; it also provides some protection for the biological sample in the

destructive electron beam.
2. Materials and Methods
EM grids covered with continuous carbon film are standard tools for negative

stain experiments. Home-made grids are easiest (and cheapest) to use but specialist

equipment is required to prepare the carbon, so these grids can be purchased
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(http://www.grid-tech.com/). We have also found that glow-discharging grids, so

that their surface is charged, gives a much better distribution of stain across the

grid and improves the appearance of the microtubules (see http://www.emitech.co.

uk/vacuum-coating-brief5.htm). We find that staining with aqueous 1% uranyl

acetate (or uranyl formate) enables good visualization of the microtubule lattice

(Fig. 2), despite the nonphysiological pH of both of these stains (uranyl acetate ¼
pH 4.2 and uranyl formate ¼ pH 4.5–5.2). Both these salts are weakly radioactive;

specific arrangements will probably need to be made for their disposal but no

particular precautions are needed during handling. However, the quality of the

microtubule images obtained using uranyl salts is far superior to other stains.

0.2 mg/ml of polymerized tubulin gives a good distribution of microtubules

across the grid and roughly 0.2 mg/ml of the MAP should enable its binding

to be visualized, although this depends on its microtubule aYnity. MAP
Fig. 2 Images of paclitaxel-stabilized microtubules visualized using negative stain EM. The microtu-

bule lattice can be easily visualized by staining with uranyl acetate; protofilaments are indicated with

dotted lines on the left image. The image on the left is of a microtubule-only sample, while the image on

the right is of a microtubule bound by kinesin motor domain, which can be seen protruding every 8 nm

along the lattice (indicated by arrows). Note that the apparent diameter of these microtubules is much

larger than the expected 25 nm because they are flattened by the stain. Bar ¼ 40 nm.

http://www.grid-tech.com/
http://www.emitech.co.uk/vacuum-coating-brief5.htm
http://www.emitech.co.uk/vacuum-coating-brief5.htm
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concentrations much higher than 0.2 mg/ml will give a very high background on the

EM grid, making direct observation of microtubule binding harder. Typically, we

apply 4 ml of polymerized tubulin to glow-discharged grids, wash with 4 ml MAP

buVer, apply 4 ml of the MAP of interest, wash again and apply 4 ml of 1% uranyl

acetate, wicking oV nearly all of each application using filter paper before applying

the next solution. This seems to give even staining over most of the grid squares.
3. Results
Visual comparison of microtubules in the presence and absence of the MAP of

interest will often provide direct information on whether an interaction is occur-

ring. In our work on kinesin motor proteins, the compact globular motor domain

(�40 kDa) can be seen very easily and binds every 8 nm to each tubulin dimer

(Fig. 2). Smaller binding domains or less compact proteins may be harder to see.

Negative stain EM studies can also be helpful in determining if theMAP of interest

has an eVect on the microtubule population. In our study of the motor domain of a

microtubule depolymerizing kinesin-13, negative stain images allowed us to visua-

lize the intermediates of depolymerization in the form of curved tubulin rings,

bound and bent by the attached kinesin (Moores et al., 2002; Fig. 3).
4. Limitations
The most obvious limitation of negative stain studies is that the images collected

are not of the microtubules themselves but are of the stain surrounding them. No

information is available about the internal structure of the complex, and the detail

that can be extracted from the images is limited by the granularity of the stain used.

In addition, negative stain flattens the hollow cylindrical microtubule structure,

which may also suVer from dehydration. It is never possible to say that such images

are completely artefact-free but, as a first and easy tool for direct observation of

microtubule-MAP interactions, negative stain experiments are invaluable.
D. Metal Shadowing for Electron Microscopy

1. Rationale
An alternative method for visualizing microtubules is to evaporate a fine layer of

metal over the sample, either from a rotating source or by unidirectional shadowing.

The resulting metal replica of the microtubule surface is then placed on an EM grid

and viewed. Once again, the metal atoms strongly scatter electrons, giving images

with relatively high contrast that often allow individualmolecules tobe distinguished.
2. Materials and Methods
Microtubules, applied to a support film, must be rapidly frozen in nitrogen to

avoid ice crystal formation and to preserve their solution structure. The protein

must then be freeze-dried and the ice sublimated away from the microtubule



Fig. 3 Microtubule depolymerization intermediates of a kinesin-13 motor visualized by negative stain

EM. In the presence of the non-hydrolyzable ATP analogue AMPPNP, a kinesin-13 motor core forms

tubulin rings from paclitaxel-stabilized microtubules (a single ring is circled). The rings have a diameter

of 40 nm and can be aligned and averaged together to yield a two-dimensional average that reveals the

molecular details of ring formation (inset). The rings are apparently formed from the sequential binding

and bending of kinesin-13 motors trapped in the ATP-bound state of their ATPase cycle. The

two-dimensional average reveals kinesin-13 motor densities (white oval) on the inside of the rings;

these are each bound to an ab-tubulin dimer in the outer ring. The kinesin-13 motor binds to what

would have been the outer surface of the tubulin protofilament and bends it away from the microtubule

axis, much like unpeeling a banana (Moores et al., 2002). Bar ¼ 100 nm.
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surface by warming to ��95 �C under vacuum for �2 h. This should leave the

protein structure intact, although microtubules are usually flattened by this

process. DiVerent approaches to generating the metal replica have been taken.

The most widely used technique is to rotary shadow with a mixture of platinum

and carbon which, although it yields relatively coarse images, is still useful for

many applications (see for example Hirokawa, 1986; Szajner et al., 2005). More

recently, Andreas Hoenger and colleagues have advocated use of angular, unidi-

rectional shadowing of a tantalum/tungsten alloy to give images with much finer

detail. This alloy is very susceptible to oxidative degradation, however, and so

must be transferred directly from the shadowing chamber into the microscope,

a procedure that requires a specially modified EM (Gross et al., 1990).
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3. Results
The high-contrast images generated by metal shadowing have been particularly

useful in providing information about filament networks (Hirokawa et al., 1988;

Svitkina et al., 1996; Fig. 4A). Meanwhile, the finer details observed by Hoenger

and colleagues have recently yielded some striking results about the ways in which

MAPs bind microtubules and that would not have been accessible using other EM

methods (Krzysiak, T. C. et al., 2006; Sandblad et al., 2006; Fig. 4B).
4. Limitations
Similar concerns to those with negative stain exist for metal shadowing experi-

ments, since the microtubules are only indirectly observed and sample preparation

involves dehydration of the microtubules in a vacuum, after which they are

covered with a layer of metal.
E. Cryo-Electron Microscopy

1. Rationale
Theuse of heavymetals, either by stainingorby shadowing, provides high-contrast

images of microtubules and bound MAPs. Cryo-EM, on the other hand, enables

visualization of microtubules in as close to a physiological state as possible. Sample
A B
Seam

Fig. 4 Images of microtubules obtained by metal shadowing. (A) Microtubules pelleted in the

presence of the MAP tau and visualized by rotary-shadowing. Arrows indicate tau molecules projecting

from the microtubules and cross-linking them (Hirokawa et al., 1988). Reproduced from Journal of

Cell Biology, 1988, 107:1449–1459. Copyright 1988 The Rockefeller University Press. Bar ¼ 50 nm.

(B) Microtubule lattice bound by kinesin motor domains visualized by unidirectional shadowing. The

individual motor domains can be discriminated (dotted rectangle) and the regular pattern they form on

the microtubule lattice (dotted white lines) allows visualization of the microtubule seam. Bar ¼ 20 nm.

This image was kindly provided by the lab of Andreas Hoenger, Colorado University, Boulder

(http://hoengerlab.colorado.edu/).

http://hoengerlab.colorado.edu/
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preparation for cryo-EM involves ultra-rapid freezing of microtubules in a thin layer

of amorphous (vitreous) ice (reviewed in Dubochet et al., 1988; Stewart and Vigers,

1986). Such samples must be maintained at liquid nitrogen temperatures while

viewing them in the microscope, to preserve their vitreous state and reduce radiation

damage. The resulting images arise from the direct interaction of electrons with the

specimen; they have low contrast but should be free from artefact and distortion.

Cryo-EM is becoming more of a standard tool in structural biology, but cannot be

performedon all EMs because of essential requirements for expensive and specialized

sample holders, sample stability, vacuum quality, and the ability to image the

electron-sensitive cryo-EM samples under low-electron dose conditions. A coherent

Field Emission Gun electron source is also a great benefit, especially when the cryo-

EM imageswill subsequently be used for structure determination.An overview of the

details of microtubule preparation for cryo-EM is given later, whereas more general

aspects of cryo-EM technique have been reviewed extensively elsewhere (Kuhlbrandt

andWilliams, 1999; Saibil, 2000; Subramaniam andMilne, 2004; Unger, 2001).
2. Materials and Methods
Microtubules are prepared for cryo-EM by application to glow-discharged,

holey carbon film, either home-made or purchased (http://www.emsdiasum.com/

microscopy/products/grids/cflat.aspx). The grid is blotted to give a very thin layer

of solution, 50–100 nm thick, which is then rapidly frozen by plunging it into

ethane slush. A simple guillotene-like device can perform this task very well,

although reproducible sample preparation and ice quality are facilitated by

undertaking grid preparation in a humid environment. Higher concentrations of

microtubules andMAPs are needed for cryo-EM than for negative stain grids, and

typically we use solutions of 2 mg/ml polymerized tubulin. 4 ml of this solution

is applied to the grid, wicked oV, the grids are washed with 4 ml of buVer and the

grid is blotted and rapidly frozen. To prepare MAP-microtubule complexes, we

have found it easiest to apply a solution of the MAP (@3–5 mg/ml) after adsorbing

microtubules to the grid because this minimizes the tendency of some MAPs to

bundle microtubules. The MAP solution should be free from cryo-protectants

such as glycerol because they interfere with vitrification. Working with stabilized

microtubules is almost essential for cryo-EMwork; as has been emphasized earlier,

unstabilized microtubules are very fragile, and in particular, the changes in

temperature that occur due to water evaporation from the thin layers of solution

can be suYcient to induce complete microtubule depolymerization (Chretien

et al., 1992).

Cryo-EM images arise from direct interactions of electrons with all levels of the

sample, including its internal features. This information can be extracted compu-

tationally and used for structure determination, with the goal of understanding the

detailed organization of the microtubule and bound proteins. Images of the

microtubule lattice contain multiple views of individual ab-tubulin dimers, cap-

tured from many diVerent angles as they wind around the microtubule axis.

http://www.emsdiasum.com/microscopy/products/grids/cflat.aspx
http://www.emsdiasum.com/microscopy/products/grids/cflat.aspx
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Structure calculations aim to extract the information about the diVerent views of
the dimer from the noisy EM images and combine them to produce an average

three-dimensional model of tubulin within the lattice. These calculations necessar-

ily assume that all molecules that are combined in such calculations are structurally

identical. DiVerent computational strategies have been taken to achieving this goal

(Hirose et al., 2006; Kikkawa and Hirokawa, 2006; Li et al., 2002; Rice et al.,

1999), depending on the underlying protofilament architecture of the microtubules

used, and these approaches are described in detail elsewhere (Hoenger and

Nicastro, 2007).
3. Results
Despite the technical challenges, cryo-EM is an essential tool in understanding

many aspects of microtubule biology. Important experiments have included the

visualization of diVerent structural states in dynamic microtubules (Mandelkow

et al., 1991; Fig. 5) and observation of microtubule architectural variation

(Chretien et al., 1992; Ray et al., 1993), all of which are most easily visualized in

cryo-EM images.

Many cryo-EM studies have been aimed at understanding the structural basis

of the ATP-dependent mechanisms of members of the kinesin superfamily of

microtubule motors (for example, Hirose et al., 2006; Kikkawa and Hirokawa,

2006; Rice et al., 1999; Fig. 6A). Because the kinesin ATPase cycle is

microtubule-stimulated, several important structural transitions can only occur

in the presence of microtubules and are therefore only accessible by cryo-EM.
Fig. 5 Cryo-EM images of depolymerizing microtubules. Unstabilized microtubules, induced to

depolymerize in the presence of divalent cations, were imaged by cryo-EM to reveal the ‘‘rams-horn’’-

like appearance of their unpeeling protofilaments (Mandelkow et al., 1991). Bar ¼ 50 nm. Reproduced

from Journal of Cell Biology, 1991, 114:977–991. Copyright 1991 The Rockefeller University Press.
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Fig. 6 Three-dimensional structures of microtubules calculated from cryo-EM images using helical

reconstruction. (A) The structure of the kinesin motor domain of Kar3 bound to microtubules has been

calculated at high resolution (shown here in its nucleotide-free state), enabling the crystal structures of

the ab-tubulin dimer and the Kar3 motor domain to be docked within the EM density map (shown as

mesh). Reprinted from Hirose et al., 2006 with permission from Elsevier. (B) The neuronal MAP

doublecortin binds between the protofilaments in the microtubule wall every 8 nm along the microtu-

bule lattice (one binding site is circled). This unusual binding site confers unique microtubule-stabilizing

properties on doublecortin compared to other MAPs (Moores et al., 2004). Bar ¼ 5 nm.
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Nucleotide analogues are used to capture kinesins at diVerent points in their

ATPase cycles and the resulting structures are compared, providing information

about the nucleotide-dependent conformational changes of the motors. In sever-

al cases, structures have been calculated such that secondary structural elements

within the motors and microtubules can be visualized, enabling very detailed

analyses of conformational changes. Cryo-EM studies have also yielded infor-

mation about the binding sites of a variety of nonmotor MAPs on microtubules.

We are interested in the influence of microtubule architecture on the ability of



16. Studying Microtubules by Electron Microscopy 311
certain MAPs to bind micr otubules (M oores et al ., 2004 ; Fig. 6B), a feature of

MAP binding that is of particular inter est since most micro tubules in vivo are

built from 13-proto filamen ts. Atom ic resol ution struc tures from X-ray crysta l-

lography experi ments can be placed insi de the molecular envelopes of the resul t-

ing three-dim ensional struc tures to yiel d pseud oatomic details abo ut the

cytoske letal complex es ( Fig. 6A). Data from these struc tural expe riments have

been combined with those from bioph ysical and biochemi cal experiments to

provide an integ rated view of the inter actions.
III. Cellular Electron Microscopy
A. Background
Ult imately , we woul d like to unde rstand the precise roles of MAPs an d their

mechani sms of regula tion of the microtubu le cytoske leton wi thin the ce ll. Micro-

tubules wer e origin ally obse rved in sections of ch emically fixed and stained cells

and their dimens ions mak e them relat ively e asy to identi fy. Suc h studies have

contribu ted a good de al to our underst anding of microtubule s, a lthough c oncerns

exist abou t the integrit y of subcell ular structures in such chemi cally fixed sampl es

(for exampl e Winey et al ., 19 95 ). Additiona lly, only a single slice of the complex

cellular environm ent is seen, but we woul d like to unde rstand the organ ization of

the cytoske letal netwo rk in three dimens ions.
B. Elect ron Tomogr aphy

1 . Rationale
As mentio ned in Secti on II, three-dim ensional struc ture calculati on involv es the

collection and combinat ion of mult iple views of the biologi cal entity under inves-

tigation. However, each cell is essentially a unique biological structure, which

means that views of diVerent cells cannot usefully be averaged together. Electron

tomography (ET) enables multiple views to be collected and combined from the

same physical object, be it a cell section, organelle, or large macromolecular

complex. Because it does not rely on averaging, ET is the most versatile form of

EM and the structure of virtually any object can, in theory, be calculated. Howev-

er, because multiple views of the same object are extracted, sample damage by the

electron beam is a major consideration.

ET is by no means a new research tool, but recent advances in EM hardware,

computational capacity, and software development have meant that ET is being

applied to greater numbers of previously intractable biological problems. It is best

undertaken in laboratories specializing in ET and details of the methods employed

have been reviewed elsewhere (Hoenger and Nicastro, 2007; Höög and Antony,

2007; Lucic et al., 2005; McIntosh et al., 2005).
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2. Materials and Methods
Ideally, biologists would like to understand cellular organization to the finest

level of detail. In practice, a number of compromises in sample preservation and

visualization must be made. Accurate imaging of any sample by EM requires that

each electron interact once with the sample without losing energy (elastic scatter-

ing). In some cases, the edges of intact cells are thin enough (�200 nm) for this to

be true, but usually cell sections will need to be cut before they can be visualized by

EM. Prior to sectioning, cells must be rapidly frozen to ensure that destructive ice

crystals do not accumulate, and high pressures are needed to ensure that these

thicker cellular samples freeze with suYcient rapidity (see Chapter 11 by Studer,

this volume). Cells frozen in this way are often viable when thawed, attesting to the

fidelity with which their structures are preserved during freezing. Direct sectioning

of these frozen cells may then be attempted – this approach has the advantage that,

as with molecular cryo-EM, the undistorted native cell structures are preserved.

However, preparation of these sections is challenging, data must be collected in an

ultra-low-dose regimen because the samples are extremely electron-sensitive and

the lack of artificial contrast (for example from metal stains) also presents chal-

lenges in structure determination and interpretation. Nevertheless some early

results are impressive (for example Bouchet-Marquis et al., 2006; Garvalov et al.,

2006).

More common is the practice of freeze-substitution in which the frozen tissue

section is gradually infiltrated over the course of days with solvents to replace the

water in the sample. Fixatives such as glutaraldehyde are also used along with

heavy metal stains such as osmium tetroxide or uranyl acetate. The slow infiltra-

tion is believed to be a superior method of structure preservation while still

allowing the cell to be dehydrated and the sections embedded in plastic and

sectioned, thereby providing additional sample preservation in the EM and

providing contrast for the cellular components (Höög and Antony, 2007; Winey

et al., 1995).

Data collection for ET involves incremental tilting of the sample between, at

best, �70 � around two tilt axes. This maximizes the numbers of diVerent views
collected that will ultimately contribute to the structure calculation. Automated

image acquisition to a digital camera greatly facilitates this otherwise time-

consuming process, as does improved stage stability in more recent EMs. Digital

data collection also greatly facilitates the electron dose fractionation that must

occur so that structural information can still be extracted at each tilt angle while

minimizing the radiation damage accumulated by the sample.

Subsequent data analysis involves the alignment of individual images from the

tilt series, usually facilitated by electron-dense gold fiducial markers. Data analysis

is also relatively automated and new developments are improving the ease with

which reconstructions can be calculated and information extracted. Structures

calculated using ET will always contain some distortion because it is not physically

possible to collect data from all views, and such distortions must be considered



16. Studying Microtubules by Electron Microscopy 313
during interpretation. The smallest features that can be reliably extracted from

tomographic reconstructions will usually be around 2–5 nm in dimension. Further

details can sometimes be visualized by averaging multiple tomographic volumes

together (see for example Nicastro et al., 2005).
3. Results
Some microtubule-containing cellular complexes can be extracted intact from

tissue and their unique molecular organization can be studied by cryo-ET. A good

example is the eukaryotic flagellum, a microtubule based macromolecular

machine. Characteristic views of flagella and their axonemal cores are readily

seen in cell sections, but to properly understand their global organization and to

probe the molecular mechanism of their dynein-based contractility, three-

dimensional reconstructions are needed. Flagella are large and complex and

cannot be subjected to averaging procedures used in molecular EM. Instead,

they are perfect specimens for cryo-ET and this approach has yielded great insight

into their molecular organization and mechanism (Nicastro et al., 2005, 2006;

Sui and Downing, 2006; Fig. 7).

Striking views of microtubules inside cells have also been obtained by ET and

have yielded insight into, for example, the organization and structural transitions

that occur in the mitotic spindle (Winey et al., 1995). ET studies of whole cells have

also revealed unique features of microtubules in situ. These types of experiments

are especially powerful when correlated with dynamic information from light

microscopy of living cells (Garvalov et al., 2006; Fig. 8).
A B
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Fig. 7 Structure of eukaryotic flagella determined using cryo-ET. (A) Cross-sectional slice of cryo-ET

reconstruction of sea urchin sperm flagellum. The central singlet microtubules are labelled C1 and C2,

the (A) and (B) tubules are marked in each doublet, the plasma membrane is labelled pm and the

extracellular material at the plasma membrane is indicated with arrow heads. Bar ¼ 50 nm.

(B) Visualisation of the three-dimensional reconstruction of the flagellum following axial averaging.

Bar¼ 40 nm. Reprinted with permission from Nicastro et al., 2005. Copyright 2005 National Academy

of Sciences, USA.



Fig. 8 Cryo-ET of neuronal processes reveals luminal particles within cellular microtubules.

(A) A slice through a tomogram of a neuronal process imaged using cryo-ET reveals the presence

of particles within the neuronal microtubules (arrowheads; Garvalov et al., 2006). Bar ¼ 50 nm.

Reproduced from Journal of Cell Biology, 2006, 174:759–765. Copyright 2006 The Rockefeller

University Press.
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IV. Outlook

The simplest EM experiments that characterize microtubules using negative

stain can be undertaken without recourse to any of the latest technologies. Such

experiments will always be the starting point for characterization of novel MAPs

and their interaction with microtubules. In addition, all of the techniques described

earlier will continue to contribute complementary information about microtubule

form and function. Structure calculations that reveal very fine details will yield

additional insights into the mechanistic subtleties by which microtubules are

modulated by their interactions with MAPs. High resolution structure calculation

will be possible through a combination of data collection on superior EMs with

very stable stages, improvements in image processing software, and through the

brute-force collection of large amounts of cryo-EM data such that only the very

highest quality data is fed into structure calculations.

A key question, however, is how do such high resolution characteristics relate to

the properties of microtubules in cells? We still have a great deal to learn about the

behaviors of microtubules in specific cellular contexts, and ET is just beginning to

open up new vistas of cellular architecture and environment to answer such

questions. We can begin to convince ourselves that we understand many of the

fundamentals of microtubule biology. However, we are just beginning to grasp
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the potential consequences of phenomena such as site-specific protein translation,

post-translational modifications of tubulin and MAPs, and the idiosyncratic cell

localization and cooperation seen for the hundreds of potential microtubule

ligands. The ability to identify individual MAP molecules in a cellular context by

both light and electron microscopy (using for example technologies described in

Chapter 8 by Deerinck, this volume) and to visualize the eVect that they have on

individual microtubules will gradually enable us to understand the intricate

mechanisms by which microtubules participate in cell function.
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Abstract

Tissue development in multicellular animals relies on the ability of cells to

synthesize an extracellular matrix (ECM) containing spatially organized collagen

fibrils, whose length greatly exceeds that of individual cells. The importance of the

correct regulation of fibril deposition is exemplified in diseases such as osteogenesis

imperfecta (caused by mutations in collagen genes), fibrosis (caused by ectopic

accumulation of collagen), and cardiovascular disease (which involves cells and

macromolecules binding to collagen in the vessel wall). Much is known about the

molecular biology of collagens but less is known about collagen fibril structure and

how the fibrils are formed (fibrillogenesis). This is explained in part by the fact that

the fibrils are noncrystalline, extensively cross-linked, and very large, which makes

them refractory to study by conventional biochemical and high-resolution

structure-determination techniques. Electron microscopy has become established

as the method of choice for studying collagen fibril structure and assembly. This

article describes the electron microscopic methods most often used in studying

collagen fibril assembly and structure.
I. Introduction
A. Extracellular Collagen Matrix
The extracellular matrix (ECM) of animal tissues is essentially a complex fiber-

composite material in which collagen fibrils are a major component (Goh et al.,

2007). The fibrils are the major load-bearing scaVold in the ECM and their

diameter, length, and spatial arrangement vary according to the type of tissue

and stage of development (Parry et al., 1978). The fibrils in cornea, for example, are

arranged in layers of uniformly spaced and parallel fibrils; the layers are orthogo-

nal to the light direction and rotated 90� between adjacent layers (Bergmanson

et al., 2005). In contrast, the fibrils in tendon are aligned predominantly parallel to

the long-axis of the tissue (Kannus, 2000). A typical transmission electron micro-

scope (TEM) image of a transverse section of embryonic vertebrate tendon having

well-defined bundles of collagen fibrils of uniform diameter and spacing is shown

in Fig. 1. Images such as these pose questions such as what is the mechanism of
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Fig. 1 TEM image of a transverse 80 nm section of 15.5 day mouse embryonic tail tendon. Collagen

fibril bundles (one example is labeled f b) are prominent in the extracellular spaces. The collagen fibrils

at this stage of tendon development have a uniform diameter (mean 28 nm, s.d. ¼ 4 nm). The fibrils

have a near-hexagonal arrangement in bundles with a regular centre-to-centre spacing (mean 58 nm,

s.d.¼ 9 nm). Some isolated fibrils are seen surrounded by a plasmamembrane (marked by closed arrows

with one example labeled fp) and form characteristic structures that have been called ‘‘fibripositors’’.

Bundles of fibrillin microfibrils (marked by open arrows with one labeled mb) are also apparent and one

or two of these bundles are frequently found next to each collagen fibril bundle. Scale bar ¼ 300 nm.
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fibril assembly?; what is the mechanism of diameter regulation?; how is parallelism

achieved and maintained?; what are the relative contributions of collagen fibril

self-assembly and cellular control of fibril organization?; and how is fibrillogenesis

coupled to tissue assembly during embryonic development and repair? It has been

proposed that long-range spatial order of collagen fibrils in tissue might result

from molecular interactions involving liquid crystal-like structure (Mosser et al.,

2006). Although fibrils of limited diameter can be formed from purified compo-

nents in the absence of cells, the spatial arrangement of fibrils is disorganized. The

current consensus is that the spatial-patterning of collagen fibrils in developing

tissues is an example of cell-regulated protein self-assembly, although the cellular

machinery that directs this process has not been identified.
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B. Visualization of Individual Procollagen Molecules by Rotary Shadowing
Electron Microscopy
Vertebrates contain at least 28 diVerent collagens, of which types I, II, III, V, XI,

XXIV, and XXVII belong to the fibril-forming subgroup. Type I collagen is the

most abundant and is the focus of the methods described in this chapter. A detailed

description of collagen biosynthesis is outside the scope of this article but several

reviews are available (Canty and Kadler, 2005; Huxley-Jones et al., 2007; Kadler

et al., 2007; Myllyharju and Kivirikko, 2004). In brief, fibrillar collagens are

synthesized as procollagens comprising three polypeptide chains wound into an

uninterrupted triple helix that is�300 nm in length. The main triple helix is flanked

by propeptides that are removable by procollagen N- and C-proteinases (Fig. 2).

The C-propeptides are highly soluble and bulky, which makes cleavage of the

C-propeptides a prerequisite for normal collagen fibril assembly (Kadler et al.,

1987; Suzuki et al., 1996). Removal of the N-propeptides of type I procollagen (the

precursor of type I collagen) is not an absolute requirement for fibril formation but

failure to do so can result in skin and joint hyperextensibility in individuals with the

Ehlers-Danlos syndrome (for review see Colige et al., 1999).

The extended structure of the procollagen molecule can be visualized using low-

angle rotary-shadowing electron microscopy in which evaporated platinum is used

to contrast the molecules (Fig. 2A, see Mould et al., 1985 for a detailed protocol).

Under physiological conditions of buVer and temperature, the procollagen mole-

cules are elongated semiflexible molecules containing globular propeptides at each

end. Evidence from TEM suggests that the procollagen molecules can laterally

aggregate in the secretory pathway (Hulmes et al., 1983; Weinstock and Leblond,

1974). Furthermore, the procollagen N- and C-proteinases are activated to their

mature forms in the trans-Golgi network (Leighton and Kadler, 2003; Wang et al.,

2003) and can cleave procollagen to collagen within the cell, prior to secretion

(Canty et al., 2004, 2006). Identification of where in the secretory pathway the

procollagen is cleaved has proved diYcult because antibodies to the active forms of

the proteinases are not available. However, progress has been made using three-

dimensional (3D) reconstruction electron microscopy. Both 3D reconstruction

from serial sections and electron tomographic reconstruction from tilt series of

semithick sections are giving new insights into the spatial organization of proteins

in the ECM. Other methods, including TEM of freeze-fracture deep-etched sam-

ples (Barge et al., 1991; Hirsch et al., 1999) as well as scanning electron microscopy

(Provenzano and Vanderby, 2006; Raspanti et al., 2007), have also provided

insight into the 3D structure of the ECM.
C. 3D Reconstruction from Serial Sections
A major drawback of TEM is the necessity for the sample to be thin. In an

instrument with an accelerating voltage of 120 kV, the specimen should be no

thicker than �100 nm. It is possible to image thicker samples, say 500 nm, in
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Fig. 2 (A) Transmission electron image of type I procollagen after freeze-drying on freshly cleaved

mica and low-angle (5�) rotary shadowing with platinum. The globular C-propeptides are consistently

visible as blobs at one end of the linear molecule. The extended N-propeptide can be folded back along

the main collagen triple helix or be extended at angle; two examples of the latter conformation are

marked by solid arrows. The scale bar corresponds to 300 nm. FromMould et al. (1985). (B) Flow chart

to show the processing steps to convert procollagen to collagen by specific protease cleavage of the

propeptides prior to fibril assembly. The fibril assembly occurs by multiple weak interactions and the

fibrils are subsequently stabilized by intermolecular cross-link formation. From Holmes et al. (2001b).

17. Electron Microscopy of Collagen Fibril Structure 323
higher accelerating voltage instruments (�300 kV) especially with the use of

energy filtration. 3D reconstruction from serial sections allows the structure of a

greatly extended volume to be obtained. Essentially, a 3D image is generated by
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accumulation of a succession of 2D section images (HoVpauir et al., 2007). The
z-resolution is limited to twice the section thickness but the z-range can extend over

hundreds of sections; a large set of serial sections could run to�500, giving a range

of 50 mmin the tissue. An important practical requirement is the need to avoid

folding and distortion of the sections. Image recording on film gives a relatively

large field of view. Each negative can be digitized at �4 k � 5 k, and for a 1 nm

pixel size this corresponds to 4 � 5 mm specimen area. However, the process of

recording a large number of images on film, involving multiple cassette changes,

and subsequent high-resolution scanning of film images can extend over several

days. Direct capture of images on digital camera is a more time-eYcient method.

To maintain the image resolution and field of view it is necessary to capture a

slightly overlapping raster of images for each section and stitch these together into

a montage image (Ma et al., 2007). Typically, for a 2 k � 2 k camera, a montage

of 2 � 3 images would be needed to match the information on a single micrograph

on film.

The process of generating useful 3D-structural information is illustrated in

Fig. 3, which shows a study of transverse sections of embryonic tendon. The first

step in generating the 3D reconstruction involves alignment of the images, apply-

ing an x-y shift and rotation to bring neighboring images into alignment (assuming

there is no significant change in magnification). The MIDAS routine in the IMOD

software package (Kremer et al., 1996) supports this image alignment operation.

The second, more time-consuming, process is the generation of a 3D model of the

structures of interest. The various structures of interest have to be outlined (the

segmentation process) in each serial section. At worst this involves tracing around

the boundaries by hand, which is simplified by using a graphics screen tablet. This

segmentation can often be semiautomated (Sandberg, 2007).
D. 3D Reconstruction from Tilt Series
3D reconstruction from tilt series (electron tomography) is possible from a wide

range of specimen types (McIntosh et al., 2005) including plastic embedded sec-

tions (O’Toole et al., 2007), negatively stained fibrils/microfibrils (Baldock et al.,

2001, 2002), and frozen hydrated samples (cryo-electron tomography; (Nickell

et al., 2006). A set of electron images is obtained for a tilt series of the specimen

using computer-controlled image acquisition (Koster et al., 1992). After alignment

of the images the 3D structure, or tomogram, is computed by r-weighted back-

projection or alternative methods (Lawrence et al., 2006; Tong et al., 2006). In

practice the angular range is restricted to less than �70� and the loss of high-tilt

projection leads to aberrations .in the tomogram, the ‘‘missing-wedge’’ eVect
(Fig. 4). This can be reduced by the use of dual-axis orthogonal tilt series and

the combination of the two resultant tomograms (Mastronarde, 1997). This pro-

cedure greatly improves the visibility of surfaces and filaments that lie in the plane

of the section. Even with this procedure the resolution in the Z-direction is

generally less than half of that in the x-y plane. The application of electron



Fig. 3 The generation of 3D reconstruction of a fibril bundle and surrounding cell membrane from a

set of serial sections of embryonic mouse tail tendon. (A) Individual transverse sections are imaged in

the microscope. (B) By tracing the cell membrane and a few collagen fibril outlines the computer is able

to generate a wire-frame model. (C) The remaining fibrils are traced and a ‘‘skin’’ is overlaid making it

possible to view a portion of the tendon fibril bundle. The tendon runs top to bottom, with the fibrils

aligned parallel to the fibril axis. Adapted from Starborg and Kadler (2005).
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tomography to isolated negatively stained collagen fibrils can be performed on a

standard 120 kV instrument. The application to tissue sections of tendon however

are usually on semi-thick (�300 nm) sections and requires an intermediate-voltage

(300 kV) instrument. Both applications (see later sections) have employed auto-

mated tilt series acquisition software, either EM-MENU3 (TVIPS, Gauting) or

SerialEM (3DEM Centre, University of Colorado at Boulder).

A typical 3D reconstruction requires hundreds of images, either tilt series, or

images of serial sections. The process of acquisition of the images on the electron
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Fig. 4 Process of electron tomography by weighted back-projection from a tilt series of projections.

The test image (A) is from the transverse section shown in Fig. 1, but it is used to represent the x-z plane

through a longitudinal thick section. Projections have been computed from the test image and recon-

structions calculated by r-weighted back-projection for a range of projection angles (�f) and values of

angular increments (D). (B) A full range of projections (�90�) at a sampling interval of 0.5� yields a

reconstruction virtually indistinguishable from the original image. In practice both the projection range

and number of projections are limited. (C) Shows a reconstruction for a typical angular range of �64�

and angular increment of 1�. Loss of high-tilt projections (‘‘missing wedge’’ eVect) leads to a blurring in

the Z-direction and poor visibility of linear features running in the X-direction—see plasma membrane

marked with an arrow in (C). Increasing the angular sampling interval (reducing the number of

projections) leads to overall loss of resolution.
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microscope takes�1 h. Alignment of the images set takes 2–3 h. The time required

to compute the 3D-reconstruction (tomogram) from the aligned images is typically

�1 h for r-weighted back-projection with 2 k� 2 k images. The final step of model

generation is however the most time intensive. Manual tracing of cell membranes,

other intracellular features and extracellular components from one 3D image data

set can take several days. More advanced automated segmentation procedures are

however being developed (Sandberg, 2007).
II. Electron Microscopy of Isolated Collagen Fibrils
A. Fibrils Formed from Purified Type I Collagen
It has long been known that native-like collagen fibrils will self-assemble from

purified type I collagen molecules in warm, neutral solution (Gross and Kirk,

1958). The resultant fibrils (see Fig. 5) have a polarized arrangement of molecules,

an axial periodicity of 67 nm, and a similar stain pattern to type I collagen fibrils in

tissue. The diameter distribution of the fibrils in the reconstituted gel is dependent

on the temperature, ionic strength, and collagen concentration (Wood and Keech,

1960). The reconstituted fibril diameters are generally greater than those observed
Fig. 5 Reconstitution of native-banded collagen fibrils from extracted and purified type I collagen.

(A) A typical ‘‘early fibril’’ precursor to the final gel. These are observed in large numbers in the initial

stages of gel formation. The fibrils are narrow (�25 nm in diameter), D-periodic, unipolar and have two

smoothly tapered tips. (B) Part of the final gel showing a mesh-work of D-periodic fibrils. There is some

local clustering of fibrils but the gel has no long-range structural order. No fibril ends are visible at this

final stage of self-assembly. From Holmes and Kadler (2006a). Scale bars: 500 nm.
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in embryonic vertebrate tissues and have a broader distribution. Fibril assembly is

critically dependent on the extra-helical terminal regions (telopeptides) of the

collagen molecule. Partial loss of these amino acids leads to a changed morphology

and/or loss of molecular polarity; extensive loss can completely inhibit fibril

formation (Capaldi and Chapman, 1982).

DiVerent assembly pathways have been observed in the reconstitution of colla-

gen fibrils. The transfer route used to raise the pH and temperature from the initial

conditions (cold, acid solution) to the fibril reconstitution conditions (warm,

neutral solution) is a major determinant of the assembly pathway (Holmes et al.,

1986). Warming before neutralization leads to abundant short ‘‘early fibrils’’ with

tapered tips (see Fig. 5A). These fibrils have a native banding pattern and are

typically �25 nm in diameter. Similar early fibrils (alternatively called ‘‘fibril

segments’’) are also observed in embryonic connective tissues (see Section C,

below). In contrast, neutralization followed by warming leads to the early accu-

mulation of unbanded fine filaments (Gelman et al., 1979).
B. Axial Structure of Collagen Fibrils
The axial arrangement of 300 nm-long collagen molecules to produce fibrils with

an axial periodicity of 67 nm, known as the quarter-stagger model (Hodge, 1989)

and references therein, is shown in Fig. 6A. This arrangement generates the gap-

overlap zones of each D-period, which can be identified in the negatively-stained

fibril (Fig. 6B). Both the positive and negative stain patterns can be predicated in

detail from the amino-acid sequence of the collagen molecules (Chapman et al.,

1990). This analysis has been extended to the axial structure of heterotypic fibrils
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Fig. 6 Axial structure of type I collagen fibrils. (A) Schematic diagram to show the axial arrangement

of collagen molecules in the native fibril. Short nontriple-helical domains (‘‘telopeptides’’) are located at

the end of the 300 nm-long triple-helical domain. (B) Characteristic negative stain pattern (using 1%

sodium phosphotungstate, pH 7) of a native-type, D-periodic collagen fibril reconstituted from acetic-

acid-soluble type I collagen. This is shown at the same magnification and aligned with the schematic

axial structure in (A). The gap/overlap structure of the fibril and the fine stain excluding telopeptide

regions at the gap/overlap junctions are apparent. From Holmes and Kadler (2006a).
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from cartilage (containing collagen types II, IX, and XI) and yielded composition-

al analysis of fibrils of varying diameters (Bos et al., 2001). Analysis of the negative

stain pattern has also led to the identification of an N,N-bipolar form of the type

I collagen fibril as described in the next section.
C. Fibrils Isolated from Tissue
Isolation of intact collagen fibrils from vertebrate tissues has been limited to

embryonic tissues (Birk et al., 1995; Holmes et al., 1994). These fibrils have lengths

typically in the range of 2–200 mm, possess smoothly tapered tips, and have a shaft

region of narrow near-uniform diameter. Examination of the staining patterns of

these entire fibrils has revealed the N,N-bipolar fibril (Fig. 7; Holmes et al., 1994)

in addition to the expected unipolar fibril. The N,N-bipolar fibril has both tips with

collagen molecules oriented N-C from the fibril end inwards and a well-defined

central region along the axis, the ‘‘polarity transition zone,’’ with an antiparallel

packing of the collagen molecules. These ‘‘early’’ collagen fibrils from tissue,

both unipolar and bipolar are prevented from fusing laterally by certain small
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Fig. 7 N,N-bipolar collagen fibrils isolated from tissue. (A) Negatively-stained N,N-bipolar collagen

fibril with two smoothly tapered tips. Inspection of the stain pattern in every D-period shows that the

tips have collagen molecules oriented N-C from the fibril end inwards. There is a well-defined central

region marked by the box where the stain pattern indicates an anti-parallel packing of collagen

molecules. (B) Enlargement of the central part of the fibril image to show the 8D-long polarity transition

region. (C) Diagram showing the axial arrangement of collagen molecules in the polarity transition

region. From Holmes et al. (2001b).
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proteoglycans bound at low concentration to specific surface sites (Graham et al.,

2000). The regulation of lateral growth (diameter limitation) in these fibrils has

been studied by means of mass-per-unit length measurements in the Scanning

Transmission Electron Microscope (STEM; Holmes et al., 1998). Noteworthy,

the collagen fibrils from mature echinoderm dermis and ligament can be isolated

with lengths up to 1 mm (Trotter et al., 2000b) and these fibrils are exclusively

N,N-bipolar (Thurmond and Trotter, 1994). Furthermore, the mass profiles

measured on these fibrils in the length range of 14–444 mm are consistent with a

growth model in which the polarity transition region serves as a surface nucleation

site for lateral growth (Trotter et al., 1998, 2000a).
D. 3D Structure of Fibrils
X-ray diVraction determination of collagen fibril structure has been limited to

the cases of mature rat-tail (Wess, 2005) and lamprey notochord (Eikenberry et al.,

1984), which are unique in producing detailed fiber diVraction pattern from the

collagen matrix. X-ray diVraction studies on rat-tail tendon over a 30-year period

have yielded a variety of models for the fibril structure. A quasi-hexagonal packing

model (Hulmes and Miller, 1979) has been further developed into a microfibrillar

structural model (Orgel et al., 2006). Electron tomography oVers an alternative

approach in which the 3D structure of individual collagen fibrils from any tissue

can be studied. The structure and location of noncollagen macromolecules bound

to the fibril surface can also be visualized as well as the 3D-arrangement of collagen

microfibrils. Here we describe the application of electron tomography to studies of

the structure of collagen fibrils from the mature vertebrate corneal stroma (Holmes

et al., 2001a) and to the structure of thin collagen fibrils from embryonic vertebrate

cartilage (Holmes and Kadler, 2006b).

Corneal collagen fibrils are heterotypic structures composed of type I collagen

molecules co-assembled along with those of type V collagen (Birk et al., 1988). In

cornea, the mature form of type V collagen retains a large N-terminal propeptide

domain (Linsenmayer et al., 1993), which has been implicated in fibril diameter

limitation (Birk, 2001 and references therein). Fibrils were isolated from bovine

cornea by crushing the tissue in liquid nitrogen and then dispersion of the powder

using a Dounce homogenizer. Fibrils were then negatively stained with 5% uranyl

acetate on carbon-filmed grids (Fig. 8A). By using automated low-dose technique,

tilt series were recorded from 12 diVerent fibrils over a tilt range of �70� at 1 or

2� intervals, using a 200 kV FEG electron microscope, at an instrumental magnifi-

cation of 20 K with a total accumulated dose of typically �600 electrons/Å2.

Automated low-dose acquisition of tilt series with standard tracking and focusing

procedures was controlled by an external computer running the microscope con-

trol and image acquisition software (TVIPS, Gauting, Germany). Images were

recorded on a cooled CCD camera (1024 � 1024 pixels). Reconstruction of 3D

volumes from tilt series was performed by the weighted back-projection method by

using the IMOD software package (Kremer et al., 1996). Fourier transforms and
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Fourier filtering on virtual slice image data were done by using the SEMPER

image analysis software (Synoptics, Cambridge, UK). For analysis of the longitu-

dinal slices of the reconstruction, Fourier filtering was used to enhance the signal-

to-noise ratio and to allow clearer visualization of microfibrillar substructure.

Figure 8B, shows x–y slices through the top, middle, and bottom of a typical

tomogram. Visual inspection of x–y slices through the reconstructions shows that

the fibrils are constructed from narrow diameter microfibrils. Fourier transform

intensities of x–y slices corresponding to the top and bottom of the fibril (i.e., high

and low values on the z axis, respectively, relative to the carbon support film on

which the fibril was resting) exhibit equatorial reflections that were consistent with

tilted microfibrils. To display the arrangement of microfibrils, we produced a

Fourier mask (Fig. 8B ‘‘mask’’) and inverted the filtered transform (Fig. 8B

‘‘inverse transform’’). The inverted transforms show that the microfibrils are tilted,

in a right-hand orientation, with respect to the fibril long axis. Fibril surface-bound

particles were observed in the virtual slices of the fibril tomograms (Fig. 8C). These

were located at three axial locations in the D-period, corresponding to the location

of the N- and C-telopeptides and to a mid-gap location (‘‘d-band’’).

Another application of 3D structure determination is in the thin heterotypic

collagen fibrils that occur in cartilage and are composed of three collagen types (II,

IX and XI). These fibrils, about 15 nm in diameter, can be isolated from tissue

(see Fig. 9A) and have recently been studied by STEM mass-mapping, analysis of

the axial negative stain pattern and electron tomography (Holmes and Kadler,

2006b). The axial stain pattern is consistent with a II:IX:XI molecular ratio of 8:1:1

and the fibril mass-per-unit length is consistent with 14� 5-stranded microfibrils in

cross-section. Initial attempts at 3D reconstruction using a similar electron tomog-

raphy procedure as described earlier for the corneal collagen fibrils, failed to

directly visualize microfibrils in the transverse section of the thin cartilage fibril.

If, however, the microfibrils are arranged in an inner core and outer shell each with

rotational symmetry then only a limited angular range of projections is needed for

reconstruction of the transverse structure as shown in Fig. 9B–E. The reconstruc-

tion does not then suVer from the ‘‘missing wedge’’ eVect and the microfibrils can
slices (x–y) through the 3D reconstruction sampling of the fibril in the top, middle, and bottom zones, as

indicated schematically. The raw slice images are shown together with the power spectra masks that

include the main peak intensities and the Fourier-filtered images generated by using these masks.

A filamentous substructure is apparent in the original images and this is enhanced after filtering. The

filaments show a predominant tilt of about þ15� and �15� in the upper and lower zones of the fibril,

respectively. The tilt direction changes rapidly in the central zone. Both tilt components can be seen in

the middle slice. (C) Visualization of surface-bound macromolecules. The upper image is part of a

central slice of a 3D reconstruction of a negatively stained collagen fibril, showing macromolecules

bound at preferred axial locations along the fibril. The arrow shows the molecular polarity of the fibril.

The gallery shows views of nine individual macromolecules that were bound to N-telopeptides (N-telo),

C-telopeptides (C-telo), and the gap zone. Three macromolecules are shown for each location. Note the

doughnut (ring-shaped) structure at the N-telopeptides and the tadpole-shaped molecule bound to the

C-telopeptides. The macromolecules bound to the gap zone were smaller and more conspicuous than

those bound to the telopeptides. Adapted from Holmes et al. (2001a).
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Fig. 9 (A) TEM image of a typical thin collagen cartilage fibril, about 15 nm in diameter, isolated

from 14-day chick embryonic sternum and negatively stained with 4% uranyl acetate/1% trehalose.

A single D-period is indicated. Light bands correspond to stain excluding regions. These heterotypic

fibrils contain collagen types II, IX, and XI and the negative stain pattern diVers from that of type

I collagen fibrils. (B–E) Simulated r-weighted back-projection reconstructions of a test fibril containing

14 microfibrils in cross-section, consistent with measurements of mass-per-unit length. The model

(B) has an outer shell with a 10-fold (S ¼ 10) rotational symmetry and an inner core has a 4-fold

(S ¼ 4) rotational symmetry. (C) The reconstruction from a tilt series over �48
�
showing ‘‘missing-

wedge’’ artifacts. (D) Reconstruction using projections over �16� and applying 10-fold rotational

symmetry, showing the arrangement of microfibrils in the outer shell of the model. (E) Reconstruction

using projections over �44� and applying 4-fold rotational symmetry, showing the arrangement of

microfibrils in the inner core of the model. (F, G, H) Experimental reconstructions of the transverse

section of the negatively-stained thin cartilage fibril by applying r-weighted backprojection with rota-

tional symmetry. (F) Reconstruction showing the arrangement of microfibrils in the outer shell.

(G) Reconstruction showing the arrangement of microfibrils in the inner core. (H) Composite image

combining the inner core region of (G) with the outer shell region of (F). (I) Schematic model of the

transverse structure of the thin cartilage fibril. This transverse section corresponds to the axial location

of the nontriple-helical component of the collagen-XI N-propeptide. The structural components are

five-stranded microfibrils of collagen type II (clear circles) and collagen type XI (gray circles). Each

microfibril of type XI collagen would result in one N-propeptide per D-period and the hypothetical

circumferential extents of these domains are shown. The dotted lines show the projection of the tilted

minor triple helix of the N-propeptides. Scale bars: 5 nm. Adapted from Holmes and Kadler (2006b).
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be clearly located. Figure 9F–H show the application of this method to the

negatively stained thin cartilage fibrils. The reconstructions show the arrangement

of microfibrils in the transverse section of the fibril but do not however show the

surface components, which include molecular strands of type IX collagen and the

nontriple helical component of type XI collagen. Figure 9I is a schematic structure

to show the transverse arrangement of type II and type XI microfibrils in the thin

fibril. The inner location of the type XI triple helices and outer location of the type

XI N-propeptide are consistent with immunolabeling studies (Keene et al., 1995).

The direct visualization of the nonmicrofibrillar surface structures, including type

IX collagen molecules and the extrahelical N-propeptides of type XI remain as a

challenging further phase of study.

These studies demonstrate the power of automated electron tomography in the

study of individual elongated protein polymers. Importantly, this technique allows

‘‘individual’’ collagen fibrils to be examined, which is particularly relevant to

examining domains of collagen fibrils (e.g., the molecular switch region of N,N-

bipolar fibrils or the tapering tips of fibrils) that would not be possible by other

high-resolution structural techniques.
III. Fibroblast/Fibril Interface in Developing Tendon
A. Extracellular Channels Containing Bundles of Collagen Fibrils
A first step in examining the ultrastructual detail of cell–cell and cell–matrix

interactions is to embed the tissue in plastic and take a single section. A single

section oriented at 90� to the long axis of a developing tendon gives some insight

into how the cells are packed together, and how they interact with the surrounding

matrix (Fig. 10A). The image reveals that the developing tendon is highly cellular,

showing bundles of collagen fibrils packed in gaps between the developing cells. The

cell cross-sections have a convoluted plasmamembranewith relatively large, almost

circular, invaginations at the cell surface and some fine cellular protrusions reaching

out to neighboring cells. The single section gives some indications of the complexity

of the cell–cell interactions that appear to be surrounding the collagen bundles.

However, the single section gives little information about the overall 3D shape of

the cells in the tissue. From the informationwithin one section it is easy to think that

the cells would look the same irrespective of the section orientation, i.e., the cell

might appear roughly spherical with random invaginations across its surface.

When serial sections of the same region are taken and aligned it is possible to

reconstruct the original shape of the cells in 3D (Fig. 10B). The 3D view clearly

shows that the cells are long and cylindrical with channels running down their sides

(Fig. 10D, with the corresponding section shown in 10C). The channels are formed

by a mixture of intracellular and intercellular membrane interactions. The intra-

cellular interactions are formed when plasma-membrane lamella from a single

cell form a sheath around the collagen bundle (Fig. 10D open arrow). These

structures are similar to those described previously (Birk and Trelstad, 1986).



Fig. 10 3D Reconstruction of Embryonic Tendon cells. (A) Standard transmission electron micro-

graph showing a transverse section across an embryonic (15.5 dpc) mouse tail tendon. The image shows

one of a series of 254 consecutive transverse sections through a single tendon fascicle. The plasma

membranes of the cells have been traced to model the cell shape. (B) 3D reconstruction of the fascicle.

A single EM image is superimposed to aid visualization. (C) Enlargement of the section shown in (A)

showing collagen bundles surrounded by either a single cell (open arrow), or multiple cells (closed

arrow). (D) Enlargement of the top of the reconstructed volume. The image shows channels running

parallel to the tendon long axis (vertical axis). The channels can be formed by single cells (examples

indicated by open arrows), or by the plasma membrane of adjacent cells (filled arrows). Adapted from

data used in Richardson et al. (2007).
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The intercellular interactions occur where the fibril bundle channel is surrounded

by more than one cell (Fig. 10D filled arrow). When the fibril bundles are examined

in detail it can be seen that each bundle is supported by a mixture of intra and

intercellular interactions that are stabilized by a series of adherens junctions that
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run in strips along the length of the cells (Richardson et al., 2007). It is possible to

follow the fibril bundles as they course through the tendon, often passing from an

intracellular sheath on one cell to a similar sheath formed by the following cell,

with an intercellular zone in between. The collagen fibrils frequently do not remain

within the same bundle through the length of the tendon. Fibrils from one bundle

often pass to another bundle via bundle branches as first described in (Birk et al.,

1989a). This is a brief overview of the sort of information that serial sections give

that is not discernable from a single slice through the volume.
B. Fibripositors
When serial sections through a developing tendon are examined in more detail it

becomes apparent that the cells contain collagen fibrils within the lumen of long,

thin, membrane-bound compartments. These fibrils are aligned with the tendon

long axis and with the collagen fibrils in the extracellular bundles. The fibrils can

often be found exiting the cell, directly from the cell body to the matrix, as

described by Birk et al. (1989b), or more often they exit the cell via long finger-

like projections termed fibripositors (Fig. 11). The identification of the fibripositor

(Canty et al., 2004) was possible only through the use of serial section reconstruc-

tion. The section images were first aligned at low magnification based on the shape

of the cells, before a more detailed examination of the collagen matrix was

possible. The highly regular hexagonal packing of the fibrils within the collagen

bundles means that it is very easy to confuse similar bundle cross-sections without

the low level alignment. Once the cells are aligned it is relatively easy to follow

internal collagen fibrils through multiple sections (Fig. 11). The collagen within a

fibripositor has one end within the cell body, completely enclosed by a single

membrane. At this point there is often more than one fibril within each lumen.

As the region is followed through multiple sections (i.e., tracking along the fibril

length) the fibril numbers get reduced until there is a single fibril in the lumen. In

the next few sections the fibril exits the body of the cell, but it is still surrounded by

a small sleeve of cellular material, which has been termed the fibripositor. The fibril

can remain within the fibripositor for several micrometres, until it exits into the

matrix, where it integrates into the collagen bundle.
C. Fibripositor-Cell Tomography
To examine the 3D structure of the embryonic tendon at suYciently high

resolution to reveal the cytoskeletal structures and their relationship to the colla-

gen fibrillar matrix we have used electron tomography. In the example we show a

region of a cell sectioned longitudinal to the tendon long axis (Fig. 12). The first

image shows a typical electron micrograph image (Fig. 12A). The image clarity is

reduced because of the section thickness (300 nm), but it is possible to make out a

‘‘dark blur’’ (bottom left) and a pale ovoid region (right) along with a faint linear

feature running from the centre of the image to the bottom right. Following



Section
number

Collagen fibril

Fibripositor

Cytoplasm

200 nm
001−6.8 μm

−6.1 μm

0 μm

010

097

Fibricarrier
containing
collagen
fibrils

P
la

sm
a 

m
em

br
an

e

Long axis of the tendon

150

150

144

140

120

027

086

081

061

010

3.7 μm

Fig. 11 Tracking a collagen fibril from the ECM to within the cell. Images from a serial section

reconstruction through a collagen fibril within a fibripositor. The images follow a single fibril and show

the fibril within three domains: the fibril bundle, the lumen of a finger-like projection (fibripositor), and

the intracellular side of the fibripositor containing multiple fibrils. A reference bar shows the section

number, the depth of the fibripositor lumen within the cell, and the length of the fibripositor. The

schematic shows the longitudinal structure of the fibripositor. Adapted from Canty et al. (2004).
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tomographic reconstruction from the tilt series the computer generates a represen-

tation of the entire volume of the section. It is possible to take virtual slices through

the volume at any given angle. The images in Fig. 12B and C show typical virtual

slices taken in the x-y plane. The original image in Fig. 12A can be seen as being the

sum of all of the virtual slices from the reconstructed volume but the details are

obscured by superposition of the many layers. By examining the slices in turn it is

possible to identify the features that were only vaguely visible in the standard

image. The ‘‘dark blur’’ (bottom left) can now be identified as part of the nucleus

and nuclear membrane of the cell. The pale ovoid region (right) can be identified as



Fig. 12 Tomographic reconstruction of an internal collagen fibril. (A) STEM image of a 300 nm thick

longitudinal section through an embryonic (15.5 dpc) tendon cell. (B) Virtual slice, 1 nm thick, taken

from the top of the tomographic reconstruction of the region shown in (A). Collagen fibrils are clearly

visible in the vesicular compartment that runs diagonally across the image. (C) Virtual slice, 1 nm thick,

taken from the bottom of the tomographic reconstruction of the region shown in A. Some of the

features of interest have been outlined. (D) 3D model of the intracellular compartments found within

the tomographic reconstruction. Collagen fibrils (purple), fibril compartment (semi transparent cyan),

mitochondria (blue), other compartments (Semi-transparent green). Scale bar ¼ 200 nm.
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a mitochondria, and the faint linear feature is an example of a fibripositor similar

to those described in the previous section. By examining all of the virtual slices and

tracing individual components, in the same way as cell outlines were traced for the

serial sections, it is possible to create a model of the components within the section

(Fig. 12D). When serial tomograms are combined it is possible to track a feature

that passes through multiple sections. In this application three tomograms were

combined using the data shown in Fig. 12, along with data from two other sections.

In this combined tomogram it was possible to track all the way to the base of the

fibripositor (Fig. 13). Analysis of the data within the serial tomograms identified an



Fig. 13 Combination of tomograms from three serial sections. (A) 3D reconstruction showing several

features found in a three section reconstruction of the base of a collagen fibril containing compartment.

Two mitochondria are shown (blue) to indicate the dimensions of the features. (B) Virtual slice (7 nm

thick) showing one of the cross-banded collagen fibrils (black arrow) present within the vesicle.

(C) Virtual slice (7 nm thick) showing an actin cable (boxed) that runs alongside the collagen containing

17. Electron Microscopy of Collagen Fibril Structure 339
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actin bundle that runs alongside the collagen fibril-containing compartment. The

visualization of an actin bundle suggests a role for actin in the stabilization and

motility of these large collagen containing vesicles. Biochemical analysis confirmed

that removing actin caused the fibripositor structures to disappear (Canty et al.,

2006). Within the volume there was also a compartment that was large enough to

carry nonfibrillar collagen molecules. This compartment was found to be closely

associated with a single microtubule (Fig. 13E and F), which suggested that

unprocessed collagen is secreted in a microtubule dependent manner.
IV. Discussion

There has been intensive development in methods related to 3D electron micros-

copy over the last 10 years. There are now several implementations of automated

tomography image acquisition software that can be readily employed outside the

specialist development laboratories. Similarly there are excellent software pack-

ages for 3D reconstruction from tilt series and serial sections, and for subsequent

model building. These methods have now been applied to the ECM and have

provided new insights into the structure and assembly of the collagen fibril matrix.
A. Future Work
Current developments at expert centers are directed at further improving the

eYciency and rate of throughput of these 3D imaging operations. Acquisition time

for tilt series can be reduced by precalibration and prediction of specimen move-

ment during the tilt series (Mastronarde, 2005; Ziese et al., 2002). Fiducial-free

image alignment and rapid reconstruction has led to the ability to generate 3D

images reconstructions during the electron microscope session (Zheng et al., 2007).

The process of volume segmentation and model generation remains the most time-

consuming part of obtaining a useful 3D structure but this will become easier and

more eYcient with the continued development of automated segmentation

methods.

High-pressure freezing combined with low-temperature embedding is now

recognized to give superior cellular structure preservation and has become a

preferred method to generated samples for electron tomography (McDonald and

Auer, 2006). This can be combined with improved techniques of 3D labeling
vesicle. The actin cable is found in a diVerent plane to that of the fibripositor and collagen fibrils. (D) 3D

reconstruction showing the relative positions of the collagen containing vesicle membrane (semitrans-

parent cyan), collagen fibrils (purple), and the actin cable (red). (E) Virtual slice (7 nm thick) showing

part of the microtubule and an associated compartment (outlined) that contains fibrous material. (F) 3D

reconstruction shows a number of points in the model (gray arrows) where the large compartment

(orange) appears to be associated with the microtubule. Scale bars 100 nm. From Canty et al. (2006).
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(Morphew, 2007). Cryotomography (using frozen hydrated samples) has now been

successfully implemented at expert centers and despite low limits on accumulated

electron exposure, resolutions of 4–5 nm have been achieved in the tomograms of

frozen, hydrated cells (Baumeister and Steven, 2000).
V. Conclusions

Electron microscopic studies on the ECM over several decades have revealed a

highly regulated process of collagen matrix deposition. In recent years our under-

standing of the nature and mechanisms of this assembly process has been greatly

enhanced by the application of new methods to generate 3D images. Future

developments include cryopreparation methods, to improve structural preserva-

tion, and also the application of 3D protein labeling and tagging methods. The

extraction of structural models from the initial 3D images is still a slow process but

improved methods of computer automation will lead to a higher throughput.

Ultimately it will be possible to combine structures determined by X-ray crystal-

lography and NMR with electron tomography data to determine the dynamic

molecular machinery that cells use to deposit an ECM containing highly organized

collagen fibrils and associated macromolecules.
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Their primary function is strong cell–cell adhesion. They also link the intermediate
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their ultrastructure can only be resolved at the electron microscope (EM) level.
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Desmosomes have been visualized using a variety of ultrastructural techniques

including lanthanum infiltration, freeze-fracture, electron tomography, cryo-electron

microscopy and immunogold labeling.

This chapter describes protocols for conventional transmission electron micros-

copy and for immunogold labeling of ultrathin cryosections. We also discuss the

statistical analysis of immunogold particle distribution for low resolution molecular

mapping.

I. Introduction

Desmosomes are intercellular junctions that are present in epithelia and some

nonepithelial tissuessuchascardiacmuscleandthemeninges.Theyaremostabundant

in tissues that withstand high degrees of mechanical stress such as the epidermis and

esophageal lining. Their primary function is to provide strong intercellular adhesion

and to link the IF cytoskeleton into a tissue-wide scaVolding thus lending great tensile
strength to tissues.Although the tissueand cellular distributionofdesmosomes canbe

determined by light microscopy and immunofluorescence, individual junctions can

onlybeclearly identifiedandstudiedbyelectronmicroscopybecause their size, usually

0.2–0.5 mmplaces them at the limit of light microscopic resolution.

There are five major protein components of desmosomes: the desmocollins (Dsc)

and desmogleins (Dsg), two families of transmembrane glycoproteins belonging to

the cadherin superfamily of cell–cell adhesion molecules; the constitutive desmo-

somal component desmoplakin (DP), and the armadillo gene family members

plakophilin (PP) and plakoglobin (PG, also known as g catenin) (Dusek et al.,

2007; Garrod and Chidgey, 2007; Garrod et al., 2002a,b; Getsios et al., 2004;

See Hatzfeld, 1999, 2007; Yin and Green, 2004, for reviews). Desmosomal compo-

nents are involved in a number of diseases including the autoimmune skin blistering

disease pemphigus, arrhythmogenic right-ventricular cardiomyopathy (ARVC)

and cancer (see Chidgey and Dawson (2007) and Kottke et al. (2006) for reviews).

The ultrastructure of desmosomes is characteristic and highly organized (Fig. 1)

(see Burdett, 1998 for review). They consist of two electron-dense plaques symmetri-

cally arranged on the intracellular side of adjacent cell membranes. These plaques are

joined to each other across the extracellular space by transmembrane adhesion

molecules and within the cell to the IF network. The extracellular core domain

(ECD) or desmoglea is approximately 30 nm wide between the two plasma mem-

branes (PM) and has a central dense midline (DM). Each plaque consists of an outer

dense plaque (ODP), 15–20 nm thick, adjacent to the PM, an electron lucent zone of

about 8 nm and an inner dense plaque (IDP), less dense than the ODP and of more

variable thickness but in the region of 15–20 nm. Thus the total thickness of the

desmosomal plaque is 40–50 nm and the total thickness of a desmosome of the order

of 130 nm. Stereoimaging form electronmicrographs taken at a 10� tilt angle showed
that the IFs insert into the IDPand then loopbackout into the cytoplasmatadistance

of 20–40 nm from the PM (Kelly, 1966).
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Fig. 1 Desmosomes as seen in the EM following conventional fixation and embedding. KIFs: Keratin

Intermediate Filaments, IDP: Inner Dense Plaque, ODP: Outer Dense Plaque, ECD: Extracellular Core

Domain, DM: Dense Midline, PM: Plasma Membrane. Scale bar ¼ 100 nm.
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Several studies using diVerent ultrastructural techniques have attempted to

analyze the structure of the desmoglea in more detail. Freeze-fracture studies

have revealed a particulate composition within the PM and desmoglea, but have

generally been rather uninformative (Breathnach and Wyllie, 1967; Kelly and

Kuda, 1981; Kelly and Shienvold, 1976; Orwin et al., 1973; Staehelin, 1974).

Fujimoto (1995) has shown that freeze-fracture replicas can be gold-labeled with

desmosomal cadherin antibody. Lanthanum infiltration studies showed the ECD

containing a staggered array of side-arms linking the midline to the PM (Rayns

et al., 1969). In en face view, the side-arms appeared to be arranged in regular rows

described as a quadratic array. Electron tomography carried out on freeze-

substituted, plastic-embedded mouse epidermis showed the structure of the ECD

as a tangle of molecules arranged in knots (He et al., 2003). However, cryo-electron

microscopy of vitrified, unfixed epidermis have revealed straight, ordered, filamen-

tous structures perpendicular to the PMs (Al-Amoudi et al., 2004). Garrod et al.

(2005) argue that it is this high level of organization that confers their strongly

adhesive property, referred to as ‘‘hyperadhesion,’’ on desmosomes. Furthermore,

they showed that the organized structure is dynamic and that the strength of

adhesion varies in response to cellular events such as epidermal wounding, when

desmosomes become more weakly adhesive. Immunogold labeling of epidermis

has shown that diVerent isoforms of the desmosomal cadherins, desmocollin and

desmoglein, occur together in the same desmosomes and have exponentially graded

distributions, and also that the N-terminus of desmoglein lies at the midline

(North et al., 1996; Shimizu et al., 2005).

Electron microscopy also reveals a highly organized structure of the ODP.

Conventional preparation techniques such as glutaraldehyde/formaldehyde fixa-

tion, plastic embedding, and uranyl/acetate/lead citrate staining tend to show
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merely a very dense structure. However, examination of ultrathin cryosections

prepared by the Tokuyasu method revealed a regular transverse periodicity

estimated at 2.9 Å (Miller et al., 1987). Negative staining of polyvinyl alcohol-

embedded material revealed lines of diVerential staining both parallel and perpen-

dicular to the membrane that at high magnification appeared as two parallel arrays

(North et al., 1999). By quantitative analysis of immunogold particle distributions

after immunolabeling of ultrathin cryosections with domain-specific antibodies to

plaque proteins, it was possible to construct a molecular map of the entire desmo-

somal plaque showing the locations of the various components with respect to the

plasmamembrane (North et al., 1999). Immunogold labeling has also revealed that

protein kinase C a is a component of the ODP of weakly adhesive desmosomes in

wound edge epidermis (Garrod et al., 2005).

This chapter provides protocols for visualizing desmosomes using conventional

transmission electron microscopy and for localization of desmosomal components

using immunogold labeling of cryosections by a modified version of the Tokuyasu

method (GriYths et al., 1984; Liou et al., 1996; Peters et al., 1991, 2006; Tokuyasu,

1973, 1980, 1986, 1989; Tokuyasu and Singer, 1976). The PVA-embedding tech-

nique is described by Small et al. (1986), North et al. (1993, 1994a,b), and North

and Small (2000). Tissue prepared by cryopreservation or PVA embedding can be

used to test the eYcacy of an antibody prior to immunogold labeling by cutting

semithin (200–250 nm) sections and processing them for immunofluorescence

(Fig. 2). We recommend testing an unfamiliar antibody on semithin sections before

attempting immunogold labeling of ultrathin sections.

In order to quantify the distribution of gold particles following immunogold

labeling,we use a statistical software package called Simfit (Bardsley et al., 1995a,b),

which creates best fit curves of the gold distribution on labeled desmosomes. This

software can be downloaded from http://www.simfit.man.ac.uk.
Fig. 2 Semithin (�200 nm thick) transverse section of human skin stained with Mab 33-3D (Vilela

et al., 1995) against the cytoplasmic domain of Dsg2. Note the characteristic punctate staining at the

periphery of the cells in the epidermis. Scale bar ¼ 35 mm.

http://www.simfit.man.ac.uk
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We have used ImageJ to measure the distribution of gold particles. This software

can be downloaded from http://rsb.info.nih.gov/ij/.
II. Rationale

At the light microscope level, desmosomes can be seen by immunofluorescence

as dots or puncta, which may represent single desmosomes or small groups of

desmosomes. Double immunolabeling combined with confocal microscopy can

provide preliminary information on the colocalization of proteins to desmosomes.

Electron microscopy is required to resolve individual junctions and to reveal

details of their ultrastructure. Immunogold labeling of ultrathin sections is neces-

sary to confirm desmosomal localization of proteins and can be quantified to

enable low resolution molecular mapping of desmosome architecture.
III. Methods
A. Conventional Electron Microscopy

1. Fixation and Dehydration
� Place harvested tissue immediately into freshly made fixative: 2% PFA plus

2% glutaraldehyde in cacodylate buVer (see recipe in Materials). Mouse

skin should be shaved prior to dissection. Although a little hair is helpful for

orientating the tissue, too much prevents the tissue from sinking into the fixative

and embedding solutions.

� Cut into pieces less than 1 mm3 in a puddle of fixative under the dissection

microscope using clean single edged razorblades or a scalpel. This step should be

carried out in a fume hood.

� Transfer tissue to fresh fixative in glass vials and incubate for 2 h at room

temperature, changing the fixative after 1 h. Leave in fix overnight at 4 �C.
� Wash in three changes of cacodylate buVer.

� Postfix in 1% osmium tetroxide in cacodylate buVer for 90 min at room

temperature. The osmium turns the tissue black enabling easy visualization during

embedding.

� Wash in three changes of distilled water.

� Stain with 2% uranyl acetate (UA) solution (see recipe in Materials), which

has been centrifuged immediately prior to use, overnight at 4 �C.

Note: It is worth pointing out that some investigators have achieved better

visualization of the DM by omitting this en block staining step and instead staining

the sections with UA as described in the staining section of this protocol.

http://rsb.info.nih.gov/ij/
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� Wash in three changes of distilled water

� Dehydrate through an acetone series:

� 25%, 50%, 70%—20 min each

� 80%, 90%, 95%, 3�100%—30 min each

Note: An ethanol series also gives excellent dehydration.

� Change into 100% propylene oxide for 10 min at room temperature
2. Embedding
Embedding is carried out at room temperature on a fixed tilt specimen rotator

(Agar Scientific).

� Transfer tissue into 25% medium Spurr resin in propylene oxide overnight

followed by:

� 50% resin in propylene oxide for 3–4 h

� 70% resin in propylene oxide for 3–4 h

� 100% resin overnight

� Three changes of 100% resin: morning, lunchtime, and evening. Leave in

100% resin overnight

� Embed in fresh resin at the trapezoid-shaped end of a flat embedding mould

(Agar Scientific Catalogue number G530), taking care to orient the tissue so

that it will be sectioned in the correct plane.

� Polymerize in an oven at 60 �C for 48 h
3. Sectioning
� Trim resin blocks first with a razorblade. Then finely trim on an ultramicro-

tome to remove excess resin and expose the tissue.

� Cut semithin sections (250–500 nm) and collect on glass slides for staining

with toluidine blue. Examine under the light microscope to ensure that

desmosome-bearing tissue (e.g., epidermis or wound edges) is included in

the section.

� Cut ultrathin sections (50–70 nm) using a glass or diamond knife fitted with a

boat filled with distilled water. The sections will float away from the knife

edge on the water reservoir.

� Collect sections from the water on Formvar coated 100 mesh grids and leave

to air dry.
4. Staining
� Float grids on 100 ml drops of distilled water laid out on a sheet of parafilm

for 1 min.

� Float grids on 100 ml drops of 2% UA solution for 30 min at room

temperature.
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� Wash each grid three times on 100 ml drops of distilled water.

� Incubate on 100 ml drops of 0.3% lead citrate solution (see recipe in

Materials) for 5 min.

� Wash on five distilled water drops for one minute per drop and then allow to

air dry overnight before examination in the TEM.
B. Cryopreservation for Immunogold Labeling

1. Fixation and Embedding
� Prepare a fresh fixative solution of 2% PFA in 0.1 M PHEM buVer (see recipe
in Materials).

Note: Glutaraldehyde can be added to a final concentration of 0.1%. This

improves the appearance of the ultrastructure, but may interfere with the antige-

nicity of the tissue—we recommend running a trial with the antibodies to be used

to determine whether glutaraldehyde should be used or not. Antibodies may be

tested by carrying out immunofluorescent staining on cells or frozen sections that

have been treated with the fixative (Fig. 2). If no staining is obtained, it is unlikely

that the antibody will perform in immunogold labeling.

� Immerse the tissue in the fixative immediately after removal. As with conven-

tional EM, shave mice prior to dissection.

� Use clean single edged razorblades and fine forceps to dissect the tissue into

pieces of no more than 1 mm3 in a puddle of fixative under a dissecting microscope

in a fume hood

� Transfer to fresh fixative and incubate for 1 h at room temperature

� Remove the fixative and wash the tissue three times in phosphate buVer
(PB, see recipe in Materials) containing 0.15 M glycine

� Remove the PB/glycine and replace with 2% gelatine in PB. Incubate at 42 �C
for 30 min. Repeat with 6% and then 12% gelatine solutions, followed by a second

12% gelatine incubation again for 30 min.

� Using a plastic Pasteur pipette, remove the tissue pieces and drop them on to a

piece of parafilm. Immediately press a second piece of parafilm on top to flatten

out the gelatine and minimize the amount of gelatine above and below the tissue.

Place this parafilm sandwich on ice and allow the gelatine to set completely.

� Peel back the upper layer of parafilm and then under a dissecting microscope,

carefully cut out a cube of gelatine containing the tissue using a razorblade. Try to

minimize the amount of gelatine surrounding the tissue block. Using fine forceps,

transfer the gelatine-embedded tissue to a vial containing 1.15 M sucrose/PB/tolui-

dine blue (see recipe inMaterials). Leave on a rotator overnight at room temperature

to allow the sucrose to infiltrate the blocks.The toluidineblue stains the epidermis and

facilitates accurate orientation of the tissue when mounting on cryopins.
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� Replace the 1.15 M sucrose with 2.3 M sucrose and leave on the rotator at

room temperature overnight. This two stage infiltration improves the penetration

of the sucrose

� Using fine forceps, remove one block of tissue and gelatine from the sucrose

and transfer to the top of an aluminum cryopin under a dissection microscope.

Orient the tissue so that the epidermis will be cut as a transverse section (Fig. 3).

Ensure that the tissue is supported on all sides with sucrose, but avoid excessive

quantities of sucrose, especially above the sample—the goal is a low pyramid

shape. Samples that are too high are more fragile during sectioning and are more

liable to ‘‘ping’’ oV the cryopin when the block strikes the knife. Remove excess

sucrose with the torn edge of a piece of filter paper and then plunge freeze the pin

and tissue in liquid nitrogen.

� Store cryopins in cryovials as follows. In order to allow liquid nitrogen to flow

into the cryovial, cut a small slot near the top using a razorblade and another near

the bottom on the opposite side. Label the cryovial and then freeze in the liquid

nitrogen. Using precooled forceps, transfer the cryopin with tissue sample into the

cryovial and transfer to liquid nitrogen storage. The tissue will keep for years as

long as it remains frozen.
2. Cryosectioning
This is a brief protocol for cryosectioning. Before proceeding, it is essential to

be trained in the proper use of a cryoultramicrotome by a qualified person.

The techniques require practice and judgment to be successful, particularly the

manipulation of sections on the knife face, picking up sections and correct use of

the antistatic device. It should be noted that the cutting edge of a diamond knife is

extremely delicate and careless use can cause damage that will be very expensive to
Cryopin surface

Sucrose drop

Gelatin block

Dermis

Epidermis (stained)

Top down view, mounted in the chuck Side view

Fig. 3 Correct orientation of the tissue on the cryopin prior to plunge freezing. In order to minimize

compression, the tissue should be sectioned vertically so that the epidermis is perpendicular to the edge

of the knife.
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repair. For this reason we use disposable glass knives for trimming and cutting

semithin sections. Alternatively, diamond trimming knives are available from

Diatome and other companies.

� Precool the cryoultramicrotome and a glass knife for trimming to �80 �C
before removing the sample from liquid nitrogen storage.

� Remove the sample cryovial from storage and transfer immediately to a

vacuum jar of liquid nitrogen. It is essential that the sample remains frozen at all

times.

� Once the chamber of the cryoultramicrotome has reached the correct temper-

ature, transfer the cryovial into the chamber, open it and fit the cryopin into the

chuck using precooled forceps.

� Use an eyelash probe (see Materials) to brush any frost oV the sample and

check its orientation. Skin is best sectioned vertically, so the stained epidermis

should be visible as a vertical blue line (Fig. 3).

� Fit and switch on the antistatic device.

� To trim the block, set the section thickness to 250 nm and the initial cutting

speed to 5 mm/s. Advance the block towards the knife edge with the utmost

caution! It is diYcult to see exactly how close the knife edge is to the rounded

surface of the block.

� Trim away the excess sucrose from the front of the block until the tissue is

reached. As the area of the sections increases, they will start to crumple and

compress.

� Trim the sides of the block face in order to reduce the area of the sections by

moving the corner of the knife to one side of the block and trimming back by about

100 sections. Then withdraw the knife, rotate the chuck through 90� and trim

again, repeating until the block face is square or rectangular in shape. The

trimming speed may be increased up to 50 mm/s during this process, although a

slower speed is recommended if the surface area of the trimmed sections is large.

It is important to reduce the size of the block face as much as possible in order to

avoid crumpled sections. Reducing the width rather than the height of the block

face is more important for obtaining flat sections.

� Cut semithin sections of 200–250 nm thickness. The sections should come oV
the knife edge as a ribbon. Use an eyelash probe to guide the ribbon down the face

of the knife and when the ribbon is 6–8 sections long, pick them up with a drop of

2.3 M sucrose in a 5 mm diameter wire loop. Transfer the sections to a glass

microscope slide by touching the drop onto the surface. Stain with toluidine blue

for 2 min, rinse in distilled, allow to dry and then examine under the light micro-

scope to check that the epidermis is present and in the correct orientation. Rinse

the loop in the beaker of distilled water and shake to dry.

� To cut ultrathin sections, fit a diamond knife and reduce the temperature to

�120 �C. Cut ultrathin sections (60–70 nm thick) at a speed of 1 mm/s, guiding the

ribbon down the knife with an eyelash probe. The interference color should be



356 Anthea Scothern and David Garrod
gold/silver. When the ribbon reaches the bottom of the blade, pick up with a drop

of 2.3 M sucrose/methyl cellulose (see recipe in Materials) in a 3 mm diameter

loop. The drop will freeze when it touches the knife.

� Allow the drop to thaw and then examine under a dissecting microscope. The

ribbon should only just be visible. Touch the drop onto an EM grid precoated with

Formvar and carbon. The methyl cellulose will set over the top of the sections and

protect them until they are labeled. Store in a covered Petri dish at 4 �C. Rinse and

dry the loop before picking up sections again.
3. PVA Embedding for Immunogold Labeling
This method has been described previously. Please see the references mentioned

above for a detailed description of the protocols involved.
C. Immunogold Labeling
The majority of this protocol involves transferring the grids between drops of

reagents laid out on parafilm. With the exception of the antibodies, all drops

should be about 100 ml in volume. It is very important to include controls which

are performed in parallel with the test labeling. We use a known antibody as a

positive control (generally the Mab 11–5F (Parrish et al., 1986) against the

C terminus of DP) (Fig. 4) and as a negative control we omit the primary antibody,

substituting blocking buVer, followed by the secondary gold-conjugated antibody.

� Invert grids containing sections in sucrose/methyl cellulose onto a Petri dish

filled with PB and incubate for 30 min at 37 �C to dissolve the gelatine, sucrose and

methyl cellulose.

� Using fine forceps, transfer the grids sequentially between five drops of PB/

glycine, incubating for 2 min per drop. The glycine is to quench free aldehydes

from the fixative.

� Block grids for 15 min on a drop of blocking buVer to prevent nonspecific

labeling.

� Incubate the grids on 5 ml drops of primary antibody diluted in blocking

buVer. The dilution and incubation time should be determined for each antibody.

Generally speaking, the antibody dilution for immunogold labeling needs to be

much lower than for immunofluorescence. If long incubations (i.e., more than 2 h)

are required, we recommend carrying out the incubation on parafilm in a humidi-

fied Petri dish sealed with parafilm. It may also be appropriate to increase the

volume of antibody to prevent its complete evaporation.

� Wash the grids on five drops of PB/glycine, 3 min per drop, followed by a final

wash on PB

� Incubate grids on 5 ml drops of gold-conjugated secondary antibody diluted in

blocking buVer for 20–30 min
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Fig. 4 Cryopreserved desmosomes of human skin. (A), (B): Labeled with Mab 33-3D against the

cytoplasmic domain of Dsg2; (C), (D): Labeled with Mab 11-F against the C terminus of DP. Note in C

the keratin intermediate filaments can be clearly seen. Scale bars ¼ 230 nm.
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� Wash on nine drops of PB—the first three washes are rapid, the next six for

3 min each.

� For double immunogold labeling: at this point wash the grids on PB/glycine,

reblock and reincubate with the second primary antibody. Wash as described

above and incubate with a secondary antibody conjugated to gold particles of a

diVerent size.

� Postfix the grids on drops of 1% glutaraldehyde in PB in the fumehood for five

minutes

� Wash the grids on ten consecutive drops of water, 2 min each

� Incubate the grids on droplets of uranyl oxalate solution (see recipe inMaterials)

for 5 min, followed by a 1 min wash on water

� Wash the grids for 1 min on drops of UA/methyl cellulose (see recipe in

Materials) and then transfer to fresh drops of UA/methyl cellulose on ice for 5 min.

� Using a steel loop mounted in the pointed end of a P1000 pipette tip, lift each

grid out of the UA/methyl cellulose from underneath. Holding the side of the loop

at a 90� angle touch it on a piece of filter paper and draw it along to drain the excess

liquid away leaving the grid suspended on a film in the middle of the loop, but

stopping before all of the liquid is drawn into the paper. Allow to air dry.

The interference color of the film should be gold.
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D. Quantification of the Distribution of Gold Particles
All micrographs should be taken at the same magnification. It is important to

select desmosomes which have been sectioned transversely for quantification.

‘‘Good’’ desmosomes have clearly defined PM (Fig. 5). ‘‘Fuzzy’’ desmosomes,

which are seen as two blurred lighter lines, often with abundant gold labeling

(Fig. 6) are not appropriate for quantification. Electron micrographs will contain

desmosomes that have been sectioned in various planes, so the experimenter

should exercise judgment in the choice of the desmosomes that are to be measured.

It is also important that the bias of the experimenter is minimized. Although

selection is taking place, it must be on the basis of the orientation of the desmosome

and not on the distribution of the gold!

We have utilized several methods for measuring the distribution of gold particles

on desmosomes, including measuring with a ruler on printed micrographs and

using image analysis software such as ImageJ.We have compared the data gathered

from both methods and found the results to be identical.

If measuring on printed micrographs it is important to minimize bias by

performing the measurements blind—i.e. without knowing which antibody was

used and without knowing the magnification of the print.
A

B

C

Fig. 5 Desmosomes of human skin as seen in the EM following cryopreservation. Note that there is

less discernable ultrastructure than would be seen with conventional preservation, but that the PM are

clearly defined. (A) An ideal desmosome for quantification following immunogold labeling as the

membranes are sharp. (B) This desmosome has been sectioned at an oblique angle and is not suitable

for quantification. (C) This desmosome can be quantified on one side only, where the membrane can

be seen clearly. Scale bar ¼ 300 nm.



Fig. 6 Wider view of desmosomes labeled with 33-3D. Note the two desmosomes that have been

sectioned at an oblique angle to the knife (White arrows) that initially appear to be non-specific labeling.

Scale bar ¼ 230 nm.
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The advantage of using a program such as ImageJ is that data is collected by

measuring the distance between two mouse clicks and the numbers are stored in a

spreadsheet file for later analysis.

In both cases it is essential that the way distances are measured is consistent.

Measurements may be taken from the intracellular or extracellular side of the PM

and from the closer edge, centre or farther edge of the gold particle, but once the

method of measurement is decided, it should be strictly adhered to.

Once a set of measurements has been obtained, their distribution may be

statistically analyzed. We use the statistical software package Simfit to analyze

gold particle distribution. The number of gold particles is plotted against the

distance from the PM in nm and then a best fit curve is applied. If the analysis of

particles shows a normal distribution, the peak of the distribution curve may be

taken as the approximate location of the antibody epitope. If the distribution is not

statistically normal, the analysis becomes more complicated.
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When comparing the distribution of labeling with diVerent antibodies, it is

important to use an internal control to assess reproducibility between datasets.

We use theMab 11-5F either in double labeling with the antibody of interest or as a

single labeled control in parallel with other antibodies. We have found that there is

a high degree of variability in the results between diVerent tissue samples, probably

due to diVerences in tissue shrinkage during fixation, so if possible it is best to

perform analyses on sections which have come from the same tissue block.

The number of desmosomes which are measured is in part dependent upon

how dense the labeling is. With good labeling we consider a dataset to be 30

desmosomes per antibody.
IV. Materials
A. Conventional Electron Microscopy
SOLUTIONS:

Cacodylate buVer:

0.1 M sodium cacodylate

250 mM sucrose

2 mM calcium chloride

pH 7.5

Paraformaldehyde (PFA) solution:

Add 8 g of PFA powder to 100 ml distilled water in a glass flask. Heat with

stirring to 60–70 �C then add a few drops of 4 M sodium hydroxide solution

to clear the solution. Allow to cool and then dilute to 4% w/v with distilled

water.

PFA in cacodylate buVer:

Prepare double strength cacodylate buVer above (i.e. 0.2 M sodium cacodylate)

and mix 50:50 with fresh 4% aqueous PFA solution. Readjust the pH to 7.5.

Uranyl Acetate Stain:

Prepare a 4% (w/v) solution of UA dissolved in 77% ethanol

Centrifuge 1.5-ml aliquots at 3000 rpm for 20 min prior to use

Lead Citrate stain:

Prepare a 0.3% w/v solution of lead citrate in 0.1 M sodium hydroxide

Centrifuge 1.5 ml aliquots at 3000 rpm for 20 min prior to use

Spurr’s resin (medium hardness)

Acetone concentrations 25%, 50%, 70%, 80%, 90%, 95%, 100%
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Propylene oxide

0.1% Toluidine blue stain

EQUIPMENT

Fume hood

Benchtop microcentrifuge

Oven at 60 �C
Embedding mould (Agar Scientific)

Ultramicrotome (we use a Reichert-Jung Ultracut)

Probe (made by attaching an eyelash or eyebrow hair to a wooden stick approx-

imately 15 cm long)

Glass knives

Knife making machine (We use a Leica)

Diamond knife (e.g., from Diatome) or glass knives with boats attached

Copper grids coated with Formvar
B. Cryopreservation and Immunogold Labeling
EMBEDDING

SOLUTIONS

PHEM buVer, 0.4 M Stock

240 mM PIPES

100 mM HEPES

8 mM MgCl2

40 mM EGTA

Methyl cellulose/UA

Methyl cellulose stock: Prepare a 2% solution of 25 cP methyl cellulose (Sigma)

in water at 90 �C. Cool on ice while stirring, until temperature has dropped to

10 �C. Stir overnight at low speed at 4 �C. Let the solution sit for 3 days at

4 �C. Centrifuge 95 min at 97,000 � g, 4 �C, then divide the supernatant into

10 ml aliquots and store for up to 2 months at 4 �C.
To prepare methyl cellulose/UA: Mix one part 4% UA solution with nine parts

methyl cellulose and store at 4 �C.

Phosphate buVer (PB) 0.2 M Stock

Stock A: 35.6 g Na2HPO4�2H2O in 1 l distilled water

Stock B: 31.2 g NaH2PO4�2H2O in 1 l distilled water

Mix stock A and stock B in varying proportions for the correct pH:
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pH 7.2 A:B 36 ml: 14 ml

pH 7 A:B 30.5 ml: 19.5 ml

pH 6.2 A:B 9.25 ml: 40.75 ml

Dilute the 0.2 M stock to 0.1 M for use.

Gelatine

Make fresh 2%, 6% and 12% solutions of gelatine in 0.1 M phosphate buVer pH
7.2 and store at 42 �C to keep liquid

16% paraformaldehyde solution

Glutaraldehyde solution

0.15 M glycine in 0.1 M phosphate buVer

1.15 M sucrose in 0.1 M phosphate buVer pH 7.2þone drop of 0.1% toluidine

blue stain per 50 ml

2.3 M sucrose in 0.1 M phosphate buVer

0.1% toluidine blue stain

Liquid nitrogen

EQUIPMENT

Dissecting microscope

Clean single edged razorblades

Fine forceps

Fixed angle specimen rotator (Agar Scientific)

Aluminum cryopins (Agar Scientific)

Cryovials and racks or canes

Liquid nitrogen storage facilities

SECTIONING

Solutions

2.3 M sucrose/PB

2.3 M sucrose/PB mixed 50:50 with methyl cellulose solution—keep on ice

Toluidine blue solution

Small beaker of distilled water

Equipment

Cryoultramicrotome (we use a Leica Ultracut S/FCS) or ultramicrotome with a

cryo attachment

Antistatic device (we use a Diatome Static Line II)

Diamond knife (e.g. Diatome dry cryo 45�)
Knife making machine (we use a Leica)
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Glass knives

Wire loops of 5 and 3 mm diameter

Eyelash probes (made by attaching an eyelash or eyebrow hair to a wooden stick

approximately 15 cm long)

EM grids of copper or tungsten (we use 100 mesh thin bar, Agar Scientific)

coated with Formvar and carbon

Light microscope

Glass microscope slides
C. Immunogold Labeling
SOLUTIONS

Uranyl oxalate solution

Mix 4% UA (see recipe) 1:1 with 0.15 M oxalic acid. Carefully adjust pH to 7

with 25% ammonium hydroxide, stirring well after adding each drop to ensure

that any precipitates dissolve. Store in the dark at 4 �C.
M Phosphate BuVer

Blocking buVer (0.5% cold water fish gelatine, 1% Bovine Serum Albumen,

0.15 M glycine, 0.1 M PB, NaN3)

PB containing 0.15 M glycine

Primary antibody diluted in blocking buVer

10 nm colloidal gold particles conjugated to an appropriate secondary antibody.

We use Goat anti-mouse IgG þ IgM (from British Biocell International) diluted

in blocking buVer (we dilute the BBI secondaries 1: 20).
Note: For double labeling it is necessary to use diVerent sized gold particles for

each antibody, e.g. 10 and 20 nm particles.

PB containing 1% (v/v) glutaraldehyde

Uranyl oxalate solution

Methyl cellulose/UA solution (see recipe above)

EQUIPMENT

Whatman 50 filter paper

37 �C incubator

Tweezers with straight extra fine tips (we use Dumont No. 5 stainless steel,

Agar Scientific)

Stainless steel loop slightly larger than grids attached to 1000 ml pipette tips
Parafilm
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Fume hood

Benchtop microcentrifuge

Petri dishes

V. Discussion

The protocols described above have been used in our laboratory to localize

desmosomal components, to identify calcium dependent and hyper-adhesive des-

mosomes and also to observe cellular events such as PKCa localization to desmo-

somes following wounding. This latter application using immunogold labeling

holds a great deal of potential. The ability to label enzymes and other mobile

molecules as well as structures within the cell will enable researchers to see changes

in cellular activity far more precisely than with light microscopy alone.

There are still many unanswered questions about the structure of desmosomes and

how that relates to desmosomal function e.g. how are the component proteins folded

within the desmosomal plaque? What are the binding partners for each desmosomal

component? There are also more EM-based techniques that can be used. He et al.

(2003) used electron tomography to create a three dimensional map of the structure

of a rapidly frozen, freeze substituted, plastic-embedded desmosome. The advent of

cryo-electron microscopes that can accommodate unfixed frozen sections up to

200 nm in thickness should allow further insights into desmosome structure.

The molecular map of the desmosome created by North et al. (1999) looked at

the distribution of the five major desmosomal proteins in the z-axis, but little or

nothing is known about their arrangement in other dimensions—how are these

molecules distributed across the face of the desmosomal plaque? EM methods

will provide the means for investigators to observe more of the mechanism of

desmosomal adhesion in cells and tissues.
VI. Summary

Protocols for conventional transmission electron microscopy and immunogold

labeling of ultrathin cryosections of desmosomes are described. We also discuss

methods for the quantitative analysis of the distribution of immunogold particles

for molecular mapping and the appropriate controls that are required for the data

to be valid.
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Abstract

This article describes aprotocol thatdetailsmethods for the isolationof yeast nuclei

from budding yeast (Saccharomyces cerevisiae) and fission yeast (Schizosaccharo-

myces pombe), immunogold labelling of proteins, and visualization byFieldEmission

Scanning ElectronMicroscopy (FESEM). This involves the removal of the yeast cell

wall and isolation of the nucleus from within, followed by subsequent processing for

high resolution microscopy. The nuclear isolation step is performed by enzymatic

treatment of yeast cells to rupture the cell wall and generate spheroplasts (cells that

have partially lost their cell wall and their characteristic shape), followed by isolation

of nuclei by centrifugation. This protocol has been optimized for the visualization of

the yeast nuclear envelope (NE), nuclear pore complexes (NPCs), and associated

cytoskeletal structures. Samples, once processed for FESEM, can be stored under

vacuum for weeks, allowing considerable time for image acquisition.

I. Introduction

Using yeast as a model system has several advantages in the study of cellular

structures and processes. The yeast genome has been fully sequenced and is small

(approximately 1.25 � 107 base pairs in Saccharomyces cerevisiae and 1.38 � 107 in

Schizosaccharomycespombe) comparedwithothereukaryoticorganisms(e.g., rice¼3

� 108 base pairs, human ¼ 3.3 � 109 base pairs). Additionally, their short reprod-

uctive and growth cycles allows for rapid genetic manipulations and subsequent data

acquisition.Yeaststudieshaveyieldedseminalworkoncell-cycleeventsandmolecular

interactions (Fraser andNurse, 1978;Nurse, 1975, 1983;NurseandBissett, 1981), and

investigations of yeast nuclei and nuclear contents have facilitated the elucidation of

cellular, nuclear, and chromatin structure. Early studies on yeast RNA (Sillevis Smitt

et al., 1970) have been followed by advances in our understanding of chromatin

organization (Mason and Mellor, 1997) and more recently nucleosome mapping

(Zhang and Reese, 2006). In addition, yeast has been highly important in the charac-

terization of the structure of the nuclear envelope (NE) and nuclear pore complexes

(NPCs).Theseanalyseshavebeen carriedoutusinghigh resolution techniques suchas
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negative stain electron microscopy and subsequent image reconstitution (Rout and

Blobel, 1993;Winey etal., 1997;Yang etal., 1998), conventional transmissionelectron

microscopy (TEM) (Allen andDouglas, 1989; Heymann et al., 2006), new dual beam

electron microscopy techniques (Kiseleva et al., 2004), and field emission scanning

electron microscopy (FESEM) (Rozjin and Tonino, 1964). Collection of structural

databynegative stainorconventionalTEMgeneratesonly imagesof sections through

the cell of interest and additionally retention of the cell wall limits the penetration of

many standard cellular stains, thereby decreasing the image quality and the informa-

tionobtained.Althoughthree-dimensional imagescanbeobtainedbyserial sectioning

of samples and image reconstitution, thiswill oftenmiss rare structures and requires a

degree of assumption about the continuity of structures thatmay bemisleading.

Nuclei were first isolated from budding yeast in 1964 (Ho et al., 2000). Previously

used protocols for the isolation of yeast nuclei have been successful in generating a

bulk material for biochemical analysis. However, these procedures involve succes-

sive centrifugation steps through Percoll and sucrose, which alters the nuclear

morphology in two ways. Firstly, large numbers of ribosomes are maintained in

tight association with the yeast NE and therefore mask direct visualization of the

nuclear surface and secondly, the successive washing procedures can remove or

dislodge filaments associated with the cytoplasmic aspect of the nuclear surface.

Our aim has been to adapt these techniques to optimize preservation and visualiza-

tion of theNE and associatedNPCs. The protocol provided here is routinely used in

our laboratory and has been used to reliably obtain high quality data for several key

publications (Ho et al., 2000; Rozjin and Tonino, 1964).

In comparison with the giant nuclei of the oocytes of the African clawed toad

Xenopus laevis (Allen et al., 2007) yeast nuclei cannot be manually dissected owing

to their diminutive size—approximately 2 mm diameter in S. cerevisiae and

approximately 3 mm diameter in S. pombe.

The methods described here have allowed the first direct visual confirmation that

yeast NPCs share both the cytoplasmic and nucleoplasmic filamentous and annular

structures (Kiseleva et al., 2004) previously visualized within the vertebrate NPC.

Previous investigations aimed at determining the structure of the yeast NPC

involved stringent washing and high-speed centrifugation of yeast nuclear pellets

(Yang et al., 1998) and we suggest that this resulted in the initial assumption that

yeast NPCs lacked the filamentous structures thought to be characteristic of NPCs

in higher eukaryotes. This uniformity of NPC architecture between species high-

lights the high level of evolutionary conservation of the molecules and mechanisms

involved in facilitated nucleoplasmic transport. In addition to this structural infor-

mation, the identification of proteins or specific protein domains with immunogold,

using either polyclonal antibodies or domain-specific monoclonal antibodies, has

been crucial in determining the localization of several nuclear pore-specific proteins

(nucleoporins; nups), specifically nup116 and nup159 (Ho et al., 2000).

Here we describe a method for the isolation of budding and fission yeast nuclei,

via spheroplast treatment and subsequent processing of these nuclei for scanning

microscopy with immunogold labelling of component proteins.
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II. Materials and Instrumentation

The following items are required for this protocol
A. Chemicals
� Acetone (VWR International)

� Argon cylinder, high purity >99.999% (Air Liquide)

� Bacto peptone (cat. no. 211830, Becton Dickenson)

� CO2 cylinder, liquid with dip tube (<5 ppm water) (Air Liquide)

� Difco Bacto yeast extract (cat. no. 212750, Becton Dickenson)

� Dithiothreitol (cat. no. D0632, Sigma-Aldrich)

� Ethanol, 30%, 50%, 70%, 95%, solutions in dH2O and 100% (cat. no.

101077Y, VWR International)

� Formaldehyde (37%) (cat. no. F8775, Sigma-Aldrich)

� Glucose (cat. no. 101176K, VWR International)

� Glutaraldehyde EM grade (cat. no. 49631, Fluka)

� Liquid nitrogen

� Lyticase 10,000 units (cat. no. L2524–10KU, Sigma-Aldrich)

� Magnesium chloride (cat. no. M1028, Sigma-Aldrich)

� NovoZym 234 (Novo Industri A/S, Bagsvaerd, Denmark)

� Osmium tetroxide, 4% in dH2O (cat. no. R1017, Agar Scientific). Can be

stored for several weeks at room temperature 20 � 2 �C
� Paraformaldehyde (Agar Scientific)

� Poly-l-lysine, 1 mg/ml in dH2O (Sigma-Aldrich). Prepare fresh on day of use

� Polyvinylpyrrolidone PVP40 (Sigma-Aldrich). Polyvinylpyrrolidone 8% in

20 mM potassium phosphate pH 6.5, 0.5 mM MgCl2, and 0.02% Triton

X-100

� Potassium chloride, 1 M in dH2O (cat. no. P9541, Sigma-Aldrich)

� Potassium Phosphate (Sigma-Aldrich) Potassium Phosphate Add 255 ml of

20 mM KH2PO4 to 245 ml of 20 mM K2HPO4 for pH7.4

� Sodium chloride, 1 M in dH2O (cat. no. S3014, Sigma-Aldrich)

� Sorbitol (Sigma-Aldrich)

� Sucrose (Sigma-Aldrich)

� Tannic Acid (cat. no. T046, TAAB laboratories equipment)

� Tris–HCl (Sigma-Aldrich)

� Triton X-100 (Sigma-Aldrich). Prepare fresh on day of use

� Uranyl acetate, 1% in dH2O (cat. no. R1260A, Agar Scientific). Can be

stored at room temperature for several weeks. Protect from light
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� Bovine serum albumin (BSA), 1% in 20 mM Tris–HCl (cat. no. A7030,

Sigma-Aldrich). Prepare fresh on day of use

� Fish skin gelatin (FSG), 1% in 20 mM Tris–HCl (cat. no. G7765,

Sigma-Aldrich). Prepare fresh on day of use

� Glycine, 0.1 M in PBS (cat. no. G7403, Sigma-Aldrich). Prepare fresh on day

of use

� Potassium Hydroxide, 10 M in dH2O (cat. no. 105021, VWR International)

� Primary antibody, as appropriate to research (Commercially available or

custom made)

� Secondary antibody 10 nm gold conjugate EM grade (GE Healthcare)

� YPD medium 1% w/v Difco Bacto yeast extract, 2% w/v bacto peptone, 2%

w/v glucose in dH2O, sterilize by autoclaving and can be stored at 4 �C for

several months
B. BuVer Solutions
� BuVer 1: 0.1 M Tris–HCl, 10 mM dithiothreitol in dH2O pH 9.4. Prepare

fresh on day of use

� BuVer 2: 1.2 M sorbitol, 20 mM potassium phosphate, 0.5 mM MgCl2, in

dH2O pH 7.4. Prepare fresh on day of use

� BuVer 3 (for budding yeast): Defrost lyticase at room temperature for 15 min

before use. Dissolve 10,000 units of lyticase in 800 ml of buVer 2 then further

dilute 30 ml of this solution in 1 ml of buVer 2. Prepare fresh on day of use

� BuVer 4 (for fission yeast): Dissolve 2.5 mg/ml NovoZym 234 in buVer 2.

Prepare fresh on day of use

� BuVer 5 (for immunolabelling): 20 mM Tris–HCl, 0.5 mM MgCl2,

0.2 M Sucrose, pH 6.5

� BuVer 6 (for immunolabelling): 3.7% formaldehyde, 20 mM Tris–HCl, pH

6.5, 0.5 mM MgCl2

� BuVer 7: 1.2M Sorbitol 2 M sucrose, 20 mM potassium phosphate, and

0.5 mM MgCl2 pH 6.5
C. Fixatives
� Fixative 1 4% paraformaldehyde, 20 mM potassium phosphate pH 6.5,

0.5 mM MgCl2, 0.2 M sucrose, freshly prepared and filtered using 0.4 mm
syringe filter

� Fixative 2 2% glutaraldehyde, 0.2% tannic acid in 20 mM potassium

phosphate, 0.5 mM MgCl2, pH 7.4 freshly prepared and filtered using

0.4 mm syringe filter

� Fixative 3 3.7% formaldehyde, 20 mM Tris–HCl, pH 7.5, 0.5 mM MgCl2

� Fixative 4 2% glutaraldehyde, 0.2% tannic acid in 20 mM Tris–HCl, 0.5 mM

MgCl2, pH 6.5
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D. Equipment
� 100 ml conical glass flask

� 2 ml glass tubes (Biotrace International)

� 30 ml plastic tubes, (Biotrace International)

� 14 ml round bottomed centrifuge tubes, (Biotrace International)

� 50 ml plastic tubes, (Biotrace International)

� 30 mm plastic petri dishes (VWR International)

� 90 mm plastic petri dishes (VWR International)

� Back scattered Electron detector fitted to SEM

� Centrifuge with swing out rotor

� Coating unit with Chromium target capable of depositing 2–3 nm layers of

chromium with a grain size of less than 0.4 nm. (e.g., Edwards BOC)

� Critical Point dryer (e.g., BAL-TEC, Liechtenstein)

� Dissecting microscope, variable zoom with a black base plate and two

flexible light sources for incident illumination. (e.g., Leica Microsystems)

� Dumont tweezers 3 Dumostar (Agar Scientific)

� Filter paper Whatman grade no 50 (VWR International)

� High Resolution Scanning Electron Microscope

� Glass Homogenizer for 5 ml with glass plunger

� Light microscope with phase-contrast 100� lens

� Microtube chambers see Fig. 1 and equipment setup

� Microtube 1.5 ml (VWR International)

� Mortar and Pestle

� Parafilm (VWR International)

� Nitrile gloves

� Razor blade

� Scalpel small

� Silicon chips 5 mm � 5 mm (Agar Scientific)

� Writing diamond (Agar Scientific)
III. Procedures
A. Equipment Setup
1. Coating unit set up to sputter chromium, using high purity Argon

2. Critical Point dry from liquid CO2

3. Centrifuge with swing out rotor. Place a cotton wool support in the centrifuge

tubes to keep the microtube chambers in vertical position during centrifugation.
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4. Silicon chips: Number each chip using the writing diamond. Clean by dipping

in a beaker of acetone and drying with tissue. Store in a petri dish to protect from

contamination.

5. Microtube chambers: Remove the lid from a 1.5 ml microtube using a razor

blade or scissors. Trim away any remaining lid attachment from the top of the tube

and lid. Cut oV the bottom of the tube to a diameter that will fit snugly inside the

lid. When required, a 5� 5 mm silicon chip should be placed inside the inverted lid

and the tube pushed on to fit tightly without damaging the chip. When filled with

liquid the chamber should not leak (Fig. 1).
B. Preparation of Silicon Chips
All samples for SEM analysis should be loaded onto silicon chips by centrifuga-

tion in pre-prepared chambers containing poly-l-lysine coated chips and appro-

priate buVer or fixative. Prepared chips should be used not longer that 30 min after

preparation is completed.

1. Pipette 40 ml drops of 1 mg/ml poly-l-lysine in dH2O onto the surface of

5 mm � 5 mm silicon chips (10–15 per experiment) in a small petri dish and

incubate them at room temperature for 30 min.

2. Rinse poly-l-lysine coated chips in dH2O and transfer to 10 mM potassium

phosphate, 0.5 mM MgCl2, pH 6.5 buVer if immunolabelling is to be per-

formed. Otherwise rinse in fixative 1.

3. Place a single wet chip into each inverted microtube lid and carefully push

the cut end of a microtube into the lid (see EQUIPMENT SETUP and

Fig. 1).

4. Overlay chips with 20–40 ml buVer or fixative 1 as used in step 2. Store at

room temperature until required but use within 30 mins.
C. Yeast Growth
Grow yeast cells in liquid YPD medium in 100 ml conical flask at 30 �C with

moderate shaking (130 rpm) for 2 days. 50 mg of wet yeast cells in 50 ml YPD will

be suYcient for 20 chips.

1. Pour 50 ml of fresh YPDmedium into a fresh 100 ml flask and add 5 ml of the

cell suspension from step 1.Grow for 3–4 h with strong shaking (170 rpm) at 30 �C
to mid-log phase when most cells are elongated and have buds of diVerent sizes.
Check the stage of cell division between 3 and 4 h by phase-contrast in a light

microscope at 100� magnification. Stop cell growth when approximately 80% of

cells have buds. N.B. Yeast complete one round of the cell cycle in approximately

90 min at 30 �C. For examples of cell morphology please refer to Fig. 2.

It is important to generate mid-log phase cells to obtain a large number of high

quality spheroplasts.
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Fig. 1 Yeast cells (S. cerevisiae), spheroplasts and isolated nuclei visualized by light (A, C, E) and high

resolution scanning (B, D, F) electron microscopy. (A, B) Budding yeast cells with small buds at

logarithmic phase of growth; (C, D) spheroplasts obtained from yeast cells via removal of cell wall

by zymolyse treatment; (E, F) free nuclei isolated from cells by spheroplasts centrifugation to chip

(see Fig. 2). Bar equals 5 mm.
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2. Transfer cells to 30–60 ml plastic tubes. Harvest �3 g wet yeast cells by

centrifugation (3000g) in a swing out rotor for 3 min at room temperature. Discard

supernatant.

3. Resuspend (by pipetting) the pellet in 20 ml dH2O for 1–2 min.

4. Pellet cells by centrifugation (3000g) in a swing out rotor for 3 min at room

temperature. Discard supernatant.
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Fig. 2 Diagram of budding and fission yeast nuclear isolation procedure by spheroplast centrifuga-

tion onto an SEM silicon chip. (A) Yeast cells are treated with enzymes to generate spheroplasts and

then isolated spheroplasts are spun down onto silicon chips through a sucrose and fixative cushion.

(B, C) Examples of nuclear preparations revealing a nucleus emerging from an opened spheroplast of

S. cerevisiae (upper panel) and S. pombe (lower panel). In both cases the rupturing of the spheroplast

also reveals intranuclear contents. Bar equals 500 nm.
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D. Nuclear Isolation
Isolate nuclei from the pellet using spheroplast centrifugation as follows.

1. Resuspend the pellet (from step 5) in 30 ml buVer 1 in a 50 ml plastic

centrifuge tube for 25 min at 30 �C with moderate shaking.

2. Pellet cells by centrifugation (3000g) in a swing out rotor for 3 min at room

temperature. Discard supernatant.

3. Resuspend pellet in 50 ml buVer 2.

4. Pellet cells by centrifugation (3000g) in a swing out rotor for 3 min at room

temperature. Discard supernatant.
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5. Resuspend the cell pellet in 20 ml buVer 3 (containing lyticase for budding

yeast) or buVer 4 (containing Novo Zym for fission yeast).

6. Incubate cells in buVer 3 or in buVer 4 for 20–40 min at 30 �C with moderate

shaking and swirling.

7. Check every 10 min for spheroplasts. Transfer 1 ml of sample to a glass slide,

place a coverslip on top and observe under a phase microscope at 100�. Stop the

incubation when about 70% of the cells are converted to spheroplasts. Sphero-

plasts have round forms and are less bright than yeast cells.

Note: Spheroplasts are very fragile therefore manipulate them carefully to avoid

lysis.

8. Pellet the spheroplasts for 3 min at 3000g in a swing out rotor at room

temperature and discard the supernatant. Resuspend the pellet in 10 ml buVer 2,
pellet again, and repeat this step twice more to remove the enzyme.

9. Resuspend the spheroplast pellet in 10 ml buVer 2 and store at 4 �C for up to

2 h during which time silicon chips should be prepared as outlined in step C (also

see Equipment Setup and Fig. 1).

10. Microtube centrifugation chambers containing silicon chips and fixative

(step C) should be used within 30 min of preparation. Spheroplasts can be stored

at 4 �C for several hours.

11. All subsequent steps should be completed at 4 �C.
12. Prepare three small glass bottles (1 ml screw cap vials) and label them 1, 2,

and 3.

13. Transfer 200 ml of spheroplasts to each bottle and dilute carefully by adding

200, 400, or 600 ml of 0.5 mMMgCl2 pH 6.5 to bottles 1, 2, and 3, respectively. Thus

the spheroplasts:water ratios will be 1:1 in bottle 1, 1:2 in bottle 2, and 1:3 in bottle 3.

14. Flick the bottles several times manually to mix and incubate for approxi-

mately 5 min. Dilution of the spheroplast suspension in sorbitol solution (buVer 2)
causes gentle osmotic shock to the spheroplasts.

15. Check 2 ml of each sample under a phase-contrast microscope (100� lens)

and compare with untreated spheroplasts. Nuclei will be released from shocked

spheroplasts and can be observed as small round phase dark objects. There should

be a variation in size as those released from recently budded yeast will be smaller.

Vacuoles are also released and are of a similar size but will be phase bright.

Typically the observations might be as follows: 1:1 dilution—up to 50% of nuclei

released; 1:2 dilution—many released but some nuclei lysed with chromatin leak-

ing out; 1:3 dilution—generally fragmented, nuclei completely lysed or may be

swollen. A lower dilution of 1:0.5 can be used if necessary.

16. Choose a sample dilution which gives a reasonable number of released

nuclei without causing excessive lysis (usually 1:1 dilution) and prepare a freshly

shocked sample containing 200 ml spheroplasts. If the nuclei are to be processed for
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1. To six previously prepared 1.5 ml microtube chambers (see Section III C.

Preparation of Silicon Chips and Fig. 1) transfer 4 m or 8 ml of the sample (from

step 6) to the top of the fixative solution, as indicated in the Table I. Place the

microtube chambers inside 14 mm centrifuge tubes (to hold them upright and

contain any leakage) and spin in a swing out rotor for 3 min at 4 �C as detailed

in the Table I below. During this centrifugation, the spheroplasts and nuclei make

contact with the chip surface, break open, and release their contents, which become

attached to the chip with immediate fixation (Fig. 3).

2. To visualize the nucleoplasmic side of the NPC, the samples should be

pelleted for 5 min at 4000–5000g to break down the NE.

3. Isolated nuclei are very fragile and rupture very easily under any mechanical

pressure; therefore all manipulations should be done carefully.

4. Take the microtube chambers out of the centrifuge tubes and carefully

separate the chamber from the lid. Remove the chips with samples from the

inverted lid using forceps and wash them for 10 min in petri dish with fixative 1

(without sucrose) in order to remove sucrose contamination.

5. Transfer the chips to a petri dish with Fixative 2 and incubate for a minimum

of 10 min at room temperature.

It is possible to store samples in fixative 2 at 4 �C for up to 48 h. Cover the dishes

to prevent them drying out. For the following steps use no. 3 tweezers to transfer

chips manually into a petri dish containing the appropriate reagent. Keep the NE

upwards. Do not allow to dry out at any point.

6. Wash chips briefly in dH2O.
immunolabelling, continue as outlined in step G. Immunolabelling. If ribosome

removal is required, continue as outlined in H. Ribosome removal.

To prepare samples for FESEM, continue immediately with step F.
E. Preparation of Samples for FESEM
Table I
Preparation of Samples for FESEM

Amount of sample (ml) Centrifugationa speed (g)

4 1000

4 2000

4 3000

8 1000

8 2000

8 3000

aCentrifugation of the samples was carried out for 3 min at 4 �C.



Fig. 3 Morphology ofwhole cells, spheroplasts andnuclei ofS. cerevisiae visualizedby scanning electron

microscopy. (A) yeast cells at logarithmic phase of growth with partly removed plasma membrane.

The centrally localized nucleus and cytoskeletal filaments are seen; (B, C) two examples of spheroplasts

opened by centrifugation onto a chip. The nuclei and intracellular components partially released from an

opened spheroplast; (D) nucleus densely covered by ribosomes at high magnification; (E) aggregates of

intracellular componentswithnuclei (arrows) isolated fromdiVerent spheroplasts; (F) several nuclear pores

visualized over the NE after the incubation of isolated nuclei with 1 MNaCl. Bar equals 600 nm.
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7. Post fix in aqueous 1% Osmium Tetroxide for 10 min.

8. Wash briefly in dH2O.

9. Stain chips for 10 min in 1% aqueous uranyl acetate. This stains nucleic acids

and proteins.

10. Dehydrate samples through an ethanol series: 2 min in each 30%, 50%, 70%,

95% (twice), 100% (three times).

11. Transfer chips to Critical Point drying apparatus containing ethanol as inter-

mediate reagent. Critical point dry from high purity (<5 ppm water) liquid CO2.

Remove chips from the critical point drier and transfer them to a clean petri dish.

12. It is possible to store samples under vacuum for up to 1 week at room

temperature.

13. Coat samples with 3 nm chromium.

14. It is possible to store samples under vacuum at room temperature for several

weeks.

15. Visualize by High Resolution FESEM (for examples see Figs. 2 and 4–7).

16. Store samples under vacuum at room temperature for optimal preservation.

They can be kept for several months and can be recoated with chromium (step 13),

if required.
F. Immunolabelling
For the following steps use no. 3 forceps to transfer chips manually into a petri

dish containing the appropriate reagent at room temperature. Keep the samples

upwards. Do not allow to dry out at any point. All stages of immunolabelling are

performed at room temperature unless otherwise stated.

1. Centrifuge yeast nuclei isolated from spheroplasts from step 6 (before or

after removal of the ribosomes, see G) onto silicon chips for 3 min at 3000g

through buVer 5.

2. Transfer samples into buVer 6 and incubate for 15 min.

3. Wash in buVer 6 (without formaldehyde) twice for 5 min.

4. Transfer to 0.1 M glycine in 20 mM Tris–HCl, pH 6.5, 0.5 mM MgCl2 for

10 min (quenches unreacted aldehyde).

5. Block with 1% BSA in 20 mM Tris–HCl, pH 6.5, 0.5 mM MgCl2 for 10–

20 min. Alternatively 1% FSG can be used to minimize any nonspecific

binding of the antibodies that may persist when BSA is used.

6. Prepare a wet chamber using a 9 cm Petri dish containing wet filter paper

with Parafilm on top.

7. Dilute the primary antibody at an appropriate concentration in 20 mMTris–

HCl, pH 6.5, 0.5 mM MgCl2.

8. Place chip on dry filter paper to dry the back.



Fig. 4 Nuclear pore complexes (NPCs) in the nuclear envelope (NE) of S. cerevisiae visualized by

scanning electron microscopy. Sample has been prepared by spheroplast production-centrifugation.

Image was pseudocolored to highlight and diVerentiate the NE (green) and NPCs (blue). Insert

demonstrates NPCs from the other nucleus. Bar equals 100 nm.
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Fig. 5 Morphology of the spheroplasts and nuclei of S. pombe visualised by scanning electron

microscopy. (A, B) Two examples of intracellular content isolation from spheroplasts. (C) A fragment

of nuclear envelope covered with dense layer of ribosomes. (D) A fragment of nucleus after its treatment

with 0.3 M NaCl. NPCs (arrows) are clearly seen at the NE. Bar equals 500 nm.
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9. Place chip on the Parafilm in the wet chamber and quickly pipette on 10 ml
antibody and incubate for 1 h at room temperature.

10. Wash in 20 mM Tris–HCl, pH 6.5, 0.5 mM MgCl2 twice for 10 min.

11. Dilute the secondary antibody gold conjugate at a concentration of 1 in 10

(or 1:20) in 20 mM Tris–HCl, pH 6.5, 0.5 mM MgCl2.

12. Place chip on dry filter paper to dry the underside of the chip.

13. Place chip on Parafilm in wet chamber and quickly pipette on 10 ml second-
ary antibody and incubate for 1 h at room temperature.

14. Wash 3 times for 10 min in 20 mM Tris–HCl, pH 6.5, 0.5 mM MgCl2.

15. Fix in 2% glutaraldehyde, 0.2% Tannic acid, 20 mM Tris–HCl pH 6.5(fixa-

tive 4).

16. Continue immediately with step 10 of F. Preparation of samples for FESEM.



Fig. 6 Intracellular contents from two budding yeast spheroplasts demonstrate cytoskeleton fila-

ments. (A) Filaments attach to the nuclear envelope all over the nucleus; B, filaments attach to the NE

just at one side of the nucleus. Bar equals 500 nm.
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G. Ribosome Removal
To analyze the structural organization of individual cytoplasmic components of

NPCs it is necessary to remove the ribosomes from the nuclear surface. Sodium or

potassium salts are usually used. These salt solutions remove ribosomes with

similar eYciencies.

1. To remove ribosomes from the NE surface, incubate the samples for 10 min

with 0.3 M–0.5 MNaCl or 0.3 M–0.5 MKCl in 20 mM potassium phosphate

pH 6.5.

2. Proceed to step 7 without washing. Samples can subsequently be used for

immunolabelling experiments in Box 2 step 2 if required.

Variation in ribosomal removal gives diVerent observations by FESEM, for

example:

1. 0.3 M salt—about 10% of ribosomes are removed.

2. 0.5 M salt—50% of ribosomes are removed.

3. 1 M salt—all ribosomes are removed.

In cases (1) or (2) it is possible to observe native NPCs with cytoplasmic

components. In case (3) the cytoplasmic NPC components are damaged and just

the central NPC components are preserved.



Fig. 7 SEM visualization of the anti-Nup 116 antibodies on the cytoplasmic surface of an S. cerevisiae

nucleus. (A) Visualization of the yeast nucleus isolated from a spheroplast by centrifugation; (B) second-

ary image of the corresponding backscatter electron image of the same nucleus shows the position of the

anti-Nup-116 immunogold labels; (C) images A and B are overlaid and the positions of the gold particles

are pseudocolored yellow. Nuclear pores are marked by white circles. Bar equals 5 mm.
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Table II
Troubleshooting

Step Problem Possible reason Solution

Step D 7 Cells do not convert to

spheroplasts

Enzyme does not work Use new bottle of enzyme and

fresh cells

Step D 7 Cells do not convert to

spheroplasts

Cell wall of this yeast strain is

thicker than that of wild type

Increase enzyme concentration

in solution or the time of cell

incubation with the enzyme

Step D 7 Cells convert to spheroplasts

very quickly and most spher-

oplasts burst

Cell wall of this yeast strain is

thinner than that of wild type

Take new cells and incubate

them in solution with lower

enzyme concentration

Step D 7 Cells convert to spheroplasts

but lyse when transferred to

slide for phase microscopy

Sorbitol concentration is too

low

Take new cells and incubate

them in solution with correct

concentration of Sorbitol

Step D 15 No nuclei seen by phase

microscopy

Cell wall was not removed

completely because of incom

plete/ineVective enzyme

treatment

Prepare new spheroplasts

Step D 15 No nuclei seen by phase

microscopy

Incomplete/weak osmotic shock

of spheroplasts

Reduce concentration of spher

oblasts being treated (add

more water)

Step D 15 Spheroplast and nuclei lyse

when transferred to

microscope slide

Osmotic shock too strong Increase spheroblast concentra

tion (add less water)

Step E 15

observed

No material seen by FESEM on

silicon chip

Sample volume was too small Increase volume of samples

(e.g., 10 ml)
Adjust at step 1

Step E 15

observed

No material seen by FESEM on

silicon chip

Speed of spheroplast

centrifugation is insuYcient

to sediment material

Increase the speed of

centrifugation

Adjust at step 1

Step E 15

observed

No material seen by FESEM on

silicon chip

Poly-l-lysine does not adhere to

sample therefore sample was

washed away from chip dur-

ing successive washing steps

Use fresh solution of poly-l-

lysine for chip incubation

Adjust at C

preparation of

silicon chips

Step E 15

observed

Chip surface is covered by thick

layer of material

Sample volume centrifuged

onto chip is too great

Decrease volume of loaded

samples

Adjust at step 1

Step E 15

observed

Nuclei damaged Centrifugation speed is too high Decrease speed of

centrifugation

Adjust at step 1

Step E 15

observed

Structures do not look clean

and are covered by layer of

‘‘melted’’ material

Chip was not washed suY

ciently and is likely to be con

taminated with sucrose

Increase the time of chip wash

ing in buVer 2 (without

sucrose)

Adjust at step 1

Step E 15

observed

No gold label Fixation may be inappropriate

for primary antibody

Check fixation tolerance of

an-tibody. Omit

glutaraldehyde

(continues)
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Table II (continued)

Step Problem Possible reason Solution

Adjust at C

Preparation of

silicon chips

Step E 15

observed

No gold label InsuYcient concentration of

primary antibody

Increase concentration of pri

mary antibody. EM proto

cols typically require higher

concentrations

Adjust at F7

Immunolabelling

Step E 15

observed

Nonspecific labelling InsuYcient blocking or washing Check that blocking steps are

suitable for primary anti

body. Adapt protocol if

required. Increase washing

steps

Adjust at F7

Immunolabelling

Step E15

observed

Nonspecific labelling Nonspecific binding of the gold

secondary

Always do a diluent control

with no primary antibody to

exclude the possibility of

nonspecific binding of the

gold secondary. Change

supplier if this is a problem

Adjust at F (11)

Immunolabelling

Step E15

observed

Limited gold labelling Steric hindrance. The gold

particles are preventing

access to the epitope

Use smaller colloidal gold. 5 nm

gold typically gives more

labelling than do 10 nm but

can be more diYcult to

detect. 10 nm can be searched

for at 20–40,000�
magnification but 5 nm

usually requires 60,000�
Adjust at F (11)

Immunolabelling
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IV. Comments and Problems

A list of possible problems and causes together with solutions can be found in

Table II.
A. Comments
It is critical to ensure that the starting material for this protocol is of the highest

standard as this will have the single largest influence on the quality of images that

can be captured by SEM. Therefore it is essential to ensure that cultured cells are
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kept appropriately. Figures 5–7 show several representative images of budding

yeast; S. cerevisiae (Figs. 5 and 6) and fission yeast S. pombe (Fig. 7) when treated

with enzymes to produce spheroplasts. Subsequent homogenization of sphero-

plasts liberates nuclei and these can be processed for high resolution visualization

(Fig. 8). SEM images of the ‘‘ribosome-free’’ nuclear surfaces of yeast nuclei

generated using the protocols herein reveal the density of NPCs within the NE

and the macromolecular structural components of both the nucleoplasmic and

cytoplasmic faces of the NPC. When immunogold labelling specific proteins and

protein domains, the secondary electron image is acquired simultaneously and in

exact register with the backscatter image. Using standard imaging software the

backscatter image is superimposed upon the secondary image, thereby revealing

the location of the gold particles (Fig. 7).
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Abstract

Accessing internal structure and retaining relative three dimensional (3D) orga-

nization within the nucleus has always proved diYcult in the electron microscope.

This is due to the overall size and largely fibrous nature of the contents, making

large scale 3D reconstructions diYcult from thin sections using transmission elec-

tron microscopy. This chapter brings together a number of methods developed for

visualization of nuclear structure by scanning electron microscopy (SEM). These

methods utilize the easily accessed high resolution available in field emission

instruments. Surface imaging has proved particularly useful to date in studies of

the nuclear envelope and pore complexes, and has also shown promise for internal

nuclear organization, including the dynamic and radical reorganization of structure

during cell division. Consequently, surface imaging in the SEM has the potential to

make a significant contribution to our understanding of nuclear structure.
I. Introduction
A. Microscopy of the Nucleus
The last decade has marked a renaissance in the study of nuclear organization,

largely driven by advances in molecular biology which have facilitated tagging of

specific proteins in living cells with novel probes such as green (and other) fluores-

cent proteins. These probes are visualized by conventional and confocal light

microscopy (LM), allowing live cell imaging combined with time lapse. This

approach has produced seminal advances in our understanding of both static

and dynamic nuclear organizations (Lamond and Spector, 2003; Trinkle-

Mulcahy and Lamond, 2007). However, there are limitations with LM; firstly,

a resolution limited to around 100 nms and secondly, although LM fluorescence

may be sensitive enough to pick up single molecule signals, it is always against a

dark background (hence the term ‘‘nuclear speckles’’) and consequently lacks detail

of the macromolecular context of the tagged structure. Both of these limitations are

overcome by electron microscopy (EM), and although the nature of EM precludes

live cell imaging, this limitation can be addressed by viewing the same cell by LM

directly before EM preservation, allowing access to specific stages of biological

processes (see Chapters 5 and 6, this volume). Transmission EM has produced

fundamental nuclear structural information, particularly when combined with
VI. CPD for High Resolution SEM
A. Coating for High Resolution SEM

VII. Discussion
A. The Value of FESEM Imaging for nuclear and subcellular structure
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specific staining (Cremer et al., 2006; Hozák and Fakan, 2006; Chapter 22, this

volume), but the sheer bulk and largely fibrous internal organization distributed

over hundreds of cubic microns has made it diYcult to produce three dimensional

(3D) reconstructions of nuclear structure over large areas. The purpose of this

chapter is to illustrate how field emission scanning electron microscopy (FESEM)

can provide direct and unique visualization of the macromolecular details of

structure both at the surface and within the core structure of the entire nucleus.
B. The Nuclear Envelope
The nuclear envelope (NE) is the barrier between the repository of genetic

information within the nucleus and the sites of protein synthesis in the cytoplasm,

and controlled transport across this barrier is crucial to cellular well-being. The NE

is formed by a double membrane, which is regularly penetrated by areas of fusion

between the outer and inner membranes, creating sites in the NE for insertion of

nuclear pore complexes (NPCs) (Allen et al., 2000; Stewart, 2007).

On the outer (cytoplasmic) face of the NE there are proteins which link the NE

and the cytoskeleton. All three components of the cytoskeleton, i.e., microtubules,

actin filaments, and intermediate filaments are involved in nuclear positioning via

KASH proteins on the outer nuclear membrane which are connected to SUN

proteins on the inner nuclear membrane (Starr, 2007). Other nuclear surface

proteins such as Nesprins have also been shown to link with both actin and

intermediate filaments, and thus generating a continuous network linking the

nucleus and its contents to cell surface and extracellular matrix (Wilhelmsen

et al., 2005).

On the inner (nucleoplasmic) aspect of the NE is an underlying mesh-like

structure termed the nuclear lamina (Bridger et al., 2007). The lamina interfaces

with heterochromatin clusters at the nuclear periphery, indicating that the proteins

of the lamina may participate in regulation of gene expression. Recent data

suggests that lamina proteins regulate transcription by recruiting chromatin modi-

fiers and transcription factors to the nuclear periphery (Heessen and Fornerod,

2007; Shaklai et al., 2005). Alterations in the lamina proteins have been implicated

in several disease states (Grunebaum et al., 2005), and more recently in stem cell

diVerentiation and development (Pajerowski et al., 2007).
C. Scanning Electron Microscopy of the Nucleus and NE
Although the use of a surface imaging technology such as scanning electron

microscopy (SEM) might appear an unlikely route to study the nucleus, buried

as it is within the cytoplasm, there are many advantages to this type of approach.

The arrival of FESEM as a generally accessible technology has improved resolu-

tion in the instrument to around the nanometer level. Surface imaging by

FESEM has proved particularly useful for studying the cytoplasmic/nuclear

interface, for interaction of the NE with both cytoplasmic and nucleoplasmic
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elements, and also the structure of the NPCs themselves (Allen et al., 2000).

Recent studies using FESEM show promise for both internal nuclear fiber

organization and overall sub nuclear organization (Kiseleva et al., 2004).

Access to the nuclear surface and interior clearly requires invasive methods,

and while these may have the potential to generate artifacts, in many cases they

merely reflect long accepted approaches for nuclear studies in biochemistry

(Kirschner et al., 1977). It is unlikely that any experimental approach is totally

free of artifact, and this author takes the view that information which advances

our understanding, even if subsequently modified at a future date by more

sophisticated approaches, is still valuable and certainly worth the eVort. It is

now generally accepted that rapid freezing which results in amorphous ice can

stabilize cells and tissues in milliseconds, providing a starting point of ‘‘undis-

turbed’’ ultrastructure for subsequent nuclear access via frozen fractures, which

allow direct visualization of native structure using FESEM for observation in the

cryohydrated state (Walther, 2003). There are, however, two areas in which

direct rapid freezing has disadvantages. Firstly, it is incompatible with specific

labeling, although this can be addressed by the use of frozen sections. Secondly,

the ‘‘behavior’’ of frozen fractures through the nucleus can also limit this

method, as the fractures travel along the planes of least resistance through

the frozen cell, namely membrane surfaces, and consequently rarely expose the

nuclear interior. At the NE the fractures only expose the central or core structure

of NPCs, excluding access to the more peripheral structure. Pore complexes

are consequently best visualized by SEM following removal of the cytoplasm/

nucleoplasm. If giant nuclei such as those from amphibian oocytes are used, a

single NE can be isolated by hand and mounted for surface imaging. In compar-

ison to somatic cells in eukaryotic tissue which have around 5 thousand NPCs,

the oocyte (germinal vesicle) NE from amphibians has around 50 million add

NPCs after ‘million’ (Allen et al., 2007a,c). Although physical removal of the

nucleus and NE isolation might be expected to generate structural alterations,

the retention of functional transport through the NPCs has been observed in

isolated envelopes (Peters, 2006). Subsequent ‘‘in situ rapid freezing’’ studies and

cryotomographic reconstruction in Dictyostelium (Beck et al., 2004, 2007) have

provided further insights into nuclear pore structure, extending rather than

disproving previous SEM findings.

Other approaches to nuclear morphology by SEM have also exploited the fact

that the amphibian oocyte nucleus contains relatively little peripheral chromatin

compared to somatic nuclei, thus allowing exposure of internal filamentous struc-

tures that would otherwise be obscured. We have shown that on the nucleoplasmic

side of the NE, NPCs are connected by an actin-dependent filament network which

also interacts with Cajal bodies and chromatin (Kiseleva et al., 2004).

The amphibian ‘‘in vitro nuclear formation system,’’ which is generated from

isolated egg cytoplasm seeded with demembranated sperm heads, has also

proved ideal for SEM. This cell free system models mitotic events, providing

visualization of intermediate NPC structure during both their formation
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and breakdown (Allen et al., 2007a,c; Cotter et al., 2007; Goldberg et al., 1997).

Tissue culture cell nuclei can also be exposed in situ, generating information not

only about NPC structure and distribution, but also the dynamics of chromo-

some condensation and NE reformation at cell division (Allen et al., 2007a,c). In

each case, the use of FESEM allied to cell and molecular biological approaches

has generated unique structural information. More recently, similar approaches

to the changes in nuclear morphology at cell division in tissue culture cells by

FESEM, have been reported (Drummond et al., 2006). As will be apparent

throughout this volume, biological structural information allied to function

and the involvement of specific proteins is unlikely ever to have a single optimum

methodology, and advances in our understanding in the molecular mechanisms

of life will result from a synthesis of information gleaned from a variety of

experimental approaches.
II. Rationale

Surface imaging by high resolution SEM oVers direct, 3D imaging and immu-

nolocalization at a resolution of a few nanometers. This chapter briefly reviews

areas of progress made with this approach, and outlines the methodologies and

choice of materials required to image the nuclear periphery, including NE and

nuclear pores, the nuclear interior, and the dynamics of nuclear structural changes

at cell division.
III. Methods

1. Imaging oocyte NE and NPC (Fig. 1).

2. Imaging internal structure in the oocyte nucleus (Fig. 2).

3. Imaging somatic nuclei and mitotic events (Figs. 3–5).

4. Imaging in vitro nuclear formation (see Allen et al., 2007a,c; Cotter et al.,

2007; Goldberg et al., 1996, 1997).
1. Imaging Oocyte NE and NPC
1. Remove ovary from Xenopus (Smith et al., 1991). Isolated tissue can

be stored in amphibian Ringer’s at 4 �C for up to 1 week or 20 �C for up to 1–

2 days.

2. Wash oocytes in fresh amphibian Ringer’s, remove small clusters of ap-

proximately 20 oocytes, and transfer to 5:1/HEPES buVer. All incubations

should be done at room temperature (approximately 20 �C) taking care at all

times to prevent the oocytes from drying out.
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Fig. 1 SEM of isolated nuclear envelope (NE) from Xenopus oocyte. (A) Survey micrograph of

approximately 1 mm2 of isolated envelope on Si chip. The cytoplasmic face (cs) is characterized by

several NE ‘‘pockets’’ that penetrate the nuclear interior. The cytoplasmic side overlays the majority of

the nucleoplasmic side (ns). Field width¼ 1.5 mm. (B) Detail of area showing both cytoplasmic (cs) and

nucleoplasmic (ns) faces, clearly demonstrating the diVerences in structure between the outer and inner

faces of the nuclear pore complex (NPC). Scale bar¼ 0.3 mm. (C) Detail of cytoplasmic aspect of NPCs.

Each has eightfold radial symmetrywith cytoplasmic filaments surrounding awagonwheel configuration

of radial spokes and hub-like central transporter. Central granules may represent transport complexes

‘‘in transit’’ at the point of preservation. Scale bar¼ 0.25 mm. (D)Detail of a singleNPCbasket, showing

eight filaments joined at their distal ends, projecting into the nucleoplasm. Scale bar¼ 0.05 mm (this was

imaged at 300,000� in the SEM). (E, F) NPC Baskets after labeling with an antibody to basket filament

protein, visualized with backscattered electron imaging, then superimposed (pseudocolored yellow) onto

the secondary electron image. Field width ¼ 120 nm.
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3. Transfer oocytes to a 35-mm petri dish containing fresh 5:1/HEPES buVer
and observe under a dissecting microscope with fiber optic illumination. Carry

out all subsequent manipulations under the binoculars. Select oocytes at the

required stage of development, usually stage 5 or 6, which are 0.8–1.0 mm in

diameter. Use No. 5 tweezers to manipulate the oocytes (see Movie 1, supple-

mentary material; Allen et al., 2007a,c).

4. Pierce the oocyte with a dissecting needle avoiding the centre of the dark

hemisphere where the nucleus is located. Gently squeeze the oocyte to extrude

the cytoplasm. Look for the nucleus, visible as a transparent sphere, amongst

the cytoplasm as it comes out.
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Fig. 2 Internal structure in the Xenopus Oocyte nucleus exposed by rapid (within 5–10 s of extraction)

openingof freshly extracted nucleus into fresh fixwith gentle spreading. (A)The folded backNE is visible at

the left coveredby close packedNPCbaskets. The baskets are only visible as light dots at thismagnification

(given in detail in (C)). Intranuclear fibers of varying diameters up to 300 nm and formed of aggregates of

thinner filaments are associated bothwith the inner aspect of theNEandwith spherical bodies. (B)Detail of

spherical body interacting with intranuclear filaments, most likely a nucleolus, but alternatively a snurpo-

some or Cajal body—as determined by suitable antibody labeling (see Kiseleva et al., 2004).

(C) The filamentous network is specifically decorated by antibodies against actin, tagged with 10 nm gold

conjugated secondary antibodies visualizedwith backscattered electron imaging and pseudocolored yellow

in themicrograph. Aggregation of smaller filaments is apparent within the larger fibers. Although the actin

is abundantly labeled, it is discontinuous, possibly suggesting the presence of other structural proteins.

(D) High magnification of a filament, showing substructure with periodicity (arrows indicate repeat

elements). Scale bars in this fig are on the micrographs.
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5. Clean the nucleus of excess cytoplasm by pippetting carefully up and down

in a fine glass pipette which has an internal diameter slightly larger than the

nucleus, taking care not to allow any air bubbles to touch the nucleus otherwise

it will lyse and disappear.

6. Carefully transfer the nucleus to a silicon chip (shiny side) in fresh 5:1/

HEPES buVer in an adjacent petri dish.

7. Allow the nucleus to settle. It will attach to the surface of the chip within a

few seconds. Very gently pipette the buVer against the nucleus to remove any

remaining cytoplasm. Carefully break open the nucleus using fine glass needles

and continue to pipette the buVer against the NE to remove the nuclear con-

tents. The envelope will attach to the chip. Use the fine glass needles to further

spread and aYx the envelope, ensuring that there is suYcient buVer above the

NE and cover the dish with its lid to prevent it from drying out. Repeat steps 4–7

until the required number of NEs have been obtained. At least two envelopes

per subsequent treatment up to a maximum of 16 chips is a reasonable number



BA

C D

No

Fig. 3 Exposure of the nuclear surface after mild detergent extraction and dry fracturing in situ.

(A) Extracted HeLa cell, before dry fracture, showing Triton X-100 removal of outer cell membrane and

soluble cytoplasmic elements, leaving a cytoskeletal meshwork which overlies the nucleus. Scale bar ¼
2.0 mm. (B) Detail of surface of nucleus underneath the cytoskeletal fibers, characterized by numerous

NPCs over its surface, which retains a largely smooth membranous appearance. Scale bar ¼ 0.4 mm.

(C) In this fracture, the entire nucleus has been plucked out of the cell and is viewed held in the adhesive

side of the fracture, thus revealing the nuclear underside, in this case free of all cytoskeletal material. The

lighter central area (No) shows the underlying signal from the Nucleolus, as a result of beam penetration

generating and increased backscattered signal from this most dense part of the nucleus. Scale bar ¼
1.5 mm. (D) Detail of the nuclear surface from an area in which the dry fracture has only produced a

partial removal of the cytoskeleton, leaving an edge which could indicate sites of attachment (arrowed)

between the nuclear surface and cytoskeleton, which could be confirmed by antibody labeling for

proteins known to be involved in these interactions (see Wilhelmsen et al., 2005). Scale bar ¼ 0.3 mm.
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to process at one time. At this point a choice of fixation must be made depending

on whether or not immunolabeling is required.

8. If immunolabeling is required, follow the protocol outlined below before

proceeding with step 9. Otherwise, for standard SEM preparation, continue

immediately with step 9.

9. Transfer the chip with NE (quickly without air-drying) to a 0.5-ml tube

containing the fixative (2% glutaraldehyde, 0.2% tannic acid in 100 mM

HEPES, pH 7.4). It is helpful to mark the position of the envelope by circling

the area with a writing diamond. Fix for a minimum of 10 min at room

temperature. This fixative has been optimized for visualization of NPC ultra-

structure by FESEM and also works well for TEM. If necessary preps can be

stored in fixative at 4 �C for up to 1 week at this point.
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Fig. 4 Nuclear surface and internal structure exposed after dry fracturing. (A) Secondary electron

imaging of nuclear surface of HeLa cell after infection with HIV, showing potential aggregations of

viral capsid protein associated with NPCs (arrowed); see Arhel et al. (2007). These are rare events,

maybe one or less on average per nucleus and consequently extremely unlikely to be found in thin

section TEM. Scale bar ¼ 0.2 mm. (B) Backscattered electron image of similar area to (A) with gold

label to mAb 414, an antibody which is specific for several NPC proteins. This BSE image shows the

distribution of the label as specific circular patches for each NPC. Scale bar ¼ 0.2 mm. (C) High

magnification of gold label at the NPC. Each gold particle can be resolved to show the central metallic

core and thin surface shell of antibody protein (arrows). Scale bar ¼ 0.1 mm. (D) Low power of typical

nuclear exposure produced by the dry fracture technique. On the lower half of this nucleus there still

remains an area of undisturbed cytoskeleton, with ‘‘clean’’ NE on either side. In the upper half of the

micrograph, the fracture has opened up the entire depth of the nucleus, exposing areas of internal

chromatin organization (CH) at various levels down to the base of the nucleus near the substratum

(top edge). Scale bar ¼ 1.0 mm. (E) In this area of fracture, the removal of material has been at or near

the nuclear surface, as indicated by the remaining patches of NE, characterized by NPCs (arrows).

Adjacent areas of peripheral chromatin have been exposed, in some cases showing potential interac-

tion with the NPC baskets (double arrow). Scale bar ¼ 0.6 mm. (F) Detail of an area similar to that

exposed at the mid left in (D). There is an area of the NE seen in profile (NE), exposing the

relationship to the adjacent chromatin, which shows clear variation in the density of condensation

close to the NE in comparison to the more open packaging of the internal chromatin. This fracture

represents a 3D ‘‘sectioned’’ profile towards the centre of the nucleus in comparison to the surface

profile seen in Fig D. Scale bar ¼ 0.5 mm.
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It is important, for the following steps, to use No. 3 tweezers to transfer chips

anually into a petri dish containing the appropriate reagent. Keep the NE

wards. Do not allow to dry out at any point.
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Fig. 5 Dry fracturing of dividing HeLa cells at diVerent stages of mitosis. The particular stage is

readily apparent from the extent of chromosome condensation in prophase, positioning of chromo-

somes around the metaphase plate, then separation of chromatid cohorts in anaphase and telophase. As

the chromosomes themselves rarely fracture separately, the overall appearance of the mitotic figure is

clearly diagnostic of the progression through division. Using unsynchronized HeLa cells the 4%

spontaneous incidence of mitosis is suYcient to find dividing cells with a reasonable frequency, by

searching subconfluent monolayers in the SEM at low magnifications similar to LM. (A) Group of

chromosomes arranged on the metaphase plate. Individual chromosome morphology is clearly resolved

together with chromatin fiber organization. Both kinetochore and telomere regions are readily accessed.

Scale bar¼ 0.5 mm. (B) Low power image of a ‘‘bowl’’ of chromatids viewed as half a separating pair at

anaphase/telophase. Although now quite closely packed, the individual chromatid profiles are quite

apparent, and 20 can be seen from this viewpoint, as expected for chromosome numbers in this cell line.

Scale bar ¼ 1 mm. (C) Detail of chromatid surface from (B). Despite the absence of reforming NE

membranes at this stage, NPC profiles are already apparent (highlighted in green) at the surface of the

chromatin. Scale bar¼ 0.2 mm. (D, E) Paired secondary (D) and backscattered (E) electron images from

a centromere region of a metaphase chromosome labeled for a kinetochore antigen to Cenp-f. The

chromatin fiber organization in the secondary images is readily resolved, but the strong secondary signal

from the chromatin obliterates the gold, which is still clearly visible by backscattered imaging in (E). In

practice, these synchrously acquired images would be superimposed in exact register to show the

position of the gold particles in situ on the chromatin (see Drummond et al., 2006). Scale bars ¼
0.19 mm.
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10. Wash briefly in dH2O.

11. Post fix in aqueous 1% Osmium Tetroxide for 10 mins. Osmium preserves

lipid and phospholipid content and also enhances contrast in the specimen.

12. Wash briefly in dH2O.
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13. Stain for 10 min in 1% aqueous uranyl acetate. This stains nucleic acids

and proteins.

14. Dehydrate through the following ethanol concentrations for 2 min each:

30%, 50%, 70%, 95% (�2), and 100% (�3).

15. Transfer to the critical point drying (CPD) apparatus containing ethanol

as intermediate reagent. Use a suitable holding device. A Leica basket stem

assembly with small baskets is suitable for the Baltec CPD. (It may be necessary

to shorten the stem slightly to fit in the chamber.) Critical point dry from high

purity (<5 ppm water) liquid CO2.

16. Coat samples with 3 nm chromium and observe by high resolution SEM

(Fig. 1). Store samples under vacuum for optimal preservation. If possible coat just

before examination in the SEM. Coated specimens should last for several months

and can be recoated with chromium if required (Fig. 1). See section on coating.

Immunolabeling (from step 8 above)

For the following steps use No. 3 forceps to transfer chips manually into a

petri dish containing the appropriate reagent. Keep the NE upwards. Do not

allow it to dry out at any point.

1. Fix with 2% paraformaldehyde, 0.25% glutaraldehyde (optional). Glutaral-

dehyde gives better ultrastructural preservation but should be avoided if it

inhibits binding of the primary antibody. Fix in 5:1/HEPES buVer for 10 min

at room temp or overnight at 4 �C.
2. Wash in 5:1/HEPES buVer 2 � 5 min.

3. Transfer to 0.1 M glycine in 5:1/HEPES for 10 min (quenches unreacted

aldehyde).

4. Block with 1% Bovine serum albumin (BSA) in 5:1/HEPES buVer for

10–20 min.

5. Prepare a wet chamber using a 9-cm petri dish containing wet filter paper

with Nescofilm on the top.

6. Dilute the primary antibody at an appropriate concentration in 5:1/HEPES.

7. Place chip on a dry filter paper to dry the back.

8. Place chip on parafilm in wet chamber and quickly pipette on 10 ml antibody,
incubate for 1 h at room temperature.

9. Wash in 5:1/HEPES buVer 2 � 10 min.

10. Block with 1% fish skin gelatin in 5:1/HEPES for 10 min.

11. Dilute the secondary antibody gold conjugate (see below) at a concentration

of 1 in 10 in 5:1/HEPES. Run a control prep in which the primary antibody

has been left out, but still incubate with the gold/secondary complex to check

for nonspecific binding.

12. Place chip on dry filter paper to dry the back. Take care that the upper

surface remains wet.
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13. Place chip on parafilm in wet chamber and quickly pipette on 10 ml antibody,
incubate for 1 h at room temperature.

14. Wash three times for 10 min in 5:1/HEPES.

15. Fix in 2% glutaraldehyde, 0.2% Tannic acid, 0.1 M HEPES as described in

step 9 in the main protocol and continue from there (Fig. 1).
IV. Colloidal Gold in the SEM

For visualization of the colloidal gold marking the antibodies, there are various

options available dependent upon the FESEM used, and the operating conditions

chosen. Later, instruments will allow direct visualization of 5-nm gold particles (or

smaller) by using low accelerating voltages (below 3 kV), at which the gold parti-

cles will stand out by virtue of their significantly increased contrast in comparison

to that generated by the biological material. Coating in this situation may be

carbon, but 3 nm of Chromium will enhance structural detail without obscuring

contrast diVerences (see note on coating for FESEM). Earlier instruments, howev-

er, may generate optimum resolution at higher voltages (10–30kV), in which case

the use of a backscattered electron detector will allow the same contrast separation

to be imaged. In our own case, using an instrument no longer commercially

available, we chose to image simultaneously, on separate viewing screens, the

secondary and backscatter images, optimizing each, secondary for structure and

backscatter for gold location, and then we superimposed the images in Photoshop,

usually with the gold particles pseudocolored to provide extra contrast (see

Figs. 1E, 2C, 4B and C, 5D and E). It should also be pointed out that two diVerent
sizes of colloidal gold, e.g., 5 nm and 10 nm in diameter, suitably bound to specific

secondary antibodies, will allow direct comparison of the distribution of two

antibodies on the same preparation.
2. Imaging Internal structure in the amphibian Oocyte nucleus
1. Surgically remove ovaries and place in amphibian Ringer’s solution

(111 mM NaCl, 1.9 mM KCl, 1.1 mM CaCl2, 2.4 mM NaHCO3).

2. Place small pieces of ovary in petri dishes in buVer A (83 mMKCl, 17 mM

NaCl, 10 mMHepes, 250 mM sucrose, 3 mM (or 0.3 mM)MgCl2, pH 7.4). Pre-

coat Silicon chips with poly-l-lysine and place near the oocytes in the same dish.

All solutions should be kept ice-cold.

3. SelectXenopus oocytes at developmental stages 3–4 that are of 480–500 mm
diameters and are light brown to brown in color. Although PLFs are present in

nuclei from oocyte stages 3–6, stages 3–4 are highly active for transcription and

nuclear isolation is easier and quicker than at stage 6, largely because stages 3–4

oocytes have fewer yolk granules.
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4. Manually isolate nuclei (gently) from each oocyte using glass needles, and

quickly separate from surrounding cytoplasm.

5. Transfer two to three isolated nuclei to a silicon chip, and carefully open

the NEs manually with a glass needle. For nuclear content ‘‘spreads,’’ displace

the nucleoplasm slightly using the glass needle and carefully spread the nucleo-

plasm over the surface of the chip.

6. To examine intact filaments under gentle conditions, first release each

nucleus from the oocyte and transfer to a Si chip. Carefully strip the NE away

from the underlying gelated nucleoplasm using watchmaker’s forceps. Fix the

intact demembranated ball-like nuclear gel within 2–3 s after isolation by adding

fix solution (see below) directly to the chip in the petri dish, and then transfer the

chip to another petri dish with fresh fix.

7. For both ‘‘spread’’ and ‘‘intact’’ samples, fix the chips and treat as follows,

using ice-cold solutions. Transfer the chips from dish to dish without drying, by

keeping a drop of the previous solution on the chip. Fix samples for 10 min in

2% glutaraldehyde, 0.2% tannic acid, 10 mM Tris–HCl (pH 7.4) and 3 mM

MgCl2. It is most important that the elapsed time from nuclear isolation to

placing in fix is always 5–10 s or less.

8. Post fix samples for 30 min in 1% OsO4, wash in double distilled H2O, and

stain for 20 min in 1% uranyl acetate.

9. Dehydrate in ethanol and critical point dry from CO2 using 3M Novec

HFE 7100, (3M UK, Bracknell) as the transitional solvent.

10. Sputter coat specimens with a 4-nm layer of chromium, and examine in

the FESEM (Fig. 2).

Immunolabeling Protocol

1. For immunogold localization, nuclei were manually isolated from stages

3–4 Xenopus oocytes using glass needles, transferred to a silicon chip and

NEs opened manually as described above.

2. Fix nuclei for 15 min at 22–24 �C in 3.7% formaldehyde, 3 mM MgCl2,

0.2% tannic acid, and 10 mM Tris–HCl pH 7.0.

3. Wash fixed samples three times (1 min each) in PBS, incubate in PBS

containing 1% BSA for 30 min, and wash in PBS and incubate for 1–3 h

with primary antibody.

4. Remove unbound primary antibodies by washing three times in PBS, and

incubate for 1 h with 10 nm gold-conjugated secondary goat anti-rabbit

antibody (Amersham Corporation). As negative controls, we used gold-

conjugated secondary antibody diluted 1:20 in PBS.

5. Post fix for 30 min in 1% OsO4, then follow from step 8 above.

6. Colloidal gold particles are visualized using a solid state backscatter

electron detector, or low kV accelerating voltage (see Section IV; Fig. 2).
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3. Imaging somatic nuclei and mitotic events
We have mainly used Xenopus (XTC) and HeLa cells (Figs. 3–5), but the

methodology should be suitable for almost any tissue culture cell.

1. Grow cells on silicon chips in cell culture petri dishes. Cells should be

plated on day 1, medium changed on day 2, and the cells used on day 3

when they should be approximately 50% confluent. They should be grown

on the shiny side of the chip (prior to this, chips are rinsed in 70% alcohol

and dried in a 200 �C oven). Check density by observing cells growing on

the surrounding petri dish surfaces, which grow at the same rate.

2. Rinse cells on chips briefly with culture fluid without serum at room

temperature.

3. Fix cells with 2% paraformaldehyde, 0.01% glutaraldehyde in PBS for 10 s.

Hold each chip individually with forceps during immersion in fixative.

4. Transfer to a petri dish containing 0.1 M glycine in PBS for 10 min to

quench unreacted aldehyde.

For the following steps use No. 3 tweezers to transfer chips manually into a

petri dish containing the appropriate reagent. Keep the cells upwards. Do not

allow to dry out at any point.

5. Rinse in PBS.

6. Transfer to 0.5% triton in PBS for 30 min.

7. Rinse in PBS.

8. If immunolabeling is required, follow the protocol provided below before

proceeding to step 9. Otherwise, continue immediately with step 9.

9. Fix with 3% glutaraldehyde in PBS for 1 h at room temperature.

If necessary, specimens can be stored at this point at 4 �C (up to 1 week).

10. Wash briefly in Sorensen’s buVer.

11. Post fix in 1% Osmium tetroxide in Sorensen’s buVer for 10 min. Osmium

preserves lipid and phospholipid content and also enhances contrast in the

specimen.

12. Wash briefly in dH2O.

13. Dehydrate through ethanol, 5 min each wash: 30%, 50%, 70%, 95% (�2),

and 100% (�3), and �2 in 100% Arklone (trichlorotrifluoroethane; ICI)

or other suitable transitional solvents.

14. Transfer to CPD apparatus containing 100% ethanol as intermediate

reagent. Use a suitable holding device. A Leica basket stem assembly

with small baskets is suitable for the Baltec CPD.

15. Critical point dry from high purity (<5 ppm water) liquid CO2.

16. Dry fracture cells. Attach a 40-mm length of 13-mm wide adhesive tape to

the bench so that it is secured by its ends but the adhesive is uppermost in

the middle. Invert chips onto the adhesive and lightly tap with the points
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of the forceps. Remove chip by carefully pulling from the tape avoiding

lateral movements (see Movie 1, supplementary material; Allen et al.,

2007a,c). If necessary, samples stored under vacuum should be stable for

up to 1 month at this point.

17. Coat samples with 3 nm chromiumand observe withHighResolution SEM.

Store samples under vacuum for optimal preservation. They should last for

several months and can be recoated with chromium if required (Figs. 3–5).

V. Immunolabeling Protocol

1. Block with 1% BSA in PBS buVer, 10–20 min.

2. Prepare a wet chamber using a 90-mm petri dish containing wet filter paper

with Nescofilm on the top.

3. Dilute the primary antibody at an appropriate concentration in PBS.

4. Place chip on dry filter paper to dry the back.

5. Place chip on parafilm in wet chamber and quickly pipette on 10 ml antibody
and incubate for 1 h at room temperature.

6. Wash in PBS buVer 2 � 10 min.

7. Block with 1% fish skin gelatin in PBS for 10 min.

8. Dilute the secondary antibody gold conjugate at a concentration of 1 in 10 in

PBS.

9. Place chip on dry filter paper to dry the back.

10. Place chip on parafilm in wet chamber and quickly pipette on 10 ml antibody
and incubate for 1 h at room temperature.

11. Wash three times for 10 min in PBS.

12. Continue from step 9 of the main protocol (Figs. 4,5).
4. Imaging in vitro nuclear formation
In Vitro Nuclear Assembly and Isolation

It is outside the remit of this chapter to provide a full methodology for the

preparation of the cytoplasmic extract and sperm heads required for in vitro

nuclear formation. For these details the reader is referred to Allen et al.

(2007b). Here we pick up the method from the point of addition of demem-

branated sperm heads to the cytoplasmic extract.

1. To initiate nuclear formation, assemble reactions containing either LSS or

membranes resuspended in cytosol in eppendorf tubes.

2. Add E-mix to a final concentration of 1X and mix gently, but thoroughly.

3. AddXenopus demembranated sperm to a final concentration of 1000 sperms/

l and incubate at 22 �C for 90 min.
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It is worth noting that every extract will vary in the eYciency of nuclear assembly

and therefore it is necessary to monitor nuclear assembly to determine optimal

incubation times for each extract. Assembly can be assayed using visual and

biochemical markers such as observation by conventional phase microscopy and

incorporation of suitably labeled dUTPs indicating DNA replication competency.

Assembled nuclei must be processed immediately for SEM.

Nuclear processing for visualization by SEM

1. Dilute a 4-l aliquot of each assembly reaction and dilute in 500 l of mem-

brane wash buVer (MWB).

2. Transfer diluted sample into clean flat-based tube holding silicon chip at the

bottom and sediment nuclei onto acetone-washed silicon chips by centrifu-

gation at 3000g for 10 min at 4 �C.
3. Transfer chips and incubate for 10 min in Fix BuVer ensuring a minimum of

MWB dilutes the fixative. Should immunolabeling be required switch to

protocol 2 immunolabeling variation, and then rejoin this protocol at step

4 (below).

4. Remove Fix buVer whilst ensure that chips do not air dry and wash chips in

0.2 M sodium cacodylate (pH 7.2 in water) to remove residual Fix BuVer.

5. Post fix samples in 1% osmium tetroxide (in 0.2 M sodium cacodylate pH

7.2) for 10–20 min.

6. Remove osmium tetroxide and wash in water for 10 s.

7. Remove water and stain for 10 min in 1% uranyl acetate (in water). Caution:

Uranyl acetate must be kept and used within a fume cabinet.

8. Dehydrate through a graded ethanol series (30%, 50%, 70%, 95%, twice at

100%) and twice in 100% Arklone (trichlorotrifluoroethane; ICI) or other

suitable transitional solvents.

9. Critical point dry the samples from high purity (<5 ppm water) CO2.

10. Sputter coat the samples with 2–3 nm of chromium.

11. Examine in FESEM.
VI. CPD for High Resolution SEM

CPD for SEM was introduced to overcome distortion of surface structure

associated with drying material from aqueous environments (Cohen, 1976). The

distortion is due to surface tension eVects during drying as the phase barrier

between liquid and gas passes through the specimen. ‘‘Air drying’’ from water

produces severe flattening of surface features at the macromolecular level when

observed by FESEM (Allen, unpublished data). These surface tension eVects are
avoided by the use of CPD, but because high pressure is involved CPD has been

considered controversial. However, in our own hands, macromolecular structure
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of the NPC at a few nanometers resolution has been well preserved and also

retained subtle diVerences in structure deliberately induced by experimental alter-

ation (Goldberg and Allen, 1996).

CPD relies on the physical properties of CO2 around the ‘‘critical point,’’ which

is 31.1 �C at 1073 psi. At the critical point, liquid and vapor states coexist; hence if

the temperature is raised slightly above the critical point, the specimen is trans-

ferred from a liquid to gaseous environment without the phase barrier (and

distorting surface tension) having passed through its surface. Clearly, the specimen

needs to be placed in a suitable pressure chamber and infiltrated with CO2 at 800

psi, but at this stage it is in a liquid state, and liquids are incompressible, so that

fine structure is not compromised. Before CPD the specimen is dehydrated in

exactly the same way as it would be for routine resin sectioning for TEM, but

transferred into a nonaqueous intermediate solvent (3M Novec HFE 7100, 3M

UK, Bracknell). The intermediate solvent is miscible with liquid CO2, so that when

several changes of liquid CO2 are made, the specimen becomes infiltrated with

pure liquid CO2. The temperature is raised gently above the critical point in the

apparatus, and the gaseous CO2 is gently released over 15–20 min, so that at no

stage is the specimen subject to any rapid alteration in pressure. In theory, it

should be possible to critical point dry from water, avoiding both dehydration and

intermediate solvents, but the critical point for H2O (373 �C and 3200 psi) is too

high a temperature and pressure to be regularly achieved on the laboratory bench!

However, for those recoiling in horror at this suggestion, rapid freezing also

involves instant temperature changes of approximately 300 �C.
In our own experience, CPD of a variety of what could be considered the most

delicate biological structures—such as isolated membranes, organelles such as

mitochondria, and fine protein structures such as NPCs—have all been through

the CPD process without serious deformation when compared to other types of

preparation including rapid freezing and examination cryohydrated in both

FESEM (Walther, 2003) and TEM (Beck et al., 2004, 2007) and aqueous state

with atomic force microscopy (Maco et al., 2006). The most distorting aspect of

specimen preparation for EM in general is dehydration, crucial to all TEM

sectioning from resin embedded material, and only avoided in cryohydrated pro-

tocols which bring another category of potential artifacts not completely explored

at this point in time. Cryohydrated material in the SEM also needs to be fractured

and/or etched to expose structure, and consequently brings limitations in terms of

accessing specific surfaces for high resolution SEM (see Section I). Clearly all

preparation methods have limitations, but CPD in general is still the best starting

point for new material.
A. Coating for High Resolution SEM
One of the consequences of the enhanced resolution in Field Emission instru-

ments is that conventional coatings such as sputtered gold have a characteristic

morphology of their own when viewed at magnifications greater than 100,000�.
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This ‘‘decoration artifact’’ is clearly incompatible with subnanometer resolution,

and alternative coating methods are required. Ideally, observation in the SEM

without coating should be the optimal procedure, but this is prevented by the

following considerations. Biological material is formed of C, H, N, and O, which

are light elements and virtually nonconductive when bombarded with a primary

electron beam, leading to specimen charging, and they produce relatively little

secondary electron emission which is required for image formation. These limita-

tions can be reduced by osmium fixation which partially ‘‘metalizes’’ biological

specimens by the incorporation of osmium dioxide throughout the specimen.

Use of osmium mordants such as tannic acid have generated ‘‘conductive stain-

ing’’ protocols which may be useful in some circumstances (Naguro et al., 1990).

Frozen biological material should be conductive when viewed cryohydrated, but

in practice specimen charging and lack of contrast make high resolution imaging

diYcult to impossible. Although specimen charging reduces with decreasing

accelerating voltage, this does not appear to be the case in cryo SEM, and the

best imaging results from cryohydrated imaging come from Chromium sputter

coated material (Apkarian, 1994; Apkarian et al., 1999) or Platinum shadowing

combined with carbon coating, as originally used for TEM imaging of surface

replicas (Walther, 2003).

Our own experience has been that Chromium coating provides the lowest grain

size consistent with the thinnest films and suYcient contrast for detailed imaging at

magnifications in excess of 200,000�. We have used planar magnetron sputtering,

but deposition by ion beam or electron beam is also suitable. The best coating

requires a vacuum environment with absolutely minimal concentrations of oxygen

and water vapor. These parameters can be fulfilled in a variety of vacuum envir-

onments, but our own solution was to use a standard 12-inch coating unit fitted

with a cryopumped vacuum system, which is highly eYcient for the removal of

water vapor, with O2 reduced by pumping to a vacuum of 10�7 millibar prior to

introducing ultra pure Argon (99.999%) at lower vacuum (10�3 millibar) to gener-

ate a sputter deposition rate of approximately 0.1 nm/s, as measured by a film

thickness monitor. For sputter coating, electron bombardment of the specimen

should be avoided by the use of magnetic deflectors in the sputter source. The first

30 s of sputtering should take place with the specimen covered with a removable

shield, to allow removal of the film of chromium oxide which forms on the target

surface each time it is exposed to air. It may be possible to see the color of the

plasma change from pinkish blue to blue as this coating is removed. Target

oxidation can be avoided if the vacuum system incorporates an air lock for

specimen exchange. Although ion or electron beam deposition both produce

similar coatings, a limitation of these methods is that coating is directional,

which can lead to shadowing artifacts unless the specimen is rotated in a planetary

motion. Sputter coating of Chromium deposits evenly over the surface, so that a

continuous film forms by 1 nm of deposition. Even a 3-nm Cr layer allows back-

scattered imaging of two sizes of colloidal gold particles to be easily discriminated

for antibody labeling, while still allowing good secondary electron imaging.
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It should be apparent from these considerations that coating equipment for high

resolution SEM in biology is almost as important as the microscope itself, and

should be a major element in any budgeting considerations.
VII. Discussion
A. The Value of FESEM Imaging for nuclear and subcellular structure
For the first 30 years of biological EM, the NPC was considered to be structur-

ally symmetrical about the plane of NE, i.e., the same at both the nucleoplasmic

and cytoplasmic faces. However, the first FESEM imaging of isolated NE by Ris

(1991), revealed a novel and characteristic basket structure on the nucleoplasmic

face, which was apparent as a physical projection on the isolated envelope and

appeared when viewed by surface imaging. Previous results from TEM (thin

sections from whole nuclei and isolated envelopes) had failed to identify this struc-

ture because the basket structure had insuYcient contrast to be identified. Once

the structure had been identified, however, similar images to those from FESEM

were produced in the TEM using rotary shadowing techniques (Maco et al., 2006).

This example indicates why FESEM is extremely useful in frontline studies for new

structure and for structural relationships over a scale that could be massively labor

intensive for transmission EM either by serial section reconstruction of computer

aided tomography. For example, to cover the area illustrated in Fig. 1C would

require reconstructions involving 60 serial sections—not a practical realization. It is

the sheer accessibility over large areas oVered at all magnifications that makes SEM

such an eVective tool for cell biology. Most modern instruments oVer a magnifica-

tion range of� 10 to� 1million allowingwide ranging and easy searching over large

areas ofmaterial, and thenmolecular imaging of areas of interest. Identification of a

single HIV particle at the surface of the nucleus has proved feasible with this

technology (Arhel et al., 2007; see Fig. 4A).

Another example of the value of surface imaging has been in studies of the

mechanisms and structural assembly pathways in NE andNPC. Here we used both

biochemical manipulation of in vitro nuclear formation together with molecular

resolution for NE and NPC assemblies (Goldberg et al., 1997), where FESEM

imaging identified intermediate structures present on the NE during NPC forma-

tion. Imaging by FESEM allowed extensive areas of membrane surface to be

searched, finding rare (and transient) structures that would be diYcult, if not

impossible, to detect using conventional thin-section TEM. The earliest intermedi-

ate structures in NPC assembly are termed ‘‘dimples’’ which are the sites where the

inner and outer nuclear membranes approach each other, prior to fusion to form a

pore. These structures have an initial diameter of only 5 nm, which is around one-

tenth of the thickness of a thin section for TEM, and consequently unlikely to be

recognized. Thus detailed structure stages in the formation of the NPC have been

identified by FESEM, which currently could not have been found by any other
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microscopies. This is spite of the perceived ‘‘limitations’’ of fixation, CPD, metal

coating, and high accelerating voltages for imaging required for FESEM.

The response to these limitations largely rests on the future role of rapid freezing as

a starting point for FESEM, which has been discussed above, and will develop

further, but as in all things, the ‘‘more than one way to skin a cat’’ principle will

always apply. Other surface techniques such as scanning probe microscopies show

great potential for unfixed and nondehydrated samples, but require further develop-

ment and understanding of specimen/probe interactions at this point in time. There is

also a tendency for results in these technologies to be generated from the averaging of

data sets, andwith the danger that rare structures are likely tobemissed.Consequent-

ly, the choice of FESEM as a first approach to visualize molecular interactions

occurring at surfaces within the cell would seem to be a sensible option.
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Abstract

The nuclear lamina is found between the inner nuclear membrane and the

peripheral chromatin. Lamins are the main components of the nuclear lamina,

where they form protein complexes with integral proteins of the inner nuclear

membrane, transcriptional regulators, histones and chromatin modifiers. Lamins

are required for mechanical stability, chromatin organization, Pol II transcription,

DNA replication, nuclear assembly, and nuclear positioning. Mutations in human

lamins cause at least 13 distinct human diseases, collectively termed laminopathies,

aVecting muscle, adipose, bone, nerve and skin cells, and range from muscular

dystrophies to accelerated aging. Caenorhabditis elegans has unique advantages in

studying lamins and nuclear lamina genes including low complexity of lamina

genes and the unique ability of bacterially expressed C. elegans lamin protein to

form stable 10 nm fibers. In addition, transgenic techniques, simple application

of RNA interference, sophisticated genetic analyses, and the production of a large

collection of mutant lines, all make C. elegans especially attractive for studying the

functions of its nuclear lamina genes. In this chapter we will include a short review

of our current knowledge of nuclear lamina in C. elegans and will describe electron

microscopy techniques used for their analyses.
I. General Introduction
A. The Nuclear Lamina
In eukaryotic cells, the nuclear and cytoplasmic compartments are separated by

the nuclear envelope (NE). The NE consists of inner and outer nuclear membranes

(IM and OM, respectively). The two membranes are separated by a lumenal space

that is continuous with the ER lumen. Communication between the nucleoplasm

and cytoplasm occurs through pores in the NE, where the IM and OM join. In the

metazoan cell, underlying the IM is a meshwork of nuclear-specific intermediate
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filaments, termed the nuclear lamina. The lamina is composed of lamin proteins and

a growing number of lamin-associated proteins (Gruenbaum et al., 2005). Lamins

are evolutionarily conserved nuclear intermediate filaments (Herrmann and Aebi,

2004; Stuurman et al., 1998). They have a short globular N-terminal ‘‘head’’

domain, an a-helical coiled-coil ‘‘rod’’ domain, and a globular ‘‘tail’’ domain.

Lamins are grouped as A- or B-types based on their biochemical and structural

properties and their behavior during mitosis. B-type lamins are expressed in all cell

types throughout development and remain attached to membranes in mitosis

(Stuurman et al., 1998). A-type lamins are expressed in diVerentiated cells, usually

at the onset of gastrulation, in a tissue-specific manner and are soluble during

mitosis (Stuurman et al., 1998). It is unclear whether A- and B-type lamins can

copolymerize, or how they are organized within the nucleus. Polymerizing lamins

in vitro is not a trivial task but in a recent breakthrough, Ce-lamin, the only lamin

in Caenorhabditis elegans (B-type), has been polymerized in vitro into 10 nm

intermediate filaments (Foeger et al., 2006; Karabinos et al., 2003).

Genetic analyses of lamins in both vertebrates and invertebrates has suggested

that they support a wide range of functions through their interactions with a

growing number of IM proteins (Mattout et al., 2006). These functions include:

maintaining the nuclear shape, spacing of nuclear pores, replication of DNA,

regulation of gene expression, transcription elongation by Pol II, nuclear position-

ing, segregation of chromosomes, meiosis and apoptosis (Broers et al., 2006;

Goldman et al., 2002; Gruenbaum et al., 2005; Worman and Courvalin, 2005).
B. The Nuclear Lamina in C. elegans
The free-living soil nematode, C. elegans, is a useful model organism for inves-

tigating the biological functions of the nuclear lamina. It oVers the great advan-

tages of a tractable genetic system, easily grown in the lab. The animals are

translucent throughout their life cycle, have a 4 days reproductive cycle, during

which they lay nearly 300 eggs, and an established cell lineage, making microscopy

and time-lapse microscopy highly feasible. In addition, transgenic studies are

relatively simple and rigorous when done in C. elegans. A main advantage of

C. elegans in studying the nuclear lamina is the low complexity, yet highly con-

served nuclear lamina (Cohen et al., 2001). For example, the C. elegans genome

contains only a single lamin gene, annotated lmn-1, encoding a single lamin

isoform, termed Ce-lamin, as opposed to 2 lamin genes in Drosophila and 3

lamin genes encoding 7 isoforms in mammals (Melcer et al., 2007). Ce-lamin is

ubiquitously expressed during development and is localized at both the nuclear

periphery and the nucleoplasm (Liu et al., 2000).

Lamins interact with integral and peripheral proteins of the IM, they also interact

with specific proteins at the nucleoplasm and with DNA (Mattout-Drubezki and

Gruenbaum, 2003). These interactions (direct and indirect) are responsible for

many of the nuclear functions mediated by the nuclear lamina. Proper localization

and retention of many proteins at the IM requires interaction with lamins,
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chromatin, or both. The number of these proteins and their chromatin partners has

grown significantly over the past few years (Broers et al., 2006; Goldman et al.,

2002; Gruenbaum et al., 2005; Worman and Courvalin, 2005). Known protein

partners of Ce-lamin include Ce-emerin, LEM-2, UNC-84, matefin/SUN-1, and

BAF-1 (Gorjánácz et al., 2006; Gruenbaum et al., 2002; Lee et al., 2000, 2002; Liu

et al., 2003; Margalit et al., 2005). The list of Ce-lamin binding partners is expected

to increase in light of the recent discovery ofmany novel mammalian proteins of the

IM that have C. elegans orthologs (Schirmer et al., 2003).

II. In Vitro Assembly of Ce-Lamin Filaments
A. Protein Expression and Purification
To make filaments, Ce-lamin should be bacterially expressed and purified to

near homogeneity. Any bacterial expression system can be used. The bacterially

expressed Ce-lamin is always found in the inclusion body preparations and is

solubilized in 8.0 M urea.

We routinely use the pET24d vector (Novagen, Merck, Germany) modified to

have an N-terminal His tag followed by a TEV protease recognition site, and the

Escherichia coli strain BL21(DE3)-(codon plus-RIL) (Stratagene, La Jolla, CA). An

overnight bacterial culture is diluted 1:100 in 2xYT medium and grown to an OD600

of 0.6–0.9. IPTG is added to a final concentration of 0.1 mM and cells are incubated

at 37 �C for 1.5–2 h and harvested by centrifugation. The bacterial pellet is resus-

pended in resuspension buVer containing 20 mM Tris–HCl pH 7.5, 200 mM NaCl,

1 mMEDTA, 200 mg/ml lysozyme, and protease inhibitors (0.1 mMAEBSF, 3.4 mg/
ml Aprotinin, and 5 mM Benzamidine). The bacterial suspension is then sonicated

three times, 30 s each at 40% pulse and centrifuged at 13,000 rpm for 20 min at 4 �C.
The inclusion bodies pellet is washed twice in the resuspension buVer containing 1%
Triton X-100 without lysozyme and then resuspended in urea buVer (8.0 M urea,

50 mM Tris–HCl pH 8, 300 mM NaCl and protease mix) and centrifuged to

separate soluble Ce-lamin from non-solubilized material. The supernatant contain-

ing the expressed Ce-lamin is purified in Ni-NTA batch. The Ni-NTA beads are

washed with washing buVer (8.0 M urea, 50 mMTris–HCl pH 8, 500 mMNaCl and

20 mM imidazole) and the protein is eluted with elution buVer (8.0 M urea, 20 mM

Tris–HCl pH 7.5, 100 mM NaCl and 200 mM imidazole). For removal of the His-

tag, protein fractions are pooled and dialyzed against a buVer containing 50 mM

Tris–HCl pH 8.0, 150 mMNaCl, 1 mMDTT. Ten milligrams of the His-tagged Ce-

lamin are then incubated at 4 �C overnight with 1 mg His-tagged TEV protease,

dialyzed again into the urea buVer described above and separated from TEV

protease and uncleaved material via Ni-NTA chromatography (Foeger et al., 2006).
B. Comments
1. In general, bacterially expressed lamins are stable and not toxic to bacteria.

2. Freshly transfected bacteria give higher levels of expression.
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C. Assembly of Ce-Lamin Filaments
Bacterially expressed and purified C. elegans lamin (0.1–0.2 mg/ml) in urea

buVer is dialyzed at room temperature for 4 h against a buVer containing 2 mM

Tris–HCl pH 9, 1 mM DTT, and then for up to 16 h against a buVer containing
15 mM Tris–HCl pH 7.4, 1 mM DTT. Assembly is terminated and the filaments

are fixed by adding an equal volume of double distilled water (DDW) containing

0.2% (w/v) EM grade glutaraldehyde (Agar Scientific, Essex, UK). After 3–5 min,

5–7 ml aliquots are applied on glow-discharged formvar and carbon-coated

EM copper grids and left to absorb for 1 min. The grids are washed with two

drops of DDW and negatively stained with 2% uranyl acetate (Fluka, #73943).

Under these conditions, Ce-lamin makes stable 10-nm thick intermediate fila-

ments. These filaments exhibit rather irregular and complex branched patterns

(Fig. 1A) (Foeger et al., 2006; Karabinos et al., 2003). The in vitro association

reactions are extremely fast and filaments assemble within seconds (Foeger et al.,

2006).
D. Comments
1. Use only highly purified water for all EM procedures. We use Milli Q water

(Millipore, Billerica, MA).

2. Glutaraldehyde is toxic and should be used only in the fume hood.

3. Uranyl acetate is radioactive and the solution is prepared in a fume hood with

gloves and a lab coat.
Fig. 1 In vitro assembly of invertebrate lamins. Depending on assembly conditions, C. elegans

Ce-lamin assembles either as 10 nm wide filaments (A) or paracrystals (B). See text for details. Bars

indicate 100 nm.
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E. Assembly of Ce-Lamin Paracrystals
Bacterially expressed and purified C. elegans lamin (0.1–0.2 mg/ml) in urea

buVer is dialyzed at room temperature for 2.0 h against a buVer containing

15 mM Tris–HCl pH 7.4, 1 mM DTT, followed by 3 h dialysis against a buVer
containing 25 mM Tris––Cl pH 9, 20 mM CaCl2, 1 mM DTT. The salt is then

washed, dialyzed for 15–30 min against a buVer containing 25 mMTris–HCl pH 9,

1 mM DTT. Assembly is stopped by adding an equal volume of DDW containing

0.2% (w/v) glutaraldehyde. Sample preparation and visualization are similar to

those of filaments, the only diVerence being that grids are not washed with DDW.

Under these conditions, Ce-lamin forms long paracrystalline fibers exhibiting a

pronounced transverse banding pattern with a 24–25 nm axial repeat (Fig. 1B).

In vitro association reactions are extremely fast, and paracrystalline arrays are

assembled within seconds (Foeger et al., 2006).
III. Preparation of Embryos and Adults for Transmission
Electron Microscopy Using Microwave Fixation

C. elegans embryos are encapsulated in a hard chitin shell, which is diYcult to

penetrate. To view these embryos by transmission electron microscopy (TEM), an

eYcient fixation protocol is required in which the chitin shell is penetrated and the

integrity of organelles and membranes is maintained.

TEM analysis of the nuclear envelope can reveal changes in the morphology of

the nucleus and nuclear envelope. For example, downregulation of Ce-lamin

causes chromatin condensation, clustering of nuclear pore complexes, cell death

associated nuclear membrane blebbing resulting from decreasing/diminishing

lamin expression in C. elegans embryos. An example of phenotypes observed in

lamin downregulated embryos is shown in Fig. 2 (Cohen et al., 2002).

Preparation of C. elegans embryos for TEM is essentially as described (Cohen

et al., 2002; Margalit et al., 2005). Embryos are collected by the standard sodium

hypochlorite/M9 technique (Chen et al., 2000). A drop of 100–200 ml of 0.1%

polylysine (Sigma P8920) is placed on a �22 � 22 mm2 marked at the center of a

Falcon 3001 petri dish (35 � 10 mm). The plate is incubated for 5 min at room

temperature and excess polylysine is removed. The petri dish is then safely attached,

with double-stick tape, to the lid of a 50 ml conical tube (petri dish facing up).

Washed and pelleted embryos are placed on the polylysine-treated area of the petri

dish in a drop of M9 buVer (42 mM Na2HPO4, 22 mM KH2PO4, 85 mM NaCl,

100 mMMgSO4). The tubes are centrifuged at 1000g for 1 min in a swinging bucket.

This step ensures that the embryos remain on the polylysine for the rest of the

procedure. The petri dish is then removed from the tube, immediately placed on ice,

and the embryos are fixed with 1 ml of 0.1 MHEPES pH 7.0 containing 1% freshly

made formaldehyde and 2.5% EM grade glutaraldehyde (Agar Scientific, Essex,

UK). The plate is sealed with parafilm and immediately microwaved (Shef exclusive



Fig. 2 Visualization of wildtype and lmn-1 (RNAi) embryos by thin section transmission electron

microscopy. (A, B) Nuclei from control animals fed with an empty L4440 vector have normal nuclear

shape and chromatin distribution, and typical NE with two membranes and a uniform lumen. (C–F)

Nuclei of lmn-1 (RNAi) embryos, which have a drastic condensation of chromatin (arrows in C,

see also F), membrane ‘‘vesicles’’ inside the nucleus (arrow in D), blebbing of membranes (arrows in

E) and nuclear membrane shared by two nuclei (arrow in F). Bars represent 1.0 mm in panels A–B and

0.6 mm in panels C–F. (Reproduced with permission; Cohen et al. (2002)).
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microwave oven SF-1875E at 70% microwave power) on ice for 20 s ON, 10 s OFF,

and then again 20 s ON. The sample is then cooled on ice for 5 min in a fume hood

and the microwave cycle is repeated once more. A Pelco-brand microwave, which

provides a continuous power of 550 W or an equivalent microwave, can also be used.

Fixation is completed by further incubation of the sample for 1 h at room tempera-

ture. Excess fixative solution is then removed and the embryos are washed three

times, 10 min each, with 1 ml of 0.2 M HEPES at pH 5.6. One milliliter of solution

containing 1%OsO4, 0.5% reducedK4Fe(CN)6, 0.1 MHEPES pH 5.6 is then added,

and the sample is incubated in the dark for 1 h at room temperature. The sample is

then washed twice, 10 min each, with DDW and then incubated for 10 min in 50%

ethanol, 10 min in 70% ethanol and 10 min in 90% ethanol, followed by three washes,

30 min each, in dry 100% ethanol. The sample is then incubated in a series of graded

Epon:ethanol solutions, 2 h each, at room temperature, with Epon:ethanol (1:2),

Epon/ethanol (1:1), Epon:ethanol (2:1), and left overnight in fresh 100%Epon at 4 �C
in a desiccating chamber. The samples are exchanged three more times, 2 h each, at

room temperature with 100% Epon. The sample is embedded in Epon and polymer-

ized for 2 days at 60 �C in a dry oven. The Epon block is then separated from the petri

dish by soaking it in liquid nitrogen. Use a sharp razor blade (e.g., Wilkinson razors)

cleanedwith acetone, tomake a pyramid shape around theworm.For sectioning, any

type of microtome should work. Sections can be cut with a glass knife or a diamond

knife. The Epon block is sectioned to give thin sections, 80–90 nm each, and the

sections are picked up on 200 mesh thin bar copper grids and stained with uranyl

acetate and lead citrate. Samples are then viewed with an electron microscope.

The above protocol is modified to prepare C. elegans adults for TEM

(Haithcock et al., 2005). Adult C. elegans are collected in PBS and washed twice

in PBS. The animals are cut with sharp forceps behind either the pharynx or the tail

to allow rapid penetration of solutions and immediately subjected to fixation

overnight at 4 �C in PBS (pH 7.5) containing 2.5% paraformaldehyde and 2.5%

glutaraldehyde. The fixed animals are washed three times with PBS and mounted

in 3.4% low melting point agarose (Sigma) to control the orientation of the worms

in the final Epon block. The agarose blocks are incubated at 22 �C in 0.1 M sodium

cacodylate (pH 7.5) for 10 min, and for 1 h in 0.1 M sodium cacodylate containing

1% OsO4 and 1.5% reduced K4Fe(CN)6. The blocks are then washed four times,

10 min each, with 0.1 M sodium cacodylate, washed twice, 10 min each, with

DDW and incubated in 30%, 50%, 70%, 80%, 90%, and 95% ethanol, 10 min

each, followed by three washes, 20 min each, in 100% ethanol. Samples are then

washed twice, 10 min each, in propylene oxide and incubated in a series of graded

Epon in propylene oxide solutions each overnight at 4 �C (1:4, 1:1, 3:1), followed

by an overnight incubation at 4 �C in fresh 100% Epon. The Epon blocks are

polymerized for 2 days at 60 �C. The Epon blocks are sectioned horizontally, using

a Diatome diamond knife to give 80–90-nm-thick sections containing a longitudi-

nal view of each worm from head to tail. The sections are picked up on 200 mesh

thin bar copper grids and stained with uranyl acetate and lead citrate. Samples are

then ready for viewing with an electron microscope.
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A. Comments
1. Osmium is very toxic and should be treated in a fume hood with gloves and a

lab coat. All waste should be disposed of properly under the fume hood.

2. Fixation can be performed without the microwave treatment. In that case

embryos are fixed of overnight at 4 �C in 2.5% paraformaldehyde and 2.5%

glutaraldehyde in PBS followed by freezing the vial in liquid nitrogen, thawing

the vial under tap water and fixing for an additional 1 h at room temperature.

The quality of the data obtained by this procedure is still reasonable.
IV. Preparation of C. elegans Embryos and Adults for Conventional
Transmission Electron Microscopy by High Pressure Freezing
Combined with Freeze Substitution

Another powerful technique to penetrate the robust eggshell while maintaining

an outstanding structural preservation is high-pressure freezing (HPF) in combi-

nation with freeze substitution (FS).
A. High-Pressure Freezing of C. elegans
We are using the Leica (Vienna, Austria) EMPACT2 HPF machine. However,

any HPF machine (BALTEC, EMPACT HPF 01 or Wohlwend) should be com-

patible with this protocol.

A half microliter of 0.5% phosphatidylcholine in chloroform is placed onto a

HPF carrier (Fig. 3). The carrier is then left to dry for 5–10 min. The phosphatidyl-

choline creates a lipid layer on the surface of the carrier allowing the worms

to readily slip out when processed. A drop of M9 buVer containing 20% BSA

(a cryo-protectant) is pipetted onto the carrier and 10–15 worms are placed in the

drop, using a worm pick (Muller-Reichert et al., 2003). A piece of Whattman filter

paper is used to soak up excess buVer, so that the level of buVer on the carrier

surface is flat. This is critical, since a meniscus causes loss of worms during freezing,

due to squeezing of the holder onto the actual carrier (Fig. 3). This step should be

done relatively quickly before the worms dry out. Next, the holder is placed in the

HPF machine and is subjected to freezing according to the manufacturer’s instruc-

tions. The carrier is then released from the holder under liquid nitrogen. These

carriers can also be stored in a liquid nitrogen tank for long-term storage.
B. Freeze Substitution for Morphological Studies
Prepare the FS machine according to the manufacturer’s instructions. Program

the machine to maintain the carriers at �90 �C for 48 h and then slowly raise the

temperature to �30 �C in increments of 5 �C/h. Once the temperature reaches



Fig. 3 Image of a Leica membrane carrier used for HPF.
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�30 �C, keep it for 3 h and then raise the temperature again to 0 �C in increments

of 5 �C/h. This process takes about 69 h.

The FS cocktails are prepared as follows: Dissolve a 100 mg crystal grade OsO4

(Serva, #31251) in 10 ml of dried acetone (EMS, #10015). Pipette 950 ml of the 1%
OsO4 solution into a cryo tube (Sarstedt, #72.609). Add 50 ml of a 2% uranyl

acetate stock in water to the OsO4 solution. This will produce a cocktail containing

1% OsO4, 0.1% uranyl acetate, and approximately 5% water. Close the cryo tube

and place it under liquid nitrogen to freeze. The excess water is added to the

solution to enhance membrane quality (Walther and Ziegler, 2002) and indeed

this cocktail gives striking membrane staining in which the double bilayer of the

NE is visible (Fig. 4).

Keeping the carriers under liquid nitrogen, transfer them from the HPFmachine

to the box of liquid nitrogen with the FS cocktail cryo tubes. Under liquid

nitrogen, unscrew the top of the cryo tube and place 1–2 carriers inside. Screw

the cap back on and transfer the tubes directly into the Freeze Substitution

machine. Once all the cryo tubes are placed in the machine, start the machine

and let it run through the entire program.
C. Infiltration and Embedding
Once the machine has reached zero degrees, take the cryo tubes out and place

them in a rack in the fume hood. Pipette out the OsO4 solution and wash the

carriers twice with dried acetone. Rinse the carriers twice more with acetone letting

them sit for 10 min in between each rinse. To begin infiltration, prepare a solution



Fig. 4 Visualization of wildtype and baf-1 mutant embryos by thin section transmission electron

microscopy. (A) A wild-type nucleus. (B) A blown up region of the periphery of a wild-type nucleus.

(C) A nucleus from a mutant baf-1 embryo (D) A blown up region of the baf-1 aVected nucleus.

Eliminating baf-1 activity caused abnormal assembly of theNE (compare toA,B) Bars represent 200 mm.

21. Electron Microscopy of Lamin and the Nuclear Lamina 421
of acetone:Epon (3:1) in a 15 ml Falcon tube. Pipette oV the acetone and add 1 ml

of the acetone:Epon to each cryo tube. Place the cryo tubes for 1 h on a turning

wheel in the fume hood. The wheel is used for all additional infiltration steps. As

the cryo tubes are turning on the wheel, worms are highly likely to fall out of the

carrier. Hence, be cautious when pipetting the next set of solutions. The worm

pellet should be free from the carrier at this point, therefore pipette out the pellet

and place it into a new Eppendorf tube. If the pellet is not loose, carefully tap the

side of the tube until it becomes free. Carefully exchange the 3:1 solution with the

1:1 acetone:Epon solution and incubate for 2 h. Next, exchange with a 1:3 solution

of acetone:Epon and leave overnight. In the next morning, exchange with 100%

Epon. Repeat this step three more times every 30 min and leave the cryo tubes on

the wheel for an additional 3–4 h.

For embedding the worms, clean two glass microscope slides and spray one side

of each slide six times with Teflon Spray (EMS). Using a Kimwipe, polish the

Teflon until the glass is clear. Make sure you mark the side you spray for easier

detection later. Place one glass slide under the binocular microscope, Teflon side

up. Using a 200 ml pipette, cut oV the end of the tip and pull up a small amount of

Epon from your Eppendorf tube to coat the inside of the pipette tip. Next, pipette

out the worm pellet and put it onto the glass slide. Using a very fine needle and



D

422 Merav Cohen et al.
forceps, try and separate the worms from each other as best you can without

breaking them into small pieces. Pipette the excess Epon oV of the slide; the total

amount of Epon on the slide should not exceed 100 ml. Cut two Parafilm pieces of

approximately 2 � 2 cm, fold them in half and place one on each end of the slide.

Place the other slide on top with the Teflon side facing down onto the Epon to

make a ‘‘sandwich’’ (Fig. 5). Put the slide overnight in a 60 �C dry oven for

polymerization. Save a small portion of the left over Epon at �20 �C to be used

for mounting the worms.

After taking the slides out of the oven, place a razor blade between the two slides

and carefully try to separate them. Using the binocular microscope, choose a worm

and cut it out of the Epon using a razor blade. For this next step you will need

dummy blocks, which are plain Epon blocks you can make ahead of time with any

type of mold. To mount the worms, thaw the left over Epon from earlier and

position the dummy block so it is standing upwards in the cap of a 0.5 ml
A

E

B

C
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Fig. 5 Preparing Epon blocks following high pressure freezing combined with Freeze Substitution.

(A–C) Illustrations showing the steps involved in flat embedding C. elegans worms between two slides,

excising them from Epon and mounting them onto dummy blocks. (D) An example of an Epon block

placed in the cap of an Eppendorf tube. (E) The worms embedded between the two glass slides.
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Eppendorf tube (Fig. 5D). Using a toothpick put a small drop of Epon on top of

the dummy block. Lay the worm that you have cut out on top of the Epon block

and cover it with a small amount of excess Epon (Fig. 5). Place the blocks in a glass

Petri dish and incubate them overnight in the 60 �C oven.
D. Sectioning and Staining
Use a sharp razor blade (e.g., Wilkinson razors) cleaned with acetone to trim

around the wormmaking a pyramid shape. Sections can be cut with a glass knife or

a diamond knife. We use a Diatome Ultra 35� knife and cut 55-nm-thick sections

and collect the sections on a Copper/Palladium slot grid (Plano) coated with 1%

Formvar (Serva) in chloroform.

Post staining is performed on a piece of parafilm. Incubate the grids face down

on a drop of 50% methanol for 5 min, then on a drop containing 2% uranyl acetate

in 70% methanol for 10 min. Rinse the grids quickly four times in 50% methanol

and then twice in DDW for 5 min. Use a new piece of parafilm to make a row of

KOH pellets and incubate the grids on a drop of Reynolds lead citrate next to the

row of pellets. Lead citrate combines readily with CO2 therefore, place a cover over

the KOH pellets and the grids to reduce excess CO2. Finally, wash the grids twice,

5 min each, in DDW. Pull oV the excess water on the grids by holding a piece of

Whattman filter paper to the edge. These grids can then be stored for years before

further processing.
V. Preembedding Immunogold EM Staining of Lamina
Proteins in C. elegans Embryos

Preparation of embryos for preembedding immunogold staining is essential as

described (Cohen et al., 2002). C. elegans embryos are collected using the sodium

hypochlorite/M9 technique (Chen et al., 2000). The isolated embryos are washed

three times with DDW, resuspended in 400 ml DDW and fixed by adding 1 ml of a

solution containing 80 mMKCl, 20 mMNaCl, 1.3 mMEGTA, 3.2 mM spermine,

7.5 mM sodium HEPES pH 6.5, 25% methanol, 2% formaldehyde, and 1.5%

glutaraldehyde. The embryos are immediately frozen in liquid nitrogen, quickly

thawed under tap water and incubated at room temperature for additional 45 min

in the same fixative. The embryos are then washed once in 1 ml of 100 mM Tris–

HCl pH 7.5 and three times, 15 min each, in PBS containing 0.1% BSA and 1 mM

EDTA (PBSB) and pelleted by centrifugation at 2000g. Primary antibodies are

diluted to the desired concentration in PBS containing 1 mM EDTA and 1% BSA

(PBSEB) and added to the embryo pellet. Embryos are resuspended and incubated

overnight at 4 �C. Excess antibody is then removed by four washes, 1 h each, in

PBSB. The embryo pellet is then resuspended in secondary gold-conjugated anti-

bodies diluted to the desired concentration and incubated overnight at 4 �C.
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We usually use 6 nm gold-conjugated antibodies and dilute the antibodies accord-

ing to manufacturer instructions. Embryos are washed as above, pelleted and fixed

again for 1 h at room temperature in PBS containing 2.5% glutaraldehyde. After

washing in PBS and centrifugation at 2000g, the embryo pellet is mounted in 15 ml
of 3.4% low-melting agarose. The agarose block is washed four times, 30 min each,

in PBS. Embryos are postfixed in 1% buVered OsO4 containing 1.5% reduced K4Fe

(CN)6 for 1 h at room temperature, dehydrated in graded series of ethanol (50, 70,

and 100%), and subjected to two changes of propylene oxide, Epon infiltration,

embedding, and polymerization at 60 �C for 2 days, as described above for TEM

sample preparation. Sectioning, staining with uranyl acetate and lead citrate, and

viewing are also performed as described above, for TEM sample preparation. An

example of such an experiment is shown in Fig. 6A.

For experiments in which the nuclear membranes were removed, washed em-

bryos are spun down and resuspended in 1.25 ml of fixation solution containing

0.4% freshly made formaldehyde, 18% methanol, and 10 mM EGTA. After 20 min

incubation on ice, embryos are subjected to two rounds of freezing in liquid
Fig. 6 Preembedding immuno-gold TEM labeling of Ce-lamin in C. elegans. (A) Nucleus with intact

nuclear membranes. (B) Nucleus in which nuclear membranes were removed prior to labeling. Rabbit

antibodies against the rod and tail regions of Ce-lamin were used as primary antibodies and 12-nm gold-

conjugated goat–anti-rabbit IgG were used as secondary antibodies to localize Ce-lamin in embryos.

The positions of the gold particles near the inner nuclear membrane and in the nuclear interior are

indicated by arrows. Nucleus, Nuc; Cytoplasm, Cyt. (Panel A was reproduced with permission; Cohen

et al. (2002)).
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nitrogen, thawing under tap water and then shaken for 20 min at room tempera-

ture. Embryos are washed once with 100 mM Tris–HCl pH 8.0 containing 1 mM

EDTA and 0.5% Triton X-100 and once with PBS containing 1 mM EDTA and

0.5% Triton X-100 (PBST) and incubated for 15 min at room temperature with

PBST. Embryos are then incubated overnight at room temperature with primary

antibodies diluted in PBS containing 0.5% Triton X-100 and 0.1% BSA (PBSTB).

After four washes, 30 min each, with PBSTB, embryos are incubated with gold-

conjugated secondary antibodies as above. Embryos are washed four times, 30 min

each, with PBST and fixed for 1 h at room temperature in 2.5% glutaraldehyde.

Immunogold labeling, post-fixation with OsO4, Epon embedding, sectioning,

staining, and viewing are performed as described above. An example of such an

experiment is shown in Fig. 6B.
VI. Postembedding Immunogold EM Staining of Lamina Proteins
in C. elegans Embryos

A very powerful technique for postembedding immuno-gold staining is the HPF

combined with FS. This technique is used to gain better insight on the function and

subcellular localization of NE proteins. As an example we used the monoclonal

antibody 414 (mAb414), which recognizes the conserved FXFG repeats found in

many NPC proteins (Davis and Blobel, 1986). This antibody specifically localizes

to C. elegans NPC’s (Fig. 7A and B).
A. High Pressure Freezing of C. elegans
High pressure freezing is performed as described in Section IV.
B. Freeze Substitution for Immunolabeling
It is important to choose a resin that preserves ultrastructure, while retaining

antigenicity. We are using Lowicryl HM20 (Polysciences Inc., #15924), which is a

nonpolar resin that polymerizes at very low temperatures and produces high

contrast with minimal damage of ultrastructure. Since Lowicryl HM20 is highly

toxic and must polymerize at low temperatures (�45 �C), the FS setup should be

designed to avoid direct contact with the chemicals. Our Leica AFS2 is a fully

automated system allowing easy handling of the specimen.

First, cool the machine with liquid nitrogen. Prepare a 2% uranyl acetate stock

solution in dried methanol and use it to prepare a 0.5 ml FS solution containing

0.5% uranyl acetate in acetone. Put the FS solution in a glass bottle and place it in

the machine to cool down. This process takes about 10–15 min. Once cooled, the

solution is used to fill up the cryo tubes. It is important to make sure the solution is

cooled down to the correct temperature, otherwise ice crystals form in the speci-

men. Next, put an Eppendorf tube in liquid nitrogen, the carrier in the Eppendorf



Fig. 7 Post-embedding Immuno-gold TEM labeling of mAb414 in C. elegans. (A) A micrograph

displaying a portion of a wild-type nucleus. (B) Wild-type nuclei labeled with mAb414 as a primary

antibody and a 15 nm Protein-A gold conjugate as secondary antibody. Black arrows point to nuclear

pores and white arrows point to mAb414 gold markers. Bars represent 200 mm.
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tube and transfer the tube to the FS machine keeping the carrier under liquid

nitrogen at all times.

Program the machine according to the manufacturer’s instructions. The pro-

gram we use is as follows: leave the carriers for 50 h at �90 �C. Next, raise the

temperature 5 �C per hour until it reaches �45 �C and leave the carriers for 5 h at

this temperature, followed by three acetone washes, 30 min each. Next, infiltrate

with 25% Lowicryl for 2 h, 50% Lowicryl for 2 h, 75% Lowicryl for 2 h and 100%

Lowicryl for 12 h. Change the Lowicryl again and leave it for an additional 2 h.

Polymerize at�45 �C for 48 h with the UV lamp on and then raise the temperature

5 �C per hour until the machine reaches 20 �C for the final polymerization steps.

The carriers should stay at 20 �C for another 48 h until polymerization is complete.

This whole process takes about 8 days. When finished, place the blocks under

the fume hood for the rest of the day to allow further evaporation. The blocks are

ready for sectioning when they become transparent.
C. Sectioning
Sectioning is performed as described in Section IV.
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D. Labeling and Staining
Labeling is performed directly on the grids, while the grids are placed face down

on top of the drops of solution. On a piece of parafilm, place the grids for 20 min

on a drop of PBG buVer (0.8% BSA, 0.1% Fish Skin Gelatin, 0.01% Tween 20 in

PBS buVer). Then place the grids on a 5 ml drop of primary antibody diluted in

PBG for 1 h. We suggest testing a 10-fold range of diVerent dilutions. Next, rinse

the grids on drops of PBS, three times, 5 min each, followed by 5 min incubation

on a drop of PBG. Place the grid on a 7 ml drop of secondary antibody for 1 h.

Dilute the secondary antibody in PBG according to the manufacturer’s instruc-

tions, while verifying that the secondary antibodies match the primary antibodies.

In case of rabbit, guinea pig, dog, cat, mouse IgG2a or human IgG1, 2 or 4,

Protein-A coupled to gold can be used as well. We recommend using 15-nm gold-

conjugated antibodies or protein A when labelingC. elegans embryos, as it is easier

to visualize. Next, rinse the grids three times, 5 min each, in PBS followed by a

5 min fixation on a drop of 1% glutaraldehyde in PBS. Rinse the grids five times,

1 min each, in DDW. Post staining is performed as described in Section IV.
VII. Summary

The electron microscopy techniques described above, combined with the power-

ful genetic tools inC. elegans, have helped establish lamins as essential components

of nuclear architecture, adding significant knowledge and helping understanding

the functions of lamins and their associated proteins. These techniques, however,

are also useful for analyzing other cellular proteins in C. elegans.

The structure of the nuclear lamina in somatic cells is mostly unknown. Apply-

ing powerful EM techniques, including cryo-EM tomography to C. elegans

vitreous sections or isolated nuclei, should provide better understanding of how

lamins and nuclear lamina proteins are organized in vivo.
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Mattaj, I. W. (2006). C. elegans BAF-1 and its kinase VRK-1 participate directly in postmitotic

nuclear envelope assembly. EMBO J. 26, 132–143.

Gruenbaum, Y., Lee, K. K., Liu, J., Cohen, M., and Wilson, K. L. (2002). The expression, lamin-

dependent localizationandRNAi depletionphenotype for emerin inC. elegans. J.Cell Sci. 115, 923–929.

Gruenbaum, Y., Margalit, A., Shumaker, D. K., andWilson, K. L. (2005). The nuclear lamina comes of

age. Nat. Rev. Mol. Cell Biol. 6, 21–31.

Haithcock, E., Dayani, Y., Neufeld, E., Zahand, A. J., Feinstein, N., Mattout, N., Gruenbaum, Y., and

Liu, J. (2005). Age-related changes of nuclear architecture in Caenorhabditis elegans. Proc. Natl.

Acad. Sci. USA 102, 16690–16695.

Herrmann, H., and Aebi, U. (2004). Intermediate filaments: Molecular structure, assembly mechanism,

and integration into functionally distinct intracellular scaVolds. Annu. Rev. Biochem. 74, 749–789.

Karabinos, A., Schunemann, J., Meyer,M., Aebi, U., andWeber, K. (2003). The single nuclear lamin of

Caenorhabditis elegans forms in vitro stable intermediate filaments and paracrystals with a reduced

axial periodicity. J. Mol. Biol. 325, 241–247.

Lee, K. K., Gruenbaum, Y., Spann, P., Liu, J., and Wilson, K. L. (2000). C. elegans nuclear envelope

proteins emerin, MAN1, lamin, and nucleoporins reveal unique timing of nuclear envelope break-

down during mitosis. Mol. Biol. Cell 11, 3089–3099.

Lee, K. K., Starr, D., Liu, J., Cohen, M., Han, M., Wilson, K., and Gruenbaum, Y. (2002). Lamin-

dependent localization of UNC-84, a protein required for nuclear migration in C. elegans. Mol. Biol.

Cell 13, 892–901.

Liu, J., Lee, K. K., Segura-Totten, M., Neufeld, E., Wilson, K. L., and Gruenbaum, Y. (2003). MAN1

and emerin have overlapping function(s) essential for chromosome segregation and cell division in

C. elegans. Proc. Natl. Acad. Sci. USA 100, 4598–4603.

Liu, J., Rolef-Ben Shahar, T., Riemer, D., Spann, P., Treinin, M., Weber, K., Fire, A., and

Gruenbaum, Y. (2000). Essential roles for Caenorhabditis elegans lamin gene in nuclear organization,

cell cycle progression, and spatial organization of nuclear pore complexes. Mol. Biol. Cell 11,

3937–3947.

Margalit, A., Segura-Totten, M., Gruenbaum, Y., andWilson, K. L. (2005). Barrier-to-autointegration

factor is required to segregate and enclose chromosomes within the nuclear envelope and assemble the

nuclear lamina. Proc. Natl. Acad. Sci. USA 102, 3290–3295.

Mattout, A., Dechat, T., Adam, S. A., Goldman, R. D., and Gruenbaum, Y. (2006). Nuclear lamins,

diseases and aging. Curr. Opin. Cell Biol. 18, 1–7.

Mattout-Drubezki, A., and Gruenbaum, Y. (2003). Dynamic interactions of nuclear lamina proteins

with chromatin and transcriptional machinery. Cell Mol. Life Sci. 60, 2053–2063.

Melcer, S., Gruenbaum, Y. and Krohne, G. (2007). Invertebrate lamins. Exp. Cell. Res. 10, 2157–2166.



21. Electron Microscopy of Lamin and the Nuclear Lamina 429
Muller-Reichert, T., Hohenberg, H., O’Toole, E. T., and McDonald,, K. (2003). Cryoimmobilization

and three-dimensional visualization of C. elegans ultrastructure. J. Microsc. 212, 71–80.

Schirmer, E. C., Florens, L., Guan, T., Yates, J. R., and Gerace, L. (2003). Nuclear membrane proteins

with potential disease links found by subtractive proteomics. Science 531, 1380–1382.

Stuurman, N., Heins, S., and Aebi, U. (1998). Nuclear lamins: Their structure, assembly, and interac-

tions. J. Struct. Biol. 122, 42–66.

Walther, P., and Ziegler, A. (2002). Freeze substitution of high-pressure frozen samples: The visibility of

biological membranes is improved when the substitution medium contains water. J. Microsc. 208,

3–10.

Worman, H. J., and Courvalin, J. C. (2005). Nuclear envelope, nuclear lamina, and inherited disease.

Int. Rev. Cytol. 246, 231–279.



CHAPTER 22
METHODS IN CELL BIOL
Copyright 2008, Elsevier Inc.
Visualization of Nuclear Organization by
Ultrastructural Cytochemistry

Marco Biggiogera*,† and Stanislav Fakan*
*Centre of Electron Microscopy
University of Lausanne
Bugnon 27
CH-1005 Lausanne
Switzerland

†
Laboratorio di Biologia Cellulare e Neurobiologia
Dipartimento di Biologia Animale
Università di Pavia
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I. Introduction

Ultrastructural cytochemistry has been, for more than four decades now, the

major tool in investigating the functional organization of the cell nucleus. While

diVerent methods of light microscopic analysis may oVer a faster approach and a

possibility of three-dimensional visualization, they often give rise to alteration of

cellular structure, as shown by subsequent examination by electron microscopy

(Solovei et al., 2002; Visser et al., 2000). Moreover, keeping in mind the relatively

low resolution of the confocal laser scanning microscopy, which under best

conditions can reach 220 nm in x/y directions (Stelzer, 1995), the light microscopic

data can often be approximate and will not answer fundamental questions regard-

ing nuclear topology when dealing with ‘‘closely’’ located nuclear domains.

Modern methods of ultrastructural cytochemistry usually provide a good struc-

tural preservation thanks to the stabilization of the ultrathin section by the

presence of a resin, while oVering a resolution about two orders of magnitude

superior to light microscopy. Furthermore, two additional points should be

stressed when findings regarding diVerent nuclear domains are interpreted based

solely on light microscopic observations. When an accumulation of a factor is

stated, possibly generating an idea of a new nuclear domain, such observation does

not represent a suYcient evidence about a real occurrence of a structural support

and it can only reflect an accumulation site of the factor. On the other hand, a

diVuse, apparently ‘‘structureless’’ signal can be supported by structural constitu-

ents which, however, are far below the resolving power of light microscopy.

High resolution features of the functional nuclear architecture have been

extensively described in recent review articles (Biggiogera and Pellicciari, 2000;

Fakan, 2004; Raska et al., 2006; Spector, 2003; Woodcock, 2006). We will,

therefore, mention details regarding diVerent nuclear structural domains only

in relation with the various cytochemical approaches we will deal with.

In this chapter, we will mainly pay attention to the application of diVerent
ultrastructural cytochemical methods that contributed in an important way to

our present understanding of the functional nuclear architecture. We are providing

the working protocol for some of them and specify pertinent references for those

where a detailed procedure has already been described elsewhere.
II. Cytochemical Contrasting Approaches

A major goal for EM cytochemistry has always been the possibility to detect a

single molecule or component within a biological structure in a cell in situ. Speci-

ficity is one of the basic concepts for cytochemistry: an ideal reaction should be

specific for a single reactive chemical group or for a single component. In practice,

it is especially important to know the specificity limits of a reaction. These limits

may be defined in terms of pretreatments (required for revelation or blockade of
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specific groups) within the range of temperature, incubation time or pH in which

the reaction takes place under optimal conditions. The final goal is to obtain

interpretable, reproducible and useful results.

In this section, a choice of methods for nucleic acid, nucleoprotein and protein

contrasting on thin sections is presented. Themain requirements for EM cytochem-

istry include reaction specificity and electron density of the end product as well as its

fineness in order to reach the highest possible resolution. However, diVerences
between molecules can be minor, at least from a cytochemical standpoint. Thus

for DNA and RNA, both nucleic acids may take a similar structural conformation

(ssDNA and dsRNA), the sugar diVering by an OH group, and thymine and uracyl

only by a methyl group.
A. DNA Staining with Osmium Ammine
A specific DNA staining for electron microscopy can be accomplished by a

Feulgen-type reaction. The incubation of thin sections with 5 N HCl engenders

pseudo-aldehyde groups on purines of DNA in the sample, which are subsequently

revealed by a SchiV-type, aldehyde-specific reagent. RNA, on the other hand, does

not give rise to aldehyde groups, but is depolymerized by HCl and may be

extracted from the sections (Biggiogera et al., 2001).

The reaction has been widely used for light microscopy since 1924, but the quest

for an electrondense SchiV-type reagent applicable in transmission electron mi-

croscopy has lasted for decades. A SchiV (or SchiV-type) reagent must fulfill several

requirements before being used to specifically detect aldehyde groups. These

requirements include the presence of at least one amino group, ‘‘activation’’ by

SO2 (Kasten, 1960) and electrondensity (Gautier, 1976). The reagent should not

give rise to staining if the preliminary, aldehyde-engendering treatment (acid

hydrolysis or periodic oxidation) is omitted. Moreover, no staining should be

obtained when the aldehyde groups are blocked prior to exposure to the reagent.

Many reagents have been proposed (see Gautier, 1976) before the synthesis of

OAC (Osmium Ammines Complex) by Cogliati and Gautier (1973). OAC is a

polyammine complex whose structure is still unclear. Its synthesis has always been

capricious until themodification of its synthesis procedure (Olins et al., 1989) which

has allowed for an easier way of obtaining the reagent, now commercially available.

Activation of the reagent has routinely been carried out by bubbling with SO2;

however, this can be accomplished also by adding SO2-generating chemicals like

for light microscopy (Vazquez-Nin et al., 1995). This preparation method has the

advantage of avoiding the use of gaseous SO2 for the activation of the compound,

thus rendering the technique readily available to laboratories for which could be

diYcult to store a gas bottle containing SO2.

The main advantages of this technique are its specificity after formaldehyde

fixation, and simplicity, since it involves just two steps. Activated osmium ammine

behaves like a SchiV-type reagent and the staining can be selectively and completely

abolished by aldehyde blocking compounds.
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Moreover, this reaction can be applied to tissue sections embedded in any kind

of resin and provides a good contrast (in particular on acrylate sections) and an

excellent resolution. The osmium ammine reaction can also be used after immu-

nolabeling (Fig. 1), since acid hydrolysis does not remove or displace gold grains

(Biggiogera et al., 2001).

The applications of this technique have been numerous. In terms of high

resolution, the distinct visualization of nucleosomal fibers in which DNA can be

seen to encircle an unstained core (Derenzini et al., 1983) and the detection of viral

particles (Puvion-Dutilleul, 1991) can be quoted. More recently, the localization of

condensed and loose chromatin in relationship to the interchromatin space has

been analyzed by combining OAC with immunocytochemical labeling of DNA

and of a histone-GFP fusion protein (Albiez et al., 2006).
1. Preparation of the Reagent (Vazquez-Nin et al., 1995)
For acrylic resin sections, dilute 10 mg of osmium ammine-B in 4.8 ml of bidis-

tilled water. After the complete dissolution of the reagent, add 0.2 ml of 5 N HCl

(to reach a final concentration of 0.2 N HCl), stir and finally add 190 mg of sodium

metabisulfite (Na2S2O5) to give a final concentration of 0.2 M Na2S2O5.

For epoxy resin sections, dilute 10 mg of osmium ammine-B in 2.5 ml of bidis-

tilled water and, after the dissolution of the reagent, add 2.5 ml of acetic acid (to
Fig. 1 HeLa cell stably expressing histone H2B-GFP fusion protein. LR White resin section

immunolabeled for GFP (small gold particles) and DNA (large gold particles) and stained with osmium

ammine. Both labels are predominantly localized on osmium ammine-stained areas reflecting chromatin

domains, while interchromatin space is virtually devoid of staining and immunocytochemical signal.

Courtesy of L. Vecchio. For more details, see Albiez et al., 2006. Bar represents 0.5 mm.
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give a final concentration of 8 N acetic acid), stir and add 38 mg of sodium

metabisulfite (40 mM final concentration).

The solutions are ready for use 30 min after dissolving the metabisulfite and can

be stored for several weeks in a tightly stoppered vial at room temperature.
2. Feulgen Reaction
Thin sections are collected on naked gold grids or on homemade plasticMarinozzi

rings for floating sections. Avoid copper or nickel grids which are attacked by acids.

The grids are floated onto freshly prepared 5 NHCl for 30 min at room temperature,

rinsed with distilled water and floated onto one of the above solutions for 60 min at

room temperature. They are then thoroughly rinsed with water and dried.
3. Blockade Reaction (Control)
After 30 min HCl hydrolysis, epon and acrylic sections are incubated on saturated

dimedone in 1% acetic acid for 60 min at 60 �C to block specifically the aldehyde

groups, rinsed with water and then stained with osmium ammine as above.
B. The EDTA Staining Method for Nuclear Nucleoproteins
Few cytochemical techniques for electron microscopy can boast a yield of results

comparable with the EDTA regressive staining. Since its introduction (Bernhard,

1969; Monneron and Bernhard, 1969) this simple method has been used in a large

number of studies dealing with the cell nucleus.

Although its mechanism has never been completely clarified, this staining is

based on the same principle of the diVerentiation as used in light microscopic

cytochemistry. The biological sample is fixed with aldehydes (without osmium

postfixation) and embedded in epoxy or acrylic resin. The thin sections are then

stained with uranyl acetate, treated with a solution of neutral EDTA and finally

stained with lead citrate. The first step allows uranyl ions to bind both to deoxyr-

ibonucleoproteins and RNPs. EDTA, being a chelating agent, is capable of more

easily removing uranyl from the sites on deoxyribonucleoproteins.

Lead then binds to the uranyl ions still present on RNPs and increases the

contrast.

The final result is a cell nucleus in which condensed chromatin is bleached and

RNP-containing structures are well contrasted. Among these, perichromatin fibrils

were first observed thanks to this technique, and perichromatin and interchroma-

tin granules could be studied in more detail. Other nuclear structures, such as

coiled (Cajal) bodies, interchromatin granule associated zones (IGAZ) or PML

bodies can also be observed.

The method is simple and can be applied to ultrathin resin sections or cryosec-

tions (Fig. 2). Another staining method derived from the EDTA technique can also

be applied to ultrathin frozen sections (Puvion and Bernhard, 1975).



Fig. 2 Ultrathin frozen section of an isolated rat hepatocyte labelled in culture for 2 min with
3H-uridine. The radioactive label was detected by high resolution autoradiography and the section

stained by the EDTA method. Silver grains indicating newly synthesized RNA are mainly localized on

the periphery of the condensed chromatin regions (light gray) and in the nucleolus. For more details, see

Fakan et al., 1976. Bar represents 1 mm.
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It is important to keep in mind that the technique is preferential, and not specific,

for nuclear RNPs. In the original paper it is stated that this method could be

considered as a reproducible tool only for nuclear RNP-containing structural

constituents. However, some RNP-containing structures, obviously of nuclear

origin, are EDTA positive also in the cytoplasm (Biggiogera et al., 1997).

There are only few exceptions to the eYcacy of the technique: isolated nuclei or

necrotic cells often fail to reveal bleached chromatin, and mature sperm heads are

never bleached. In these cases, however, chromatin is not in ‘‘normal’’ condition,

both for ions and associated proteins.

The EDTA technique must be adapted to the diVerent biological samples. The

delicate step is represented by the EDTA treatment; the results are influenced by

the incubation time and temperature. After a short incubation, chromatin is not

bleached, while with a too long incubation, all nuclear structures can loose con-

trast. Moreover, epoxy resin requires undiluted EDTA, while acrylic sections can

be treated with a 1:10 diluted solution. The diVerentiation time with EDTA

therefore needs a monitoring depending on diVerent factors, such as the cell

type, fixation, sort of resin, etc.

One of the most important results reported with this technique is the original

observation of perichromatin fibrils, together with the first description of the

ultrastructure of the coiled body, later renamed Cajal body (Monneron and

Bernhard, 1969). The studies on the localization of transcription sites have
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benefited from this technique (Cmarko et al., 1999; Fakan and Bernhard, 1971;

Fakan et al., 1976). More recently, it has allowed the distinction of RNP structures

from chromatin in apoptotic cells (Biggiogera et al., 1997).
C. Terbium Staining for RNA
The contrasting methods for RNA are less numerous than for DNA; in fact, the

structural diVerence between the two nucleic acids can be exploited in the case of a

Feulgen type reaction but not in the opposite sense. A useful technique represents

the use of terbium citrate (Biggiogera and Fakan, 1998).

Terbium (III) ions can bind guanosine monophosphate in RNA (Ringer et al.,

1980); in the citrate form (which must be synthesized in the laboratory) it can

selectively stain RNA in ultrathin sections and be subsequently observed at the

electron microscopic level. The end product, although weak in contrast, is very

fine and allows for high resolution visualization (Fig. 3A).

The staining can be abolished by a previous treatmentwithRNase or nuclease S1,

but not by DNase or pronase. Since staining is prevented by single stranded RNA

digestion, and Tb citrate does not react with ssDNA in adenovirus 5-infected HeLa

cells (Biggiogera and Fakan, 1998), terbium stains only ssRNA.

The technique can be applied to ultrathin sections of aldehyde-fixed and epoxy or

acrylate resin embedded samples, and is not influenced by the diVerent fixatives.Most

interestingly, terbium staining can also be performed after immunolabeling (Fig. 3B).

It must be noted that, for acrylic embedded tissues, the sections should be cut at

a white-silver interference color thickness, since acrylic resins confer a higher

inherent contrast to cell structures; reducing the section thickness is therefore a

simple way of increasing the signal-to-noise ratio.
1. Preparation of the Reagent
435 mg of terbium (III) nitrate pentahydrate are dissolved in 5 ml of double

distilled or ultrapure water to obtain a 0.2 M solution; then 5 ml of a 0.3 M

solution of tri-sodium citrate 2-hydrate are prepared. Under continuous stirring,

the terbium solution is added dropwise to the citrate and a white precipitate is

formed. Then 1 NNaOH is added dropwise until the solution becomes transparent

again and the precipitate is completely dissolved (this happens at pH 6.7–7.0). pH

is adjusted to 8.2–8.5 with 1 N NaOH. At pH lower than 8.0, a precipitate is

formed within 2–3 days. For this reason, the pH must be checked again after 24 h

and readjusted if necessary. The final solution of terbium citrate is stable for

several months at room temperature and can be kept in a plastic syringe fitted

with a 0.22 mm Millipore filter.
2. Staining Procedure for Epon Sections
� Incubate the grids on drops of a 0.5 M solution of sodium citrate brought to

pH 12 with 1 N NaOH (this solution is also very stable) for 1 h at room

temperature.



Fig. 3 (A) Mouse liver, glutaraldehyde fixation, LR White embedding and staining with terbium

citrate. The RNA present within interchromatin granules (large arrow), perichromatin fibrils (small

arrows), perichromatin granules (arrowhead) and the nucleolus (N) is contrasted, while chromatin

remains unstained. Bar represents 1 mm. (B) Section from HeLa cell nucleus, paraformaldehyde-fixed

and LRWhite embedded. The micrograph shows a cluster of interchromatin granules. Terbium staining

is combined with immunolabeling for the interchromatin granule marker protein PANA (large grains)

and the cleavage factor CFIm (small particles). Bar represents 0.5 mm.
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� Blot rapidly the grid with filter paper to remove the excess of the solution.

� Stain on terbium citrate for 1 h at room temperature.

� Rinse with distilled water for 15–30 s, blot and dry.
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3. Staining Procedure for Acrylic Sections
� Stain on terbium citrate diluted 1:5 with distilled water for 1 h at 37 �C.
� Blot rapidly the grid with filter paper to remove the excess of the solution.

� Put the grid on a large drop of water for 10–15 s.

� Blot and dry.
4. Controls
The following control reactions can be carried out on paraformaldehyde-fixed,

acrylate-embedded tissues:

� 0.1% RNase A in triethanolamine buVer (pH 7.0) for 5 h at 37 �C;
� 0.1% DNase I in phosphate buVer containing 2 mM MgCl2, for 5 h at 37 �C.
� Nuclease S1 from Aspergillus oryzae, specific for single stranded nucleic acids,

at the concentration of 100 units/ml in acetate buVer (pH 4.5), containing

50 mM NaCl and 3 mM ZnCl2, for 5 h at 37 �C.
� 0.1% Pronase in water for 15–30 min at room temperature.

The grids are then stained with terbium citrate as above.
D. Bismuth Staining for Proteins
The method, originally developed by Locke and Huie (1977) and modified by

Wassef (1979), represents a tunable technique for staining proteins at the EM level.

Bi3þ can react with amine, amidine and phosphate groups, but the results are

dependent on the type of fixative utilized.

After formaldehyde fixation, nonesterified phosphate groups of proteins (but

not phosphate groups linked to nucleic acids) and free amino groups are available

to bismuth. Bismuth staining thus reveals nucleoli and reacts with histones and

protamines.

When a glutaraldehyde fixation is carried out, –NH2 groups are blocked by the

fixative and only phosphates can react. In this way, a selective stain of several

nuclear structures can be obtained. Perichromatin and interchromatin granules,

coiled (Cajal) bodies and the dense fibrillar component of the nucleolus are stained.

On the other hand, condensed chromatin, ribosomes and preribosomal particles in

the nucleolar granular component are not stained.

Originally used as an en bloc method, alkaline bismuth can be successfully used

on acrylate thin sections. The detailed technique is described by Wassef (1979)

and Moyne (1980).

The contrast obtained is medium, but the staining provides a high resolution.

The staining can be prevented by proteinase K treatment and may also be used

after immunolabeling (Puvion-Dutilleul, 1991).
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E. Ag-NOR-Staining for Nucleoli
Silver staining of proteins can be accomplished by a variety of pre- and post-

embedding methods. It has essentially been used for visualizing argentophilic

proteins in the nucleolus. In this chapter, we will refer to the modification proposed

by Moreno et al., 1985), representing a simple and reproducible procedure applied

directly to ultrathins sections. Silver salts can be reduced to metallic silver by

diVerent chemical groups such as PO4, –SH and –CHO. When the reaction is

carried out in the right, controlled conditions (in order to exclude the influence of

light, temperature, pH variations) the silver grains can be easily visualized mainly

at the nucleolar level. In particular, silver deposits are found on the fibrillar centers

and on the dense fibrillar component, while the granular component remains

practically devoid of silver precipitates (Fig. 4).

The silver staining of nucleoli has been considered strictly related to the cell

proliferation activity also in terms of marker of malignancy (Derenzini et al.,

1990a), and by the end of the 1980s several papers have correlated the staining of

isolated proteins with their EM localization and function (Biggiogera et al., 1990;

Lischwe et al., 1979). Nucleolin and B23 protein seem to be the major respon-

sible for the staining; however, the distribution of silver grains did not overlap

completely with the EM immunolabeling (Biggiogera et al., 1989); it has since been

proposed that another protein, p135 (Vandelaer et al., 1999) might be the real

responsible of the staining.

Interestingly, the silver staining obtained on thin sections from Lowicryl or LR

White embedded material can be ‘‘erased’’ by floating the grid on a solution of
Fig. 4 A section of a P815 cultured cell fixed with glutaraldehyde and embedded in Lowicryl K4M

resin. The section was stained with the AgNORmethod (Moreno et al., 1985). The silver deposit mostly

occurs in the fibrillar components of the nucleolus i.e. the dense fibrillar component and the fibrillar

centers. Bar represents 1 mm.
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Exargent (Tetenal) diluted 1:10 in water. The time of incubation is dependent

on the amount of silver.

Finally, silver stained sections can also be further submitted to DNA staining

with osmium ammine (Derenzini et al., 1990b).
III. High Resolution Autoradiography

High resolution autoradiography (EM-ARG) has been used for many years to

investigate the intracellular distribution of nucleic acids, proteins, sugars and other

compounds. The introduction of halogenated precursors of nucleic acids combined

with immunogold detection of the halogen-containing epitopes enabled one to

replace radioactive, mostly tritiated precursors of DNA andRNA inmany types of

experiments. It oVered, at the same time, a better resolution compared toEM-ARG,

where this is essentially determined by the diameter of silver halide crystals in

autoradiographic emulsion and by the thickness of the specimen. Nevertheless, it

still remains a valuable tool, for instance in ultrastructural studies of RNA kinetics,

as a frequent occurrence of Br-uridine along a newly synthesized RNA molecule

can apparently interfere with normal RNA-processing (Wansink et al., 1994).

EM-ARG application protocols have been extensively described in a number of

previous publications (e.g. Fakan and Fakan, 1987; Granboulan, 1965, Salpeter

and Bachmann, 1965). It can be combined with diVerent cytochemical techniques

used for investigating the nuclear architecture, such as the EDTA regressive

staining (Fakan and Bernhard, 1971), the terminal deoxynucleotidenyl transferase

DNA detection (Fakan and Modak, 1973) or in situ hybridization (Morel, 1993).

It has been applied on both resin sections or ultrathin cryosections (e.g. Fakan

et al., 1976; Fig. 2). EM-ARG oVers a possibility to quantitatively evaluate the

density of labeling and the statistical significance of the data, taking into account

basic parameters inherent to this methodological approach (e.g. Moyne, 1977).
IV. Immunocytochemistry

Since the end of the 1970s, immunocytochemistry has very rapidly taken over

the techniques of protein cytochemistry. Nowadays it is possible to find an anti-

body for any given protein or, if not, it is not diYcult to produce a probe ex novo.

The success obtained by this technique is directly related to its easiness of use,

provided that a few requirements are fulfilled.

Immunocytochemical reactions can be carried out following either a preembed-

ding or a postembedding technique. The former method is preferred when the

antigen can be altered or damaged by procedures other than fixation, such as

dehydration or resin embedding and curing. In this method, the cells are blandly

fixed, permeabilized by adding a detergent and incubated with the primary anti-

body. The secondary antibody is then used together with e.g. the peroxidase–anti
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peroxidase DAB-osmium system. The result is an electron dense and easily detect-

able deposit which localizes where the antigen should be. One of the first examples

of this technique applied to the cell nucleus is the work of Spector et al. (1983)

describing the localization of snRNPs. More rarely, the secondary probe is labeled

with colloidal gold. Among the potential disadvantages of preembedding methods

there is the possibility that either the antigen or the complex might be displaced due

to the treatment with detergents. Moreover, the biological sample submitted to this

technique is committed to be used for the localization of a single antigen solely.

In contrast, postembedding techniques allow one to localize more that one

antigen on the same ultrathin sections or, alternatively, to use diVerent sections
from the same block with a battery of antibodies and are presently the most

frequently used. Although a good result can be obtained also on epoxy sections,

especially after etching of the surface (Bendayan and Puvion, 1984), acrylic resins

(in particular Lowicryl K4M and LR White) (Fig. 5) or cryosections oVer the best
yield of labeling (e.g. Fakan et al., 1984).This is at least partially due to irregula-

rities of the surface which exposes more epitopes than in epoxy sections. The latter

resins, in fact, bind covalently to the tissue, and the sectioning results in a real

cutting making the surface smooth.

A number of papers and books have been devoted to EM immunomethods, and

the protocols are easily available. These describe the use of secondary antibody or
Fig. 5 Section of a mouse liver cell, embedded in Lowicryl K4M. Sm antigen of snRNPs was detected

by an autoimmune antibody visualized with protein A-colloidal gold complex. The signal is mainly

associated with a Cajal (coiled) body (arrowhead) and perichromatin fibrils (some indicated by arrows)

in the nucleoplasm. For more details, see Fakan et al. (1984). Bar represents 0.5 mm.
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protein A or protein G complexes with colloidal gold (e.g. Bendayan, 1995).

Nevertheless, we would like to underline some caveat when applying immunotech-

niques in the studies of the cell nucleus. Background (or unspecific) labeling should

always be kept to a minimum and, in this sense, condensed chromatin represents a

good internal control. The high local concentration of DNA and proteins can

attract immunoglobulins. When labeling a nuclear component (with the obvious

exception of DNA and histones) condensed chromatin represents a suitable nega-

tive internal control. The second possible source of background is the nucleolus,

where proteins and nucleic acids are highly packed. Background can be reduced by

modifying pH (toward alkalinity), incubation temperature or adding surface

charge saturating agents (skimmed milk, glycin).
V. Molecular in situ Hybridization

When a specific nucleic acid sequence has to be localized in a cell in situ, one must

use methods of molecular in situ hybridization (ISH). First developed at the level of

light microscopy (Gall and Pardue, 1969), it has later been adapted for the applica-

tion to electron microscopic specimens. It is based on the formation of hybrids by

virtue of base pairing between a target nucleic acid sequence occurring in the

specimen and complementary bases of an oligo- or polynucleotide probe. This

can be applied either in a form of DNA or RNA, essentially following the nature

of the target. The probe is labeled either by a radioactive isotope detectable by using

high resolution autoradiography or with a marker molecule (e.g. biotin or digox-

igenin), which can typically be detected by specific antibodies and immunoelectron

microscopy. The latter has become widely used in most protocols, thanks especially

to a better detection resolution and the possibility to avoid work with radioactive

material. Two procedures have been proposed. In a preembedding mode, the whole

hybridization and revealing reaction take place in the specimen following a usually

mild fixation and finally the specimen is dehydrated and embedded into a resin.

Since this method requires permeabilization of the cells and, consequently, leads to

a degradation of cellular structure, diVerent techniques have been developed

allowing one to hybridize the probe directly to the nucleic acid sequences exposed

on the surface of ultrathin resin sections or cryosections. The use of resin sections,

although giving rise to a lower hybridization yield limited by the number of

available target sites exposed on the surface of the section, oVers a better protection
for the specimen, especially when rather harsh conditions must be used before and

during the hybridization reaction. When antisense-RNA probes are applied for

identifying RNA in the section (Fig. 6), this can be done under most favorable

conditions usually oVering a suYciently good signal (e.g. Cmarko et al., 2002,

Fig. 6). When detecting RNA using DNA probes, the specimen is also not sub-

mitted to a prior denaturation (Vazquez-Nin et al., 2003). DiVerent variants of

nonradioactive ISH protocols have been described and extensively reviewed

(e.g. Puvion-Dutilleul and Puvion, 1996).



Fig. 6 A section of an HIV-1 transfected COS cell embedded into LR Lowicryl K4M. Viral RNA

detected by in situ hybridization with a digoxigenin-labelled antisense RNA probe revealed

with colloidal gold particles is associated with ribonucleoprotein-containing fibrils (some indicated by

arrowheads) occurring in the nucleoplasm. Micrograph courtesy of D. Cmarko. For more details see

Cmarko et al., 2002. Bar represents 0.5 mm.
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VI. Identification of Nucleic Acids by Means of
Enzymatic Reactions

Besides methods involving contrasting agents, EM cytochemistry can also be

carried out by means of enzyme-related techniques. In this section, two methods

are presented, involving the use of specific enzymes and a subsequent localization

with gold-conjugated secondary probes.
A. TdT Reaction
The terminal deoxynucletidyl transferase (TdT) is based on the original tech-

nique by Fakan andModak (1973) which utilized this particular DNA polymerase

to add deoxyribonucleotide triphosphates to the 30-end of either ds- or ssDNA on

thin sections.

The rationale is based on the fact that, during the sectioning process, DNA ends

are present at the surface of the sections, and can be recognized by exogenous TdT

which will subsequently add tritiated dATP. The sections will then be submitted to

autoradiography.

This methods has been modified by Thiry (1992) with the use of nonisotopic

labeled nucleotide analogues such as BudR or biotinylated dUTP or dCTP.

The incorporated analogue is then revealed by an immunogold procedure.
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The advantages of this version of the technique include a better resolution and a

shorter procedure in comparison with EM-ARG.
B. PnT Reaction
In 1993, Thiry proposed a new technique for RNA detection based on the use of

polyadenylate nucleotidyl transferase (PnT). PnT from Escherichia coli can

catalyze the addition of 50-adenosine monophosphate to the 30-end of ssRNA.

The reaction is commonly used for in vitro labeling of RNA.

The technique consists in incubating the grids with the thin sections on a

solution containing PnT and biotinyl-17-ATP for 5 min at 37 �C; the step is

followed by the immunocytochemical reaction with an anti-biotin antibody

(amplification of the signal) and a final secondary antibody conjugated with gold

(Fig. 7) (Thiry, 1993).

The method is compatible with diVerent fixatives and embedding media,

although glutaraldehyde fixation and epon embedding give the best results.

In comparison with other labeling methods for RNA, PnT oVers a higher

resolution than autoradiography, in addition to being easier to be carried out.

Moreover, when considering anti-RNA antibodies, the problem of masking or

conformational alteration of the antigenic determinants can be avoided.
Fig. 7 Section of a HeLa cell labelled by the PnT method visualizing a general distribution pattern of

RNA. N, nucleolus. Courtesy of M. Thiry. For more details, see Thiry, 1993. Bar represents 0.5 mm.
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VII. Targeting of Intranuclear Substrates using Enzyme-Colloidal
Gold Complexes

The fact that hydrolytic enzymes are able to recognize their substrate molecules

in fixed and resin embedded cells oVer the possibility to use them as probes for

visualizing diVerent nuclear structural constituents. Nucleases were especially used

for this purpose. Bendayan (1982) carried out pioneering work in preparing DNase

and RNase-gold complexes and evaluating their eYciency under conditions of

diVerent fixation and embedding procedures. He was able to show that, while

RNase oVers reliable and reproducible detection of RNA after using diVerent
preparation protocols, DNase-gold complex is much more sensitive to the speci-

men preparative conditions and gives rise to reproducible results, especially when

glycol methacrylate-embedded samples are used.

In addition, other enzymes proved to be useful in this kind of approach; thus

Fraschini et al. (1999) were able to analyze phospholipase A2 and its association

with diVerent nuclear domains.

VIII. Concluding Remarks

Ultrastructural cytochemistry represents a powerful tool in the analysis of the

functional architecture of the cell nucleus. The possibility of combining diVerent
approaches oVers the opportunity to follow dynamic processes and to determine,

at the same time, the chemical nature of the structural constituents. Although

reaching only two-dimensional imaging, the high resolution of electron microscop-

ic methods makes them invaluable complement to any type of light microscopic

visualization. This is especially important when one carries out parallel analysis by

in vivo light microscopy where the same cell, first recorded by fluorescence micros-

copy using vital fluorochromes, can then be analyzed by methods of electron

microscopic cytochemistry. This new approach avoids harsh treatments and

artefacts occurring during diVerent light microscopic labeling protocols and

opens certainly a new avenue in cell biology. The diversity of electron microscopic

preparative procedures, extending from good chemical fixation to cryofixation and

cryopreparative techniques, oVers to the microscopist a plethora of methodologi-

cal approaches, without which light microscopic observations often remain only

indicative.
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Abstract

Scanning electron microscopic analysis is an indispensable tool for high-

resolution visualization of chromosomes and their ultrastructural details. It allows

a three-dimensional structural approach for elucidating higher-order chromatin

structure and chromosome architecture. Artificial decondensation under a variety

of conditions shows that structural elements of chromosomes are composed of

matrix fibers and chromomeres. Currently, chromosome labeling methods include

DNA contrasting with platinum blue, silver contrasting of proteins, and immuno-

labeling with NanogoldÒ. With these techniques, DNA and protein distribution

can be determined, and functionally relevant elements (e.g., epigenetic modifica-

tions, specific proteins, DNA sequences) can be located to structural elements of

chromosomes with, at present, local resolution of �30 nm.
I. Introduction
A. History
Mitotic chromosomes in plant cells were described in impressive structural detail

as early as 1888 by Strasburger (1888), while the basic function of chromosomes

was postulated (Boveri, 1902; Sutton, 1902). Much later, the elucidation of the

structure of DNA (Watson and Crick, 1953) initiated a molecular focus to chro-

matin structural studies, as a result of which the the 10 nm elementary fiber

(Thoma et al., 1979), the 30 nm solenoid (Finch and Klug, 1976), and further

resolution of the structure of the nucleosome (Arents et al., 1991) has been

described. To date, although several models exist, beyond the solenoid there is

no ruling consensus on the higher-order structure of chromatin, leaving marked

compaction factors that must be achieved during condensation in mitosis and

meiosis essentially unexplained. The establishment of high-resolution scanning

electron microscopy (SEM) in the field of Biology in the 1980s was finally the

breakthrough for auspicious three-dimensional investigation of chromosomes

(e.g., Allen et al., 1986; Harrison et al., 1982; Sumner and Ross, 1989).
V. Chromosome Analysis in SEM
A. Metal Impregnation of Chromosomes
B. Specific Staining of DNA in Chromosomes with Platinum Blue
C. Staining of Protein in Chromosomes
D. Controlled Decondensation of Chromosomes
E. Immunogold Labeling of Chromosomal Proteins and ISH

VI. Outlook
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B. Where do We Find Mitotic Metaphase Chromosomes in Plants and Animals?
Mitotic metaphase chromosomes are preferentially isolated from dividing cells.

Animal chromosomes are typically isolated from cultured lymphocytes. Mitotic

plant chromosomes can be found in all meristems, particularly in the apex or root

tips (Fig. 1A). Root tips are the most suitable for chromosome isolation, as they

regenerate rapidly and can be harvested easily from plants or germinating seeds.

To increase the mitotic index, both plant and animal cells can be synchronized

(accumulating nucleii at the terminal phase of replication) and subsequently

arrested by hindering spindle apparatus formation. During mitosis, the nuclear

membrane dissociates, so that cytoplasm and nuclear contents comingle, leaving

the plasma membrane and the cell wall (in plants) as barriers to chromosome

isolation.
10 μm

A

1 μm

B

Fig. 1 Light micrograph (A) of a semi-thin section of onion root tip meristem (stained with toluidin

blue) and a transmission electron micrograph (B) of an ultrathin section of a mitotic cell in barley

(stained with osmium/uranyl acetate/lead citrate). Although chromosomes can be seen in all mitotic

stages, light microscopic imaging is limited by optical resolution and section thickness (500–700 nm)

(A). In spite of high resolution in TEM, three-dimensional information of chromosomes is lost, and it is

diYcult to interpret whether their contrast derives from protein and/or DNA (B).
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Approaches to visualizing chromosomes have changed with the development of

microscopic techniques. Electron microscopy allows investigation of chromosome

subunits with >100-fold higher resolution compared to light microscopy. In con-

ventional transmission electron microscopy (TEM) of specimens (fixed with glu-

taraldehyde/osmium; post-stained with lead citrate and uranyl acetate), it is

diYcult to distinguish between DNA and protein (Fig. 1B). This is especially

true when structural elements like solenoids (30 nm) are superimposed due to

section thickness (50–70 nm). Stereoimaging with high-voltage TEM (1000 kV)

was successfully applied to chromosomes, but is limited by the thickness of sections

(max. 1 mm, Ris and Witt, 1981). SEM allows visualization of chromosomes in

their structural entirety, and is especially appropriate for investigation of isolated

chromosomes. Three-dimensional visualization of diVerent modes of chromatin

condensation allows investigation of higher-order structure of chromatin and

processes required for mitosis and meiosis. With labeling techniques, various

kinds of signals can be correlated to chromosome substructures. Two signals are

routinely used in SEM: detection of secondary electrons (SE) shows topography

and ultrastructural details at high resolution, and detection of backscattered

electrons (BSE) allows in-depth visualization of markers.
II. Materials and Methods
A. Fixation of Plant Material
Barley or rye seeds are germinated on moist filter paper. Root tip cells are

synchronized by 18 h incubation in hydroxy urea (1.25 mM), incubated 4 h in

water, and arrested in amiprophosmethyl (0.2 mM; 4 h). After washing, root tips

are dissected, incubated overnight in water at 0 �C, fixed in 3:1 (v/v) ethanol:acetic

acid, and stored at �20 �C. For chromosome isolation, fixed root tips are washed

in distilled water for 30 min prior to dissection of the meristematic tips and

maceration in 2.5% pectolyase and 2.5% cellulase (w/v in 75 mM KCl, 7.5 mM

EDTA) 1 h at 30 �C. The mixture is filtered through 100 mm gauze, hypotonically

treated for 5 min in 75 mM KCl, washed by low-speed centrifugation in 3:1

ethanol/acetic acid fixative and stored at �20 �C.
B. Drop/Cryo Technique
Cell suspensions are dropped onto cold laser-marked slides (Laser Marking,

Fischen, Germany). Just prior to fixative evaporation, 20 ml 45% acetic acid is

applied, the specimens are covered with a cover slip, and frozen upside-down on

dry ice for 15 min. The cover slip is pried oV, and specimens immediately trans-

fered into fixative (2.5% glutaraldehyde, 75 mM cacodylate buVer, 2 mM MgCl2,

pH 7.0). For details see Martin et al. (1994).
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C. Formaldehyde Fixation
Root tips are fixed (2% formaldehyde in 10 mMTris, 10 mMNa2EDTA, 100 mM

NaCl), mechanically dispersed (PolytronÒ 5 mm mixer, Kinematica, Switzerland)

in isolation buVer (15 mM Tris, 2 mM Na2EDTA, 0.5 mM Spermin, 80 mM KCl,

20 mMNaCl, 15 mMMercaptoethanol, 1% Triton-X-100) and spun (‘‘swing out’’-

centrifugation) onto laser marked slides. For details see Schubert et al. (1993).
D. DNA and Protein Staining
For DNA staining, chromosomes are stained for 30 min at room temperature

with platinum blue ([CH3CN]2Pt oligomer, 10 mM, pH 7.2), washed with distilled

water, and then with 100% acetone prior to critical point drying. For silver

staining, chromosomes are stained with 20% aqueous silver nitrate solution or

with an aqueous solution of colloidal silver containing 0.1 M elementary silver at

pH 8. For details see Wanner and Formanek (1995, 2000).
E. DNaseI Treatment
Glutaraldehyde-fixed chromosomes are washed in distilled water, incubated in

aqueous solutions of DNase-I (10–100 mg/ml) at 37 �C for 30 min. For any enzy-

matic treatment it is beneficial to block free aldehydes on fixed chromosomes with

a glycine solution (1%) to ensure optimal enzymatic activity.
F. Controlled Decondensation with Proteinase K
Glutaraldehyde-fixed chromosomes are washed in distilled water, blocked with

1% glycine solution, incubated with proteinase K (1 mg/ml, ICN Biochemicals) for

2 h at 37 �C, and washed in distilled water. For details see Wanner and Formanek

(2000).
G. Immunogold Labeling for SEM
Fixed chromosomes are incubated for 1 h with the rabbit anti-serine 10 phos-

phorylated histone H3 (diluted in blocking solution 1:250; Upstate Biotech-

nologies, USA) and for 1 h with anti-rabbit NanogoldÒ Fab’-fragments (diluted

in blocking solution 1:20; Nanoprobes, USA). Specimens are washed (PBSþ 0.1%

Tween) and post-fixed with 2.5% glutaraldehyde in PBS and subsequently silver

enhanced (HQ Silver, Nanoprobes, USA) according to the manufacturer’s instruc-

tions. For details see Schroeder-Reiter et al. (2003).
H. In Situ Hybridization
45SrDNA was labeled by nick translation with biotin-16-dUTP, and for in situ

hybridization (ISH), 20-ng probe is applied per slide. Conventional ISH procedure

has been shortened: enzymatic (pepsin, RNase) treatment and intermediate
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air-drying and dehydration steps are omittted. For immunodetection, AlexaFluorÒ

488-FluoroNanogoldÔ-Streptavidin (diluted 1:100, Nanoprobes, NY, USA) is ap-

plied for 1 h, after which specimens are washed and silver enhanced (see earlier). For

details see Schroeder-Reiter et al. (2006).
I. Dehydration, Critical Point Drying and Mounting for SEM
Specimens are washed in distilled water, dehydrated in 100% acetone and critical

point dried from CO2. Slides are mounted onto stubs and either sputter-coated

(3–5 nm with Pt) or carbon-coated by evaporation. Specimens are examined at

various accelerating voltages with an Hitachi S-4100 field emission scanning

electron microscope equipped with a YAG-type BSE detector (Autrata). For

BSE detection acceleration voltages from 15 to 30 kV are used. Secondary electron

(SE) and BSE images are recorded simultaneously with DigiscanÔ hardware

(Gatan, USA).

III. Chromosome Preparation
A. Isolation of Chromosomes
The establishment of the ‘‘drop technique’’ by Ambros et al. (1986) was a major

advancement for chromosome isolation. Critical for chromosome spreading is the

volatility of the fixative (3:1 methanol/acetic acid) and adhesive forces to the glass

slide during fixative evaporation and air drying. However, the air drying step results

in a thin artificial surface layer of only a few nanometers in thickness which

completely obscures all ultrastructural details of chromsomes (Allen et al., 1988;

Sumner, 1991).We speculate that this layer results from esterification of ethanol and

acetic acid. In addition, air drying frequently leads to a flattening of chromosomes

due to capillary forces that prevents three-dimensional structural investigation.
B. Drop/Cryo Technique
A breakthrough for SEM investigation of chromosomes was the modification of

the drop technique by addition of a freezing step and omission of all air-drying.

This ‘‘drop/cryo’’ technique was established for plants in 1994 by Martin et al.

Fixation with ethanol/acetic acid remains critical for this technique. Ideally, indi-

vidual chromosomes are distinguishable from each other but lay recognizably in

their orignial chromosome complements. Under favorable conditions, all stages of

condensation and decondensation of mitosis can be observed with SEM (Fig. 2).

Although the drop/cryo technique is applicable to all plants tested so far, the

quality of chromosome spreading and the amount of nucleoplasmic residue

depends on the plant species and the degree of chromatin condensation.

A significant factor for chromosome spreading seems to be chromosome size.

Chromosomes within the range of 5–10 mm spread well; very small or very

large chromosomes (e.g., Arabidopsis with length of 1–3 mm, or Trillium with a
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Fig. 2 Mitotic cycle of rye (Secale cereale) in SEM. Chromatin in interphase (A) shows a compact

fibrillar network. In prophase (B) individual chromosomes become visible. In late prophase

(C) chromosomes condense typically into a S-like conformation. In prometaphase (D) primary and

secondary constrictions become visible. In late metaphase (E) chromosomes are highly condensed, and

separation of chromatids becomes apparent; primary and secondary constrictions are clearly visible.

In anaphase (F) chromosomes are bundled at the centromeres. In late telophase (G) chromosome arms

start to decondense. During transition to interphase (H) individual chromosomes are no longer

discernible. In interphase (I) several compact regions, presumably heterochromatin, can be recognized.

(Zoller et al., 2004a; reproduced by permission of S. Karger AG, Basel).
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length of 20 mm) tend to cluster or overlap.All parameters for this techniquemust be

optimized for diVerent species. The drop/cryo technique can also be applied to

animal cells, but, with only few exceptions, animal chromosomes exhibit significant-

ly more residual nucleoplasm than plants. We assume that this is due to a diVerent
protein compostion and/or concentration of animal nucleoplasm.
C. Formaldehyde-Fixed Chromosomes
As an alternative to 3:1 alcohol/acetic acid fixation, chromosomes can be

isolated from formaldehyde-fixed root tips by mechanical dispersion of tissues

and cells and low-speed centrifugation onto glass slides. A disadvantage is,
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however, that chromosomes can only be investigated individually rather than

within their chromosome complements and that chromosome morphology can

be slightly distorted, obviously due to centrifugal force. This isolation method

provides a method for investigation of ethanol/acid-sensitive structures and/or

antigens.
IV. Chromosome Structure in SEM
A. Ultrastructure of Mitotic Plant Chromosomes
Investigations with diVerent techniques and of a variety of organisms have

shown that basic chromosome substructures are universal. Throughout all stages

of the cell cyle chromosomes are composed of fibrous structures that vary in

diameter and orientation. The predominant fibers observed have a diameter of

approximately 30 nm (Martin et al., 1996). Some of these fibers are ‘‘bunched,’’

forming chromomeres with diameters ranging from 200 to 400 nm (Fig. 3A). The

surface topography of chromosomes observed in SEM could be confirmed with

scanning force microscopy (SFM) of hydrated chromosomes (Schaper et al., 2000).
C

100 nm

100 nm 100 nm

Fig. 3 Scanning electron micrograph of plant chromosomes in metaphase (A; barley), early prome-

taphase (B; barley) and prometaphase (C; rye) isolated with the drop/cryo technique. In metaphase the

chromatids exhibit numerous chromomeres (A; circle) and begin to separate. The centromere (A, arrow)

is characterized by exposed parallel fibers. Parallel fibers (B/C; arrows) and chromomeres of diVerent

sizes (B/C; circles) are seen in all stages of condensation. (C from Zoller et al., 2004a; reproduced by

permission of S. Karger AG, Basel)
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During condensation from prophase to prometaphase, chromomeres are inter-

spersed with longitudinally oriented fibers, which are defined as parallel matrix

fibers (Fig. 3B and C; Wanner and Formanek, 2000). At metaphase chromo-

somes show two characteristic features: coherent, more or less cylindrical sister

chromatids which appear ‘‘knobby’’ at low magnifications due to tightly packed

chromomeres, and a centromeric region seen as a constriction characterized

mainly by parallel fibers (Fig. 3A). These fibers are particularly exposed in chro-

mosomes isolated from arrested cells; in nonarrested metaphase chromosomes the

parallel fiber region in the centromere is less exposed. Arresting by disruption of

spindle formation seems to influence chromosome morphology: in general it

causes (artificial) shortening and, consequently, compaction of the chromosomes

in addition to extremely pronounced primary and secondary constrictions. Sec-

ondary constrictions, generally the structural manifestation of nucleolus organiz-

ing regions (NORs), are also characterized by parallel matrix fibers. In the case of

the genus Luzula (rush, family Juncaceae) which has holocentric chromosomes,

SEM investigations confirmed their lack of centromeric constriction, and revealed

parallel fibers interspersed with chromomeres along the entire chromosome.
B. Where do Spindle Fibers Attach?
Visualization of a characteristic spindle attachment site, or kinetochore, is in

principle problematic since cold treatment and arrestation of root tips prevents

formation of microtubules. In nonarrested metaphase chromosomes, however, a

minor fraction of chromosomes show an additional structure, which may be

extrachromosomal elements of the kinetochore. Nonarrested chromosomes fixed

with formaldehyde tend to exhibit bundles of filamentous structures attached

predominantly in the pericentric region of both chromatids (Fig. 4).
Fig. 4 Scanning electron micrograph of a nonarrested barley metaphase chromosome fixed with

formaldehyde and spread by centrifugation. At the centromere fibrillar bundles are visible which are

interpreted as parts of the kinetochore and the spindle apparatus.
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C. Chromosome Condensation and Decondensation During Mitosis: Dynamic Matrix Model
According to structural data from SEM investigations, the ‘‘Dynamic Matrix

Model’’ has been postulated, explaining chromosome condensation and the higher

order of chromatin (Wanner and Formanek, 2000). Condensation of barley and rye

chromosomes in mitosis starts in the centromeric region and then continues toward

the telomeres (Martin et al., 1996; Zoller et al., 2004a). From prophase to prometa-

phase, solenoids (30 nm) form chromomeres which are interspersed with parallel

matrix fibers (Fig. 5). The number of chromomeres increases with further condensa-

tion. At maximum condensation—and typically for arrested chromosomes—chro-

momeres are tightly compacted and parallel fibers are exposed at the centromere.

The basis for chromosome condensation is an antiparallel movement of the matrix

fibers, an energy-dependent process which is limited sterically in binding sites, and

which is counteracted by elastic tension (potential energy) in the condensed chro-

momeres. Under normal conditions these two forces reach an equilibrium, which

can be shifted depending on preparative treatment (such as interruption of spindle

apparatus formation by ‘‘arresting’’). In telophase constrictions disappear and

decondensation starts at the telomeres by successive separating and loosening of

chromomeres. Matrix fibers can still be observed, but are no longer in parallel

arrangement. In physical terms, decondensation of chromosomes could be described

as a release of potential energy in the chromomeres and matrix fibers.
D. Meiosis
SEM has been implemented for high resolution imaging of chromatin organiza-

tion in meiosis I and II of rye (Secale cereale) (Fig. 6). Although the basic structural

elements (30 nm fibers, chromomeres) are observed, in general the chromosome

surface structure during meiosis is smoother than during mitosis (Zoller et al., 2004a,

b). There are several indications in SEM of how recombination manifests itself

structurally. Chromatin interconnecting threads are typically observed in prophase

I between homologous and nonhomologous chromosomes. In zygotene, chromatid

strands between homologous counterparts are observed (Fig. 7A and B). In pachy-

tene segments of synapsed and nonsynapsed homologs alternate (Zoller et al.,

2004b). At synapsed regions pairing is so intimate that homologous chromosomes

form a filament-like structural entity. Chiasmata are characterized by chromatid

strands that cross fromone homolog to its counterpart. Bivalents are characteristical-

ly fused at their telomeric regions. In metaphase I and II, primary and secondary

constrictions are not observed (Zoller et al., 2004a).

V. Chromosome Analysis in SEM
A. Metal Impregnation of Chromosomes
Most biological specimens are electrical insulators. To increase specimen con-

ductivity in order to avoid charging eVects, specimens with an elaborate surface

topography must be coated by metals to a thickness that does not obscure fine



Fig. 5 Illustration of the dynamic matrix model for chromatin condensation. DNA assembles with histone octamers to form nucleosomes and elementary

fibrils which wind up to solenoids. Solenoids attach to matrix fibers by matrix fiber binding proteins. Dynamic matrix fibers move in an antiparallel fashion

(arrows), possibly assisted by linker proteins. As condensation progresses, chromomeres are formed by loop stabilizing proteins, and the chromosomes

become shorter and thicker as more chromomeres are formed. This causes, for sterical reasons, a tension vertical to the axial direction which forces the

chromatids apart. (Wanner et al., 2005; reproduced by permission of S. Karger AG, Basel)



Fig. 6 SEM micrographs of the meiotic cycle of rye (S. cereale). In leptotene (A) chromatin forms a

fibrillar network. In zygotene (B) ‘‘pairing forks’’ at sites of paired homologs can be discriminated

(B, arrow). In pachytene (C) homologs are completely paired. In diakinesis (D chromosomes are

highly condensed and paired at their chiasmata at the telomeric regions (arrows). In metaphase I (E)

chromosome surface is smooth; neither primary nor secondary constrictions are detectable;

the telomeric regions are characteristically fused. In anaphase I (F) homologs separate individually. In

telophase I (G) forked telomeres become evident (each arrow represents the telomere of one chromatid).

In prophase II (H) chromosomes appear ‘‘kinky’’. In telophase II of early tetrad stage (I) chromosomes

decondense again. (Zoller et al., 2004a; reproduced by permission of S. Karger AG, Basel)
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structural details. Metal impregnation also enhances signal contrast, and in some

cases allows substance analysis due to specific binding properties to metal com-

pounds, for which diVerent detectors (e.g., BSE, X-ray analysis) can be implemen-

ted for signal localization. Osmium-(TCH-Os)n impregnation, first described by Ip

and Fishman (1979) for cytoskeletal elements, was commonly used in early SEM

studies for chromosomes (Allen et al., 1986; Harrison et al., 1982; Sumner, 1991).

A few reports of osmium-impregnated preparations of human chromosomes with

adequate contrast exist (Rizzoli et al., 1994; Sumner, 1991), but as human chro-

mosome preparation improved, impregnation by osmium has been implemented

less frequently. It has never been successfully applied to plant chromosomes. We

interpret the earlier observations of impregnation of human chromosomes to

derive from the presence of osmiophilic nucleoplasmic residues on the chromo-

some surface.
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Fig. 7 SEMmicrographs of meiotic chromosomes of rye (S. cereale) in the zygotene stage (A; detail of

Fig. 6B). Fibrillar interactions characterize synapsis of homologs (B, detail of framed area in A). Part of

a chromatid of one homolog switches to its homologous counterpart (B; asterisk). (Zoller et al., 2004b;

reproduced by permission of S. Karger AG, Basel)
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B. Specific Staining of DNA in Chromosomes with Platinum Blue
Platinum blue (Pt blue; [CH3CN]2Pt oligomer; Wanner and Formanek, 1995)

and related platinum-organic compounds selectively react with nucleic acids, with

especially high aYnity to DNA (Aggarwal et al., 1975, 1977; Frommer et al., 1990;

Köpf-Maier and Köpf, 1986; Lippert and Beck, 1983). When viewing Pt blue-

stained chromosome preparations with BSE microscopy at low magnification, the

nuclei and chromosomes are clearly visible at all stages of condensation. Platinum

signals from interphase chromosomes exhibit a fibrous network and highly con-

trasted foci, indicating areas of high chromatin density presumably corresponding

to heterochromatin. In mitotic chromosomes, the BSE signal from contrasted

DNA clearly reflects characteristic chromosome structures, including primary

and secondary constrictions and chromatids (Fig. 8A). At higher magnification,

regions of diVerent signal density are observed throughout metaphase chromo-

somes. Regions corresponding to chromomeres (recognizable from SE signal) have

‘‘bright’’ BSE signals, whereas fibers can be correlated with either strong or weak

BSE signals, indicating that these structures are either DNA-rich or DNA-poor.

A striking diVerence between SE and BSE images occurs in the primary and

secondary constrictions: the BSE signals of these regions are narrower and weaker

than that of the chromatids, whereas the SE signal reveals unmistakable structural

elements (Fig. 8B). This indicates that the parallel structures in the centromere and

satellite regions contain less DNA than the chromosome arms. Pt blue contrasting

of chromosomes treated with increasing concentrations of DNaseI shows a pro-

gressive decrease in BSE signal intensity due to DNA reduction, but the basic



500 nm 500 nm

1 μm1 μm

A

B

Fig. 8 Scanning electron micrographs of human (A) and barley (B) metaphase chromosomes stained

for DNA with platinum blue. The SE image (A, left) shows overall structural substance resulting from

both protein and DNA, whereas the BSE image shows that the DNA content is lower between the sister

chromatids (A, right). At the centromere, chromomeres border exposed parallel fibers (B, left) which

contain less DNA than surrounding areas (B, right).
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chromosome morphology (SE signal) was maintained (Fig. 9A). At the highest

DNaseI concentration the chromosome structure collapses to a flat network of

fibers (Fig. 9B). The DNase-insensitive nature of chromosome structure supports

the existence of a three-dimensional protein matrix.
C. Staining of Protein in Chromosomes
Proteins as a substance class can be stained by certain heavy metals (e.g.,

mercury, silver, and lead) using their specific aYnities to cysteine-SH-group and/

or complex formation with diVerent amino acids such as glutamine and aspara-

gine. Silver nitrate reacts with chromatin, but preferentially with centromeres and
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Fig. 9 Scanning electron micrographs of human metaphase chromosomes treated with moderate

concentrations (10 mg/ml) of DNaseI and stained with platinum blue. A significant decrease in DNA

judged from the BSE signal (A, right) does not result in corresponding structural degradation (A, left).

At high DNase concentrations (100 mg/ml) chromosomes collapse and spread to a flat network (B, left)

with much less DNA (B, right).
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the telomeres (Fig. 10A). Colloidal silver with a tannic acid ‘‘coating’’ reacts

intensely with chromosomal proteins. However, structural preservation of chro-

mosomes is restricted because they cannot be fixed with glutaraldehyde before

colloidal silver staining. In contrast to DNA-staining, the BSE image of silver-

stained chromosomes shows a strong signal in the centromeric region, and no

separation is seen between the sister chromatids (compare Fig. 10B with Fig. 8A

and B). Dependent on the stringency of the conditions for staining with colloidal

silver, it can be shown that the centromere is protein-enriched (Fig. 10B). EVorts
are ongoing to increase the eYciency of silver staining, as the resulting BSE signal

is still generally weaker than that of DNA staining with Pt blue. This discrepancy

may be due to sterical hindrance of the rather large diameter of the colloid

particles (approx. 5 nm) for reaction with chromosomal proteins.
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Fig. 10 SEMmicrographs of barley metaphase chromosomes stained with silver compounds showing

general protein distribution. BSE images show that silver nitrate reacts preferentially with chromatin in

the centromeres and telomeres (A, left and detail, right). Colloidal silver/tannic acid staining results in a

strong BSE signal contrast (B, right) corresponding to the parallel fibers in the centromere (B, left)

indicating that the centromere is protein-enriched.
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D. Controlled Decondensation of Chromosomes
Studies on the influence of pH and diVerent buVers, initially investigated to

monitor artificial structural changes, led to the development of methods useful in

simulating decondensation. In combination with SEM analytic techniques, this

provides insight into internal chromosome structure and composition. Chromo-

some structure appears stable over a broad range of pH, from acidic to neutral

conditions (pH 3to pH 7), but loosens with increasing alkalinity (Fig. 11A and B).

Chromosomes incubated in citrate buVer typically are somewhat stretched and

‘‘fan out’’ at all four telomeres (Fig. 11C). The centromeric region remains rela-

tively unaVected and stains intensely for DNA, but the spread telomeric regions

reveal underlying non-DNA structural elements (Fig. 11C).

In general, the stronger the fixation, the less influence of subsequent treatment

with buVers or detergents. Glutaraldehyde fixes proteins so well that the 3D

structure is unaVected by most reagents. If, however, glutaraldehyde-fixed chro-

mosomes are treated with high concentrations of proteinase K (0.1–1.0 mg/ml),

there is a marked (time-dependent) eVect on the chromosomes: they stretch in
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Fig. 11 Scanning electron micrographs of barley metaphase chromosomes after artificial deconden-

sation under diVerent pH and buVer conditions. Under basic (pH 10) conditions, typical chromomeres

are no longer visible (A). Chromomeres loosen, revealing predominant 30 nm fibers (B); the parallel

fibers in the centromere remain exposed (B; asterisk). Chromosomes treated with citrate buVer fan out

at the telomeres (C, left); staining for DNA with platinum blue indicates that there are matrix structures

throughout the chromatids (C, right).

23. Scanning Electron Microscopy of Chromosomes 467
length and/or fan out in breadth. In some cases, chromosomes reach an extraordi-

nary length of up to 200 mm. In such extreme stages of stretching, chromatin begins

to elongate to elementary chromatin substructures: ‘‘bunched’’ solenoids (chro-

momeres, on average 200 nm), solenoids (30 nm) and elementary fibers (10 nm)

(Figs. 12–14). This artificial loosening of the compact metaphase chromosomes is

referred to as ‘‘controlled decondensation’’ (Wanner and Formanek, 2000). The

loosening eVect seems to be a combined result of partial digestion of chromatin

proteins, physical and mechanical forces (e.g., surface tension) during preparation

and dehydration.

DNA staining of proteinase K-treated chromosomes and three-dimensional

visualization reveals a loosened chromomere configuration, with interspersed

and underlying non-DNA matrix fibers (Fig. 15). Consistent with all cases of

stretching or loosening of chromosomes, parallel matrix fibers can be observed

over the total length of the chromosome. Controlled decondensation can be



Fig. 12 SEM micrograph of a barley metaphase chromosome (region distal to the centromere) after

artificial decondensation (fixation with glutaraldehyde and treatment with proteinase K). During

stretching, chromomeres loosen and can be recognized as bundles of solenoid fibers. Three-dimensional

arrangement of parallelmatrix fibers is visible throughout. (Wanner andFormanek, 2000; reproduced by

permission of Elsevier).
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interpreted according to the dynamic matrix model as follows: Since chromatin

and protein matrix fibers are associated tightly by loop binding and matrix binding

proteins, even partial digestion of these proteins releases tension created by

chromatin compaction, causing the observed stretching and spreading.
E. Immunogold Labeling of Chromosomal Proteins and ISH
Immunodetection in SEM is a promising method for identifying functional

elements on chromosomal substructures with high resolution. It is critical to use

smallest possible markers (e.g., NanogoldÒ labels, Fab’ fragments, haptens when

applicable), as conventional labeling with colloidal gold has been unsuccessful to

date for SEM investigation of chromosomes. DiVerent kinds of immunogold labels

have been applied for SEM investigations ISH and immunodetection of specific

proteins: NanogoldÒ (NG), a 1.4 nm gold cluster, and FluoronanogoldÔ (FNG), a

combined fluorescein and 1.4 nm gold marker (Hainfeld and Powell, 2000). FNG

allows direct correlation of fluorescent LM and SEM signals on the same specimen

(Powell et al., 1998; Schroeder-Reiter et al., 2006). Since the size of the 1.4 nm gold

clusters for both FNG andNG is at the resolution limit of the SEM, both FNG and

NGmust be either gold or silver enhanced, a time-dependent process of controlled

metallonucleation, which gradually increases the size of the bound gold cluster

(Hainfeld et al., 1999). Using ultrasmall markers, it is currently possible to localize

epitopes down to the solenoid level of chromatin. High resolution immuno-

gold labeling with NanogoldÒ allowed quantification and three-dimensional



Fig. 13 Stereomicrographs of barley metaphase chromosomes at diVerent stages of artificial decon-

densation (fixation with glutaraldehyde and treatment with proteinase K). During stretching, chromo-

meres loosen and can be recognized as bundles of solenoid fibers. The architecture of the centromere

also loosens, showing three-dimensional arrangement of parallel matrix fibers (A). After ultimate

stretching, the number of matrix fibers is decreased and the chromomeres are stretched and decondensed

to the level of the individual solenoid fibers (B, arrow). (Wanner and Formanek, 2000; reproduced by

permission of Elsevier)
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localization of histones, histone modifications, and centromere proteins (Fig. 16)

(Houben et al., 2007; Schroeder-Reiter et al., 2003). ISH was recently improved for

SEM studies in terms of signal localization, labeling eYciency and structural

preservation, allowing for the first time 3D SEM analysis an unusual NOR struc-

ture and its rDNA distribution (Fig. 17) (Schroeder-Reiter et al., 2006). Dependent

on signal size (according to thickness of enhancement layer) and accelerating

voltage, signals can be detected from within chromosome structures, allowing

visualization of three-dimensional signal distribution (Fig. 18).



Fig. 14 SEM micrograph of chromatin of a barley metaphase chromosome in final spreading stages

after fixation with glutaraldehyde and treatment with proteinase K. After extreme spreading, the basic

levels of chromatin condensation can be observed: coiled solenoids (asterices), solenoids (white arrow),

elementary fibers (white arrowhead) and DNA (frame). (Wanner and Formanek, 2000; reproduced by

permission of Elsevier)
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VI. Outlook

Preservation of 3D structure of chromosomes in combination with high-

resolution SEM and analytical methods is an ongoing challenge, as fixation (Lat.

fixare¼to fasten) and analysis (Gr. analysis¼loosening up) are essentially contra-

dictory concepts. Dependent on the scientific goals—whether priority is on high-

resolution ultrastructure or rather on sensitivity of analysis—a compromise must

be accepted.

With modern equipment, structural investigations of chromatin should already

be possible with an instrumental resolution approaching 1 nm at low voltage

(1 kV), thus requiring thinner metal coating (down to 1 nm) and enabling a

significant improvement of specimen resolution down to 2–3 nm. This would

allow for a more precise visualization of solenoids, elementary fibers and even

ideally of DNA. Modern BSE detectors (e.g., in-lens, semiconductor) are highly

sensitive even at very low accelerating voltages, so that analytical SEM can be

performed under conditions that are optimal for visualization of structural details.

This would allow significant improvement of visualization of specific staining, in

particular of DNA staining with Pt blue, for structures at or below 30 nm and

would enable more precise diVerentiation between DNA-containing and proteina-

ceous structural elements. Optimizing metallonucleo-enhancement and develop-

ment of direct labeling systems, preferentially with Fab’ fragments and 5–8 nm

gold markers which could be detected without enhancement would permit



Fig. 15 Pairs of stereomicrographs of barley metaphase chromosomes after artificial decondensation

(fixation with glutaraldehyde and treatment with proteinase K) and staining with platinum blue. The

overall structure illustrates the fibrous architecture of the stretched chromatin (upper SE image pair).

DNA is distributed mainly in a three-dimensional network with highest concentration in chromomeres

(asterices, lower BSE image pair). Some fibers (arrows) are not stained (lower BSE image pair),

indicating that these are of proteinaceous nature. (Wanner and Formanek, 2000; reproduced by

permission of Elsevier)
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localization of markers even to the elementary fibril (10 nm). As low-kV micros-

copy severely limits depth information, e.g., for immunolabeling and DNA stain-

ing, ‘‘SEM tomography’’ with focused ion beam milling will allow direct

visualization of both internal architecture and markers within chromosomes.

Despite increasing instrumental and analytical resolution, the limiting factor

remains the achievement of adequate chromosome preparations—an ongoing

challenge.



Fig. 18 SEM SE (left) and BSE (right) micrographs showing the centromeric region of a barley

metaphase chromosome labeled for phosphorylated histone H3 (serine 10) with NanogoldÒ and

enhanced with silver. Signals (BSE image; yellow in color image) are detected from different depths

from within the chromatin, especially on the chromomeres bordering the 30 nm parallel fibers at the

centromere. The signal ‘‘gap’’ corresponds to the parallel fibers.

Fig. 17 SEMmicrographs of an Oziroë biflora (plant family Hyacinthaceae) metaphase chromosome

labeled for 45SrDNA with in situ hybridization and silver-enhanced NanogoldÒ. The chromosome

exhibits an elongated peg-like terminal constriction (left) that harbors 45SrDNA sequences (right),

identifying it as a nucleolus organizing region.

1 μm1 μm

Fig. 16 SEM micrographs of a barley metaphase chromosome showing immunolabeling of phos-

phorylated histone H3 (serine 10) detected with silver-enhanced NanogoldÒ. The exposed parallel

matrix fibers at the centromere (left) are coincident with a BSE signal gap (arrow, right).
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I. Introduction

After the ‘‘descriptive’’ era (1960–1970) of electron microscopy, the use of EM in

the study of microorganisms declined. During the last 15 years however, tools were

developed to modify tissues and cultured cells as well as pathogens on a molecular
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Fine structural analysis of the infection process is indispensable for understand-

ing the relation between microorganisms and host cells. This chapter focuses on

standard techniques for transmission as well as scanning electron microscopy that

will be of benefit even to researchers new to the field.
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basis either by expressing additional genes or by silencing genes by knock-out

techniques (somatic gene deletion, interferingRNA). Thus, precisely defined altera-

tions were introduced, and the interest in fine structural analysis of these genetically

modified systems gave rise to a new era of electron microscopy. The expression of

proteins with fluorescent tags in living cells allows the correlation between live cell

imaging and subsequent fine structure analysis of the same cell, this time identifying

the transfected proteins on an EM level either by immunogold techniques, or more

directly, by photoconversion inducing an electron-dense precipitate.

In this chapter, we present preparation methods that will enable workers from

other research areas to process their samples and have them analyzed in the

electron microscope. Most of the methods we will present can be successfully

used without great manual or technical skills provided that access to the usual

EM periphery (ultramicrotome, critical point dryer, sputter coater, etc.) is given.

Although a more detailed and probably more live-like appearance of microor-

ganisms can be obtained by specialized techniques like cryo-EM of vitreous sec-

tions (CEMOVIS; Al-Amoudi et al., 2004), these methods are far beyond reach of

a conventional laboratory and are not topics of this chapter.

II. Methods and Materials

Choosing which method is most suitable for the fine structure analysis of a

microorganism depends on the available source. The source could be

� isolated microorganisms from cultures or clinical samples

� infected primary cells or cell cultures, or

� tissue from infected animals or humans

For isolated microbes, suitable methods range from negative staining techni-

ques, ultrathin sections to scanning electron microscopy (SEM). Cell cultures are

most often analyzed with transmission electron microscopy (TEM) or SEM

depending on the underlying question, and most tissue samples are embedded

and viewed using a TEM. All techniques can be combined with immunodetection

methods. On the following pages we will give an overview on the techniques we use

to study infection at the cellular level.
A. Negative Staining of Isolated Bacteria
Bacteria are harvested from plates or liquid cultures, washed twice in PBS, and

fixed using 1–2.5% glutaraldehyde/PBS for best preservation of fine structure, or

2–4% PFA dissolved in PBS for immunodetection. If the fine structure is not

suYcient, glutaraldehyde at concentrations between 0.05% and 0.1% can be

added (Hayat, 1981). The following sample preparation can also be used for

fixed suspensions of fractions of bacterial or cellular components or enriched

suspensions of viruses, particles, etc.
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1. Sample Adhesion to Carbon-Coated Formvar Films
Small droplets (20–50 ml) of the bacterial suspensions are placed on ParafilmÒ in

a humid chamber (plastic boxes with a lid having wet filter paper along the edges).

Grids (200 mesh) with carbon-coated formvar or pioloform films are placed with

the coated side on the droplets. The grids have to be glow discharged (Dubochet

et al., 1971) to ensure even wetting of the surface and to assure binding of bacteria

to the grids which normally takes a couple of minutes. Clinical samples often do

not contain high amount of particles, and are normally contaminated with other

materials, so several washing cycles or gradient purification may be required before

negative staining.

If the desired density of particles on the EM-grid is not reached by adhesion to

the floating grid, the suspension can be enriched by centrifugation prior to the

adhesion step. Improved adhesion to the grid can also be achieved by carefully

sticking the grids on ParafilmÒ in a humid chamber with the carbon-film side

facing upwards and by placing droplets of 3–4 ml of the suspension on the film for

up to 1 h. It is important for the following steps that only the filmed side of the grid

is wetted. This will ensure that the grids will float on drops in all the following

steps, which prevents contamination of the noncoated side of the grid as well as

chemical reactions of the copper with other reagents.
2. Negative Stain
For the conventional negative stain the grids are removed from the specimen

drops, washed five times on drops of distilled water to remove salts, and then

placed on drops of the aqueous solution of heavy metal salts (2% uranyl acetate,

2% phosphotungstic acid, or 3% ammonium molybdate) for 10 s–2 min (Harris

and Horne, 1994). The concentration of the contrasting solution is not critical, but

it is advisable to centrifuge the contrasting solution for some minutes at high speed

to sediment any precipitates before use. After that, the grids are removed from the

droplets with a fine forceps, and the negative stain is partly removed by holding the

coated surface of the grid against filter paper. The contrast achieved depends on

the thickness of the remaining negative contrast solution and varies with the angle

between grid and filter paper: a small angle will result in a thin layer and lower

contrast. This is especially desirable if isolated bacterial compounds like flagella

are to be analyzed. After air drying the grids can be examined in TEM.

If complete bacteria are to be analyzed, the negative stain density can be

adequate for small structures like flagella, but too dense to show details of the

bacterial cells (see Fig. 1A). In this case, a series of specimens contrasted under

diVerent conditions has to be prepared. Negative contrast is a good way to give

information on purity of bacterial fractionations prepared for nonmicroscopic

techniques like protein gel electrophoresis (see Fig. 1B).



A B

Fig. 1 (A) TEM image of Helicobacter pylori, uranyl acetate negative contrast. Although details of

the flagella are nicely visible, the stain is too dense to reveal details of the bacterial cell. Scale bar: 1 mm.

(B) TEM image of a Salmonella cell-fractionation preparation, uranyl acetate negative contrast. The

image shows fine structure of flagella and pili. Scale bar: 200 nm.
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3. Immunogold Labeling Combined with Negative Staining
For antigen localization studies negative staining can easily be combined with

immunogold detection. This method is quick and gives nice results especially when

epitopes on the surface of thin structures like flagellae, pili, etc. are to be examined.

Following attachment to the coated side, the grids are washed three times on drops

of PBS and transferred to a blocking solution (1% BSA, 0.02 M glycine, 10% cold

water fish gelatine in PBS). After blocking for 30 min, grids are transferred to the

primary antibody (1–10 mg/ml in blocking buVer) and incubated for 30–60 min.

Following washes on PBS drops (6 � 2 min), the grids are incubated for 30 min

with secondary antibodies coupled to gold colloids (in blocking buVer).
If correlative studies including samples with fluorescent immunostains are

planned it is a good idea to use gold coupled secondary antibodies of the same

source as the fluorescent coupled secondary antibody. The choice of colloid diame-

ter depends on the planned magnification: while 6 nm colloids require a magnifica-

tion of at least 20,000�, 18 nm colloids are already visible in low magnification

overviews. As shown earlier, the particle density of the label is higher with smaller

colloid diameter (Fig. 2B and C.) (Slot and Geuze, 1981). The specimens are

incubated with antibodies in a moist chamber at 37 �C. After washing (6 � 2 min

PBS, 5 � 2 min distilled water), the negative staining is performed as mentioned

previously. A low contrast is desirable to clearly depict the gold colloids.
4. Labeling with Quantum Dots
Semiconductor nanocrystals, commercially available as Quantum Dots or

Qdots, play an increasing role as fluorescent probes in biomedical research

(Michalet et al., 2005). Owing to their metal core they appear rather electron



Fig. 2 Correlating fluorescence and negative staining of bacterial flagellae with polyclonal antibodies.

(A) Light microscopic fluorescence image of Salmonella typhimurium labeled using secondary antibodies

coupled to QuantumDots. Scale bar: 2.5 mm; (B, C) negative contrast TEM images: (B) labeled with the

same primary antibody, detected with secondary antibody coupled to 6 nm gold particles. Scale bar:

100 nm; (C) labeled simultaneously as before with Quantum Dots (l: 565 nm, arrowheads) and with

12 nm gold particles (arrows). The labeling density achieved with QuantumDots is significantly greater.

Scale bar: 100 nm.
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dense, and due to their uniform size they can also be used as immunoprobes for

TEM structure analysis. They give good labeling densities and are easily visualized

in TEM images if a low contrast of the specimen is achieved (see Fig. 2). After

incubation of specimens with the primary antibodies and washing, the samples are

incubated with a suspension of Quantum Dots coated with secondary antibody.

After washing, a low contrast negative stain is applied as mentioned earlier. Note

that the electron microscope may reveal even more Quantum Dots than the light

microscope in a comparable staining experiment because a subfraction of a given

Quantum Dot preparation is sometimes in a permanent dark state and thus does

not emit fluorescence light (Yao et al., 2005).

The evaluation of staining with Quantum Dots at high magnifications on

pioloform-carbon-coated grids may be hindered by the structure of the film,

which may prevent detection of all Quantum Dots owing to their low contrast

compared to gold particles. Qdots are better visible, if the pioloform film is

partially or in total dissolved in a way that only the structureless carbon layer

remains (Fig. 3).

Coat grids with a thin layer of pioloform. Coat the other side of the grid with

20–30 nm carbon. Remove the film by dipping the grid carefully into chloroform

for some seconds (Pontefract and Bergeron, 1981). To preserve the beam stability

of the carbon layer we recommend not to remove the film completely, but to induce

holes. Figure 3 shows that Quantum Dots are better visible in areas where the

pioloform film is missing, and obscured in areas with undissolved film layer.



Fig. 3 Salmonella flagellae stained with polyclonal antibody rabbit-anti-salmonella, secondary anti-

bodies goat-anti-rabbit Qdot 565 together with goat anti-rabbit, conjugated with 12 nm gold. Scale bar:

100 nm.
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5. Correlative Light- and Transmission-Electron Microscopy of Negative Stained Samples
Before visualization of a structure by negative staining techniques in the TEM it

may be interesting to study it at light-microscopy level using fluorescent dyes or

phase contrast to screen a number of samples quickly or to find a suitable specimen

detail before TEM analysis. Often, correlative microscopy combining light and

electron microscopy gives a more complete picture than using TEM alone. It can

be useful to identify certain fine-structural phenotypes with patterns occurring at

light-microscopy level and vice versa. Host cell–pathogen interactions are one

example. The appearance of mammalian cells in a negative contrasted TEM

image reveals little more than the cytoskeleton due to the harsh extracting and

air drying conditions during the staining procedure, but extracellular structures

can be nicely preserved.

Light microscopic examination of adherent cells and/or bacteria can be carried

out on the EM-grid after adhesion and before the negative staining step. For this,

cells are cultivated on the carbon surface of a film-coated copper grid. Again it is

important for later processing to keep the back surface of the grid dry. This can be

achieved by applying very small volumes of media on a grid stuck to ParafilmÒ.

Another method is to place drops of 10 ml of cell suspension in medium on the wells

of a 12-well teflon-coated diagnostic slide and to invert the slide after applying the

TEM-grids to the drops so that the cells settle on the grid, suspended under the

hanging droplet. Note that the grids will always float to the rim of the droplet when

the slide is inverted. The droplets should be small enough to have the grid

suspended nearly parallel to the slide under the medium. The slide can be kept in
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a moist chamber supported on PlasticineÒ beads at 37 �C to allow for cell adhesion

and interaction. It is good to start with around 103 cells per grid. Fixation can be

carried out after the slide has been turned upward again by keeping the grids

floating on the droplets and carefully adding an appropriate amount of fixative

stock solution.

After fixation and, depending on the experiment, extraction, permeabilizing and

fluorescent staining of the grids, the grids can be stuck to a large glass-coverslip

with a small drop of glycerol with the carbon-film side facing the glycerol. Excess

glycerol should be removed, so that the layer of glycerol is thin enough to view the

cells through the other side of the glass with an immersion lens of a light micro-

scope. After acquiring light microscopic images using phase contrast or fluores-

cence illumination the grids are brought back into floating condition by carefully

adding distilled water to the glycerol layer between the glass and the grid. Alterna-

tively, if light microscopic images of lower magnification are suYcient, the grids

can be viewed and imaged floating on a culture medium droplet on the 12-well-

slide with a long working distance lens. Note that Qdots may not fluoresce in this

setting, possibly because of their sensitivity to quenching eVects. The negative

staining procedure is carried out as before starting with the five washing steps on

drops of distilled water.

Figure 4 shows human neutrophil granulocytes infected with Staphylococcus

aureus. After stimulation, the cells flatten down (Fig. 4A) and release neutrophil

extracellular traps (NETs; Brinkmann et al., 2004). The fine structure can be

studied by negative contrast in TEM (Fig. 4C and D).
B. Resin Embedding of Bacteria-Infected Cell Cultures
For resin embedding, the microbe to be analyzed directs the choice of the resin.

Bacteria with a very hydrophobic cell wall, like mycobacteria, cannot successfully

be embedded with standard resins like the Epon derivative Polybed (Fig. 6A). We

compared the ultra structure of diVerent bacteria embedded into diVerent resins as
well as ultra-thin cryosections.
1. Fixing Specimens
For the analysis of infection at the cellular level, in most cases we fix by adding

the desired amount of fixative stock solution into the warm tissue culture medium.

This ensures that no alterations of the cell culture due to media changes are

introduced. Bacteria on the surface of the cells are not washed away, but will be

kept in place even if they are not firmly attached to the cell surface. We then keep

cell culture plates at RT for two hours after which period even pathogenic bacteria

can be processed in a regular S1 lab.

To maintain physical integrity of the cells, we do not scrape them oV the plate

after fixation. This induces membrane breaks, distortion of plasma fine structure

and regularly leads to loss of the basal domains of the cells. Especially analysis of



Fig. 4 Correlation of whole mounts of cells cultivated on filmed grids. Human neutrophils and

Staphylococcus aureus on a film-coated EM-grid, (A, B) light microscopic images of fixed cells and

bacteria, detection of DNA with SYTOX Green, (C) negative contrast TEM image of the same mesh,

(D) negative stain image of S. aureus and neutrophil extracellular traps (Brinkmann et al., 2004) from

the same experiment. Scale bars: (A–C) 10 mm, (D) 1 mm.
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the membrane integrity of i.e., phagosomes is severely aggravated if scraped cells

are used. Instead, we leave the cells on the plate during postfixation, contrasting,

and dehydration. We usually use styrene as intermediate step before embedding

into resin. Styrene dissolves the tissue culture plates, so if timed correctly, the cells

become detached without physical damage. We use a shaker to move the styrene

over the cells. The time necessary to detach the cells varies with the cell type

between 1 and 10 min; confluent epithelial layers remain on the plastic for a long

time and then detach as multicellular aggregates. It can be useful to cut an X into

the layer with a scalpel before styrene is added to allow a faster detachment. If the
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styrene is on the plates for too long, the bottom of the plate dissolves into a smear

that contaminates the cell preparation. Should this happen, the resulting suspen-

sion should be transferred to a 15 ml bluecap that is filled with styrene. After

vortexing and centrifugation, the cells separate from the dissolved plastic and can

be pelleted. The plastic-contaminated supernatant is removed carefully, and the

sediment is then resuspended in fresh styrene and embedded using styrene-resin

mixtures. A 1:2 mixture is left in an open cylindrical glass vessel overnight to allow

complete infiltration and increasing resin concentration due to partial evaporation

of the styrene. The next morning, three changes using undiluted resin finish the

embedding. With increasing resin concentration, the cells do not sediment sponta-

neously. Thus, to ensure that during replacement the supernatant no cellular

material gets lost, the specimens are transferred to EppendorfÒ tubes and centri-

fuged for about 10 min in a swing out rotor at about 350 � g. With the resin

changes, the cells become resuspended. After the final change, the cells are sedi-

mented, a paper tag with the specimen identification is inserted into the cap, and

the specimens are polymerized for 1–2 days. For cultured cells, we prefer this

method to flat embedding, since the concentration of cells remains high, while

during flat embedding, cell clusters tend to float apart thus reducing the number of

cells per section.
2. Staining of Semithin Sections for Light Microscopic Overviews
After polymerization, semithin (200–500 mm) sections are prepared with a his-

tology diamond knife. Transfer them to a drop of distilled water on a microscope

slide with an eyelash or a grid, and let the drop dry on a hot plate at about 80 �C.
The sections are then stained with filtered solution of 1% toluidine blue in 1%

borax on the hot plate. The drop of staining solution remains on the sections until

it starts to dry out at the edges. Before crystals are formed, the slide is washed in

tap water and transferred to distilled water until no further stain washes out and

the water remains clear. The slide can then be mounted and analyzed with a light

microscope. If necessary, the block can be retrimmed to the area of highest interest,

before ultra-thin sections are prepared. Figure 5 shows the comparison of light-

and electron microscopic images of macrophages infected with mycobacteria.

For fine structure analysis, we routinely use uranyl acetate block staining, so

ultra-thin sections normally carry enough contrast to be photographed with a

digital camera, which sets the boundaries of the image histogram in a way that

areas of highest brightness will be white while pixels of lowest brightness will be

black. Thus, a high-contrast image is created, which can be evaluated without

further processing. Nonetheless, for print quality images further contrasting of

the section (e.g., with lead citrate) is indispensable to avoid the introduction of

background noise that is created by stretching the histogram boundaries on a

weakly contrasted image. Furthermore it is uncomfortable to evaluate a weakly

or noncontrasted section on the TEM screen.



Fig. 5 Comparison of light microscopy of semi-thin section and low power TEM. The images show

macrophages infected with mycobacteria. The semi-thin section (A) was stained with toluidine blue and

shows a lot of features visible in detail in the TEM micrograph (B). Scale bars: 5 mm.
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3. Comparison of DiVerent Embedding Media
Polybed 812 has displaced classical Epon 812 and is now the probably most

widely used resin. Completed by NMA (Nadic Methyl Anhydride) as epoxy resin,

DDSA (Dodecenylsuccinic Anhydride) as hardener, and DMP-30 (2,4,6 Tris

(dimethylaminomethyl)phenol as accelerator it gives hard blocks, easy to section

and stable under the electron beam even under high emission current (�35 mA). Of

course, the ratio of components can be varied to alter the hardness of the blocks.

Although Polybed 812 has many advantages, it has limited value for preparations

of microorganisms with waxy cell walls (mycobacteria, Fig. 6A) or for high density

organisms like Staphylococcus (Fig. 6E) or for elementary bodies of Chlamydia

(Fig. 6M). Polybed will not penetrate the particles suYciently; the resulting sec-

tions are instable and may even have holes. For embedding of dense material, the

use of media with reduced viscosity is advisable.
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Fig. 6 Comparison of diVerent embedding media. The widely used Polybed 812 will not penetrate

eYciently into mycobacteria and staphylococci resulting in holey unstable sections (A, E). More reliable

results are obtained with low-viscosity media like Spurr’s (B, F) and Embed-It (C, G). Due to reduced

lipid extraction, cryopreparations can reveal more details (D, H). (columns from left to right: Polybed,

Spurr’s, Embed-It, Cryopreparation). A–D: Mycobacteria (BCG), E–H: Stapylococcus aureus, I–L:

Neisseria meningitides, M–P: Chlamydia trachomatis. Scale bars: 500 nm.
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‘‘Spurr’s’’ low-viscosity embedding medium was developed in the late 1960s

primarily to meet the needs of botanists for a low-viscosity resin that would

more easily penetrate the cell walls. It consists of four components: Based on the
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cycloaliphatic diepoxide vinylcyclohexene oxide (VCD), it uses the epoxy resin

D.E.R. 736 (diglycidyl ether of polypropylene glycol) as flexibilizer, in addition to

NSA and accelerator dimethylaminoethanol (DMAE). The single components

allow to specify the properties of the cured blocks depending on the respective

purpose, like rapid polymerization or desired block hardness. ‘‘Spurr’s’’ viscosity

of 60 cps leads to a better and quicker penetration of hydrophobic material, such

as cell walls of Gram positive bacteria (Fig. 6F) and very dense structures such as

spores, elementary bodies of Chlamydiae (Fig. 6N), and yeast cell walls. Its

liquidity makes it easy to work with. Specimens sediment quickly, so less material

is lost during resin exchange. Spurr resin unfortunately has less than ideal char-

acteristics for ultrathin sectioning. It tends to stick to the cutting edge of the

diamond knife and produces folded aggregates of sectioned materials. To resolve

this problem antistatic devices can be used during cutting to obtain a consistent

and steadily produced ribbon of sections. Another disadvantage is the instability of

Spurr resin in the electron beam. It rips very quickly on exposure to the beam and

is even more sensitive after lead citrate staining. To overcome this problem, the

sections can be relatively stabilised by starting observations at low magnification

(1000�) and low emission current (ca. 15 mA).

Embed-ItÔ (Polysciences, Inc.) was created as an easy-to-mix polymer of low-

viscosity (65 cps) and also to avoid inconsistency between blocks. The ‘‘Spurr’s’’

derivative consists of two nonhazardous components, its viscosity is similar to

Spurr’s, while the stability of the sections in the TEM is comparable to Polybed.

If the Polybed mixture does not penetrate samples suYciently, it may help to

prolong incubation times before changing to a diVerent resin. A last incubation

step overnight in 100% resin will produce better results, as will additional steps

using diVerent intermediate/resin ratios (3:1, 2:1, 1:1, 1:1.5, 1:2, 1:3). Changing the

ratios too quickly may cause excessive shrinking and lead to holes in the specimen

at, e.g., the space of a phagosome, between the phagosomal membrane and

enclosed bacteria.

The comparison of the diVerent resins shows that although all three are suitable for
gram negative bacteria (e.g. Neisseria, Fig. 6I–K), Polybed is recommended because

of easier section handling. Besides that, it is less toxic than VCD. Very dense

structures such as elementary bodies of Chlamydiae, spores, gram positive bacteria

(e.g., Staphylococcus) are better and quicker penetrated by Spurr’s resin, although

even Polybed works suYciently well in most cases. Polybed embedding is however

completely unsuitable for highly hydrophobic structures such as thewaxy cell walls of

mycobacteria (Fig. 6A). These structures need resins like Spurr’s (Fig. 6B and F) or

Embed-It (Fig. 6C and G). The latter is easier to handle than Spurr’s and is stable

under the electron beam; however it cannot totally replace Spurr’s resin, since it needs

longer incubation times due to its higher viscosity. Spurr’s is definitely the resin of

choice for quick embeddings of dense or hydrophobic structures. It is noticeable that

Spurr’s produces a slightly weaker contrast than Polybed or Embed-It sections.

Contrast can be improved by longer incubation times of lead citrate but this may

produce artefacts due to lead precipitation.
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This is the standard embedding protocol for glutaraldehyde-fixed tissue culture

specimens:
100 three washings with PBS

600 0.5% osmium tetroxide in distilled water

100 4 washings with distilled water

600 0.1% tannin in 20 mM HEPES buVer
100 four washings with 1% Na2SO4 in 20 mM HEPES

100 four washings with distilled water

600 2% uranyl acetate in distilled water

50 each in 30/50/70/80/90% ethanol

3 � 50 100% ethanol

300 styrene, over night 1:2 styrene/resin

600 1:3 styrene/resin

3 � 600 freshly prepared resin over night resin 1–2 days embedding at 60 �C
(don’t exceed 24 h for ‘‘Spurr’s’’)
C. Resin Embedding of Infected Tissue
For embedding of infected tissue, it is essential to keep the size of the tissue

specimen small (less than 2 mm � 2 mm � 2 mm). It is advisable to select the areas

of an infected organ that will be embedded with a stereo microscope and only

dissect parts than promise to be highly interesting, for the EM analysis does not

allow screening of larger tissue sections. Because fixative and solvent penetration

takes place over considerably larger distances in tissue, incubation times should be

at least five times longer than for cell culture specimens.

It is possible to reanalyze tissue that has been embedded into paraYn for routine

histology. Of course, fixation in formalin as well as heating to 65 �C are detrimen-

tal for tissue fine structure, but in some instances the reembedding into resin and

subsequent EM analysis can be helpful. An advantage of this method is that

particularly interesting tissue areas can be identified in sections using histological

staining or light-microscopy immunodetection methods. Small cubes including

these areas are then cut out of the paraYn block using a scalpel, rehydrated slowly,

postfixed with glutaraldehyde and osmium tetroxide and reembedded using the

standard embedding protocol. Care must be taken to remove the paraYn wax

completely (Gonzalez-Angulo et al., 1978), otherwise penetration with the resin

will not be successful.

After embedding, tissue blocks are transferred to cavities of flat embedding

forms, laser printed identification tags are inserted and the cavity is filled with

fresh resin. The sample is aligned in parallel to the tip of the cavity to ensure quick

trimming and the option to section the entire tissue block surface.
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D. Rapid Processing for TEM
It can be desirable to shorten the preparation of TEM specimens, e.g., of

diagnostic samples. Resin embedding using microwave-assisted tissue processing

reduces embedding time down to 4–5 h (Schroeder et al., 2006); alternatively

cryomethods can be used which can provide better ultra structure (compare

Fig. 6I–K to Fig. 6L) since less material gets extracted compared to treatment

with organic solvents (Korn and Weisman, 1966).
E. Preembedding Immunodetection Methods
Conventional resin techniques are compatible with immunodetection if the

antibodies are employed before embedding. If the antigens of interest are extracel-

lular, antibodies can be incubated with living cells on ice (to limit internalization

of antibody complexes) or with cells fixed with formaldehyde (2–4% in PBS) for

30–120 min. Cells are then washed (living cells with ice-cold PBS, and then fixed

with PFA), before incubation with the secondary antibody which is coupled to

gold colloids (30–60 min at RT). After washing, cells are postfixed using 2.5%

glutaraldehyde in PBS, and embedded conventionally. This method results in good

ultrastructure combined with excellent detection of surface antigens.

Intracellular antigens are only accessible after limited permeabilization. The

choice and concentration of the detergent depends on the localization of the

antigen, i.e., how many membrane systems have to be crossed by the antibody

before it can bind to its antigen. Our first choice is saponin at concentrations

around 0.1%. Owing to the permeabilization, loss of ultrastructure cannot be

avoided. To assure good penetration, antibody fragments (Fab2) should be

employed, and the diameter of the gold should be less than 10 nm. Alternatively,

ultra small gold (1 nm diameter or less) can be used which has to be silver-

intensified before embedding (Danscher, 1981). In this case, osmium tetroxide

should be omitted. Quantum Dots can be used in a similar way as ultra small

gold probes. They oVer the advantage that the staining can be analyzed on the light

microscopic level, before the Quantum Dots are silver enhanced and processed for

electron microscopy (Stoltenberg et al., 2007).
F. Immunodetection Using Ultrathin Cryosections
Formore than thirty years, ultra-thin sections of frozenmaterial havebeenused for

immunodetection (Tokuyasu, 1973, 1978). Although in the meantime antibody

labelingmethods with specialized resin techniques have been developed, cryosections

are still widely used since the antigen preservation in weakly fixed frozen material is

superior to resin techniques. Furthermore, extraction of cytoplasmic material is

reduced. The structural preservation in ultra-thin cryosections is often of poorer

quality than in resin sections mainly due to the softer fixation methods employed.
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Structural preservation and antigen reactivity have to be balanced to obtain optimal

results. The contrast in TEM images of cryosections is weaker and less diVerentiated
than in osmicated samples of resin sections. Although fine-structure resolution in

resin sections is often superior, EM-sample preparation by cryosectioning takes less

time. Also, problems with resin polymerization in bacteria that show a particularly

resistant cell wall will not come up under cryosectioning conditions.

Samples of infected cells for cryosectioning can be prepared from adherent cells

grown in 6-well culture plates. One sample should consist of at least one confluent

well, or preferably two wells (>106 cells). It is important to achieve a high infection

rate in order to obtain enough representative cross sections of pathogens in the

resulting ultra-thin sections. Cell density and infection can be monitored with an

inverted light microscope using phase contrast illumination.

Fixation of the infected cells should take place at incubation temperature to

prevent artefacts due to temperature shock. Fixation in PBS or in the growth

medium works well in most cases. In some cases further improvement in structural

preservation is observed when fixing the cells in cytoskeleton stabilizing buVer
(1 mM EGTA, 4% polyethylene glycol 6000 (8000), 100 mM PIPES pH 6.9,

(Lindroth et al., 1992)). A combination of 2–4% PFA with 0.05% glutaraldehyde,

applied for two hours is a good starting point for many antigens and results in

acceptable structure preservation combined with suYcient antigen reactivity. This

is discussed in detail in the classic book by GriYth (1993).

Infected cells are harvested with a rubber scraper and suspended in 10% gelatine

in PBS at 37 �C and immediately centrifuged to sediment as a pellet. This is excised

from the tube after cooling and gelatinizing and cut into smaller pieces fit for

infiltration in sucrose solution (2.3 M sucrose in sodium phosphate buVer with 1%

PFA, pH 7.4) After infiltrating preferably in a cold room and on a slow inverting

shaker overnight the gelatin bits can be mounted on aluminium stubs and frozen in

liquid nitrogen for cryosectioning. Sectioning is carried out at �120 �C. Sections
are transferred to carbon-coated pioloform films on copper or nickel EM-grids and

kept section side down on 2% gelatine until immunolabeling and contrasting. For a

detailed description of cryosectioning techniques see Chapter 8, this volume.

A basic immunogold labeling of ultra-thin cryosections is carried out as follows:

After blocking the sections by floating the grids on drops of blocking buVer (1%
BSA, 0.02 M glycine, 10% cold water fish gelatine in PBS) for at least 30 min.

Primary antibodies are applied at 1–10 mg/ml diluted in blocking buVer. After

incubating for 1 h at 37 �C or over night at 4 �C in a humid chamber, excess

antibody is removed by washing 6 � 3 min on drops of PBS. Secondary antibody

coated gold colloids are applied for 30 min–1 h at 37 �C diluted in blocking buVer.
The labeled grids are washed 6� in PBS and 5� in distilled water prior to negative

contrasting and embedding in methyl cellulose. For this, the sections are floated on

three consecutive drops of 0.2% uranyl acetate and 2% methyl cellulose in distilled

water for 2.5 min each before blotting oV excess contrasting solution and air drying

the grids.
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Again, this technique can be correlated with light microscopy. Ribbons of

semithin sections can be transferred to glass coverslips together with the pick-up

solution. After washing the coverslip on three consecutive drops of PBS, the

sections can be stained with a DNA dye and mounted for quick viewing with a

fluorescence microscope or used for immunofluorescence staining. The compari-

son between immunogold labeling and immunofluorescence can help to secure

staining specificity if the antigen is only present in small amounts. While intense

immunogold staining that correlates with morphology (Fig. 7) is easy to interpret,

specificity of a weak staining especially of cytoplasmic antigens can more reliably

assessed if correlated with immunofluorescence.
G. Scanning Electron Microscopy

1. Scanning Electron Microscopy of Cultured Cells
For Scanning Electron Microscopy (SEM) analysis, we routinely grow cells on

round coverslips (dia. 13 mm). Cells are fixed by adding the fixative stock solution

to the medium at 37 �C. If no immunodetection is intended, we use glutaraldehyde

at a final concentration of 2.5% for 120 min at room temperature. The fixative is

directly added to the cell cultures to avoid loss of material or changes in the

pathogen/host interplay. Thus, even fragile structures like NETs (see Fig. 8) can

be suYciently stabilized to survive the consecutive preparation steps.

After several washes with H2O, the specimens are postfixed for 30 min with

OsO4 to stabilize membranes. Cells are washed repeatedly with H2O, and then

transferred for 30 min to a buVered solution of tannic acid (0.5% in 20 mM

HEPES). Repeated treatment with osmium and tannic acid will deposit a
Fig. 7 Detection of mycobacterial antigens on ultrathin cryosections of infected macrophages. The

indirect immunogold method using 12 nm gold colloids reveals that mycobacterial antigens are exclu-

sively located inside the phagosome. Scale bar: 500 nm.



Fig. 8 Scanning electron microscopic image of Shigella—infected human neutrophil granulocytes

with neutrophil extracellular traps (NETs). By adding fixative directly into the culture without exchang-

ing media, even fragile structures like NETs as well as bacteria only lightly adhering to cells surfaces can

be retained. Scale bar: 5 mm.
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conductive layer on the cells which helps minimizing surface charging to a degree

that no additional metal layer will be necessary if the specimens are to be analyzed

at low acceleration voltage (<1 kV). After the last treatment with osmium, cells are

dehydrated using a graded ethanol series. We use molecular sieves to keep the

100%-ethanol water free which requires the filtration of the dry ethanol to remove

debris of the molecular sieves. After three dehydration steps using 100% ethanol,

cells are transferred to a critical point drying apparatus equipped with a holder for

the coverslips, and dried. Since we regularly examine specimens at 20 kV, we coat

the surface of the dry cells with 3–5 nm of platinum/carbon. This results in a

coating with a finer grain than sputtering them with gold or gold–palladium.
2. Immunodetection Using SEM
For detection of surface antigens, we fix the cells by adding stock solutions of

PFA to the warm medium to a final concentration of 4%. After 30 min at room

temperature, the specimens are washed with PBS and blocked using 1% BSA in

PBS. Primary antibodies are diluted in the same buVer at a concentration between

1 and 10 mg. The coverslips with the cells facing the bottom is placed on 50 ml drops
of the antibody solution on parafilm in a humid chamber and incubated at 37 �C
for 30–60 min. After repeated washing, the secondary antibody coupled to gold

colloids is applied correspondingly. Although the labeling density is lower, we

prefer medium-sized gold particles (12–15 nm), because they are more readily

identified in the SEM than smaller particles (6 nm or less).



Fig. 9 Immunogold detection of antigens on flagella of Salmonella in the SEM. Using a backscattered

electron detector, 12 nm gold colloids can be clearly identified by their element contrast (A). In the

surface topographic image of the secondary electron detector (B), gold colloids cannot be diVerentiated

from bacterial details of the same diameter. Scale bars: 100 nm.
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We take material contrast views with the backscattered electron detector (BSE)

(Fig. 9A) and topographic images with the secondary electron (SE) detector

(Fig. 9B). Even when the specimens are coated with a layer of 2–3 nm platinum/

carbon, the gold signal is clearly visible with the BSE detector. Using individual

images from both type of detectors normally allows easier identification of gold

signal than images created with mixed signal from both detectors at the same time.

For presenting both images in an overlay, SE and BSE micrographs can be

pseudocolorized using diVerent look-up tables, (e.g., green and red) (Brinkmann

et al., 2004).
III. Overview and Conclusion

In this article we have presented some standard preparations for both TEM and

SEM, which will be helpful to infection biologists who would like to get a more

precise view on the process of infection. Yet certain caveats have to be kept in

mind. Compared with that in light microscopy, in electron microscopy the number

of individual cells in a given sample is normally much smaller. Great care has to be

taken to assure that an adequate number of individual cells are analyzed to

represent the entire sample; thus, it is of great importance to elaborate infection
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parameters that ensure homogenous infection patterns in cell culture or organ

samples. It is a good idea to correlate light and electron microscopy to be able to

monitor the infection status of the entire sample before concentrating on fine

structure analysis of a relatively small number of cells.

If knock-down techniques are used to repress expression of a certain gene, it is

necessary to carefully monitor the degree of gene silencing. While primary cells or

organs from mice with properly induced KO germline mutations will surely not

express the protein under investigation, silencing genes with RNA techniques

never repress protein expression entirely. Often, 20–40% of residual expression

remains, which may be enough to yield a readout using light microscopic techni-

ques, but is not satisfactory for electron microscopy, which concentrates on a

limited number of individual cells. Thus, for EM studies RNA-induced gene

silencing is only adequate if a high repression rate (>90%) is accomplished, and

the number of analyzed cells is big enough to be statistically significant.

For a researcher new to transmission electron microscopy it is often dissatisfac-

tory that the number of infected cells in a given sample seems to be much smaller

than in a corresponding sample processed for light microscopy. It has to be kept in

mind that while light microscopy always displays the entire cell and even a single

bacterium infecting this cell can easily be visualized, an ultra-thin section of 60 nm

only represents about 0.5–1% of the cell, and thus many cell profiles erroneously

appear uninfected. This again is an argument for correlative studies.

The multiple facets of electron microscopy oVer indispensable tools for studying
infection processes. We would like to encourage more biologists to use electron

microscopy in their infection models to gain a more precise insight into the biology

of infection.
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Abstract

Electron microscopy is a powerful tool to visualize viruses in diagnostic as well

as in research settings for investigating viral structure and virus-cell interactions.

Here, a simple but eYcient method is described for demonstrating viruses by nega-

tive staining, and its limit is discussed. A prerequisite to obtain reliable information

on virus-cell interactions is excellent preservation of cellular and viral ultrastruc-

ture. The crux is that during fixation and embedding, by applying conventional

protocols about 50% of the lipids are lost, which results in loss of integrity of cell

membranes. To achieve good preservation of cellular architectures, good contrast,

and both high spatial and temporal resolution, methods for freezing, freeze-

substitution, and freeze-etching are described and their applicability discussed

mostly taking complicated built herpes viruses as examples.
CHAPTER 25
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Switzerland
OGY, VOL. 88 0091-679X/08 $35.00
All rights reserved. 497 DOI: 10.1016/S0091-679X(08)00425-1



498 Peter Wild
I. Introduction

Electron microscopy is an eYcient tool to demonstrate viruses for diagnostic

purposes, for structural analysis, and for studying virus-cell interaction. In diag-

nostic virology, electron microscopy employing negative staining is often the first

step yielding results within minutes (Figs. 1 and 2). If electron microscopy reveals

viruses, selective investigations can be initiated for characterization of the virus

detected. Rapidity is important in the diagnosis of emerging infectious agents in

diseased men and animals but even more in discrimination between harmful and
Fig. 1 (A): Intact Sendai virus (paramyxovirus). (B):Capsidsof parainfluenza3 virus (paramyxovirus).

(C): Intact herpes simplex virus 1 exhibiting envelope, tegument and capsid with capsomers. (D): Capsids

of herpes simplex virus 1 with and without (black) DNA. All are stained with PTA. Images by E.M.

Schraner. Bars¼ 100 nm.



Fig. 2 (A): Parapoxvirus. (B) Parvovirus concentrated by coating the supporting film with antibodies

prior to adsorption of virus. (C): Rotavirus (reovirus) stained with uranyl acetate. D: Rotavirus of the

same suspension as in panel C stained with PTA. Images by E.M. Schraner. Bars ¼ 100 nm.
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harmless particles in criminality. Negative staining is also used for control of

preparation steps in virus research. Negative staining may lead to severe artifacts

that depend, to some extent, on the negative stain used. Another technique to

visualize viruses is shadowing with heavy metals like platinum. By doing so,

artifacts due to negative stains are omitted but not collapsing of structures unless

viruses are frozen (and freeze-dried) prior to shadowing. Artifacts can be omitted

by embedding viruses in vitreous ice that involves rapid freezing of thin samples

and examination in the frozen hydrated state. This technology is highly suitable for

structural analysis.

Viruses can also be detected within tissue, isolated cells, or cell cultures for

diagnostic purposes or for research. For simple detection of viruses, preparation



Fig. 3 Herpes virions within nucleus and cytoplasm of poorly preserved cells. Most of the membranes

probably represent Golgi membranes. Images by F. Mettler. Bars ¼ 500 nm.
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protocols for routine electron microscopy can be employed because most viral

structures can be easily recognized even in cells with pure preservation of the

ultrastructure. Some virus structures can even be identified to some extent, e.g.

herpes virus (Fig. 3), adenovirus, and papilloma virus. To study viral behavior,

it must be kept in mind that cellular structures like cell membranes may be severely

disturbed while applying routine techniques involving immersion into fixatives,

dehydration, and embedding. The organelle to be disrupted first and most severely

is the Golgi complex (Fig. 3), which is heavily involved in intracellular traYcking

but also in maturation of viruses. Furthermore, processes may be fast requiring

high temporal resolution. Therefore, the method of choice to study virus-cell

interactions is rapid freezing followed by freeze substitution (Fig. 4) or freeze-

etching, and final preparation for transmission electron microscopy and

(cryo)-scanning electron microscopy, respectively.

To demonstrate isolated virus particles, a simple protocol is described. To

achieve reliable structural preservation to study cellular responses to viral

infection, protocols for freezing, freeze-substitution, and freeze-etching of cell

monolayers and isolated cells are presented.
II. Methods
A. Isolated Virus Particles

1. Negative Staining
Negative staining is simple, fast, and eVective. It needs a supporting film on

copper grids and negative stains. Among those stains, uranyl acetate (UAc) and

Na-phosphotungstic acid (PTA) are most widely used. Uranyl vanadate, uranyl

formiate, uranyl oxalate, ammonium molybdate, and others may be used for



Fig. 4 Golgi complex after high-pressure freezing and freeze-substitution (A) and after pre-fixation

with 0.25% glutaraldehyde followed by freezing and substitution (B). (A) Budding of bovine herpes

virus 1 capsids at the cis face of an intact Golgi complex. Note the connection between outer nuclear

membrane and Golgi membrane and the dilated (180 nm) nuclear pore with intact bordering by intact

membranes (arrows). (B) Membranes have distinct contrast and are well preserved. An intact herpes

simplex virus 1 is in a Golgi cisterna that show indications for fission (arrow). Bars ¼ 200 nm.
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special occasions. Viruses can be brought to the supporting film by spraying, by

placing a drop onto it, or by floating the grid on a drop of virus suspension. A highly

sophisticated method to prepare viruses for negative staining is by agar filtration

(Kellenberger and Bitterli, 1976). Apart from agar filtration, the floating method is

probably the most eVective concerning the number of virions that adheres to the

supporting film because virions accumulate at the surface of the drop owing to the

surface tension (Johnson and Gregory, 1993), and thus will be described in detail.

a. Negative Staining of Viruses
1. Place a drop (20 to 50 ml) of suspension onto a Parafilmmounted on a smooth

surface.

2. Place the grid covered with a supporting film upside-down onto the drop.
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3. Allow adsorption of the virus to the supporting film for 3–15 min, depending

on the concentration and purity of the suspension.

4. Optional: Wash quickly by placing the grid onto a drop (40 ml) of pure water.
5. Place the grid onto a drop (40 ml) of negative stain for 1–10 min.

6. Blot the grid from the side using a blotting paper (e.g. Whatmann No. 1) cut

in triangles.

7. Examine the specimen immediately after blotting because the quality of

negatively stained viruses reduces with time.

Important: DO NOT blot after adsorption or washing. You may lose viruses and/

or staining quality will be poor. Grids with supporting film coated with carbon

possibly need to be glow discharged immediately prior to use to make them

hydrophilic.
b. Preparation of Supporting Films
The supporting film with good adsorption property is the basic prerequisite for

successful negative staining. The supporting film is made of formvar, collodion, or

parlodion. Formvar is more stable than collodion and parlodion. Collodion and

parlodion films are easier to produce and are good for negative staining. All three

films are sensitive to electron beam irradiation and thus need to be coated with

carbon. Alternatively, pure carbon film can be used as for DNA spreading. For

demonstration of viruses, we succeeded in using parlodion films prepared as

follows:

1. Fill a Petri dish (16 cm in diameter, 4.5 cm in height) completely with filtered

(0.22 mm) water.

2. Break away the tip of a Pasteur pipette prior to use it to place a drop of

parlodion onto the water surface in the centre of the Petri dish. Avoid

bubbles.

3. Parlodion will form a thin film – let it dry until Newton rings have

disappeared.

4. Remove the first parlodion film in order to clean the water surface.

5. Produce a second film as described earlier.

6. Place carefully grids cleaned in acetone onto the parlodion film without

touching it. Avoid vibrations.

7. Place a piece of parafilm onto the grids. Wait until it is completely attached

to the film.

8. Remove the parlodion around the parafilm with clean forceps.

9. Remove the parafilm-grids-parlodion sandwich from the water surface.

10. Put this sandwich onto a blotting paper within a Petri dish for drying.

11. Coat films with 2–3 nm carbon prior to use.
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Important: Dishes and tools must be clean and free of lipids. Use acetone or

chloroform for cleaning. Do not touch anything with bare hands. This procedure

can be repeated many times using the same water. Work on a quiet place under a

small hood made of Plexiglas.

3% parlodion: 0.6 g of parlodion cleaned with chloroform are cut into small

pieces and solved in 20 ml acetic acid-isoamylester. After parlodion is solved,

which needs 2–3 days, molecular sieve is added.

Copper grids (300 mesh/inch) are cleaned twice in acetone for 15 min in an

ultrasonic bath. If films do not stick to the grids, they need to be glow discharged

immediately prior to use.

c. Na-Phosphotungstic Acid 2%
Solve 0.2 g Na-PTA in 8 ml�H2O. Adjust pH with 1 N and 0.2 N NaOH to 6.6,

7.0, and 7.4, and add H2O ad 10 ml. Filter the solution (0.22 mm) into Eppendorf

tubes for storage at 4 �C.

d. Uranyl Acetate
Make a saturated solution using Milipore filtered (0.22 mm) water in an Eppen-

dorf tube, centrifuge it, and keep it cool in a light-protected container, e.g., in a box

for 35 mm films. For changing staining intensity, stain for diVerent periods of time.
2. Shadowing
Adsorption of viruses to the supporting film is exactly as for negative staining.

However, quick washing is often necessary unless the viral suspension is very pure.

After blotting, the grids are transferred into an evaporation unit and shadowed

preferentially with platinum-carbon at an angle between 45� and 85� depending on
the virus to be visualized. Shadowing can be unidirectional or multidirectional by

rotating the specimen. We often combine the two starting with rotary shadowing

(80–90%) followed by unidirectional shadowing (10–20%). The total thickness of

the platinum-carbon layer measured by the measuring quartz located beside the

specimen but perpendicular to the platinum source may vary between 2.5 and

3 nm. Shadowing may be used to verify whether structures found in negatively

stained preparations are artificially introduced by negative stains. We use shadow-

ing more for demonstration of macromolecules of unknown structure or of pili of

bacteria in situ rather than for demonstration of viruses, and in combination with

freeze-drying.

To avoid collapsing of viruses during air-drying, viruses adsorbed onto the

supporting film can be freeze-dried in the evaporation unit used for shadowing.

Good freezing quality (no formation of ice crystals disturbing viral structures) is

achieved by plunge-freezing as described in detail later for freezing of cell mono-

layers. The crucial step is blotting prior to freezing. Alternatively, freeze-drying of

negatively stained viruses can be done within the electron microscope provided the

microscope is equipped for it.
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3. Embedding in Ice
Artificial changes canbe almost completely avoidedbyplunge-freezingof thinfilms

of viral suspensions (Adrian et al., 1984). Images can be used for three-dimensional

reconstruction (Baker et al., 1999). Recently, structures of nonrotational virus parti-

cles were reconstructed on the basis of images obtained by tomography (CyrklaV
et al., 2005; Grunewald et al., 2003).
B. Cell Cultures
For transmission electron microscopy or scanning electron microscopy to

examine the cell surface, cells such as MDBK cells, HeLa cells, or Vero cells, can

be grown on sapphire disks with a diameter of 3 mm and a thickness of 50 mm
(Bruegger, Minusio, Switzerland) to use it for fixation at ambient temperatures or

for freezing by any methods discussed later except for high-pressure freezing using

the freezing unit made by Leica, which allows only disks of 2 mm in diameter.

Sapphire disks are covered with 10 nm carbon (Eppenberger-Eberhardt et al.,

1997) permitting excellent cell growth and, very important, easy removal from

the epon after embedding and polymerization. Furthermore, a ‘‘1’’ can be

scratched into the carbon allowing recognition of that surface cells are attached

to. It is important to clean the sapphires prior to carbon coating with a detergent

for laboratory dish washing, e.g. neodisher LM3. Cleaning, best done in an

ultrasonic bath, must be followed by rigorous rinsing in hot water and finally in

acetone (twice in an ultrasonic bath). Clean and dry sapphire disks can be coated

by carbon, e.g. by electron gun evaporation in a vacuum unit at a pressure of about

10�5 mbar. After carbon coating, sapphire disks should be stored in a dry place

(30–40 �C) for at least 24 h to allow firm attachment of the carbon to the smooth

sapphire surface. Omitting this step may result in detachment of the carbon film at

the very moment disks are placed into the medium. The disks are UV irradiated

prior to seeding. For seeding cells we use commonly 6 well plates because mono-

layers are more evenly distributed than in smaller wells, and so is the distribution of

virus during attachment. Seeding must be done first. Disks are then inserted into

the medium containing the cells to avoid floating of the disks.

For cryoscanning electron microscopy after freeze-etching, cells can be grown in

petriperm dishes. The bottom of these dishes can be cut out and then mounted in a

specimen holder of a high-pressure freezer. Alternatively, cells can be grown in any

culture dish, and removed by trypsinization or scraping. Pellets obtained by slow

centrifugation can be used for any method described later. We use them only

for fixation at ambient temperature and for high-pressure freezing followed

by freeze-etching.

An elegant method is to grow cells in cellulose capillary tubes of 200 mm in

diameter (Hohenberg et al., 1994). Cells within these tubes can be fixed by

conventional methods or cryo-fixed by high-pressure freezing followed by freeze-

substitution or by cryo-sectioning. Alternatively, cells can be grown on Aclar
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(Jimenez et al., 2006), a copolymer with similar properties as tissue culture plastic,

or on golden grids covered by a formvar film and coated with carbon (Osborn

et al., 1978). They can be used for conventional fixation or for high-pressure

freezing (Murk et al., 2003). Because golden grids are soft they are diYcult to

handle for plunge-freezing. This problem can be overcome by using gold-coated

copper grids.
1. Conventional Transmission Electron Microscopy
Cells grown on sapphire disks can be fixed simply by immersion into glutaralde-

hyde. We commonly use 2.5% glutaraldehyde in 0.1 M Na/K-phosphate because

Kþ have a stabilizing eVect on membranes (Kuhn and Wild, 1992). To reduce

stress we let cells cool to room temperature and add 2.5% buVered glutaraldehyde

to the medium in which cells were grown in giving a final concentration of 1.25%.

Then the cells are kept at 4 �C for 30 min, briefly washed with 0.1 M Na/K-

phosphate, postfixed with 1% OsO4 in 0.1 M Na/K-phosphate at 4 �C for 1 h,

dehydrated in graded series of ethanol, infiltrated in epon/acetone (1/1) and em-

bedded in epon. We use rather acetone than propylene oxide because many

structures, e.g. tegument and envelope of herpes viruses are better preserved

when propylene oxide is omitted.
2. Low-Temperature Transmission Electron Microscopy
a. Freezing of Cells Grown as Monolayers
Cells grown as monolayers on sapphire disks are ideal objects for successful

freezing because monolayers are thin, and easy to handle enabling freezing within

seconds after removing from culture medium. Keeping the culture medium under

incubation conditions, virtually no disturbance of cellular processes and of

ultrastructure will be expected to occur in the short time needed to prepare cells

for freezing. The thickness of monolayers of established cell lines probably does

not exceed 20 mm. The thickness of Vero cells, HeLa cells, MDBK cells, or MDCK

cells is less than 10 mm. Therefore, monolayers can be frozen by any freezing

method.

b. Plunge Freezing
The simplest way to freeze cells is probably by plunging cells grown as

monolayers on sapphire disk into a cryogen such as propane cooled by liquid

nitrogen. The setup consisting of a guillotine (Adrian et al., 1984) and a container

for the cryogen can be self made (Wild et al., 2001a). However, there are two

problems to overcome. The first, severe problem is removing surplus medium from

the monolayers after the sapphire disks are removed from the medium. This has to

be done rapidly but carefully and eVectively so that only minimal amounts but

enough of medium covers the cell and that they do not suVer from osmotic shock

or even dry out. Medium covering the monolayer surface thicker than a few
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micrometer hinders rapid freezing of the monolayer surface. Taking into account

that the distance of excellent freezing is in the order of 10 mm, the ideal medium

thickness would be 1–3 mm, an approach diYcult to achieve and therefore needing

a great deal of experience. FEI has developed the Vitro-Bot for freezing thin films

of suspension for cryoelectron microscopy. This instrument can probably be used

for freezing cell monolayers because the removal of medium immediately prior to

freezing can be exactly controlled. This instrument also controls the temperature

of the cryogen, the second, minor problem of plunge-freezing. The melting point of

propane is at �189.6 �C, that of ethane at �183.5 �C. Heat conductivity of ethane

is better than that of propane. Propane is easier to handle. We overcame

the problem of keeping the cryogen in its liquid form by mixing ethane and

propane (about 8:2) in a partially air insulated container (Fig. 5A). Constant

stirring permits the mixture to cool down to about �194 �C without freezing.

Propane (or ethane in the propane/ethane mixture) lost during plunging can be

easily replaced via a hypodermic needle within a few seconds. For the first filling of

the container by starting with ethane, a 200 ml pipette tip is used, whose tip is cut

oV obliquely.

The rate of successful freezing depends to a large extent on the experience of

the operator, particularly on its ability to remove surplus medium, but also on the

relative water content of the cells. Old (3 days) cells are richer in proteins than

young cells. The rate of successful freezing is thus much higher than in young cells

except for the nuclei, which are often not satisfactorily frozen. Although removal

of surplus medium is crucial for successful freezing of monolayers, the region next
Fig. 5 (A) Partially insulated container to be filled with propane/ethane for plunge-freezing. For

details see Wild et al. (2001a). (B) Block of stainless steel with holes with the size that 700 ml Eppendorf
tubes fit exactly into it providing good heat conductivity. In the back there are four holes for glass

containers for cooling the substitution medium prior to use. Note that there is a gradient of temperature

of 20 �C at least from bottom (where the indicated temperature is measured to the top. Verify the

temperature at the place where the specimen is located).
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to the sapphire disk are mostly well frozen because the heat conductivity of

the sapphire is high – and much better than that of the medium covering

monolayers – permitting rapid freezing of the first few micrometers.

Plunge freezing can be employed for studying rapid membrane-bound processes

as is expected during cell entry of viruses. For this purpose a humid chamber is

build around the guillotine (Bailey et al., 1991) allowing incubation of infected

cells for seconds prior to freezing (Wild et al., 1998). This methodology revealed

for the first time exact data for viral cell entry (Figs. 8 and 9).

c. Metal Mirror Freezing
Freezing by slamming the specimen onto a highly polished copper block cooled

by liquid nitrogen is not a good option to freeze cell monolayers because of

diYculties to remove surplus medium although it has been successfully applied

(Dalen et al., 1992). However, metal mirror freezing is an excellent tool to freeze

bacteria (Wild et al., 1997). Bacterial colonies grown on Agar are cut out using a

razor blade or a scalpel, placed on a cigarette paper that is mounted on a specimen

holder for immediate slamming. Bacteria can be easily frozen because of their low

water content. This is also true for viruses. Even when cells show severe segregation

artifacts viral structure is commonly reasonably well preserved.

d. High-Pressure Freezing
With any method described earlier cell nuclei might not be well frozen or the rate

of successful freezing is low. Under high pressure crystallization time is increased,

allowing freezing of much thicker specimen than cell monolayers without forma-

tion of ice crystals perturbing cellular ultrastructure (Mueller, 1992) as described in

chapter 11.

Commonly, cells or tissue to be frozen are placed in an aluminum platelet with a

central cavity of 50–150 mm. Cells grown on sapphire disks can be placed on the

flat side of an aluminum platelet and covered with an aluminum platelet with a

50 ml cavity keeping the amount of medium low. As mentioned earlier, heat

conductivity of sapphire is high. 50 mm thick sapphire disks of 3 mm in diameter

are mechanically stable as long as the impact forces are evenly distributed on their

surface. Therefore, sapphire disks can be directly mounted into the specimen

holder of a high-pressure freezer. In doing so, one disk is placed with its monolayer

on the upper side, the second one is placed upside down. The two disks are

separated by a thin copper spacer (one hole grid) giving a sandwich of about

100 mm with minimal but suYcient medium covering the cells. The sapphire

disks remain intact during freezing under high pressure provided that all surfaces

the sapphires are hold in place with are smooth. Cells are well frozen in more than

95% of the trials.

A crucial step is loading the specimen holder, insofar as care must be taken that

cells do not dry. To avoid drying of cells, we quickly blot the sapphire disk after

removal from the medium with a wet blotting paper prior to placing it into

hexadecane (Studer et al., 1989). Hexadecane is not miscible with water. The little



508 Peter Wild
medium remaining on cells will be covered by hexadecane, and thus cannot

evaporate that would result in osmotic shock or even in drying of cells. There

are two other simple advantages using hexadecane. First, sapphires and spacers

can be very easily handled for mounting onto the specimen holder when they are

covered with hexadecane. Second, the more important, the two sapphires of a

sandwich can be easily separated after cells have been frozen. Cells grown in

cellulose tubes (Hohenberg et al., 1994) can rapidly mounted into a special holder

with very short delay between removal from the culture medium and freezing.
e. Jet Freezing
A cheaper way of freezing cell monolayers than high-pressure freezing is by

jet-freezing. The specimen is protected and kept in place by a thin specimen holder

made of copper. Then liquid propane is propelled simultaneously from opposite

sites onto the thin specimen holder. Mounting the sapphire sandwich, as described

for high-pressure freezing, into the specimen holder allows rapid freezing of the

monolayers because heat conductivity of both sapphire and copper is low.
f. Fixation prior to Freezing
Fixation with aldehydes results in distortion and shrinkage (Murk et al., 2003).

Nevertheless, pre-fixation with low concentrations (0.1–0.5%) of glutaraldehydemay

be a good option to study virus-cell interactions. This is especially true when dealing

with pathogens allowing transportation of infected samples to the laboratory, and

handling for freezing. Themain distortions are not due to the fixative per se, but they

are caused during dehydration. Hence, structural distortions due to fixatives are

probably of minor importance in studying virus-cell interactions (Fig. 4B).

g. Freeze-Substitution
To visualize the interior of cells they must be cut into slices of 30–300 nm

depending on the methods intended to use for investigating cellular architecture.

Cutting a thin section requires embedding in an appropriate medium, which also

allows visualization of cellular structure in great detail. Prior to embedding,

cellular water must be removed and replaced by a solvent such as ethanol or

acetone. Specimen fixed by conventional techniques, e.g. by immersion into glu-

taraldehyde, are transferred into solvents for dehydration through graded series of

ethanol or acetone. Ice of a frozen specimen is substituted by solvents at tempera-

tures just above the melting point. There are probably hundreds of protocols.

The choice of the protocol depends on what structures are aimed to be visualized.

To study cell membrane-bound processes, e.g., envelopment of herpes viruses, a

protocol must be employed that leads to high resolution of membranes combined

with appropriate contrast. Note that good contrast in biological specimen depends

on the amount of heavy metal atoms bound to the structure to be visualized.

Therefore, good contrast may be negatively correlated with good resolution.
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To find a protocol yielding both good resolution and good contrast of

membranes, we tested dozens of protocols (Wild et al., 2001b) coming up with

the following:

Substitution medium: acetone containing 0.25% glutaraldehyde and 0.5% osmi-

um tetroxide.

1. Substitution: 6 h (or over night) at �90 �C that is followed by slow tempera-

ture rise (5�/h) to 0�or 2 �C. To improve contrast, cells can be kept at 2 �C
for 1 or 2 h.

2. Washing: three short washings (5 min) in pure acetone at 4 �C.
3. Infiltration: epon/acetone (1/1) for 6 h at 4 �C, in open vials so that acetone

can evaporate

4. Embedding: Place the sapphire disks onto a clean glass slide under a stereo-

microscope to ensure that cells are on the upper side. For orientation use

the ‘1.’

Fill completely a beam capsule with epon, and place it upside down onto the

sapphire disk (Fig. 6). Epon does not leak, even at 60 �C.

5. Polymerization: at 60 �C for 2.5 days.

6. Removal of disks: Immersion in liquid nitrogen followed bymechanical forces.

Note: Sapphires break into small pieces; some of themmay stick to the carbon or

epon where the ‘1’ was scratched.

Sapphire disks require a specimen holder so that the substitution medium can

readily contact with the cells. We use 700 ml Eppendorf tubes. They fit exactly into

holes drilled in a steel block (Fig. 5B) that is placed into the chamber of the

substitution unit. Upon intimate contact of the Eppendorf tube, the wall and the

bottom of the hole allows rapid heat exchange between the steel block and the
Fig. 6 Beam capsules filled with epon on a glass slide.
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substitution medium. The temperature of the substitution medium at the bottom

has to be measured to know the actual temperature at the very place of the

specimen.

Important:

1. For good contrast combined with good resolution, the final temperature

must be between 0 and þ2 �C. NOTE: The temperature indicated in any freeze-

substitution unit tested so far is not the actual temperature of the specimen

because the temperature is measured below the location of the specimen. The

actual temperature may diVer from the indicated temperature by more than

12 �C!
2. Contrast may be enhanced by using higher concentrations of osmium tetrox-

ide and/or increasing the temperature to 4 �C or even higher. Keep in mind that

this kind of contrast enhancement results in decline of resolution.

3. Contrast enhancement without substantial loss of resolution is achieved

by adding up to 5% water to the substitution medium (Walther and Ziegler,

2002).

4. Glutaraldehyde can be purchased as solution in acetone or in water. We use

25% glutaraldehyde in water and not in acetone as described (Wild et al., 2001a) to

make a 0.25% solution in acetone. Osmium tetroxide, however, is dissolved in pure

acetone.

5. Contrast can be enhanced by substitution in acetone containing glutaralde-

hyde and tannic acid (Giddings, 2003).

6. Contrast can be enhanced by isobutanol during staining (see below).

7. Contrast can be enhanced by reducing substitution time down to 60 min

(Hawes et al., 2007).
h. Freeze-Substitution for Immunolabeling
Preparation methods for immunolabeling are discussed elsewhere. We thus just

introduce a recently introduced protocol (Matsko and Mueller, 2005) that leads to

good preservation and high resolution of cellular ultrastructure. The protocol is

based on the fact that epoxy resins per se are fixatives (Sung et al., 1996). Thus

frozen cells can be substituted in acetone containing 20% epon as described earlier

and embedded in epon. The result is a well preserved ultrastructure (Fig. 7) and

reasonably well preserved antigenicity. The disadvantage of unspecific binding of

antibodies may be prevented by incubation in acetylated bovine serum albumin

prior to immunolabeling.

i. Staining
Sections of well frozen and freeze-substituted cells in the presence of low con-

centrations of glutaraldehyde and osmium tetroxide are poor in contrast but of

good resolution. Good contrast is achieved by double staining with lead citrate



Fig. 7 High-pressure frozen and freeze-substituted cells in 20% pure epon dissolved in acetone. Note

the distinct visibility of membranes associated with viral proteins and the specific although sparse

labeling with antibodies against VP16, a herpes simplex virus 1 tegument protein. Compare structural

integrity and labeling intensity with that published by Naldinho-Souto et al. (2006). Images by E.M.

Schraner. Bars ¼ 100 nm.
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(Reynolds, 1963) and uranyl acetate. To increase contrast, 9% isobutanol

(Roberts, 2002) is added to both lead citrate and uranyl acetate. Furthermore,

Mg-uranyl acetate is used. The staining solutions are prepared as for use in pure

water. Filter the solutions through Milipore filters (0.22 mm) and store it in

Eppendorf tubes at 4 �C. The time period of staining is between 5 and 20 min at

room temperatures. Prolonged staining leads to more precipitation rather than to

more contrast.

j. Electron Tomography
High resolution in combination with good contrast is a prerequisite for in-depth

investigation of membrane-bound processes. Freeze-substitution of cells as des-

cribed earlier is highly suitable for studying membrane interactions in thin

(40–60 nm) sections resolving the bilayer nature of membranes. Thick (150–300 nm)

sections can be used for tomography. Iso-butanol in the presence of stains increases

visibility, and stains penetrate deeper into epon than stains dissolved only in H2O.

Staining both sides of thick section is also useful. The use of electron microscopes

equipped with high contrast lenses will result in images of suYcient high contrast to

visualize the membrane bilayer (Fig. 8).
3. Field Emission Scanning Electron Microscopy
To investigate viruses and cell-virus interactions by scanning electron microsco-

py, instruments are needed that provide high resolution although we were able to

demonstrate cell entry of herpes viruses using the secondary electron detector of a



Fig. 8 Tomographic series of plunge-frozen and freeze-substituted herpes simplex virus 1 entering

a cell. Note the clear visibility of the bilayer in this 200 nm thick section. Images by B.M. Humbel,

University of Utrecht. Bars ¼ 100 nm.
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scanning transmission electron microscope Philips CM 12 (Wild et al., 1998).

Details of viruses, however can only be visualized using a field emission electron

source (FESEM) combined with adequate coating of the biological specimen

(Hermann and Muller, 1991). This methodology can also be employed to study

viral cell entry in detail. To do so, cells are grown on sapphire disks. Viruses are

then led to attach to the cell surface at 4 �C for 1–2 h prior to incubating at 37 �C
for seconds to a few minutes in a humid chamber mounded around a guillotine for

plunge-freezing. After freezing, cells are freeze-substituted using the same protocol

as for transmission electron microscopy, critical point dried, coated with 3 nm

platinum-carbon at an angel of 45� by electron beam evaporation followed by

8 nm carbon perpendicular (Walther et al., 1995). Examination in a FESEM

reveals structural details of virus interactions with the cell surface, e.g., of herpes

simplex virus 1 (Fig. 9).
4. CryoField Emission Scanning Electron Microscopy
For in Situ examination by cryo-scanning electron microscopy, cells can be

grown in petriperm dishes. Disks of 2 mm in diameter are cut out of the petriperm

dishes with an ophthalmologic punch, transferred into hexadecane prior to placing

them into an aluminum chamber with a central cavity (height 50 mm, diameter

2 mm) for high-pressure freezing. The frozen samples can be stored in liquid

nitrogen until use. For freeze-fracturing, the sandwich with the cells on the petri-

perm disks between the two aluminum platelets are clamped in a special holder

(Eppenberger-Eberhardt et al., 1997) and fractured in a freeze-etching machine by

removing one aluminum platelet with the microtome (temperature �110 �C, vacu-
um about 2 � 10�7 mbar). Optional, samples can be ‘‘etched’’ (sublimation of

some water at the fracture face) for about 2 min prior to double layer coating



Fig. 9 Herpes simplex virus 1 particles on the surface of a cell after plunge-freezing, freeze-

substitution, critical point drying, and coating with platinum and carbon visualized in a FESEM

Hitachi S 700 using the backscattered electron signal. Bar ¼ 100 nm.
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(Walther et al., 1995), by electron beam evaporation with 3 nm of platinum-

carbon, from an angle of 45�, and about 8 nm of carbon, perpendicularly. The

frozen sample is then mounted in a cryo-holder and transferred into the micro-

scope. The whole center of the punched-out petriperm disks (about 1 mm2) can

be analyzed at a temperature of �130 �C and an acceleration voltage of 10 kV

using the backscattered electron signal (Walther et al., 1995). This technique

allows examination of cellular processes with little disturbance between sampling

and examination (Fig. 10). Unfortunately, the rate of good specimen is low

because fracturing of the 10 mm thick layer is tricky, and the petriperm often

detaches from the platelet. To overcome this latter problem, cells can be grown

an aluminum platelets coated with matrigel (Sawaguchi et al., 2003). Cells cannot

easily be monitored by light microscopy necessary to estimate the progress of

infection. Hence, growing cells on platelets is not a suitable method for studying

cellular processes such as the morphogenesis of viruses.

An alternative way is to use isolated cells with the disadvantage that the delay

between removal of cells from culture dishes and freezing is substantial and

involves trypsinization or scraping. After trypsinization and an initial centrifuga-

tion (800–1000 rpm), cells must be resuspended in fresh medium and centrifuged

again (800 rpm) to obtain a soft pellet of which aliquots can easily be removed.

Aliquots are then placed between the flat surfaces of two aluminum platelets

coated with 20 nm copper to render the surface hydrophilic for improved adher-

ence of cells to the platelet surface. This may also achieved by scratching the

platelet surface. A 15 mm thick 100 mesh/inch grid serves as a spacer. The sandwich

is placed onto the specimen holder for high-pressure freezing. Frozen samples can

be stored in liquid nitrogen until use. For freeze-fracturing the sandwich is trans-

ferred to a freeze-fracture unit. After adjusting the temperature to �115 �C at a



Fig. 10 Nuclear Surface of bovine herpes virus 1 infected cells grown in petriperm dishes, high-

pressure frozen, freeze-etched, platinum-carbon coated and examined in a Hitachi S 5200 using the

backscattered electron signal. Nuclear pores are irregularly distributed early in infection whereas they

are almost absent late (15 h) of infection. Images by P. Walther, University of Ulm. Bar ¼ 500 nm.
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vacuum of 4 � 10�7 mbar, the top platelet is pushed oV with the microtome, and

the fracture surface coated with 3 nm platinum-carbon as described earlier for

analysis at �130 �C and an acceleration voltage of 10 kV using the backscattered

electron signal. Alternatively, the fracture surface may be coated with 2.5 nm

platinum-carbon at an angle of 45� followed by 1 nm platinum-carbon rotating

from 0 to 90� for analysis using the inlens secondary electron detector.

To reduce the delay between removal and freezing, cells may be fixed with

0.1–0.3% glutaraldehyde prior to scraping or after trypisinization. Cells fracture

perfectly along membranes except nuclear membranes (Fig. 11). Fixation is

especially recommended for safety reasons when working with pathogens.



Fig. 11 Isolated cell after pre-fixation with 0.25% glutaraldehyde, high-pressure freezing, freeze-

etching, and platinum coated and visualized in a Gemini 1530 FESEM. The fracture plane is through

the nucleus, whose surface has protrusions (asterisks) devoid of nuclear pores. These protrusions might

be the result of nuclear pore impairment as shown in Fig. 14. Image by A. Käch, Federal School of

Technology, Switzerland. Bar ¼ 500 nm.
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III. Material

Cells: HeLa cells, Vero cells, MDBK cells: American Type Culture Collection

Virus: Isolates: Institute of Virology, University of Zürich, Switzerland

Dishes: 6 well test plates: Techno Plastic Products, Trasadingen, Switzeland

Petriperm dishes: Sartorius: Göttingen, Germany

Medium: Dulbecco’s modified Eagle’s medium, Gibco, Bethesda, MD, USA

Grids: Electron Microscopy Sciences, Ft. Washington, PA, USA

Parlodion: Electron Microscopy Sciences, Ft. Washington, PA, USA

Acetylated bovine serum albumin: Aurion, Wageningen, The Netherlands

Sapphire disks: Bruegger, Minusio, Switzerland

Fixatives: Glutaraldehyde, Osmium tetroxide: Electron Microscopy Sciences,

Ft. Washington, PA, USA

Stains: Na-phosphotungstic acid (negative stain), Uranyl acetate (negative stain),

Lead citrate (positive stain): Fluka, Buchs, Switzerland

Mg-uranyl acetate (positive stain): Polysciences, Warrington, PA, USA

Detergent: neodisher LM3, Dr.Weigert, Hamburg, Germany

Microscopes:

CM12, Philips, Eindhoven, The Netherlands, equipped with a CCD camera

Ultrascan 1000, Gatan, Pleasanton, CA, USA

Tecnai 20, FEI Company, The Netherlands, equipped with a CCD camera,

Temcam F214, TVIPS GmbH, Germany
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S-5200 FESEM, Hitachi, Tokyo, Japan

S-700 FESEM, Hitachi, Tokyo, Japan

Gemini 1530, Zeiss, Oberkochen, Germany

High-pressure freezer: HPM010; BAL-TEC Inc., Balzers, Liechtenstein

EM HPM, Wohlwend Engineering, Sennwald, Switzerland

Freeze-substitution-units: CS auto, Reichert-Jung,

FS 7500, Boeckeler Instruments, Tucson, Arizona, USA

Freeze-etching units: BAF060; BAL-TEC, Balzers, Liechtenstein

BAF 300, BAL-TEC, Balzers, Liechtenstein

Critical point drying: CPD 030; BAL-TEC, Balzers, Liechtenstein
IV. Discussion

Negative staining is a powerful tool to demonstrate viruses for both diagnosis and

research. It is rapid and gives an immediate answer on the presence of viruses or

other particles. It is hence the primary tool for rapid diagnosis of infectious agents in

emergent situations (Hazelton and Gelderblom, 2003). However, it must be kept in

mind that the limit of detection of particles is about 106/ml. Viruses can be concen-

trated within a suYcient short period of time by centrifugation using an air-

centrifuge or by adsorption of virus particles onto a supporting film that has been

treated with antibodies to enhance specific adsorption.

Viruses may change structure during staining and subsequent drying as has been

shown e.g. for vaccinia virus (Dubochet et al., 1994). Thus for structural analysis

viruses are rapidly frozen and examined in the frozen hydrated state (Adrian et al.,

1984). Imaging of vitrified virus particles can be used for 3-dimensional recon-

struction (Baker et al., 1999). The impact of UAc is probably less than that of PTA.

This is certainly true for RNA viruses such as rotaviruses (Fig. 2C and D), which

are severely aVected by PTA. On the other hand, PTA is a versatile stain that can

be used at various concentrations and pH for various periods of time. As a rule, the

smaller the particle to be visualized the lower the concentration. Staining for 30 s

with 1% PTA is suYcient to demonstrate pili (8 nm in diameter) of bacteria (Hahn

et al., 2002). The optimal pH, time and concentration have to be found out in a

given sample starting with pH 7.4.

Generally, viruses collapse during air-drying. The degree of collapse is minimal

in small viruses such as parvovirus (18 nm), and increases with size of the particles.

Large complicated built viruses, like iridovirus and herpes virus, are most severely

aVected. The tegument surrounding the capsid in herpes viruses completely

collapses given the feature of a fried egg (Fig. 1C), or the viral envelop disrupts

so that both tegument and envelope are lost (Fig. 1D). Disruption of the viral

envelope is not only a matter during negative staining but also during virus

preparation (freezing-thawing, centrifugation). DiVerences in size and shape of

multi-componential viruses may also originate during morphogenesis. Normally

herpes viruses are sphere like structures (Grunewald et al., 2003; Zhou et al.,
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1999). However, the longer virus production proceeds in a given cell, the more

heterogeneous herpes virus particles (Fig. 12) are produced considering shape and

size (Schraner et al., 2004). The capsid of herpes viruses is built of hexons and

pentons (Baker et al., 1990) assembled in the nucleus and then filled with DNA.

Filling of capsids with DNA fails probably late in infection resulting in accumu-

lation of empty capsids within the nucleus (Fig. 14 inset) and/or virions with

empty capsids within the cytoplasm. Empty capsids may collapse during negative

staining and stains may penetrate resulting in dark appearance of capsids whereas

collapse of DNA filled capsids is minimal allowing demonstration of structural

details. Collapsing of viral structures can be avoided to a large extent by freezing

followed by freeze-drying, or by shadowing of unstained samples. For structural

analysis negative staining can be combined with preparation of thin aqueous films

(Adrian et al., 1998) for freezing and examining in the frozen hydrated state

(Harris, 2007).

Though many viruses can be demonstrated within cells fixed and processed in

the conventional way studies on virus membrane interactions has led to misinter-

pretation. The two main reasons are that membrane-bound processes are fast

and hence diYcult to capture and that membranes loose integrity during conven-

tional processing. Loss of membranes can be reduced e.g. by microwave

enhanced fixation (Wild et al., 1989) and certainly by cryofixation followed by

freeze-substitution that results in markedly improved retention of lipids (Weibull

and Christiansson, 1986; Weibull et al., 1983; Weibull et al., 1984). Loss of Golgi
Fig. 12 Size and shapeof herpes virusesmay vary considerably late in infection: Typically, they comprise

the core (DNA), capsid, tegument, and envelope with spikes (glycoproteins) well seen in high-pressure

frozen and freeze-substituted cells or extracellular space. Image by E.M. Schraner. Bars¼ 100 nm.



518 Peter Wild
membranes probably has contributed to the unrealistic idea that capsids of herpes

viruses acquire their envelope and tegument by budding at small Golgi derived

vesicles (Mettenleiter, 2004). In reality herpes virus capsids bud at any site of the

Golgi complex (Fig. 4) (Leuzinger et al., 2005; Wild et al., 2005). Herpes virus

capsids also bud at Golgi derived vacuoles (Homman-Loudiyi et al., 2003;

Stannard et al., 1996), nuclear membranes and membranes of the endoplasmic

reticulum (Leuzinger et al., 2005; Wild et al., 2005). Fusion of membrane e.g. in

exocytosis is a rapid process taking milliseconds (Knoll et al., 1991), and has very

rarely been shown so far in conventionally processed cells (Fig. 13A). Fusion

between viral envelope, which derive from cell membranes, with liposomes takes

about 1 min (Kanaseki et al., 1997). The discrepancy in time of fusion during

exocytosis and simulated viral cell entry by fusion of influenza virus with liposomes

is probably due to the fact that during exocytosis membranes approach from the

cytoplasmic side whereas in fusion during cell entry the viral envelope approaches

the external layer of the plasma membrane or of endosomal membranes with its

external layer. Since the cellular fusion machinery (Peters et al., 2004) acts from the

cytoplasmic layer a viral fusion machinery has to be evolved to act at the external

layer during viral entry. Interestingly, viral entry via fusion of the viral envelope

with the plasma membrane has not been shown convincingly to date. Using the

setup described under plunge-freezing might help to discover the entry process of

enveloped viruses (Fig. 8).

Fusion is required somewhere during entry of enveloped viruses. However,

fusion of the viral envelope with cell membranes does probably not take place

during viral egress. The dominant process in egress is budding. The morphology

of budding diVers distinctly form that of fusion (Fig. 13). Despite the distinct

features budding was often referred to as fusion in herpes virology obviously to

support an assumption: e.g. identical features are addressed as fusion (Klupp et al.,

1998) and as budding (Fuchs et al., 1997), respectively. Viruses may bud at RER
Fig. 13 (A) Close apposition and fusion of secretory granules in a mammary epithelial cell after

conventional fixation. (B) Budding of a bovine herpesvirus 1 capsid into a vacuole after conventional

fixation. (C) Budding of a bovine herpesvirus 1 capsid at a membrane probably derived from the Golgi

complex after high-pressure freezing and freeze-substitution. Bars ¼ 100 nm.



Fig. 14 Section through a nucleus of a bovine herpes virus 1 infected MDBK cell with protrusions of

nuclear matrix through impaired nuclear pores containing capsids into the cytoplasmic matrix,

accumulation of viral proteins (asterisk), and accumulation of empty and DNA filled (black) capsids

(inset). Images by E.M. Schraner. Bar ¼ 5 mm.
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membranes, e.g., herpes virus (Leuzinger et al., 2005), vaccinia virus (GriYths

et al., 2001; Sodeik et al., 1993), and probably iridovirus (Cobbold et al., 1996),

at Golgi membranes, e.g. herpes virus, or at the plasma membrane, e.g. vaccinia

virus (Meiser et al., 2003). In contrast to fusion, budding is a slow process of which

mechanistic is poorly understood. It can be easily visualized even by slow fixation

methods (Fig. 13B). Budding may got stuck because the amount of membranes

needed to engulf a capsid is not suYcient (Fig. 13C). However, from such images it

must not be absolutely concluded that the amount of membranes is not suYcient

since the membrane hit in a given section plane might be connected to the Golgi

complex as has been nicely shown by (Leuzinger et al., 2005).

While budding of herpes viruses can readily be demonstrated at Golgi

membranes budding at nuclear membranes are cumbersome to find, possibly

because they do not occur often at least late in infection as demonstrated by

freeze-fracture images (Fig. 10B). They show that not only the number of budding

events but also the number of nuclear pores reduces considerably when infection

proceeds making the nuclear envelope a highly interesting field in virus research.

Impaired nuclear pores (Fig. 14) are likely to be the gateway for capsids to gain

access to the cytoplasm (Wild et al., 2005).

Herpes viruses derived by budding at the inner nuclear membrane have been

shown decades ago (Schwartz and Roizman, 1969) to be transported into adjacent

RER cisternae. The fate of these virions is not yet clear. It is assumed that the viral

envelope fuses somewhere along its way from the perinuclear space into RER

cisternae either with the outer nuclear membrane or with the RER membrane
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(Skepper et al., 2001). If this idea was true it would represent a biological phenom-

enon because membrane starts to fuse as soon as they come into close apposition

to each other. Therefore, it is diYcult to understand how virions can be trans-

ported through narrow cisternae without immediate fusion. It is more realistic to

assume that the envelope of herpes viruses is protected to fuse so that it can be

transported within RER cisternae. If this idea is true virions will be intraluminally

transported into Golgi cisternae provided that RER membranes continue into

Golgi membranes as has been repeatedly shown (Van Herp et al., 2005; Wild

et al., 2002).

This short excursion into herpesvirus envelopment ought to demonstrate that

inconsistent if not unrealistic ideas were generated partly due to improper tissue

processing, examination of cells after prolonged incubation, and to ignoring cell

biologic fundamentals. Electron microscopy is an excellent tool to discover virus

particles and to explore viral structures. It is the ultimate instrument to illuminate

viral entry and viral egress.
V. Summary

Electron microscopy is a powerful tool to visualize single virus particles and to

study virus-cell interactions. For visualizing single virus particles, three methods

are available: negative staining, shadowing, and embedding in vitreous ice. Nega-

tive staining is rapid and reliable and is the first method to be used in emergencies.

A simple method is described including preparation per se and preparation of

supporting films onto which viruses are adsorbed for staining. Shadowing may be

used to verify artificial changes introduced by negative stains. Embedding in

ice allows investigation of viral structures in the frozen hydrated state. Images

can be used for three-dimensional reconstruction. Ice embedding can be combined

with negative staining.

Virus multiplication involves cell entry, replication of the genome, morphogen-

esis, and intracellular transport to the cell periphery for release. The prerequisite to

study cell entry, morphogenesis, and intracellular transport is good preservation of

cellular ultrastructure, good contrast, and high resolution considering space and

time. Conventional fixation, e.g., fixation with glutaraldehyde and osmium tetrox-

ide at 4 �C or at room temperature, results in substantial loss of lipids and loss of

integrity of cell membranes. Both loss of lipids and membrane integrity can be

avoided to a large extent by rapid freezing followed by freeze-substitution for both

transmission and scanning electron microscopy, or followed by freeze-etching for

scanning electron microscopy. The simplest way to freeze cells is by plunging cells

grown as monolayer onto sapphire disks into propane/ethane cooled close to liquid

nitrogen temperature. The most sophisticated method is freezing under high

pressure that yields the highest rate of successful freezing i.e., freezing of cells

without formation of ice crystals perturbing cellular ultrastructure. An alternative

way is freezing by propelling liquid propane from two sides onto the specimen.
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Cells can be prefixed with low concentrations of glutaraldehyde, which is advisable

when dealing with cells infected with pathogens. To achieve high resolution and

suYcient contrast for transmission electron microscopy, cells can be substituted in

acetone containing low concentrations of glutaraldehyde and osmium tetroxide.

After substitution at �90 �C, the temperature must be risen to þ2 �C to obtain

good contrast. Interestingly, good preservation and visibility of cellular ultrastruc-

ture is also achieved by substitution with acetone containing pure epon. Freeze-

substituted cells can also be dried and coated with platinum for high resolution

scanning electron microscopy to study viruses on the cell surface, e.g., during cell

entry. Alternatively, frozen cells may be freeze-etched, platinum coated, and

examined in the frozen hydrated state by scanning electron microscopy. Employ-

ment of these methodologies may give more detailed and more reliable insights

into viral morphogenesis and intracellular transportation as discussed on the basis

of herpes virus replication.
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