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PREFACE
Volume 10 consists of several chapters devoted to the research on BLMs (bilayer
lipid membranes) and also to liposomes. The BLMs started to be used in 1960s
based on a historic perspective of the lipid bilayer concept and its experimental
realization. Many of the contributing authors collaborated either directly in the
past with late Prof. H. Ti Tien, the funding editor of this book series or learnt
many leading ideas about BLMs from his many scientific publications and book
chapters over the last four decades. The untimely 5th anniversary of his passing
away was commemorated on May 30, 2009 by his colleagues and friends. Prof.
H. Ti Tien, used in his experiments, also supported BLMs formed on metallic
wire (s-BLMs) or on agar gel (sb-BLMs) and he predicted that this type of
supported BLM is very suitable for molecular electronic devices development,
especially for potential biosensors with a broad range of applications.

It belongs to the history when in 1961 at the Symposium on the Plasma
Membrane, the group of researchers (Rudin, Mueller, Tien, and Wescott)
reported the reconstitution of a bimolecular lipid membrane in vitro. At that
time the scientific community was not very optimistic about it. One of the
reasons was the fact that the group of four above-mentioned scientists started
their presentation with a description of soap bubbles well known to children,
followed by ‘‘black holes’’ in soap films, . . . endingwith an invisible ‘‘black’’ lipid
membrane, made from lipid extracts of cow’s brains. The reconstituted structure
(6–9 nm thick) was created in the same fashion like a cell membrane separating
two aqueous solutions. As one of the members of the amused audience
remarked, ‘‘. . . the report sounded like . . . cooking in the kitchen, rather than
a scientific experiment!’’ We have to remember this story from 1961, as the four
above-mentioned researchers published their first report a year later. In reaction
to their publication, Bangham, the major researcher on liposomes, wrote in a
1996-article entitled ‘‘Surrogate cells or Trojan horses’’: ‘‘. . . a preprint of a paper
was lent to me byRichard Keynes, thenHead of the Department of Physiology
(Cambridge), and my boss. This paper was a bombshell . . . . They (Rudin,
Mueller, Tien, andWescott) described methods for preparing a membrane . . .
not too dissimilar to that of a node of Ranvier . . . . The physiologists went mad
over the model, referred to as a ‘BLM’, an acronym for Bilayer or by some for
Black LipidMembrane. They were as irresistible to play with as soap bubbles.’’

Today, after nearly five decades, BLMs (bilayer lipid membranes or black
lipid membranes), along with liposomes, have become very important exper-
imental models in certain areas of membrane biophysics and cell biology and
in biotechnology. The lipid bilayer, existing in all cell membranes, is most
unique in that it serves not only as a physical barrier among cells, but functions
as a two-dimensional matrix for all sorts of reactions. Furthermore, the lipid
bilayer, after suitable modification, acts as a conduit for ion transport, as a
place for antigen–antibody binding, as a bipolar electrode for redox reactions,
and as a reactor for energy conversion (e.g., light energy to electric energy to
ix



x Preface
chemical energy). A modified lipid bilayer is used for signal transduction (i.e.,
sensing), and many other functions as well. All these countless applications
require the ultra thin lipid bilayer of 5 nm thickness.

Nowadays, black lipid membranes (BLMs or planar lipid bilayers) have been
used in a number of applications ranging from the core of membrane biophysics
studies, including photosynthesis, practical AIDS research, and ‘‘microchips’’
study. In reactions involving light, BLMs have provided valuable insights to the
conversion of solar energy via water photolysis, and to photobiology compris-
ing apoptosis and photodynamic therapy. These topics are very much in line
with the latest trends in energy studies, conservation, and transformation
worldwide as well as with the latest exciting biomedical applications. Also,
some special features of supported bilayer lipid membranes (s-BLMs) predestine
them for the biosensors development. This volume reviews many studies
performed by several scientific groups based on recent research using the
BLMs as models for several types of biomembranes.

The present volume of Advances series on planar lipid membranes and
liposomes continues to include invited chapters on a broad range of topics,
ranging from theoretical research to specific studies and experimental meth-
ods, but also refers to practical applications in many areas. The author(s) of
each chapter present the results of his/her laboratory. We continue in our
endeavor to focusing with this Serial on newcomers in this interdisciplinary
field, but we try to attract experienced scientists as well. All chapters in this
volume have one feature in common: further exploring theoretically and
experimentally the planar lipid bilayer systems and spherical liposomes. We
are thankful to all contributor(s) for their expert knowledge in BLM research
area, for the shared information about their work and also for their effort in
preparation of this Volume 10. Their willingness to write these chapters in
memory of the founding editor of this Serial—Prof. Hsin Ti Tien—is very
much appreciated by the whole scientific community.

As in many previous volumes of this Serial, we intend to invite again some of
those colleagues who already contributed to one of our previous volumes. Their
work and continuous progress in this exciting field is a convincing proof about
the importance of this research area and its practical applications worldwide.

We, the editors and the editorial board of this Advances series, would like to
express our gratitude to all contributing authors for their effort spent on
preparing their respective chapter and for sharing with us, the worldwide
scientific community and their latest results in this volume. We also appreciate
the continuous support and help of Dr. Kostas Marinakis, Publisher of Chem-
istry and Chemical Engineering Department in Elsevier together with his
coworkers, particularly with Dr. Lyndsey Dixney and in Elsevier’s Chennai
Office in India with Dr. Gayathri Venkatasamy, who very effectively helped us,
the editors, in many important stages of preparation of this latest Volume 10 of
our Serial on ‘‘Advances in Planar Lipid Bilayer and Liposomes.’’ We will also
continue in the future with our effort to keep these Advances series alive. This is
the best way to pay tribute to the founding editor Prof. Hsin Ti Tien and to
commemorate with our research and its ongoing publication his great legacy.

Angelica Leitmannova Liu
Aleš Iglič
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2 I. Bernhardt et al.
50 years, in particular, has seen a marked development in our knowledge of the

characteristics of this barrier. The membrane itself comprises in the most part a

bilayer of phospholipids, asymmetrically distributed, together with cholesterol

and intrinsic and extrinsic proteins. Simple diffusion through the lipid phase can

occur for lipid soluble moieties. In other cases, intrinsic membrane proteins

provide pathways for solutes and water. Three types of pathways are described:

channels, carriers, and pumps. What is known about flux through these proteins,

together with their structure and function, is discussed—illustrated with refer-

ence to particularly significant pathways. The important part played by the red

blood cell as a paradigm for membrane transport is explained. Existing gaps in

our understanding of transport acrossmembranes are emphasized. For example,

how pumps like the quintessential membrane, the Naþ–Kþ ATPase, operate

remains unknown. In addition, the nature of the residual (or ‘‘leak’’) permeability,

which remains when all such pathways are inhibited, is unclear. The residual

permeability of biologicalmembranes appears to be about 2 orders ofmagnitude

greater than that of artificial lipid bilayers. An important caveat here is the

existence of unknown pathways yet to be described. In this context, a novel

permeability with characteristics of Kþ(Naþ)/Hþ exchange is described which

becomesmanifest across the redblood cellmembranewhen cells are suspended

in low ionic strength solution. Future discoveries will add to our understanding

ofmembranepermeability. It is likely that the redblood cellwill play an important

part in this new chapter.
1. Introduction

Our knowledge of the structure of the cell membrane, as well as of
solute transport mechanisms, has improved markedly over the last 100 years.
Accordingly, we present first a historical overview concerning the develop-
ment of this understanding. We then address the mechanism of the water
transport, followed by that of ion transport through lipid bilayers as well
as biological membranes. The four principal ion transport mechanisms of
biological membranes (three protein-mediated and the residual transport)
will be discussed in more detail. Finally, as an example of a biological
membrane, the significant ion transport pathways of the red blood cell
membrane are summarized, as a transport paradigm, with particular focus
on the residual (‘‘leak’’) membrane permeability for ions.
2. Historical Overview

The terms ‘‘cells, membranes, and membrane transport’’ have been in
use for sometime but our understanding of them has changed markedly,
especially during the last 100 years or so. The term ‘‘cells’’ was first used by
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the English natural scientist Robert Hooke in 1665 upon observing the cell-
like structure of cork slices under a microscope [1]. ‘‘Membrane,’’ earlier
plasmalemma, was first employed by the Swiss professor of botany Carl
Wilhelm von Nägeli in 1855 to describe the boundary of a cell [2].
He investigated osmosis in plant cells. We now know that membranes
also surround intracellular organelles, as well as the cell perimeter. Plant
cells are distinct from animal ones in possessing an additional cell wall
outside their cell membrane, providing them with rigidity and the ability
to withstand pressure. The work of Nägeli as well as that of Brücke, Pfeffer,
and Ostwald demonstrated that the cell membrane is permeable for water
and small uncharged substances (e.g., [3]). It was Overton, however, who
finally demonstrated the lipoid character of animal and plant cell membranes
[4, 5], in publications still pertinent to this day. He discovered that the
toxicity of organic compounds depends on their lipid solubility. An impor-
tant finding was that the lipid-water distribution of different substances is
crucial for their membrane passage. He assumed, however, that water filled
areas exist in the cell membrane acting as transport pores.

At the end of the 19th century, knowledge of the cell membrane still
remained vague. First, Gorter and Grendel [6] postulated that the cell
membrane consists of a lipid double layer (bilayer), in which the hydrophilic
lipid head groups are directed outwards to the water phases (of the intra-
and extracellular media) and the hydrophobic fatty acids are directed
inwards to the membrane center. Later, it became evident that proteins
are located on the outer and inner surfaces of the cell membrane [7].
Polysaccharides on the external surface of the membrane were first shown
in the membrane model of Robertson [8].

Our current understanding of a biological membrane is based on the
fluid-mosaic model of Singer and Nicolson [9]. This model postulates that
the membrane lipids are in the fluid-crystalline state and membrane proteins
are embedded in the membrane (intrinsic proteins) or attached to the inner
and outer surface like islands (peripheral proteins). This basic assumption
was elaborated by subsequent observations. We know now that: (i) not all
membrane lipids are in the fluid-crystalline state but some are exist in the
crystalline (gel) state (the phase transition temperature of these lipids is
higher than the surrounding temperature of the membrane); (ii) lipids, as
well as proteins, are asymmetrically distributed around the circumference of
the membrane and also between outer and inner faces [10]; and (iii) lipids
do not only compose a bilayer structure in the membrane but can also
form nonbilayer structures (polymorphism of the phospholipids; see, e.g.,
Ref. [11]). Neither lipids nor proteins are static, rather they can potentially
move in both dimensions of the membrane.

By the end of the 19th century, it was already known that Naþ and Kþ
are nonequally (asymmetrically) distributed across the cell membrane. Based
on chemical analysis of human red blood cells, it was demonstrated that the
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intracellular Naþ concentration is considerably lower than the extracellular
(plasma) Naþ concentration, whereas for Kþ the distribution is vice versa
[12]. At that time it was possible to explain the existence of such gradients
for Naþ and Kþ by assuming the existence of a ‘‘dense’’ cell membrane,
meaning that the membrane is impermeable for either ion (e.g., [13]).
A very important finding concerning the membrane permeability for ions
was the fact that Cl� can pass across the red blood cell membrane relatively
fast [14]. Later, it was shown that a muscle cell membrane is, in fact,
permeable for Naþ and Kþ [15]. It became evident that a cell membrane
is generally permeable for ions. These findings were developed in 1941 by
Dean into the postulate that an asymmetric distribution of Naþ and Kþ can
be realized only on the basis of an active ion transport or ion pump [16].
This hypothesis was represented by Krogh [17]. It took until 1957, how-
ever, for Skou to isolate the enzyme responsible from crab nerves, the Naþ,
Kþ-ATPase [18]. That this was the enzymatic manifestation of the Naþ/Kþ
pump was not accepted unequivocally until the 1970s. Work by Sachs, in
particular, characterized the ion fluxes mediated by the Naþ/Kþ pump [19].

Another milestone in the history of our knowledge about the perme-
ability of a biological membrane was the work of Hodgkin and Huxley [20]
who described quantitatively the action potential of excitable cells with its
underlying membrane permeability changes. The original idea was based on
the assumption that the increased ion transport was carried out by ion
carriers, a feature now ascribed to ion channels [21]. The existence of ion
channels in biological membranes was under discussion for a relatively long
time (up to approximately 1976). The research of Hille [22] and Armstrong
[23] contributed considerably to our understanding of the mechanism of an
ion transport across a channel. We are now aware of the crucial part played
by such ion channels in ion transport through biological membranes.
Characteristic features of channels include their gating mechanism and the
selectivity filter. Latterly, it has become commonplace to study single ion
channels in detail by applying the patch-clamp technique of Neher and
Sakmann [24].
3. The Water Permeability of a Bilayer

Lipid Membrane

Simple planar lipid bilayer membranes (i.e., artificial bilayers) are
permeable for water [25]. The water molecules partition into the lipid
phase and move through the membrane via simple diffusion. The diffusion
permeability for water (Pd) depends on the temperature and the lipid
composition of the membrane. The activation energy is normally in the
range of 10–20 kcal/mol [26, 27]. If an osmotic gradient is applied to the
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lipid bilayer, the permeability under such conditions (Pf) is not significantly
different from Pd [28]. These observations are consistent with water crossing
these artificial membranes by simple diffusion.
4. The Water Permeability of a

Biological Membrane

Water permeability across biologicalmembranes is completely different
from the situation pertaining to an artificial lipid bilayer. By 1957, it was
already apparent that the osmotic water permeability of red blood cells is
larger than the diffusionwater permeability [29]. The activation energy of the
water transport across biological membranes is low, at values <5 kcal/mol,
which fits well with values for water diffusion in aqueous solutions.

Using tritiated water (3H2O), it was possible to demonstrate that t1/2 for
diffusional exchange across the membrane of red blood cells is about 4 ms.
This corresponds to a value of Pd of about 4� 10� 3 cm/s [30]. On the other
hand, using light scattering to detect cell volume changes, a higher value for
Pf of about 2.5� 10� 2 cm/s was found when an osmotic gradient was
applied [31]. In addition, the osmotic water permeability of the membrane
can be reduced in the presence of mercury compounds (e.g., p-chloromer-
curibenzene sulfonate, PCMBS), which reduces the ratio of Pf:Pd to 1 [32].
These findings finally led to the assumption that one or more specific water
transport proteins (water channels) must exist in biological membranes.

The identity of these water channels was established in the late 1980s.
Gheorghe Benga first identified a membrane protein in the red blood cell
membrane responsible for water transport [33]. The molecular, three-
dimensional structure and further detailed structural analysis, however, was
carried out by Agre and his coworkers [34–36]. In 1988, a novel 28 kDa
membrane protein with channel-like properties, termed aquaporin-1
(AQP-1), was identified in the red blood cell membrane [37, 38] and its
conformation established following expression in Xenopus laevis oocytes
[39]. Only oocytes expressing AQP1 swelled when placed in hypotonic
buffer solution, consistent with its putative role as a water channel. The
structure of the protein with six integral membrane domains is reminiscent
of an hour-glass (hour-glass model). The functional water channel consists of
a tetramer. Two positive charges are located closely together at the narrow
area of the protein in the middle of the membrane, preventing the passage of
protons or H3O

þ. The narrowest area has a diameter of about 0.3 nm.
To date, 11 isoforms of aquaporins have been identified in mammalian

cells, with about 150 isoforms estimated to exist across living organisms
(mammals, amphibians, plants, and bacteria). Generally, the aquaporins are
divided in two groups: one comprises channels, which transport exclusively
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water; the other comprises channels, which in addition to water, are able to
transport small uncharged molecules like glycerol and urea. Other permeant
molecules are postulated. For example, AQP-1 may be permeable to CO2

and that AQP-6 to anions [40, 41]. The relationship between structure and
permeability properties of the aquaporins awaits further elucidation.

Water channels clearly play an important role in cellular regulatory
processes. For example, in the human kidney about 180 l/day of primary
filtrate is concentrated to about 1 l/day by reabsorption of water across the
nephron epithelium via the aquaporins. Interestingly, however, the role of
water channels in the membrane of red blood cells, where they were first
discovered, remains uncertain. The rate of water to be transported via
water channels and via the lipid phase in the red blood cell membrane is
controversial, from with measurements ranging from 50% using NMR [42]
up to 90% [43].
5. The Permeability of a Bilayer Lipid

Membrane for Solutes

Although our current understanding of the permeability of artificial
lipid bilayers is not markedly different from that of Overton, the situation is
far more complex when the permeability of a biological membrane is
considered. Artificial lipid bilayers are cell membrane-like structures but
do not contain proteins. As shown in many textbooks, the permeability of a
lipid membrane for a large variety of substances or ions correlates with
the distribution coefficient of these substances between the lipid- and
water-phase. These results are consistent with the findings of Overton.
The permeability mechanism is called ‘‘solubility-diffusion mechanism.’’
The rate limiting step is the diffusion through the hydrophobic region of the
membrane. Problems do remain, however. First, to explain their perme-
ability to cations, movement through transient water filled transient pores is
postulated. A second problem relates to the permeability for protons. On
the basis of the measured proton permeability coefficients, two general
possibilities are proposed. One is to assume that one proton is surrounded
by four water molecules and permeates the lipid bilayer as H9O4

þ, accord-
ing to the ‘‘solubility-diffusion mechanism.’’ Alternatively, protons are
envisaged as hopping along hydrogen-bonded chains of water through
water filled transient pores. The permeability coefficients of different sub-
stances through artificial lipid bilayers cover a relatively large range, with the
highest values for water (10� 2 cm/s), medium values for urea and glycerin
(10� 5–10� 6 cm/s) or tryptophane and glucose (10� 7–10� 8 cm/s), and the
lowest for ions, for example, Cl� (10� 10 cm/s), Kþ (10� 11 cm/s), and Naþ
(10� 12 cm/s) (for more detailed information, see, e.g., Ref. [44]).
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6. Mechanisms of Ion Transport through

Biological Membranes

Ion transport through biological membranes can be divided into four
principal mechanisms (see Sections 6.1–6.4 and Fig. 1). Various techniques
are available to determine transport rates. These include radioactive tracers
and fluorescence-labeled dyes (flux measurements). Alternatively, electro-
physiological methodology including the patch-clamp is applicable to elec-
trogenic transport. In a simple analogy, one can visualize the energetics of
different transport mechanisms as follows: pump—as a boat lift (an external
active drive is essential); carrier—as a sluice (water flows passively downhill
in the sluice resulting in a lifting of the water level and the boat); or
channel—waterfall (can occur only downhill).
ATP

ATP

ADP + Pi

ADP + Pi

7

8

9

3

4

5

6

1

2

Figure 1 Schematic illustration of the mechanisms of the ion transport through
biological membranes. 1, 2: Active transport; 3: transport through channels; 4–8:
carrier-mediated transport (4: uniport realized by an integral membrane protein,
5: symport realized by an integral membrane protein, 6: antiport realized by an integral
membrane protein, 7: ionophore acting as antiporter, 8: ionophore-mediated uniport);
9: leak transport; for detailed explanations see Sections 6.1–6.4.
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6.1. Active Transport (ATPases, Ion Pumps)

Active transport (or more correctly primary active transport) is characterized
by one or more ions moving against the electrochemical potential(s)
through direct coupling to metabolic energy (ATP). The enzymes which
hydrolyze ATP to harness energy for solute movement are termed ATPases.
They often need cosubstrates, for example, Naþ and Kþ for the Naþ,
Kþ-ATPase, Ca2þ, andHþ for the Ca2þ-ATPase. In functional terminology,
they are called pumps, for example, Naþ/Kþ pump or Ca2þ pump. During
transport, there is a conformational change of the pump protein, driven by
energy released from ATP hydrolysis. There are four different types in
biological membranes: P-type ATPases, V-type ATPases, F-type ATPases,
and ABC transporters (explained in the following paragraphs (a)–(d)).

(a) P-type ATPases (P stands for phosphorylation) have a phosphorylated
aspartate residue as an intermediate product during the reaction cycle. The
prototype ATPase first discovered was the P-type Naþ, Kþ-ATPase. This
Naþ/Kþ pump is able to maintain a 10-fold gradient for Naþ and Kþ across
the biological membrane. For each molecule of ATP hydrolyzed, three Naþ
are transported out of the cell and two Kþ inwards. Ion transport mediated
by the Naþ/Kþ pump is completely and specifically inhibited by ouabain
(g-strophanthin). In fact, ouabain represents one of the few truly specific
transport inhibitors—an important caveat when using other reagents to
define the transport characteristics of biological membranes. Nearly all cells
contain a Naþ/Kþ pump in their membrane. An exception is the red blood
cells of carnivore (including cats and dogs), which although lackingNaþ/Kþ
pump activity are able nevertheless to realize an asymmetric distribution of
Naþ and Kþ across the membrane. In this case, active transport of Ca2þ is
used. Outward transport of Ca2þ via the plasma membrane Ca2þ pump is
followed by exchange of extracellular Ca2þ for intracellular Naþ by the
action of the Naþ/Ca2þ antiporter, thus lowering intracellular Naþ. Intra-
cellular Kþ is then elevated by subsequent activity of the Naþ–Kþ–2Cl�
symporter (see the following section for carrier-mediated transport). The
Naþ/Ca2þ antiporter of cat and dog red blood cells is absent in red blood
cells of many other species including humans. Many cell membranes, how-
ever, contain a Ca2þ-ATPase (Ca2þ pump), which produces a 10,000-fold
Ca2þ gradient over the membrane (intracellular Ca2þ concentration
� 100 nM, extracellular Ca2þ concentration � 1 mM). Other important
ATPases (or ion pumps) are the Hþ, Kþ-ATPase (Hþ/Kþ pump), important
in secretion of gastric acid, which can even realize a 106-fold Hþ gradient,
and the Kþ-ATPase (Kþ pump) found in bacteria.

(b) V-type ATPases (V stands for vacuole) transport exclusively Hþ and
are therefore termed Hþ-ATPases. They are responsible for the acidification
of some intracellular compartments. They occur in vacuoles of fungi, yeast,
and higher plants but are also found in the secretory vesicles of animal cells.
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The V-type ATPase is much larger than the P-type ATPase and consists of
many subunits. It is neither phosphorylated nor dephosphorylated. V-type
ATPases contain an integral membrane domain (V0), which acts as an Hþ
channel, and a peripheral domain (V1) with the ATP-binding site.
The mechanism of the coupling of ATP hydrolysis and Hþ transport is
still unknown. Through analysis of structure and transport function, it is
apparent that the V-type ATPase is closely related to the F-type ATPase.

(c) F-type ATPases (F stands for factors participating in energy coupling):
Like the V-type ATPases, F-type ATPases catalyze ATP hydrolysis and the
transport of Hþ through the membrane against its electrochemical gradient.
However, in contrast to the V-type ATPases, the F-type ATPases are able
to synthesize ATP from ADP and inorganic phosphate by using dissipative
Hþ movement down its electrochemical gradient (inverse reaction). In this
mode, they are called ATP-synthases. F-type ATPases contain an integral
membrane domain (F0) acting as H

þ channel and a peripheral domain (F1),
which is of importance for both ATP-synthase and ATPase activity. This
type of ATPases plays a central role in energy conserving reactions in
mitochondria, bacteria, and chloroplasts.

(d) ABC transporter (ABC stands for ATP-binding cassette) also uses a
conformational change of the transport protein induced by ATP hydrolysis
to transport a large variety of substances actively across the cell membrane.
ABC transporters comprise a large class of transporters containing, to date,
more than 100 ABC transporters, divided into seven families. Their struc-
ture consists of two transmembrane domains (6–11 a-helices) and two
cytoplasmatic ATP-binding domains. Typical functions of different ABC
transporters include, for example, cholesterol and phospholipid transport
out of eukaryotic cells, or the uptake of nutrients (amino acids, saccharides,
peptides, and vitamins) into prokaryotic cells. ABC transporters were first
found in humans as underlying the multidrug-resistance phenomenon.
Some proteins functioning as ion channels also belong to the ABC trans-
porters (one family out of the seven). These channels are regulated by ATP
but do not carry out active transport (see also below for ion transport via
channels). An important representative is the cystic fibrosis transmembrane
conductance regulator (CFTR) protein. It is an epithelial Cl� channel,
which is mutated and dysfunctional in cystic fibrosis patients, resulting in
abnormalities of salt and water transport in several diverse tissues.

For different ATPases, the three-dimensional structure is known at the
level of atomic resolution (for the Ca2þ-ATPase, see, e.g., Ref. [45]).
Computer simulations of Ca2þ transport, showing the dynamic movement
of the whole ATPase, ATP binding and hydrolysis, exist. The first three-
dimensional structure of the Naþ, Kþ-ATPase was based on an 11 Å resol-
ution [46]. Recently, the crystal structure has been analyzed with 3.5 Å
resolution [47]. We are still ignorant, however, of the exact mechanism by
which it is able to translocate its transported species.
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6.2. Carrier-Mediated Transport

Proteins acting as carriers mediate the transport of ions or other substrates by
making use of a periodic repeated conformational change of the protein.
By this means, it becomes possible for the transported substrate to gain
access to its binding site at both the inner and outer membrane surface. An
intermediate folded conformational state is sometimes seen. In this transi-
tional stage, the bound substrate is denied access to the aqueous solutions on
either side of the membrane. However, an open channel-like pore structure
is never seen. Ionophore-mediated transport (e.g., valinomycin) occurs in a
different way. Here, the ionophores acting as carriers, shuttling across the
membrane from one side to the other. In contrast, integral membrane
proteins are too big to move through the membrane. They have a more-
or-less constant topology. The transport rate of an ion or a substance based
on a carrier mechanism is significantly increased in comparison to the
transport without such a mechanism. However, it is much less than the
transport rate of ions through channels. A carrier is able to transport one or
few ions (molecules) per one conformation cycle. In contrast, a channel
once open can mediate transport of several thousand ions. Carrier-mediated
transport can be described with Michaelis–Menten kinetics, being saturable
and with defined affinity. In general, we can divide a carrier-mediated
transport into two different mechanisms: uniport and cotransport. A uniport
mediates transport of a single ion or other substrate. As such, transport can
only occur ‘‘downhill,’’ that is, along the concentration gradient of the
transported substance (or along its electrochemical gradient if it is a charged
species). This is termed facilitated diffusion. This type of transport is exem-
plified by the glucose transporter GLUT1, which exists in the membranes of
a large variety of cells (see, e.g., Ref. [48]). It is an integral membrane
protein consisting of 12 membrane domains (transmembrane a-helices).
When carriers mediate cotransport of several species, there is a stoichiomet-
ric coupling of the transported entities by the integral membrane protein.
Cotransporters can be divided into symporters and antiporters. Terminol-
ogy may vary, however. In some cases, the term cotransport is used as
synonym for symport, while an antiport function may be called exchange or
countertransport. A symporter binds the ions and/or substances (two or
more substrates) and transports them together in one step in the same
direction through the membrane. Movement of one substrate down its
chemical or, in most cases, its electrochemical gradient is used to power the
‘‘uphill’’ transport of the cotransported substrate(s), that is, against their
chemical or electrochemical gradients. An example is the glucose-Naþ-
symporter, present in the membrane of epithelial cell, and the lactose-
permease, a lactose-Hþ-symporter, in the membrane of bacteria. The
crystalline (three-dimensional) structure of the latter has been elucidated
in 2003 [49]. Our first ideas about the molecular mechanism of
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carrier-mediated transport originate from this structure. An antiporter
mediates exchange of an ion (or substance) for another ion (or substance)
transporting them in opposite directions. Like the symporter, the antiporter
can carry out its transport process in one step. More commonly, antiporters
show ping-pong kinetics, that is, after the binding of one substrate, it is
transported across the membrane and only after this can the cosubstrate then
bind for it to be transported in the opposite direction. Such a mechanism
cannot bring about net transport as the carrier protein is unable to perform a
conformational change in the absence of one of the substrates. However,
like symporters, antiporters can mediate ‘‘uphill’’ transport, that is, against
the chemical or electrochemical cosubstrate gradient.

Distinct from pumps, the ‘‘uphill’’ transport carried out by cotransporters
is not directly coupled to metabolic energy. The only requirement is the
existence of a ‘‘downhill’’ gradient of a cosubstrate to be energetically
coupled to. This mechanism is sometimes called ‘‘secondary active trans-
port.’’ Examples of antiporters include the adenine-nucleotide-translocase
(ADP/ATP antiporter), which catalyzes a 1:1 exchange of ADP for ATP
across the inner mitochondrial membrane. The Naþ/Ca2þ-antiporter, by
which theNaþ gradient is used to power an exchange of 1 Ca2þ against three
Naþ, is also present in themembrane of a number of different cell types. Some
more cotransporters using Naþ or Hþ gradients are presented in Table 1.

A classical example of an ionophore-mediated uniport is the naturally
occurring cyclic antibiotic valinomycin, isolated from Streptomyces
Table 1 Cotransporters driven by Naþ or Hþ gradients

Organism or tissue

Driven by the

gradient of

Substance or ion

to be transported Type

Escherichia coli Hþ Lactose Symport

E. coli Hþ Proline Symport

Epithelia and red

blood cells

Hþ Lactate Symport

Small intestine and

proximal tubule of

vertebrates

Hþ Glucose Symport

Small intestine and

proximal tubule of

vertebrates

Naþ Amino acids Symport

Cells of vertebrates Naþ Ca2þ Antiport

Stomach and collecting

duct of vertebrates

Hþ Kþ Antiport

Higher plants Hþ Kþ Antiport

Fungi Hþ Kþ Antiport
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fulvissimus [50]. It is a carrier for Kþ, and is highly selective for Kþ over Naþ,
which moves as a valinomycin-Kþ-complex through the membrane from
one side to the other. This is achieved through the ring structure of the
molecule. The Kþ localized in the inner part interacts with, and is held
by, six oxygen atoms. The smaller Naþ (when removed from its water
shell) does not have the ability to interact with all six oxygen atoms
simultaneously. The binding of Kþ is reversible. The inner part of the
valinomycin-Kþ-complex is hydrophilic, whereas the outer surface is
hydrophobic. Therefore, valinomycin can easily penetrate into the lipid
phase of the bilayer membrane as well as adsorb and dispense Kþ upon
reaching the membrane surface. Valinomycin is able to mediate net trans-
port of Kþ since it can also move across the membrane in unloaded form
(without Kþ). The direction of the net transport, therefore, depends on the
electrochemical Kþ gradient. An ionophore acting as an antiporter is
represented by the polyether-antibiotic nigericin, which exchanges Kþ for
Hþ. It was isolated from Streptomyces hygroscopycus [51]. These ionophores/
carriers (valinomycin, nigericin), as well as that of channel-like agents
(gramicidin A, amphotericin B), markedly increase the cation permeability
of biological membranes leading to an equilibrium distribution of the
cations which cannot be compensated by the ion pumps. The ensuing
osmotic lysis accounts for their bacteriacidal action.
6.3. Transport through Channels

Biological membranes contain a large variety of integral transport proteins.
These often consist of several transmembrane a-helices. In the inner part of
the protein, several helices together can form a channel structure. Such
structures allow a more-or-less specific transport of ions (or other sub-
stances—for water, see above). Ion channels are readily amenable to investi-
gation using the patch-clamp technique. By applying a constant voltage over
the membrane patch containing one or a few channels, one can measure the
ionic current mediated upon channel opening. Classical Naþ and Ca2þ
channels are characterized by 24 transmembrane helices (in a single protein),
whereas Kþ channels comprise four identical proteins each ofwhich contains
six transmembrane helices [52]. All channels exhibit two general features,
they possess a mechanism for opening and closing and a selectivity filter. The
high-frequency switch between the open and closed state of the channel is
termed gating, and the duration of opening is called open time. The selectiv-
ity filter is responsible for the more-or-less specific transport of one or several
ion species. Gating can be divided into four categories by modality:

1. Change of the electrical membrane potential, that is, change of the
electrical field strength in the membrane,

2. Binding of a regulatory substance (including Ca2þ) or receptor ligand,
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3. Mechanical forces (membrane ‘‘stretch’’ or cell volume changes), and
4. Light.

In the open state of a single channel a current of some pA can be
measured, corresponding to a movement of about 10,000 ions through
the channel during a few milliseconds. Originally it was thought that the
gating process was mediated by a conformational change of a small part of
the channel protein close to the channel entrance. Latterly, it has been
assumed that ball-like protein structures attached to protein chains can
move and close or open the gate (ball-chain model, see, e.g., Ref. [53]).
Finally, it was the group of MacKinnon, which elucidated the three-
dimensional structure of aKþ channel [54]. Themolecular gatingmechanism
of a Ca2þ-activated Kþ channel [55] as well as for a potential-dependent
Kþ channel [56, 57] has been described. For the Ca2þ-activated Kþ channel,
a Ca2þ binding to eight subunits results in a reorientation of the whole
protein leading to a change of the diameter of the channel opening area.
The actual model of the opening and closing mechanism of the potential-
dependent Kþ channel assumes so-called paddles (paddle-like protein
structure at the outer protein surface in the membrane) provided with
potential sensors (positive charges), which can move through the membrane
at the protein-lipid interface in response to changes in the electrical field
strength. In this way they are able to modify the protein conformation.

Following the elucidation of the three-dimensional structure of a Kþ
channel, our appreciation of the selectivity filter has also changed [54]. The
interior of the channel is structured in such a way that the water-filled
entrance area opens out into a cave. After the cave, there is a narrow channel
(the length of which is approximately one-third of the whole channel
diameter) where Kþ moves in dehydrated form. The stabilization of Kþ
in the cave is accomplished by the steric alignment of four oxygen atoms.
The smaller Naþ can only interact with two oxygen atoms in this cave,
insufficient to facilitate its transportation through the narrow channel.

From analyzing different ion channels, it has become evident that the
structure of selectivity filters can vary. Channels can be specific for particular
cations or anions, but also for some cations or anions. Future investigations
are anticipated which will elucidate the molecular mechanisms of these
selectivity filters.

The antibiotic polypeptide gramicidin represents a simple ionophore
forming a cation channel. It is synthesized by the bacterium Bacillus brevis
and consists of 15 alternating D- and L-amino acids. The primary structure of
gramicidin A is: HCO-L-Val-D-Gly-L-Ala-D-Leu-L-Ala-D-Val-L-Val-D-
Val-L-Trp-D-Leu-L-Trp-D-Leu-L-Trp-D-Leu-L-Trp-NHCH2CH2OH.

In a lipid bilayer or in a biological membrane, gramicidin A appears as a
dimer forming a clockwise b-helix. In contrast to the channels, which
are integral membrane proteins, the gating mechanism of gramicidin
A channels is based on a reversible building of dimers from two single
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polypeptides. An open channel is formed upon end-to-end connection of
two polypeptides to produce a structure just able to span the membrane.
The outer surface of the channel interacting with the surrounding mem-
brane lipids is hydrophobic. Ions pass through hydrophilic channel interior.
The three-dimensional structure of gramicidin A has already been eluci-
dated by Prilusky and coworkers [58] using solid state NMR. Another
relative simple molecule which forms a hydrophilic pore across lipid bilayer
or biological membranes is the macrocyclic polyen antibiotic amphotericin
B (molecular formula: C47H73NO17). It was isolated from the bacterium
Streptomyces nodosus and is used mainly as an antimycotic. The name origi-
nates from its amphoteric character [59, 60], which results from a carboxyl
group at the main ring and a primary amino group at the mycosamin [61].
Amphotericin B binds to steroids (e.g., cholesterol, ergosterol) whereby
some amphotericin B molecules aggregate to form a ring structure.
A channel-like structure is formed, permeable for ions and small organic
compounds (amino acids, sugars, nucleotides). However, the molecular
mechanism of the interaction of amphotericin B within a biological mem-
brane, the formation of its membrane pore and its selectivity mechanism
remain unresolved [62].
6.4. Residual (‘‘leak’’) Transport

The residual or ‘‘leak’’ transport of an ion or other substance is defined as
transport through a membrane which does not involve a specific transport
pathway. Such residual transport would remain when all transport pumps,
carriers, and channels are blocked. There is, of course, a particular problem.
One has to be sure that all specific transport pathways are known and that
they are all fully inhibited. Only then would the transport of an ion or a
substance be truly residual. With the discovery of more and hitherto
unknown transporters, it should be emphasized that the residual transport
is smaller than previously expected. In principle, residual transport of an ion
or a substance through a biological membrane should agree with the
‘‘solubility-diffusion mechanism’’ (with the exception of the cation and
proton transport—see above). However, when solute transport through
artificial lipid bilayer is compared with that across biological membranes,
it becomes evident that residual transport in the latter is 2 orders of
magnitude greater (see, e.g., Ref. [63]). This discrepancy may be due to
incomplete inhibition of all specific transport pathways. There may be
alternative explanations, however. Thus, insertion of nontransporting pro-
teins into an artificial lipid bilayer membrane produces a significantly
enhanced permeability for ions and uncharged substances. Should the
lipid bilayer consist of a mixture of different lipids, for example, the extract
of lipids from the red blood cell membrane, then this permeability increase
is much smaller [64–66]. In addition, it has been shown that human red
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blood cells became leaky for Kþ if the native phosphatidylcholine is partly
replaced by phosphatidylcholine containing arachidonic acid [67]. Taking
into account our knowledge about the structure of a biological membrane
as well as the dynamics of its constituents, several possible explanations for
residual transport must be considered:

1. Diffusion through imperfections in the lipid bilayer (existence of non-
bilayer structures, kinks, interfaces of lipids in different states, and rafts).

2. Diffusion at protein-lipid interface.
3. Diffusion through structures formed in the interior of protein aggregates

or on protein subunits.

Which one(s) of these possibilities is (are) more important remains
unknown. In any case, the residual transport of ions will occur in areas of
the membrane where water can enter. Here ions can pass in hydrated form.
Such water-filled pores are unlikely to static entities with long lifetimes,
rather they are likely to be dynamic structures with half-times set by the
range of the dynamics of their components.

The classical textbook equation for the description of the passive ion
diffusion through a biological membrane (equation of electrodiffusion or
ion flux equation) was derived by Goldman in 1943 [68]. It is still used to
characterize ion fluxes through biological membranes. However, it is
important to understand the assumptions implicit in its derivation. Goldman
[68] assumed ‘‘free’’ ion diffusion in a water filled pore, that is, without any
interactions of the moving ion with its surroundings, for example, the pore
structure. Such an idea may reasonably be used to characterize specific ion
channels, at least to see the difference between the ion transport via the
channel route and the free diffusion in a water-filled pore. Because of the
problems outlined above, however, it is not readily applicable to residual
ion transport. In addition to the existence of water filled dynamic structures
in the membrane, the interaction of the diffusing ion with its surroundings
must be considered. At the moment there is no adequate theory to describe
the residual ion transport through a biological membrane quantitatively.
A prerequisite for its formulation would be development of a mathematical
model taking into consideration all fluctuations in the biological membrane
contributing to the residual transport. In our opinion, this will be possible
only through reliance on statistical thermodynamics.
7. The Ion Transport Pathways of the

Red Blood Cell Membrane

The red blood cell is probably the most extensively investigated cell in
the context of membrane transport pathways, being the subject of many
studies over the last 100 years. Red blood cells present a number of
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advantages which have encouraged their use. They are relatively stable,
simple-structured (e.g., human red blood cells in contrast to red blood cells
of fishes, amphibians, and birds do not contain a nucleus) and easy to handle
(sterile conditions are not required). As discussed in the following sections,
these cells may provide us with important clues about the nature of transport
across biological membranes, and, in particular, that of the residual (‘‘leak’’)
pathway.

After the discovery of the Naþ/Kþ pump, it was assumed that in
addition to the active transport of Naþ and Kþ mediated by this pump,
only passive dissipative diffusion of these ions occurred down their electro-
chemical gradients. This concept is known as ‘‘pump-leak’’ hypothesis.
However, as early as the mid-1950s, it was shown that the Kþ uptake of
red blood cells of different species consists of both linear and saturation
kinetics [69–71]. The kinetic component showing saturation was still
observed after the inhibition of the Naþ/Kþ pump using ouabain [72].
This experiment, and two other reports, gave an important indication that
other transport processes must be present, resulting finally in the discovery
of a large variety of Naþ- and Kþ-transport pathways in the red blood cell
membrane. One fundamental investigation was carried out by Gardos [73].
He first demonstrated that the Kþ efflux of human red blood cells, which
can be induced by inhibition of glycolysis, is significantly reduced in the
presence of Ca2þ chelating agents. This finding was the basis of our
knowledge of the Ca2þ-activated Kþ channel (or Gardos channel). The
second important work was the demonstration of a stoichiometrically
coupled transport of Naþ and Kþ (cotransport) insensitive to ouabain but
inhibited by the diuretic furosemide [74]. All transport pathways for Naþ
and Kþ in the human red blood cell membrane known to date are shown in
Fig. 2. The situation for the Naþ and Kþ transport in red blood cell
membranes of other species is similar. Carnivore (dog, cat, bear, ferret,
seal) red blood cells do not have a Naþ/Kþ pump but contain a Naþ/Ca2þ
antiporter.

In addition to these Naþ and Kþ transporters, red blood cells have a great
variety of transport pathways for other ions, amino acids, nucleotides,
saccharides, monocarboxylates, and other organic ions, as well as water.
For further details, the interested reader is referred to the book ‘‘Red Cell
Membrane Transport in Health and Disease’’ [75]. The situation is similar
for ion transport through the membranes of other cell types, which show a
great variety of pumps, carriers, channels, and the leak pathway. In contrast
to the red blood cell membrane, however, most other cell types contain a
broader variety of ion channels in their membranes. Extensive future
investigations will reveal more and more specific (and so far unknown)
ion transport pathways.
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Figure 2 Overview on the ion transport pathways involving Naþ and Kþ in the
human red blood cell membrane. The following transport mechanisms are shown:
Naþ/Kþ pump; Naþ–Kþ–2Cl� symporter; Kþ–Cl� symporter; Naþ-dependent
amino acid (aa) transport (several discrete transporters); Naþ(Mnþ)/Mg2þ antiporter;
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�/Cl� exchange (via the protein
band 3); Kþ(Naþ)/Hþ antiporter; nonselective, voltage-dependent cation (NSVDC)
channel; and Ca2þ-activated Kþ channel (Gardos channel).
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8. The Effect of Low Ionic Strength Media on

Transport of Naþ and Kþ Through

the Human Red Blood Cell Membrane

Under physiological conditions, that is, when suspended in salines of
plasma-like composition, red blood cells are relatively impermeable to salts.
Permeability is markedly altered, however, when red blood cells are sus-
pended in isosmotic solutions of low ionic strength (LIS)—salt (especially
Kþ) permeability is increased. An early indication of this came from the
observations of Gürber [76], that red blood cells from ox lost salt when
washed in solutions of cane sugar. The significance of LIS-induced fluxes is
relevant in the context of ion permeation pathways across lipid bilayers.
Their importance in relation to the residual (‘‘leak’’) pathway is discussed in
the following sections.

Gürber’s results were confirmed and extended by several groups [77–83].
While replacement of salts with nonelectrolytes (such as sucrose) concomi-
tantly reduces ionic strength, a number of other changes also occur, how-
ever. These include an electrogenic Cl� efflux which polarizes the
membrane p.d. to positive potentials, imposition of a pronounced intracel-
lular alkalinity as some of the intracellular Cl� exchanges for extracellular
base (such as OH�) and, in addition, moderate cell shrinkage. It was
important to determine whether LIS per se or any of these secondary effects
was responsible for the altered permeability.
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The effect of membrane potential was first studied by Donlon and
Rothstein [84]. By analyzing Kþ loss with the simple Goldman flux equa-
tion [68], they proposed that the rates of efflux required an increase in the
permeability coefficient of the red blood cell membrane. Bernhardt et al.
[85], however, pointed out that the Goldman equation may not hold under
LIS conditions. Using an extended form of the equation to take into
account inner and outer surface potentials, they calculated that, in fact,
the observed Kþ efflux did not require a change in the permeability coeffi-
cient. That changes in membrane potential were not the precipitating event
was also suggested from Kþ influx experiments. These, too, increased in
human red blood cells suspended in LIS solutions [86] while the polarization
of the membrane (from normal� 10 toþ 50 mV, as assumed earlier but see
next section) would bring about a three-fold fall in influx according to the
Goldman flux equation. In further experiments, using impermeant anions
such as gluconate or glucoronate to replace extracellular Cl� (instead of LIS
solutions), to polarize the red blood cell to a similar extent, it was found that
only a small increase in Kþ flux was observed [86]—and cf. effect of tatarate
in the next section.

Later, from studying red blood cells from different species, it became
apparent that changes in surface potentials per se did not provide the
solution. Bovine red blood cells, like those of humans, have asymmetrically
distributed phospholipids such that all of the negatively charged phospha-
tidylserine is confined to the inner surface. Their surface potentials would
therefore be similar. This has been confirmed electrophoretically for the
external surface potential [87]. However, bovine red blood cells do not
show increased Kþ loss in LIS solutions. Comparing the effect of LIS
solutions in red blood cells from a range of species, it was found that
human, cat, rat, horse, LK sheep, and rabbit show increased Kþ efflux,
those of pig, cattle, and HK sheep do not [88, 89]. LIS effect in cattle also
shows an age-dependency. Thus, red blood cells from young cattle show a
LIS effect (with maximal effects on the first day after birth) with effects
declining over the next 6 weeks [90].

An effect due to elevation of intracellular pH has also been largely
discounted. Thus, the normal intracellular pH of human red blood cells is
7.2 and this increased to 7.8 in LIS solutions of normal extracellular pH
(7.4). However, by suspending red blood cells in acidified LIS solutions
(pH 6.5), it is possible to reduce intracellular pH back to normal. This
titration does not prevent the elevated Kþ fluxes observed under LIS
conditions [86]. On the other hand, residual Kþ influx does show some
sensitivity to intracellular pH [91, 92].

It should also be noted that Kþ fluxes in LIS conditions show little
volume sensitivity [86]. The shrinkage which occurs in LIS solutions can
be offset by using hypo-osmotic LIS solutions (250 mOsm/kg, cf. normal
290–300). These have little effect on Kþ fluxes.
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Inhibitors of LIS-induced fluxes and the identity of a specific protein
transporter responsible for them have been studied in some detail, without
definitive answers. Ouabain, bumetanide, and EGTA do not prevent
the fluxes, indicating the absence of involvement of the Naþ/Kþ pump,
Naþ–Kþ–2Cl� cotransporter (NKCC) and the Gardos channel. Fluxes are
also unaffected by Cl� substitution with methylsulphate, and are inhibited
modestly on cell swelling, making the participation of the Kþ–Cl� cotran-
sporter (KCC)—which is stimulated by swelling—unlikely [86] (cf. [93]).
A role for the nonselective, voltage-dependent cation (NSVDC) channel
has also been excluded since this channel occurs in both human and HK
sheep red blood cells [94, 95], while only human red blood cells show the
LIS effect [94, 96]. In addition, the channel does not discriminate between
Naþ, Kþ, and Ca2þ whereas the permeability induced by LIS media is
impermeable to Ca2þ [96, 97]. DIDS, however, does significantly reduce
LIS-induced fluxes [98], which may indicate participation in some way of
band 3, as suggested earlier [99]. It is also possible that LIS-induced ion
permeabilities do not involve a definitive transport system. Other explana-
tions include altered protein–protein and/or protein–lipid interactions, to
produce instabilities between these macromolecules leading to regions
which allow transmembrane ion movements. A role for Hþ-coupled
electroneutral transport is discussed in the next section.
9. The K
þ
(Na

þ
)/H

þ
Exchanger in the Human

Red Blood Cell Membrane

More recent work has strengthened the postulate that the residual Kþ
and Naþ fluxes observed under LIS conditions represent fluxes mediated by
a Kþ(Naþ)/Hþ exchanger. Such a Kþ(Naþ)/Hþ exchanger probably
represents one of the nine isoforms of the Naþ/Hþ exchanger (NHE)
known to date. It has been shown that NHE6-9 are able to transport Kþ
in addition to Naþ [100–102]. The cations involved in this sort of exchange
function will be attracted to the membrane more strongly under LIS con-
ditions, as reduction in ionic strength of the extracellular solution will
necessarily enhance the negative outer surface membrane potential. It is
also possible to analyze LIS-induced fluxes (using linearized Gouy-Chap-
man and Boltzman equations). Using these equations, the logarithmic value
of the apparent rate constants for these ions would be proportional to the
square root of the ionic strength, and this is found experimentally—see Ref.
[103] for further details. In addition, for a Kþ(Naþ)/Hþ exchange function,
there should be a 1:1 stoichiometry between cation flux and that of Hþ.
Through careful calibration, it is possible to measure Hþ entry into red
blood cells with the pH-sensitive fluorescent dye BCECF [104]. In LIS
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solutions, intracellular pH increased from about 7.2 to 7.7, after which a
slow reduction was observed, which is consistent with Hþ entry (i.e., in
exchange for Kþ). By comparing Kþ efflux with equivalent acid influx (as
assessed with BCECF), a 1:1 stoichiometry was indeed present [104].
Interestingly, in agreement with the previous section, the effect of Cl�
replacement with tartarte was also tested. In these circumstances, as for
gluconate and glucoronate, the red blood cell membrane potential depo-
larizes, accompanied by an intracellular alkaline shift of equivalent magni-
tude for that observed under LIS conditions. In this case, however, the slow
acidification is much slower. As for Kþ efflux, therefore, Hþ influx is not
elicited by the high membrane potential. Again, bovine and pig red blood
cells, which show little LIS-induced Kþ loss, also show little Hþ influx but
stoichiometry remained compatible with a 1:1 exchange, perhaps implying
that the same function is present in the red blood cells from these species,
rather that its activity is low.

The search for potential inhibitors of Kþ(Naþ)/Hþ exchange has
continued. Quinacrine, a known mitochondrial Kþ(Naþ)/Hþ exchange
blocker [105], reduces Kþ efflux by 80% and Hþ influx nearly completely in
LIS solutions, while DIDS is also partially effective. Surprisingly, quinacrine
activated the Kþ flux under physiological conditions [106]. In this context,
it is interesting that DIDS also affects Kþ/Hþ exchange in Amphiuma and
trout red blood cells [107, 108]. A better Kþ(Naþ)/Hþ exchange inhibitor
may be represented by HOE-642 which inhibits the (ouabainþ bumeta-
nideþEGTA)-insensitive Kþ influx in physiological ionic strength and LIS
solutions by 40% and 65%, respectively [106]

Of course, a functional Kþ(Naþ)/Hþ countertransport could be
explained by mechanisms other than a Kþ(Naþ)/Hþ exchange protein per
se. The existence of separate channels for Kþ efflux and Hþ influx (or OH�
efflux), perhaps via band 3, have been proposed. These are less likely given
the lack of dependence of fluxes on the transmembrane potential (e.g.,
[86]). Similarly, these observations would argue against a more complex
mechanism with Cl� leaving the cells immediately after transfer to LIS
media, coupled with Kþ through separate ion channels, with Cl� then
re-entering cells slowly in exchange for OH�. Again, while a Kþ–OH�
symport cannot be completely excluded, it is less likely that anions are
involved given the negative surface potential (e.g., [109]). Finally, the
possible participation of band 3 should be considered (see Ref. [98]).
As above, the surface potential argument makes a role for band 3 less likely.
In addition, inhibitor studies and other data are less persuasive for the
involvement of band 3. Quinacrine (which blocks Kþ/Hþ movements)
does not act on band 3 while niflumic acid (which inhibits band 3) has
no effect on LIS-induced fluxes [104]. Finally, pig and cattle red blood
cells, lacking LIS effects on cation permeability, have normal band 3
function.
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It cannot be ruled out completely, however, that both the NSVDC
channel (see section before) and the Kþ(Naþ)/Hþ exchanger are candidate
pathways mediating the LIS effect since the channel is activated at mem-
brane potentials aboveþ 30 mV [110]. It is also possible that these pathways
represent different modes of operation of a single system. To clarify this
possibility, therefore, the effect on the NSVDC channel of the recently
characterized inhibitor of the Kþ(Naþ)/Hþ exchanger HOE-642 has been
determined. Radioisotope flux measurements and conductance determina-
tions showed that HOE-642 exerted differential effects on the NSVDC
channel and the Kþ(Naþ)/Hþ exchanger [111].

It is important to note that, after transferring cells from physiological
ionic strength to LIS solutions, a new steady state is quickly established,
associated with an increase of the internal pH from 7.2 to approximately 7.7
[104]. This results in a depolarization of the membrane from � 10 to
þ 18.5 mV. Although this calculation (which assumes a Nernst distribution
of Hþ) will be an underestimation given that there will be a significant
buffer capacity in both extracellular and intracellular compartments, it
would appear that the membrane potential is below the level at which
significant activation of the NSVDC channel will occur [110, 112]. In this
context, it is interesting to note that in the fundamental investigation of the
LIS effect by Donlon and Rothstein [84], where the authors decreased
the extracellular ionic strength to a very low level (close to 0), the increase
of the net Kþ loss was described as a triphasic response (a curve with two
inflection points). The first inflection point (estimated at a membrane
potential of þ 45 mV) probably reflects the transition from a situation in
which Kþ(Naþ)/Hþ exchange dominates to one in which the NSVDC
channel is most important. The second reflection point at very low ionic
strength (at a calculated membrane potential of around þ 170 mV) may
represent the beginning of an electrical break-down of the membrane.
10. Concluding Discussion: Ion Transport

through Biological Membranes

Our understanding of the nature of ion permeation through mem-
branes has undergone remarkably advancement over the last 50 or so years.
We now know that a rich diversity of specific channels, pumps and carriers
carry out numerous roles in different cell types and organelles. Different
isoforms and interactions between these protein transport pathways, as well
as with other components of the cell, have marked effects on their function.
For some, their mechanism is well appreciated at a molecular level—the
voltage sensor or selectivity filter of channels, for example. For others, just
how transport is achieved remains to be determined. The Naþ/Kþ pump is
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notable in this context. Over the ensuing years, our molecular appreciation
of such active transport processes will surely be revolutionized.

A further, unsolved problem is nature of the residual (or ‘‘leak’’) trans-
port of biological membranes. As pointed out above, the permeability
coefficient of a real biological membrane is markedly higher compared to
that of an artificial lipid bilayer (by about 2 orders of magnitude). This
transport function may be afforded by, as yet, unidentified but specific
transport proteins. A case in point is provided by the Kþ(Naþ)/Hþ
exchange function of red blood cells activated under LIS conditions—
hence our discussion above. It is still arguable whether this function can
be explained by a discrete transport entity (the proposed Kþ(Naþ)/Hþ
exchanger, probably one of the nine isoforms of the NHE) or whether it
is in some way part of the residual (‘‘leak’’) membrane permeability. Clearly,
all specific transport entities must be accounted for and inhibited before the
true ground state is revealed. A caveat to the specificity of most inhibitors
has been discussed above—with ouabain-inhibition of Naþ/Kþ pump
representing a notable exception.

In addition, our theoretical understanding of transport under various
conditions requires further development. A ‘‘leak,’’ dependent on interac-
tion between ions and proteins or lipids, or through transient water-filled
pores (which may not be manifest for sufficient time for ‘‘free’’ diffusion) is
not readily amenable to analysis by the Goldman flux equation. In a similar
way, the effect of the three-dimensional electric field to which a membrane
is exposed remains to be fully analyzed. Given the complexity of structural
components comprising the membrane, many of which have charged
species, the constant field simplification underpinning the Goldman flux
equation is unlikely to hold in all circumstances. We need a new mathe-
matical description to analyze such issues quantitatively.

Finally, while ion permeation is often regarded as the prerogative of
transport proteins, the effect of lipid composition is not negligible. Altera-
tions in the lipid component of biological membranes has pronounced
effects (e.g., [67, 113]), and it is not clear to what extent these are exerted
on the true ‘‘leak’’ or on the function of specific transport proteins.

In these areas, the red blood cell will surely represent an invaluable
model system in future work on these questions, as it has done in the past.
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[71] L.A. Beaugé, O. Ortiz, Rubidium, sodium and ouabain interactions on the influx of

rubidium in red blood cells, J. Physiol. 210 (1970) 519–533.
[72] I.M. Glynn, The action of cardiac glycoside on sodium and potassium movements in

human red cells, J. Physiol. 136 (1957) 148–173.



26 I. Bernhardt et al.
[73] G. Gardos, The function of calcium in the potassium permeability of human
erythrocytes, Biochim. Biophys. Acta 30 (1958) 653–654.

[74] J.S. Wiley, R.A. Cooper, A furosemide-sensitive cotransport of sodium plus potassium
in the human red cell, J. Clin. Invest. 53 (1974) 745–755.

[75] I. Bernhardt, J.C. Ellory, Red Cell Membrane Transport in Health and disease,
Springer, Berlin, 2003.

[76] A. Gürber, Salze des Blutes, II. Teil: Salze der Blutkörper, Habilitationsschrift,
Kgl Julius-Maximilians-Universität Würzburg, Bayer, 1904.
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elektive Durchlässigkeit für Kationen. Ein Beitrag zur Analyse der Zellmembranen,
Pflügers Arch. 217 (1927) 618–630.

[79] H. Davson, Studies on the permeability of erythrocytes, VI. The effect of reducing salt
content of the medium surrounding the cell, Biochem. J. 33 (1939) 389–401.

[80] W. Wilbrandt, Die Ionenenpermeabilität der Erythrozyten in Nichtleiterlösungen,
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Abstract

Membrane nanotubes (also referred as tunnelling nanotubes—TNTs, nanotu-

bules, cytonemes), that directly connect separated neighboring cells, may offer

a very specific and effective way of intercellular transport and communication.

Our experiments on T24 cell line show that TNTs can be divided into two types

with respect to their biochemical and biophysical characteristics and the nature

of their formation. As type I were characterized the nanotubes which are

shorter, more dynamic and contain actin filaments. These structures remain

stabile even if underlying actin cytoskeleton is disintegrated by cytochalasin D.

The nanotubes of type II are much longer, appear more stable and contain

cytokeratin filaments. In both types microtubules can be found, but this type of

cytoskeleton is present in only a small fraction of the TNTs. On the nanotubes of
vier Inc.
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ljana,

ana,
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both types small vesicular dilatations were found as an integral part of the

nanotubes (i.e., dilatations of the nanotubes, gondolas). Vesicular dilatations of

type I nanotubes move along the nanotubes in both directions, while the

vesicular dilatations of type II nanotubes do not move along the nanotubes.

Both TNTs by themselves and the transporting gondolas were proposed to be

involved in intercellular communication and transport. The possible mechan-

isms of stabilization of membrane nanotubular protrusions and TNTs are also

discussed.
Abbreviations
CMFDA
 5-Chloromethylfluorescein diacetate

DiD
 1,10-Dioctadecyl-3,3,3,30-

tetramethylindodicarbocyanine

DiI
 1,10-Dioctadecyl-3,3,3030-

tetramethylindocarbocyanine

DiO
 3,30-Dilinoleyloxacarbocyanine

EFGP
 Enhanced green fluorescent protein

FITC
 Fluorescein isothiocyanate

GFP
 Green fluorescent protein

GPI
 Glycosyl-phosphatidylinositol

HLA, -B, -C
 Human leukocyte class I antigens

TNTs
 Tunneling nanotubes

TRITC
 Tetramethylrhodamine isothiocyanate
1. Introduction

Cell-to-cell communication is one of the fundamental processes in the
development and homeostasis of multicellular organisms. For this purpose
organisms have evolved diverse mechanisms to communicate on the level of
connected or/and spatially separated cells. The most common mechanisms
depend on secretion of diffusible signal molecules (like hormones, growth
factors) that bind to specific receptors in/on target cells [1]. A few years ago
a novel type of cell-to-cell connection was discovered, where two spatially
separated cells are connected by a long, thin tubular membranous struc-
tures [43]. They were named tunnelling nanotubes (TNTs) and are now
known as membrane nanotubes. The membrane nanotubes were found in
cultures and cocultures of both permanent cell lines and primary cultures
(see Tables 1 and 2), mostly between cells that are weakly connected to each



Table 1 Human and animal cell lines shown to form TNTs and their characteristics

Cell lines forming TNTs Morphology Transferred cellular components (markers)

(From)

F (diameter)

l (length) Prevalence; form

Cytosolic

continuity Junctiona

Cytoskeleton

(filament binding

proteins)

Cytoplasmic

components

(dyes)

Membrane

components

(dyes)

Rat pheochromacytoma

cells (PC12) [43]

F ¼ 50–200 nm

l ¼ 16–60 mm
Few; straight,

rarely

branched,

above

substratum

ND Yes F-actin (myosin Va) EGFP-actin f-EGFP

Human embionic kidney

cells (Hek-293) [15]

ND Few ND ND F-actin (myosin Va) ND (DiI, DiO, DiD)

Normal rat kidney cells

(NRK) [15]

ND Many: form ND ND ND ND Endocytic

organelles

(DiD)

(DiI, DiO, DiD)

Primary human

T-cells [48]

F ¼ 180–

380 nma

l ¼ 30–50 mm,

some�
200 mm

Many; straight,

curved in 3D

environment,

rarely

branched,

above

substratum

Nob Yes F-actin ND ND

Jurkat T-cells [48] F ¼ ND

l ¼ � 22 mm,

some

� 100 mm in a

3D mimic of

ECM

Many: straight,

curved in 3D

environment,

rarely

branched,

above

substratum

Nob Yes F-actin GFP, (CFDA,

calcein)

GFP-I-CAM1,

GFP-HLA-

Cw7, GPI-

GFP (DiO,

DiD), HIV-1

Gag-GFP

(continued)



Table 1 (continued)

Cell lines forming TNTs Morphology Transferred cellular components (markers)

(From)

F (diameter)

l (length) Prevalence; form

Cytosolic

continuity Junctiona

Cytoskeleton

(filament binding

proteins)

Cytoplasmic

components

(dyes)

Membrane

components

(dyes)

EBV-transformed human

B cell line (721.221)

[41]

ND ND ND ND ND ND GPI-GFP,

HLA-Cw6 in

coculture

with human

peripheral

blood NK

cells

Transitional cell

carcinoma of urinary

bladder cells (T24) [51]

F¼ 60–200 nm

l ¼ most

< 30 mm,

some

� 120 mm

Many: multiple,

straight, on

the

substratum,

rare above

substratum

Yesb Yes Only F-actin

cytokeratin 7,

F-actinþ
microtubules

(a-tubulin)

Actin-GFP,

(CMFDA)

Choleratoxin-

GFP

(DiI, DiO)

Transitional cell

papillomaa of urinary

bladder cells (RT4)

(Lokar et al.,

unpublished)

ND Few, on the

substratum

ND ND F-actin ND ND

DU 145 human prostate

cancer cells [52]

F: thinner
100–200 nm,

thicker

(�1 mm)

l ¼ few mm –

100 mm)

Yes ND Microtubules Mitochondria

(MitoTracker)

lysosomes

ND

Human glioblastoma cells

(U-87 MG) [42]

F ¼ 42–54 nm

l ¼ tens of mm
Straight ND ND F-actin Vesicle

trafficking

under stress

conditions

ND



THP-1 monocytes [40] F ¼ � 35–

250 nm

l ¼ <100 mm

Many Yesb ND F-actin Ca2þ (Lucifer

Yellow)

HLA-A,B, C

class I MHC

Human hepatic cells

(Hep G2) [54]

ND Few ND ND ND ND ND

Dendritic cells from

peripheral blood

monocytes [53]

F ¼ � 35–

250 nm

l ¼ <100 mm

Many Yesb ND ND Ca2þ (Lucifer

Yellow)

HLA-A,B, C

class I MHC

Human monocyte-

derived macrophages

[40, 41]

thin (<0.7 mm)

thick (>0.7 mm)

Many: thick

prevalent,

most are

connecting

apical parts of

the cells,

some are

branched

ND No F-actin, F-actin þ
microtubules

Endosomes

(DiD)

mitochondria

F ¼ (Mito

Tracker)

lysosomes

(LysoTracker),

EB1-GFP

ND

Primary rat

astrocytes [17]

F ¼ � 100 nm

l ¼ several mm
Many, branched ND ND F-actin ND ND

l ¼ <1 mm
l ¼ >100 mm

Hematopoetic stem

and progenitor

cells [14]

No data No data

Bovine mammary

gland epithelial cells

(BMGE) [54]

No data No data

Primary cultures

of mouse

medulla [15]

No data No data

Murine macrophage

J477 cells [40]

No data No data

ND — not determined.
a Was assessed by transmission electron microscopy.
b Was proved indirectly by measuring calcium fluxes.



Table 2 Cocultures of cell lines shown to form TNTs between different cell types

Coculture (from)

Transferred cellular

component (dye)

PC12 and NRK cells [15] Endosome related cell

organelle (DiI, DiO, DiD)

PC12 and Hek-293 cells [15] Endosome related cell

organelle (DiI, DiO, DiD)

Hek-293 and NRK cells [15] Endosome related cell

organelle (DiI, DiO, DiD)

722.221 and NK cells cells [40] Surface receptor

HLA-Cw6-GFP

macrophages and NK cells [40] ND, seen upon separation

Neonatal rat cardiomycites and adult human

endothelial progenitor (EPC) cells [29]

Mitochondria

(MytoTracker), GFP

Dendritic and THP-1 cells [40] Ca2þ
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other or in those which are actively migrating and seeking for bacteria or
attachment to neighboring eukaryotic cells. Nanotubes exist also in cells
with limited ability of movement and strong intercellular connections like
epithelial cells. The diameter of these membrane nanostructures ranges from
30 to 400 nm, in some cases up to 1 mm, and their length can span for more
cell diameters, depending on the cell type. They are versatile in ultra-
structure and formation, and consequently also in function (reviewed by
Refs. [9, 15]). Although TNTs are versatile, they share some common
features like the presence of cytoskeleton and cytoskeleton-associated pro-
teins. Through them different cellular material is being transported—from
signaling molecules, soluble cytoplasmic proteins, membrane proteins and
cell organelles [15, 16, 20, 21, 43, 51], to viruses [46, 47, 49] and bacteria.
Viruses and bacteria are being transported only upon nanotube surfaces [41].

There is a considerable heterogeneity present between membrane nano-
tubes. They differ in their cytoskeletal composition, diameter, length,
proposed function, ability to form cytoplasmic continuity. Ongoing studies
of relatively young field in different cellular models are focused primarily on
morphology, transported material and their frequency, but little is known
about their biophysical properties, what factors influence their formation,
what is the driving force of their formation, which protein complexes are
involved in their dynamics and initiation of cell-to-cell contacts.

Considering their heterogeneity it is not an easy task to subdivide them
ubiquitously into distinct types, since membrane nanotubes differ much
from one cell type to another and their properties sometimes overlap
between designated forms. Our classification of membrane nanotubes, in
accordance with other authors, is presented in Fig. 1.



Membrane nanotubes

Actin containing
typically up to a cell diameter long

Cytosolic continuity

Tunneling nanotubes

No membrane continuity

Cargo transferred:

Through the channel:
- by selective transport
- via acto-myosin transport
system

Along continous outer
membrane:
- bound to membrane
resident species
- ordered patches of
membrane

Membrane continuity

Cytonemes

Junction to target cell is present

No junction to target cell 
No microtubules

Components of cytoplasm present

No data for the presence of microtubules

No cytosolic continuity

Filopodial-like
protrusions

Cargo transferred via:
- bound to membrane resident species
- ordered patches of membrane along
the outer surface of the membrane

Type I
Cytokeratin containing

typically several cell diameters long

Have microtubules
 (shorter)a

No microtubules
 

Type II

Central channel
(no data on the nature of the channel)

Figure 1 Classification and forms of membrane nanotubes. Criteria used for classification and their main properties are briefly described.
Additional remarks are described in brackets. aUnpublished observation.
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The focus of this chapter will be on the properties and formation of
nanotubes found in urothelial cell line T24. In our studies phase contrast,
fluorescence, time-lapse and electron microscopy were employed to study
structural characteristics, formation, stability and dynamics of nanotubes that
bridge two neighboring urinary bladder epithelial cells T24. Theoretical
models of mechanical stabilization of membrane nanotubes are suggested.
2. T24 Cell Line and Membrane Nanotubes

Cells in a permanent cell line isolated from transitional cell carcinoma
of urinary bladder epithelia are heterogenous, consisting of at least two
morphologically distinct types [4]. Cells grow in a disorderly manner,
forming a monolayer of cells, where individual cells are lying partly over
one other. Cell population consists of two main types of cells: (i) large cells
with large, round, light nuclei with scarce chromatin and numerous
nucleoli, abundant and slightly pyronin-positive cytoplasm (pyronin is a
ribonucleic acid dye) which is rather poor in organelles, with a few mito-
chondria and ribosomes; (ii) elongated cells with oval, darker nuclei, with
many protrusions, abundant in chromatin and several nucleoli, more
strongly pyroninphylic cytoplasm with numerous mitochondria and abun-
dant endoplasmic reticulum. Cells contain numerous vacuoles of different
sizes with inclusion bodies sometimes present. Cell membrane has
many protrusions, especially at the basal edges of the cells, with nanotubes
connecting cells close together (Fig. 2).

Membrane nanotubes are readily formed only between closely posi-
tioned cells of a subconfluent culture, where cells have a certain degree of
freedom to move around on the substratum. The most appropriate condi-
tions for studying their properties were found to be 70–80% confluent
overnight cultures grown on glass coverslips, where cells were not yet
mitotic and have enough space to form membrane protrusions.
2.1. Types of Membrane Nanotubes, Their Structural
and Functional Properties

In subconfluent culture of T24 cells two distinct types of membrane
nanotubes were identified and classified with respect to their cytoskeletal
content, origin, stability and consequently their proposed function (Fig. 3).

2.1.1. Type I nanotubes
Type I nanotubes are shorter, usually not longer than 30 mm, dynamic
structures and contain actin filaments. Actin filaments give them their
dynamic properties. The protruding type I nanotubes are formed when a



BA

Figure 2 T24 cell line, grown in normal conditions. Cells are growing partly one over
other. Note that the membrane of the cells on the edge of the cell island (indicated by
arrowhead in (A) are not and firmly attached to the substratum along entire edge of the
cell body, but at some places rather undulating with the cell membrane floating in the
medium. Cells in the middle of the cell island are tightly connected with tubular
connection forming between separating cells. Cells have numerous vacuoles (gray-
white circular structures in cells, marked by white arrow in (B) and inclusion bodies
(black circular structures in cells, marked by black arrows). Individual cells are
connected by membranous nanotubes (wider white arrow).

Figure 3 T24 cell stained for actin (gray) and cytokeratin (white) filaments. White arrows are
pointing at multiple, acting containing type I nanotubes, whereas gray arrow is pointing
at longer, cytokeratin containing type II nanotube (see also Fig. 11).
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cell explores its surroundings, through a thin filopodial-like tubular mem-
brane protrusion extending from basal part of the cell body in order to make
contact with another cell (Figs. 4 and 5). This type of actin-containing
nanotubes can also bridge cells at distances of less than 30 mm and is most
likely derived from the adherence cell–cell contacts of cells that move apart
as they appear higher on the cell body (Fig. 6). Type I nanotubes have no
cytokeratin filaments (Fig. 5). Microtubules are present in some of type I
nanotubes (Figs. 6B and 7). The primary function of these nanotubes seems
to be intercellular communication by initiation of cell-to-cell contacts and



A B

C1 C1

C2

C3 C3

5 mm5 mm

C2

Figure 4 Type I nanotubes. (A) is a phase contrast image of live T24 cells while (B) is a
fluorescence micrograph showing actin-TRITC labeling of the same cells as in A, after
15 min of paraformaldehyde fixation. Cell C1 is approaching the cells C2 and C3 (for
animation see Supplementary material I in Ref. [51]). The white arrows in (A) and (B)
indicate short and dynamic membrane protrusion with which the approaching cell
explores its surroundings. Black arrow in (A) points at protrusions that have already
connected to the target cell. In all these multiple tubular connections actin filaments are
present (arrow in B). Adapted from Veranič et al. [51].

B

10 mm

A

Figure 5 T24 cells stained for actin filaments with phalloidin-FITC (A) and cytoker-
atin filaments with anti-cytokeratin 7 antibodies (B). Arrows (in A and B) are indicating
type I containing nanotubes that bridge two cells. These structures have no cytokeratin
filaments.
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subsequent transport of cellular components from one cell to another once a
contact has been made. Their formation and stability is discussed in
Section 3.



B

10 mm

A

Figure 6 T24 cells stained for actin filaments with phalloidin (A) and microtubules
with anti-alpha-tubulin antibodies (B). White arrows are pointing at actin containing
nanotube connecting two separated cells. Dashed arrows are pointing at dynamic acting
containing nanotubes with which cell is exploring its surroundings. These structures
have no microtubules. Arrows in (B) are pointing at the same parts as in (A).

10 mm

10 mm

DC

BA

Figure 7 T24 cells stained for actin filaments with phalloidin (A and C) and micro-
tubules with anti-alpha-tubulin antibodies (B and D). In type I nanotubules, that search
the surroundings (indicated with dashed arrows in (A) and corresponding places in (B))
or connecting two neighboring cells (indicated with arrows in (A) and corresponding
places in (B)), there is no microtubules. Microtubules can be found in intercellular
connections of cells that are separating (arrows in (C) and corresponding places in (D)).
See also Fig. 12A and B.
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The protruding type I nanotubes start growing as filopodia at the basal
level of the cell surface and continue to grow until they reach the target cell
(Fig. 5), where the nanotube can attach by an anchoring type of intercellular



500 nm

Figure 8 A TEM micrograph showing an anchoring type of intercellular junction
(arrow) connecting a nanotubule to the protrusion of a neighboring cell. Adapted form
Veranič et al. [51].
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junction [43, 51] (Fig. 8). However, it is not much known about the nature
of these contacts. The connection via nanotubules may not be initiated
directly by contact of the tip of the membrane nanotube with the target
membrane, but may require a nanotube first to slide along target cell
membrane and connect to the cell via several adherens junctions at the
lateral region of nanotube (Fig. 8) before the cytosolic continuity can be
established via communication junction at the nanotube tip. These adhesion
contacts might also be necessary for the nanotube to stabilize the contact
with the target cell when it is ‘‘searching’’ for appropriate docking site for
the communication junction to be formed.

Proteins responsible for formation of lateral connection of the nanotubes
to the target cell most likely belongs to cadherin family, since these proteins
were found at both tips and tubular regions of type I nanotubular protru-
sions (Fig. 9).

Nanotubes in T24 cell line can mediate cytosolic continuity [16, 51]
even though no exchange of membrane labels could be found between cells
[51] (Fig. 10).
2.1.2. Type II nanotubes
In comparison to abundant type I nanotubes, type II nanotubes are quite
scarce. They are much longer, up to several 100 mm and appear to be more
stable (Fig. 11). They are usually located more apically on the cell body. Type
II nanotubes differ from all previously described nanotubes (which can be
determined as type I nanotubes) by having no actin filaments but only
cytokeratin filaments, which are probably responsible for their stability [37]
and longer life span. Actin network is still present at both ends of the
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C2 C1 C1C2

BA

10mm

Figure 9 T24 cells stained for actin filaments with phalloidin-FITC (A) and anti-
pan-cadherin antibodies (B). Cell C1 is crawling upon cell C2. Cadherins are present at
cell–cell contacts (arrow) and actin containing nanotubes (asterix), even though not
at all tips of the nanotubes.

10mm10mm

B

CA

Figure 10 (A) Urothelial cells T24 labeled with lipophilic stain DiI were cocultured
with unlabelled T24 cells. The nanotubes (arrow) of stained cells (white) became
protruded and attached to unstained cells (gray) in 3 h. However, even after 24 h DiI
stain did not spread to the connected cells. (B) and (C) Live urothelial cells T24
colabeled with lipophilic membrane stain DiI (B) and cytoplasmic dye CMFDA (C).
Nanotubes are mediating cytoplasmic connection between two neighboring cells
(arrows). Adapted from Veranič et al. [51].
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nanotube, but as the nanotube narrows actin disappears. They may be formed
when two already connected cells start to move apart (Fig. 12A and B). As is
the case of type I nanotubes, microtubules are present in only some of type II
nanotubes, mainly those which connect separating cells (Fig. 12C).



C

c1

10mm20mm50mm

c2
BA

Figure 11 In urothelial line T24 a long tubular structure connects cells of the two cell
clusters C1 and C2 (A). (B) is a magnified region of the area in the black frame in (A).
Such long singular tubes of type II contain thin cytokeratin filaments (arrow in (C)).
In C cytokeratin 7 is labeled in white, and actin in gray. From Veranič et al. [51].

C

10 mm 10 mm

BA

Ccl

C1 C1

C2

C

C2

Figure 12 (A) and (B) Two separating T24 cells (C1 and C2) having actin (A) and
cytokeratin (B) filaments present in the forming nanotubules. (C) Cells stained for
alpha-tubulin. Cell (C) is migrating away from a cluster of cells (Ccl). Membranes of the
two cells detach at certain sites forming tail-like protrusions between the membranes.
The membranes gradually separate as the cells move apart, pulling and dividing their
cytoskeletal content. Note that actin (A), cytokeratin (B) filaments, and microtubules (C)
are still present in growing tubular connections (arrows in (A)–(C)). FromVeranič et al. [51].
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Type II nanotubes do not seem to be involved in transport between cells,
but they rather provide a positional effect to connected cells by sensing their
direction of migration and enabling reverted movement along the intercel-
lular tether [51]. Since they are rare, their dynamics is still to be elucidated.
2.2. Vesicular Dilatations on Membrane Nanotubes

Many nanotubes have vesicular dilatations as an integral part of their mem-
brane. Vesicular dilatations or gondolas, as we named them, can be seen in
both types of nanotubes (Fig. 13), but they differ in size and dynamics.

Type I nanotubes frequently have smaller vesicular dilatations that can
move along the tubes in both directions. These vesicular dilatations



10mm

Ccl

C1

*

Figure 13 A scanning electron micrograph of T24 cell line. Nanotubular structures connect
adjacent cells between cell cluster (Ccl) and cell C1. Cell C1 radially extends many thin
filopodial-like tubular protrusions upon the substratum in the leading part of cell
(asterix). It is connected to cell cluster by a longer nanotube, located higher on the
cell body. On all nanotubes vesicular dilatations are present (arrows).

1.5 mm 0.5 mm

0 s 3 s 9 s6 s 12 s

Figure 14 Vesicular dilatation (gondola) on type I membrane nanotube (arrow). Fusion of a
gondola (black arrow) with a cell body is seen after a time-lapse sequence showing
directional movement of the gondola along a nanotube. The time sequence in seconds
is indicated on the upper left side of each micrograph. Adapted from Veranič et al. [53].
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(gondolas) move for 5–15 mm in certain direction with an average speed of
40 nm/s [51]. They sometimes appear in the middle of the nanotube and
travel along the nanotube until they fuse with the cell body (Fig. 14).

On the other hand, the dilatations on type II nanotubes are larger,
usually placed in the middle of the nanotube and do not move along the
nanotube (Fig. 15).
2.2.1. Possible origins of vesicular dilatations and mechanisms
of their propagation along nanotubes

The observed vesicular dilatations of the nanotubes (gondolas) moving
along the type I nanotubes (Fig. 16) may be formed in different ways.
In some cases the formation of gondolas, corresponding to transient excited
states, may be induced by a sudden tension (caused, e.g., by diverging or



Gondolas

Figure 15 Vesicular dilatations (gondolas) on type II membrane nanotubes.

A B C

Figure 16 Possible origins of gondola formation and its movement along a nanotube. The
direction of its movement is indicated by arrows. The distention of the nanotubule
(gondola) may be formed in different ways. In illustration (A) the distention is formed
because of sudden tension (caused by diverging cells) in the membrane at specific
sites on the nanotube, where local constituents enable and favor the formation of this
structure. This kind of distention may appear anywhere along the nanotube and travels
in the direction that is energetically favorable. In illustrations (B) the distention is
formed because material inside the gondola is actively transported along the filaments
by motor proteins ([41, 43]). The total volume of the enclosed material (an organelle or
a vesicle) is larger than the inner diameter of the nanotube. Transported material
(multiple small particles moving synchronously within the distension) may be enclosed
within gondola or may be a part of the gondola membrane. Illustration C schematically
indicates nanotubule-directed movement of the gondola, formed in the budding
process.
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approaching cells) in the membrane nanotubes at specific sites where the
local membrane constituents of the nanotubes enable and favor the forma-
tion of such dilatations. The tension-induced dilatation of the nanotubes
may appear anywhere along the nanotube and then travels as a wave along
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the nanotube in the direction that is energetically favorable. The tension
might be the most probable reason of gondolas that suddenly appear in the
middle of the nanotube [51]. These tension-induced dilatations are as any
other excited states of the membrane relaxed after a certain time. It has been
reported that slight undulations are relaxed in seconds while sphere-like
blobs are relaxed in minutes [2].

The vesicular dilatations of the nanotubes may also be formed because of
a small organelle, vesicle or supramolecular assembly (multiple small parti-
cles moving synchronously within the distension) is being transported inside
the nanotubes, if their effective diameter is larger than the inner diameter of
the nanotube [15, 27, 51]. The material inside the nanotubes may be
actively transported by different actomyosin-dependent mechanisms
([15, 40], reviewed by Ref. [8]). These dilatations are forming at the
beginning of the nanotube of one cell as a vesicle-like structures, are
transported along the nanotube and are then released into the cytoplasm
of the second cell (see Fig. 17).

The observed vesicular dilatations of the nanotubes moving along the
membrane nanotubes of type I show striking similarity to the dilatations of
phospholipid nanotubes, which move along these nanotubes [24]. There-
fore it is also possible that the initiation of gondola formation (Fig. 17A) may
be based on similar physical mechanisms as those governing the formation
of free membrane daughter vesicles, which are created in the processes of
budding. In contrast to the latter process however, in gondolas, the con-
nection to the parent membrane, from which they originate is not disrupted
when the dilatation is detached from the parent cell (Fig. 17B). Once the
gondola is formed, its movement along the nanotube (Fig. 17C) requires no
additional bending energy. Nevertheless, a mechanism is still needed to
provide the energy for the dilatation to travel along the nanotube. It is
possible that the gondola movement is driven by the difference in chemical
potentials between the molecules packed inside the gondola and the
A B DC

Figure 17 Schematic illustration of nanotubule-directed transport of small vesicular
dilatations (gondolas) transporting granular content and membrane particles.
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molecules in the interior of the target cell, or the difference in chemical
potential between the molecules composing the membrane of the gondola
and the molecules in the membrane of the target cell. The final event of the
transport is the fusion of the gondola with the target membrane [24]. In this
process, molecules of the gondola’s membrane which originate from the
parent, nearly flat membrane, redistribute again in an almost flat target mem-
brane (Fig. 17D). This may be energetically favorable and therefore also part of
a driving mechanism to facilitate fusion of the gondola with the membrane.
Prior to fusion of the gondola with the target cell membrane, no neck
formation is needed (Fig. 17C) since the neck is already part of the nanotube
connecting the gondola to the membrane of the target cell. This is contrary to
the case of a free transport vesicle. It can therefore be concluded that the
transport of material in dilatations (or the transport of molecules composing
themembrane of dilatations) may bemore efficient, since it is guided either by
actomyosin transport system or passive diffusion along the nanotube, and
therefore energetically advantageous over free vesicle transport.
3. Formation and Stability of Type I

Membrane Nanotubes

Membrane nanotubes are thin, dynamic structures, but nevertheless at
least transiently stable structures. We presume they are formed on (and
between) specific surface regions on the cell membrane where the local
environment favors their molding and stabilization (or attachment). There
are several factors that influence their dynamics and stability, the major
players being cytoskeleton and membrane constituents.

Although the underlying cytoskeleton greatly influences their shape,
molding and mechanical stability, its primary role may not be in formation
of very first steps of nanotubules but rather in strengthening the already
formed membrane protrusions (nanotubular buds), to provide the core
which pushes the membrane outward and on which transport of material
is being conduced once the nanotube is connecting two cells. The protrud-
ing type I nanotubes in the beginning of their formation resemble the
growth of flilopodia (for review see Ref. [36]). Therefore it is likely that
an actin cross-linker, like facsin [57], may be involved in the growth of type
I membrane nanotube, by helping to organize actin filaments into parallel
and nearly aligned filamentous bundles which push the membrane outward
and in the stabilization of the nanotubes by increasing the stiffness of these
bundles, therefore giving the tubular part of the nanotube the necessary
mechanical support ([15, 40, 53, 57]). However, protrusions of this
kind remain stable even after disintegration of the actin filaments with
cytochalasin D (Fig. 18), that is, without the force of cytoskeleton
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Figure 18 T24 cells after cytochalasin D treatment (A). After incubation in cytochalasin D
for 30 min, a time-lapse sequence was recorded. The flexible stability of type I
membrane protrusions of T24 cells can be seen by time-lapse sequence in frames B–G
(magnified region of squared area in (A)). The white arrows in these frames point to the
tip of two nanotubes that passively move in the solution. Times indicated is the time
passed from the beginning of the time-lapse sequence. From Veranič et al. [51].
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elements which would push the membrane tubular protrusion outward,
leaving protrusions freely diffusing in solution. These results indicate that
there must also be other factors stabilizing the nanotube in addition to
cytoskeleton.

Possible candidates for the stabilization of nanotubular structures are
membrane nanodomains. Their membrane constituents: phospholipids, cho-
lesterol and proteins, and their interactions with each other, may have
primary role in the formation of nanotubes by forming flexible membrane
nanodomains [27] (including membrane rafts) that selfaggregate at sites of the
forming nanotube and thus enable the formation of nanotubular tips (see
Fig. 25). They stabilize the structure in the tubular region, once the nanotube
is already protruding from the membrane. This process depends on the local
curvature of the membrane, which is—in turn—determined by the local
composition of its constituents, their intrinsic shape and interactions with the
neighboring molecules (see also Section 3, Fig. 25). In favor of this assump-
tion is that the tips of the nanotubes tend to accumulate ganglioside GM1
(Fig. 19) as one of the characteristic components of membrane nanodomains
referred to as membrane rafts. Membrane rafts are small (10–200 nm), het-
erogeneous, highly dynamic, sterol- and sphingolipid-enriched domains that
compartmentalize cellular processes. Small rafts can sometimes be stabilized to
form larger platforms through protein–protein and protein–lipid interactions
[58]. The appearance of membrane rafts in vesicular protrusions at the tip of
the nanotubes might also be crucial for the attachment of the nanotube to the
target cell, because among proteins included in lipid raft domains N-cadherins
were also found [6]. These cadherins are responsible for making intercellular
connections between mesenchymal cells and are also found in urothelial T24
cells (Fig. 9).



A B

Figure 19 Membrane rafts are present at the tips and entire length of the nanotubes as
well as on cell body. Cells were stained with a membrane raft marker choleratoxin B
(arrows) that binds GM1, a membrane raft resident ganglioside.

A B

Figure 20 Control (A) and cholesterol depleted cells (B) and their morphology. In cholesterol
depleted cells the cells round and their membrane appears more rigid with no dynami-
cally fluctuating protrusions at the cell edges like in control (arrow in (A)). Their shape
is rather determined by the underlying cytoskeleton. Cells do not appear firmly
attached to each other anymore, although they still preserve some connections
(arrow in (B)).
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Since nanodomains are thought to be important in both formation and
stability of nanotubes and these nanostuctures are shown to be enriched in
cholesterol (Pike et al., 2006) it is expected that content of cholesterol in
the membrane will influence also the dynamic of nanotubes. Cholesterol
decreases membrane fluidity, locally increases membrane thickness and can
directly modulate the dynamics of membrane rafts-associated proteins
(reviewed in Ref. [39]) as well as cell-to-cell junctions [10, 38].

Our preliminary results show that depletion of cholesterol by b-methyl
cyclodextin changes morphology of T24 cells as well as almost totally
inhibits formation of type I membrane nanotubes, whereas the effect on
type II nanotubes is not known (no experimental data) (Fig. 20).
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3.1. On the Role of Small Anisotropic Protein–Lipid
Nanodomains in Formation and Stabilization of
Membrane Nanotubes

The observed stability of tubular membrane protrusions after disintegra-
tion of the actin filaments within tubular protrusions (Fig. 18) can be
explained by coupling between the nonhomogeneous lateral distribution
of the membrane nanodomains and the specific membrane curvatures
[5, 22, 25, 45, 50]. The proposed mechanism of mechanical stabilization
of tubular membrane protrusions is a part of the general mechanism of
stabilization of highly curved membrane structures (spherical buds, necks,
tubular protrusions) [5, 18, 23, 26, 28, 49, 50]. For example, it was
suggested that due to its specific molecular shape the prominin molecules
[56] may form small anisotropic protein–lipid nanodomains [26, 27]
which may associate into larger two-dimensional aggregates accumulated
in tubular membrane protrusions (Lubrol rafts) [23, 26, 28, 59]. Lubrol
rafts, formed by clustering of prominin nanodomains, are considered to be
a novel type of membrane rafts (microdomains) that are distinct from
the cholesterol-sphingolipid (Triton resistant) rafts in the planar parts of
the membrane [23, 28, 59].

The prevalent force of the origin of membrane protrusion is usually the
force exerted by the cytoskeleton elements [3]. However, also in this case,
the accumulation of anisotropic membrane nanodomains in tubular mem-
brane protrusions may offer an additional physical mechanism for stabiliza-
tion of tubular membrane protrusions [26, 32, 55]. The observed stability of
thin tubular membrane protrusions without the inner supporting rod-like
skeleton (Fig. 18) is in line with the assumption that prominin nanodomains
(and other anisotropic membrane inclusions) have an important role in
generation and stabilization of plasma membrane protrusions and TNTs;
[26, 28] (Fig. 21).

In accordance with above proposed mechanism of stabilization of tubu-
lar membrane protrusions we proposed [51] that membrane nanodomains
(Fig. 21) which compose the membrane of bridging nanotubes energetically
prefer highly curved cylindrical geometry (C1> 0 and C2¼ 0) (for defini-
tion of the principal membrane curvatures C1 and C2 see Fig. 22).

In our model [12, 27] we divide the flexible membrane nanodomains in
two groups. In the first are small molecular complexes composed of proteins
and lipids where the proteins are often chain-like biopolymers that cross the
membrane bilayer a few times (Fig. 21A) [22, 26]. Membrane nanodomains
and raft elements of biological membranes usually fall into this category.
The second group of flexible membrane inclusions are induced by a single
rigid globular membrane protein, which can be described in the first
approximation as a rigid object of a simple geometrical shape (Fig. 21B)
[7, 8, 11, 12, 19, 30, 31].
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Figure 21 Schematic illustration of membrane nanodomains (shaded area): A flexible lipid-
protein membrane nanodomain containing transmembrane proteins (A) and a flexible
membrane nanodomain induced by single membrane-embedded rigid (globular)
protein (B) [12].
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Figure 22 Schematic presentation of the two principal membrane curvatures C1 and
C2 (for the case of saddle-like membrane shape) defined in the origin of the membrane
normal n. The principal curvatures C1 and C2 are inversely proportional to principal
radii of curvatures R1 and R2, respectively.
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In the following we assume that membrane nanodomains (Fig. 21), as a
result of their structure and local interactions energetically prefer a local
geometry that is described by the two intrinsic principal curvatures
(C1m and C2m) [13, 31, 36]. The intrinsic principal curvatures (spontaneous
curvatures) (C1m and C2m) are in general different (C1m 6¼C2m) (Fig. 23).
If they are identical (C1m¼C2m), the nanodomain is called isotropic.
If C1m 6¼C2m the nanodomain is called anisotropic. The location and
orientation of the anisotropic nanodomain are important for its energy.
An anisotropic nanodomain (Fig. 24) will therefore prefer to accumulate in
the membrane region with the principal curvatures C1 and C2 close to the
values of its intrinsic principal curvatures C1m and C2m [22, 26] and on the
average also spend more time in the orientation that is energetically more
favorable than in any other orientation. A coupling between the membrane
shape (i.e., curvature) and the nonhomogeneous lateral distribution of
membrane nanodomains has been predicted [5, 18, 22, 25, 27, 45, 50].

The elastic energy of a small anisotropic membrane nanodomain derives
from the mismatch between the actual local curvature of the membrane
(Fig. 22) and the intrinsic (spontaneous) curvature of the constituents
(Fig. 23) which can be characterized by the mismatch tensor

�
M ¼

�
R
�
Cm

�
R�1 �

�
C [27]. Here the tensor

�
C describes the actual curvature

(see Fig. 22), while the tensor
�
Cm describes the intrinsic curvature of the

constituents:

�
C ¼ C1 0

0 C2

� �
;
�
Cm ¼ C1m 0

0 C2m

� �
; ð1Þ

where

�
R ¼ coso �sino

sino coso

� �
; ð2Þ

is the rotation matrix. The angle o describes the orientation of the principal
axes system of a single membrane nanodomain with respect to the local
principal axes system of the membrane [28, 32]. In the respective principal
C1m> 0
C2m= 0 C2m= 0

C1m= 0 C1m> 0
C2m< 0

Anisotropic:Anisotropic: Isotropic:

Figure 23 Schematic representation of different intrinsic shapes of larger of membrane
nanodomains described by the two intrinsic principal (spontaneous) curvatures
C1m and C2m.
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Figure 24 Normalized free energy of single membrane nanodomain (fi/K) in different
regions of tubular membrane protrusion and its surroundings calculated for three
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1/200 nm� 1, 1/300 nm� 1 and K ¼ �K ¼ 5000kT nm2 (B). The planar shape when
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systems the matrices that represent curvature tensors
�
C and

�
Cm include only

the diagonal elements (for tensor
�
C the principal curvatures C1 and C2

(Fig. 22) and for tensor
�
Cm the intrinsic principal curvatures C1m and C2m).

The elastic energy of the membrane nanodomain ( fi ) should be a scalar
quantity. Therefore, each term in the expansion of fi must also be scalar, that
is, invariant with respect to all transformations of the local coordinate
system. In this work, the energy of nanodomain is approximated by an
expansion in powers of invariants of the tensorM up to the second order in
the components ofM. The trace and the determinant of the tensor are taken
as the set of invariants [27]:

fi ¼ K

2
ðTr
�
MÞ2 þ KðDet

�
MÞ; ð3Þ

Where K and K are constants. Taking into account the definition of the
tensor

�
M it follows from Eq. (3) that the elastic energy of the single

membrane nanodomain can be written as [27]:

fi ¼ ½ð2K þ KÞðH �HmÞ2 � KðD2 � 2DDmcos2oþD2
mÞ�; ð4Þ
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where H¼ (C1þC2)/2 and D¼ |C1�C2|/2 are the mean curvature and
the curvature deviator of the membrane (see also Fig. 22), Hm¼ (C1mþ
C2m)/2 is the intrinsic (spontaneous) mean curvature and Dm¼ |C1m�
C2m|/2 is the intrinsic (spontaneous) curvature deviator. The constants K
and K are proportional to the area of the single membrane nanodomain
[12, 27]. In the case of a simple flexible membrane nanodomain composed of
a rigid core (protein) and the surrounding lipids which are distorted in order
to fit with the rigid core (Fig. 21), the constants K and K were estimated
using a microscopic model [12] while in the case lipid molecules they were
estimated from the bending constant [34, 35]. The optimal values of the
membrane mean curvature H, the curvature deviator D and the membrane
constituent orientation angle o corresponding to the minimum of the func-
tion fi can be calculated from the necessary and sufficient conditions for the
extremum of fi [27]: H¼Hm, D¼Dm, o¼ 0, p, 2p where o¼ 0 and
o¼ 2p describe the same orientation and where K > �K=2, K < 0.

The partition function of a single anisotropic membrane nanodomain:

Q ¼ 1

oo

ð2p
0

exp � f iðoÞ
kT

� �
do; ð5Þ

The free energy of the single anisotropic nanodomain is then obtained
by considering that fi¼�kT lnQ [27]:

fi ¼ ð2K þ KÞðH �HmÞ2 � KðD2 þD2
mÞ � kT ln I0

2KDDm

kT

� �� �
;

ð6Þ
where I0 is the modified Bessel function. In the limit j2KDDm=kT j > 1,
Eq. (6) becomes:

fi ¼ ð2K þ KÞðH �HmÞ2 � KðD�DmÞ2; ð7Þ
where we took into account that ln I0(x)� |x| for x> 1 and K < 0. In the
limit of small j2KDDm=kT j, Eq. (6) transforms into:

fi ¼ 2K � K
2
D2

m

kT

 !
ðH �H0Þ2 þ K þ K

2
D2

m

kT

 !
C1C2; ð8Þ

H0 ¼ Hmð2K þ KÞ
2K � K

2
D2

m

kT

� � ; ð9Þ

where we took into account ln I0(x)� x2/4 for x<< 1, D2¼H2�C1C2

and omitted the constant term.
Figure 24 shows the influence of the anisotropy of the intrinsic shape of

the membrane nanodomain (described by intrinsic mean curvature
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Hm ¼ ðC1m þ C2mÞ=2 and intrinsic curvature deviator Dm¼ (C1m�C2m)/
2) on the energy of the nanodomain fi (Eq. (6)) in the different parts of the
tubular membrane protrusions and the surrounding membrane. It can be seen
in Fig. 24 that the energy of anisotropic nanodomains ( fi ) with the intrinsic
shape characterized by Hm¼Dm (or equivalently C1m> 0 and C1m¼ 0,
see Fig. 23) may be strongly decreased in the region of tubular protrusion
which leads to accumulation of such nanodomains in the tubular membrane
protrusion and consequently to mechanical stabilization of tubular membrane
protrusions as shown elsewhere [26, 27, 32, 33, 51].

Based on the results presented in Fig. 24 and our previous theoretical
consideration of the stability of tubular membrane protrusions [26, 27, 32, 33]
we suggest that nanotubular membrane protrusions andmembrane nanotubes
are in addition to stabilization forces of cytoskeleton elements mechanically
stabilized also by energetically favorable clustering of anisotropic (flexible)
membrane nanodomains in nanotubes [17, 26, 27, 51] (Fig. 25).
Membrane

Actin filaments

Flexible 
nanodomain

C1m> 0 C2m=  0

C1m≈ C2m> 0 

Figure 25 Schematic illustration of stabilization of type I nanotubular membrane pro-
trusions by accumulation of anisotropic membrane nanodomains in the tubular region.
Bending deformation and rotation of the nanodomain allow the nanodomain to adapt its
shape and orientation to the actual membrane curvature, which in turn is influenced by
the nanodomains [23,28]. Growing actin filaments push the membrane outward. The
protrusion is additionally stabilized by accumulated anisotropic nanodomains with mem-
brane curvatures that favor anisotropic cylindrical geometry of the membrane. The
cylindrical-shaped anisotropic membrane domains, once assembled in the membrane
region of a nanotubular membrane protrusion, keeps the protrusion mechanically stable
even if the cytoskeletal components (actin filaments) are disintegrated. Adaped from [46].
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4. Concluding Remarks

In urothelial T24 cell line at least two different kinds of membrane
nanotubes exist. These two types differ in their structural components
(type I having actin cytoskeleton and type II having cytokeratins) stability,
dynamics and consequently also in function. Type II nanotubes do provide
cytosolic and membrane continuity between two cells, at least in the
beginning, since they are presumably formed in nonmitotic separation of
two cells. As for type I nanotubes cytosolic continuity can be established
after an adherens and communication junctions between a protruding
nanotube and acceptor cell is assembled even though their protein compo-
nents have not been undoubtedly determined. Which proteins make this
possible need to be further defined. Also the stability of these nanotubules is
not well understood, but ongoing studies are suggesting that both choles-
terol and lipid constituents that determine the local geometry of the mem-
brane are important in this process.
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interactions of the cytoskeleton with the bilayer exerts control over the process

of membrane vesiculation. In this model, a disturbance of the band 3-ankyrin

anchoring complexes leads to increased compression and rigidity of the spec-

trin cytoskeleton, leading to buckling of the phospholipid bilayer, resulting in

vesicle formation. The predictions of this model on size and protein composition

of vesicles are confirmed by the available data, especially data of vesicles that

are generated during aging in vivo and in blood bank storage conditions. Finally,

we suggest some future theoretical elaborations of this model, as well as the

experimental approaches for testing it.
1. Introduction

Microvesicles, also referred to as microparticles, are fragments that are
shed from the plasma membrane of stimulated or apoptotic cells. They are
associated with various physiological processes involving intercellular com-
munication, hemostasis, and immunity. Variations in their number and/or
characteristics are observed in pathophysiological circumstances. High shear
stress, oxidative stress, inflammatory or procoagulant stimulation, and apo-
ptosis all stimulate vesicle generation [1–3]. Stimulation leads to a redistribu-
tion of lipids and proteins in and associated with the cell membrane, leading
to changes in (the kinetics of ) microdomain organization, changes in phos-
pholipid asymmetry, cytoskeleton reorganization, and vesicle release. Con-
trolled inclusion or exclusion of specific molecule species into these
microdomains results in vesicles with a particular membrane composition
and content [2]. This explains how microvesicles of the same cellular origin
may have different protein and lipid compositions, be involved in the main-
tenance of homeostasis under physiological conditions, or initiate a deleteri-
ous process in case of excess or when carrying pathogenic constituents [1, 2].

Thus, vesicles constitute a disseminated storage pool of bioactive effec-
tors. For example, antigen-presenting cells secrete MHC-carrying vesicles
that stimulate proliferation of T cells [2, 4]. Microvesicles that are shed from
activated platelets expose phosphatidylserine (PS), thereby providing a
catalytic surface promoting the assembly of the enzyme complexes of the
coagulation cascade. Furthermore, vesiculation is thought to represent a
mechanism to eliminate cell waste products. This plays an important role in
the problems around the immunity of cancer cells, as vesicles may be
instrumental in the elimination of membrane proteins that are recognized
by the immune system, and thereby facilitate escape and promote survival.
Also, cancer cells may use vesicles to get rid of toxic drugs, accounting in
part for the resistance to chemotherapy [2].

Classically, the erythrocyte has always been an important subject in
research on the structure/function relationship of the plasma membrane,
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including vesicle formation [5]. In the last few years, the interest in the ins
and outs of erythrocyte vesiculation has increased, since vesiculation plays
a role in all stages of the erythrocyte life. During erythropoiesis, iron is
transported into the erythroblast for hemoglobin synthesis by receptor-
mediated endocytosis of vesicles containing complexes of transferrin receptor,
transferrin, and iron. At a later point in erythroid terminal differentiation,
vesiculation plays a crucial role in remodeling of the reticulocyte mem-
brane, when a number of integral membrane proteins, including the
transferrin receptor, are removed from the cell surface by exocytosis.
Finally, vesiculation of the mature erythrocyte plasma membrane is not
only an integral part of the physiological erythrocyte aging process but also
constitutes one of the erythrocyte storage lesions in the blood bank, and
also plays a role in the pathology of hemoglobinopathies and erythrocyte
membranopathies [6].

In this chapter, we will present the recent data on erythrocyte micro-
vesicle composition, and discuss these in the light of the mechanisms that
have been postulated on the vesicle generation process. We will try to
combine these into a new model, and will propose some experimental
approaches that could falsify and/or refine this theory. In this model, we
propose that a crucial role in the process of membrane vesiculation is played
by the erythrocyte cytoskeleton. The erythrocyte cytoskeleton is composed
of a two-dimensional network of flexible proteins that is anchored to the
cell membrane, and determines the overall mechanical properties of the cell
[7–9]. On the cell level, this network plays a crucial role in determining
the overall cell shape [10], by modifying the force balance (tension) at the
membrane [11, 12]. On a more local level, the cytoskeleton affects the
diffusion and distribution of membrane proteins and lipids through direct
interactions and steric effects (‘membrane corrals’) [11–16]. Here, we pres-
ent a unified model which describes how the coupling of the local interac-
tions of the cytoskeleton with the bilayer can drive and exert some control
over the process of membrane vesiculation.
2. The Membrane/Cytoskeleton Model
of the Erythrocyte

During its life, the erythrocyte is squeezed through capillaries that are
roughly one-third of its diameter, for approximately 100,000 times [17].
Therefore, the erythrocyte must have a highly deformable as well as stable
membrane. Membrane deformability gives the erythrocyte the capacity to
deal with the shear forces in the circulation, and membrane stability pro-
vides the capacity to circulate without fragmentation. The ability of the
erythrocyte membrane to store energy during brief periods of deformation
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and to return to its original shape is associated with the maximal duration of
its lifespan of 120 days in the human circulation [7, 8].

The well-described biochemical characteristics of the erythrocyte mem-
brane underlying these unique functional requirements have long been
instrumental for the development of models of the generic cell membrane.

Phosphatidylcholine (PC) and sphingomyelin (SM) are the dominant
lipid components of the outer leaflet of the lipid bilayer, and PS and
phosphatidylethanolamine (PE) are mainly found in the inner leaflet. This
asymmetry is under control of a flippase, an inward-directed pump specific
for PS and PE, an outward-directed pump referred to as floppase, and a lipid
scramblase, which catalyzes unspecific, bidirectional redistribution of phos-
pholipids across the bilayer. The asymmetry may be involved in erythrocyte
homeostasis, as PS binds to the cytoskeletal components spectrin and
protein 4.1 [17]. Also, erythrocyte stimulation accompanied by a significant,
sustained increase in the cytosolic Ca2þ concentration may lead to a collapse
of the membrane asymmetry, with the most prominent change being the
surface exposure of PS. PS is a recognition signal for macrophages, thereby
promoting erythrocyte removal [18].

It was thought for a long time that the plasma membrane is a two-
dimensional ‘fluid mosaic’, and that the membrane proteins are uniformly
dispersed in the lipid solvent [19]. However, in recent years, the existence of
other lipid bilayer organization states, ‘liquid-ordered’ membranes, became
clear [20, 21]. These regions, also called rafts, are enriched in cholesterol and
sphingolipids, making them more ordered, less fluid, and more resistant to
solubilization by detergents than the bulk plasma membrane [21]. Rafts are
also distinguished by a specific assortment of proteins that are anchored by a
glycosylphosphatidylinositol (GPI) anchor to the outer leaflet, such as
acetylcholinesterase [22]. Also, at the cytosolic side, the proteins stomatin,
flotillin-1, and flotillin-2 are concentrated in rafts [23]. Rafts of different
sizes are formed continuously, and their stability is a function of size, capture
by raft-stabilizing protein, and protein–protein interactions [24, 25].

The main integral membrane protein is band 3, which constitutes
15–20% of the total membrane protein, and is present in a monomer/
dimer/tetramer equilibrium [26]. The band 3 molecule consists of three
dissimilar, functionally distinct domains. The N-terminal, cytoplasmic
domain binds with a variety of peripheral membrane and cytoplasmic
proteins including some key glycolytic enzymes, peripheral proteins
ankyrin, protein 4.2, and hemoglobin. The hydrophobic transmembrane
domain functions as the chloride/bicarbonate exchanger, and forms a
complex with other integral membrane proteins such as the Rhesus and
Rhesus-associated proteins, and the glucose transporter. The C-terminal
domain has a binding site for carbonic anhydrase II. Band 3 is crucial for a
proper linking of the lipid bilayer to the membrane skeleton, through its
interaction with ankyrin and binding to protein 4.2. Also, glycophorin C
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(GPC) functions as a bilayer–skeleton tethering point via its interaction with
protein 4.1 within the junctional complex (see below), while glycophorin A
(GPA) is partially associated with band 3 [26, 27].

The cytoskeleton is a filamentous network of peripheral proteins that is
composed of three principal components: spectrin, actin, and protein 4.1.
The cytoskeleton consists mainly of polymeric spectrin molecules which are
tied together by actin, protein 4.1 at nodes called junctional complexes. The
skeleton is highly flexible and compressible [27].

Spectrin, the main component of the skeleton, is a flexible, filamentous
molecule and constitutes 20–25% of the mass of proteins that can be
extracted from the membrane. Spectrin is composed of two nonidentical
subunits (a and b) intertwined side by side to form a heterodimer.
Spectrin heterodimers self-associate at one end of the molecule to form
tetramers. These self-associating heterodimers dominate in the cytoskele-
ton. At opposite ends, the tails of the dimers are associated with short
oligomers of actin. The spectrin–actin interactions are stabilized by the
formation of a ternary complex with protein 4.1. Each actin oligomer can
bind to six spectrin tetramer ends, thereby creating an approximately
hexagonal lattice [27].

The structural model of a hexagonal lattice is supported by high-resolution
electron micrographs of isolated membranes [28]. In order for the mem-
brane to deform in the microcirculation, the skeletal network must be able
to undergo rearrangement. In one model, deformation occurs with a
change in geometric shape, but at a constant surface area. In the nonde-
formed state, the spectrin molecules exist in a folded confirmation, but with
increased shear stress the membrane becomes increasingly extended as some
spectrin molecules become uncoiled while others assume a more com-
pressed and folded form. When the spectrin molecules attain their maximal
extension, the limit of reversible deformality is obtained. Further extension
would result in an increase in surface area and the breaking of junction
points and of the tetramers [29], at which stage membrane fragmentation is
thought to occur [28].
3. The Mechanical Properties of the
Membrane/Cytoskeleton of the Erythrocyte

The filamentous spectrin proteins that compose the cytoskeletal net-
work each have elastic spring-like properties [30–33]. Under moderate
extension, these molecules behave as soft elastic spring (their elasticity is
controlled by thermal fluctuations), giving the cytoskeleton network an
elastic shear modulus: m� kBT/4rg

2� 2� 10� 6 J m� 2, where kBT is ther-
mal energy and rg� 13 nm is the estimated radius of gyration of a spectrin
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tetramer filament in water [31]. This shear modulus of the erythrocyte
depends on the entropic spring constant of each filament, and the average
connectivity of the whole network. The entropic spring constant of each
filament is given by: k� 3 kBT/4rg

2. Under normal conditions, the spectrin
filaments have their ends anchored to the membrane at a distance of
2r� 80 nm on average. This distance is larger than 2rg, and the filaments
are under extension, experiencing a tensile force: Fcyto� (kBT/rg)(r/rg� 1).
This force of the individual filaments, which acts to stretch the spectrin
filaments, is acting equally to compress the membrane bilayer, until the two
components globally balance each other [11, 34]. Note that there may be
also an overall osmotic pressure difference across the cell membrane, which
stretches both the bilayer and spectrin network.

On a local scale, the membrane may slightly bend to balance the
compression force applied on it by the cytoskeleton. Over the whole cell,
this compression means that the cytoskeleton is pulling the membrane
inwards, while the finite membrane area counteracts this inward-directed
force [11]. The overall compression applied by the cytoskeleton on the
membrane is, therefore, a function of the proportion of connected fila-
ments, and their average spring constant. The bending of the membrane
caused by this inward compression can be described on the level of the
whole cell as an induced spontaneous curvature, or equivalently an area
difference between the inner and outer leaflets [10]. We have shown, for
example, that the calculated increase in cytoskeletal compression of the
bilayer when adenosine triphosphate (ATP) is depleted, is indeed large
enough to drive the discocyte–echinocyte shape transition [11] observed
under these conditions [11, 30]. The effects of the cytoskeleton-induced
compression of the bilayer on the local scale, where it may affect the
vesiculation process, are discussed in the following sections.

Various factors can modify the entropic elasticity (spring constant) of
the individual spectrin filaments: (i) adding or removing a band 3-ankyrin
binding complex at the filament midpoints results in lowering or, respec-
tively, increasing the entropic spring constant [14]; (ii) unfolding of the
spectrin protein under stretching of the cell (such as in shear flow) results
in an increase of the molecular length (increase of rg) and, therefore, lower
tension [28, 35, 36]; (iii) complete breakup of the spectrin tetramer into
two dimers [29], or dissociation of the bound spectrin filament ends from
the attachments at the actin–band 4.1 anchor complex, both result in a
vanishing of the elasticity for that filament, since the mechanical linkage is
broken. In addition to the main anchoring points at the filament ends
(actin–band 4.1 complex) and midpoints (band 3-ankyrin complex), the
spectrin filaments have interactions with a variety of membrane compo-
nents, that may give rise to further attachment points of the filament to the
bilayer, of various strength. Examples of such interactions are between
spectrin and PS, and a variety of raft components such as stomatin [23].
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Furthermore, the close association of lipids with band 3 and spectrin
suggests that the lipid composition may also affect the stability of the
anchoring complexes.
4. Vesiculation

4.1. In Vivo

During the lifespan of the mature erythrocyte, volume and hemoglobin
content decrease by 30% and 20%, respectively [37]. Also, the surface area
and lipid content decrease by 20%, mainly by the release of hemoglobin-
containing vesicles. This process occurs throughout the lifespan, but is
accelerated in the second half, if a functional spleen is present [38]. Vesicles
are rapidly removed by the mononuclear phagocyte system, especially by
Kupffer cells in the liver. This removal, which occurs very rapidly, is
mediated by PS-binding scavenger receptors, and probably by autoantibo-
dies as well [39]. The presence of the latter on vesicles has been postulated to
be caused by binding of autologous IgG to band 3-derived senescent cell
antigens [40]. Vesicle formation may serve as a means to dispose of ‘bad’
membrane patches, thereby getting rid of nonfunctional proteins and
potentially damaging autoantigens, and simultaneously saving an otherwise
functional erythrocyte from an untimely death [40]. From data obtained
from patients who had undergone splenectomy, it is clear that the spleen
plays an important role in vesicle formation, but the mechanism of this
process is obscure [38].
4.2. In Transfusion Units

Also, vesiculation takes place during storage, resulting in the accumulation
of vesicles in erythrocyte concentrates for transfusion, and contributing to
irreversible cell shape change and membrane changes. The resulting dense,
poorly deformable spherocytes are presumed to be quickly removed from
the circulation after transfusion [41]. The lipid component of vesicles might
be the stimulus for the activation of inflammatory genes in leukocytes in the
recipient, possibly contributing to transfusion-related multiple organ failure
[42]. Also, removal signals on the most damaged erythrocytes and on storage
vesicles may lead to an overload of the reticulo-endothelial system, and
thereby to a depression of the immune defenses [43]. In addition, a concen-
tration of structurally altered membrane proteins such as band 3 on the
vesicles in transfusion units could generate nonphysiological neoantigens
that may activate the recipient’s immune system to generate alloantibodies
and/or autoantibodies, and thereby lead to autoimmune hemolytic anemia,
especially in transfusion-dependent patients [6].
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4.3. In Vitro

Shedding of vesicles is also observed under other conditions that trigger the
transition from a discocyte into an echinocyte shape in vitro, such as ATP
depletion and Ca2þ loading [44–46]. In these conditions, shedding of
vesicles has been described to occur at the tip of membrane spicules [47].
Also, numerous membrane-active compounds, such as detergents, that
disturb the lipid organization of the membrane or agents that affect ion
transport across the membrane induce vesicle formation [48].
4.4. In Patients

Altered vesicle formation has been associated with various abnormal eryth-
rocyte morphologies. Spherocytosis is one of the inherited erythrocyte
disorders that result from mutations in various membrane and cytoskeletal
proteins. The affected proteins are mainly ankyrin, spectrin, and band 3, and
occasionally protein 4.2 and the Rh protein. These proteins are all part of
one of the complexes by which the cytoskeleton is anchored to the lipid
bilayer [27].

Hereditary elliptocytosis is caused mainly by mutations in the spectrins
and protein 4.1, leading to decreased spectrin self-association and/or weak-
ened junctional complexes, thereby decreasing the mechanical stability.

Ovalocytosis is caused by a deletion in band 3, and is associated with
increased membrane rigidity [49]. One form of acanthocytosis has been
linked with a mutation in band 3 [50]. Finally, stomatocytosis has been
thought to result from defects in cell volume regulation, probably by
mutations in as yet unidentified cation transport systems [51]. A decrease
in the capacity to regulate erythrocyte water content and thereby volume
and morphology has also been implicated in the pathophysiology of hemo-
globinopathies such as sickle cell disease and thalassemia. In these patients,
the blood content of erythrocyte-derived vesicles was found to be increased,
and related to the plasma hemoglobin concentrations [52]. Electron micro-
graphs show that vesicles are formed during spherocyte formation in
patients with hereditary spherocytosis [53]. Also, the erythrocytes of trans-
genic mice lacking band 3 have a spherocyte morphology, and show
prominent vesicle production [54]. Similarly, mutations leading to defects
in the band 4.2 protein also lead to breakage of the band 3-ankyrin anchors
of the spectrin filaments, and give rise to hereditary spherocytosis and vesicle
shedding [51, 53]. It has been suggested that, in patients with spherocytosis,
an acceleration of vesicle formation leads to a membrane loss that cannot be
compensated for by uptake of lipids from plasma proteins. The erythrocytes
become more and more microspherocytic, and are thought to be hemolysed
principally by the spleen, a serious anemia being the consequence [6, 37].
A special case is constituted by patients with neuroacanthocytosis. In all
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manifestations of this syndrome of basal ganglia degeneration, structural
changes in band 3 are central in acanthocyte formation [55].
5. Vesicle Composition

5.1. In Vivo

Erythrocyte-derived (i.e., GPA-positive) vesicles obtained from the freshly
drawn plasma of healthy donors are variable in size (200–800 nm), predomi-
nantly right-side-out, and contain all hemoglobin components in a pattern
similar to that of old erythrocytes, that is, enriched in modified hemoglobins
such as HbA1c [38]. All the vesicles are positive for the complement-
regulating, GPI-anchored proteins CD55 and CD59, approximately 40%
contain IgG, and 50–70% expose PS [38–40]. Based on immunoblot analysis
suggesting altered band 3 structures in these vesicles, it was speculated that the
IgG is bound to band 3-derived senescent cell-specific antigens [40]. These
data are all confirmed by proteomic analysis (Bosman et al., in preparation).
Thus, vesicles contain aged cytoplasmic hemoglobin as well as aged mem-
brane band 3. The presence of removal signals such as senescent cell antigens
and PS are likely to be responsible for their very fast removal [40, 41]. As yet,
no data are available on the lipid composition of these vesicles.
5.2. In Transfusion Units

In contrast to the scarcity of information on erythrocyte-derived vesicles
in vivo, many data are available on vesicles that are generated during storage
[48]. Very recently, a combination of proteomic and immunochemical
investigations have provided an updated structural and functional inventory
of the vesicles that originate during processing and storage of erythrocyte
concentrates under blood bank conditions [56–59]. These analyses partially
confirm earlier data, such as a storage-associated increase in (aggregated)
hemoglobin in the vesicles, and in aggregated and degraded band 3 in
vesicle membranes. The size of the vesicles may vary with storage time
and storage medium, but most vesicles have a diameter of 80–200 nm
[57, 58]. Vesicles contain hardly any of the major integral membrane
proteins and cytoskeletal proteins, with the exception of band 3 and protein
4.1 [56]. The concentration of carbonyl groups in vesicles increases with
storage time relative to that in erythrocyte membrane fractions, indicating
the accumulation of oxidized proteins, some of which could be identified as
band 3, actin, and stomatin [56, 57]. Storage vesicles have also been
described to contain proteins that are part of an apoptosis signaling cascade,
such as Fas and caspase 3 [60]. Storage vesicles are enriched in the raft
protein stomatin, but contain less of the other raft proteins flotillin-1 and
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flotillin-2 [56, 58]. Storage vesicles expose PS, and contain IgG. Reliable,
detailed data on the phospholipid composition of vesicles generated in
transfusion units are lacking [48], but the available data suggest that the
phospholipid organization of the vesicle membrane is different from that of
the erythrocyte, and that it varies depending on storage medium and storage
time [60] (Bosman et al., unpublished observations). Immunoblot analysis of
the vesicular proteins that are resistant to solubilization by Triton X-100
shows that most of the stomatin and almost all of the flotillins are associated
with rafts. Also, the GPI-linked proteins acetylcholinesterase and CD55 in
vesicles are associated with the vesicle rafts. Band 3 and the Duffy antigen,
previously shown to be present in rafts from erythrocyte membranes, were
absent from the vesicle rafts [58, 59].
5.3. In Vitro

Upon an increase of the intracellular calcium concentration by treatment
with the cation ionophore A23187, a shape change from discocyte to
echinocyte occurs. Furthermore, microvesicles bud off from the microvil-
lous-like projections of the echinocytes. Calcium-induced vesicles are
depleted of PC, spectrin, actin, and glycophorin, while band 3 and acetyl-
cholinesterase are retained [48]. Vesicle formation is associated with activa-
tion of a calcium-dependent phospholipase C producing 1,2-diacylglycerol,
and with translocation to the membrane and activation of the protease
calpain. There is a significant negative correlation between erythrocyte
ATP content and vesicle amount [58]. ATP depletion induces the same
morphological changes as calcium loading, but the protein compositions of
the vesicles induced by ATP depletion, calcium loading, and storage differ
[48]. The spectrin-free vesicles induced by nutrient deprivation bind IgG in
much higher quantities than the erythrocytes they are derived from, suggest-
ing a selective enrichment of autoantigens in vesicles [61]. The raft proteins
stomatin, acetylcholinesterase, and CD55 are enriched in calcium-induced
vesicles, but other raft proteins such as flotillin-1 and flotillin-2 are absent
[58, 62]. Together with the differences in protein and phospholipid compo-
sition as well as in size and shape of vesicles induced by various membrane-
active compounds such as amphiphiles or lysophosphatidic acid [63, 64],
these in vitro data emphasize an earlier conclusion that the composition of
vesicles differs depending on the manner by which they were produced [48].
These data also support and highlight the theory that multiple pathways are
likely to be involved in the mechanism of vesicle generation.
5.4. In Patients

Many data are available on the differences in membrane protein composi-
tion and/or organization between pathological and healthy erythrocytes,
but only scarce data are available on the composition of erythrocyte-derived
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vesicles from the blood of inpatients with membranopathies and hemoglo-
binopathies described earlier. These vesicles contain hemoglobin and 50%
of these vesicles express PS at their surface as do the vesicles in healthy
controls. PS exposure is associated with a promotion of thrombin genera-
tion [58]. Erythrocytes with sickle cell hemoglobin shed vesicles upon
unsickling in vitro. Such vesicles are devoid of spectrin, ankyrin, and protein
4.1, and their membranes contain extensive regions of nonbilayer phase
regions [65, 66].
6. Mechanism(s)

A summary of the presently available data on the composition of
vesicles as compiled above may serve as the framework for our present
theory on the mechanism by which erythrocytes generate vesicles in health
and (erythrocyte) disease, and during storage under blood bank conditions.
The main characteristic of all vesicles is the virtual absence of spectrin and
ankyrin, the main components of the erythrocyte cytoskeleton, and of an
intact cytoskeletal spectrin–actin network. The observation that vesicle
membranes are highly enriched in a variety of proteins, compared to their
concentration in the intact erythrocyte membrane, suggests that there is a
relationship between their protein composition and the vesiculation
process.

Generically, membrane vesiculation can be achieved either by an asym-
metry in the membrane leaflet composition that favor membrane curvature,
or by the generation of forces (e.g. from the cytoskeleton). While the lipid
composition of the plasma membrane of cells is always asymmetric, the
increase of this asymmetry, for instance under the action of proteins such as
flippase, can increase steric torques within the bilayer and trigger the
formation of vesicles [67, 68].

The cytoskeleton is likely to play an important role in erythrocyte
vesiculation. By segregating the erythrocyte membrane into ‘‘corrals,’’ the
cytoskeleton affects both the rate of diffusion of the membrane components,
and the physical extent of free membrane patches. The spectrin filaments
affect membrane proteins by steric repulsion which tends to segregate some
proteins away from the filaments, and by attractive interactions with other
membrane components which therefore aggregate near the filaments. The
result is a mosaic of membrane compositions [69], which reflects the
network geometry of the cytoskeleton, and the chemical affinities of
the membrane components (Fig. 1A).

The most obvious process driving vesicle formation is the aggregation of
membrane proteins of specific types that have mutual affinity, forming
membrane domains. Membrane domains of a large enough size will
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Figure 1 Vesicle formation. (A) Schematic illustration of the erythrocyte cytoskeleton
and membrane. Black ovals: spectrin end-points anchoring complex of actin-band 4;
light-gray ovals: midpoint anchoring complex of band 3-ankyrin; black solid lines:
spectrin filaments (intact tetramers); gray ovals: various membrane proteins and
charged lipids that are attracted to the cytoskeleton; gray ovals with thick rim: mem-
brane proteins that are repelled from the cytoskeleton. (B) Mobile components may
aggregate and form domains which leave as nanovesicles of uniform composition and
radius, determined by their spontaneous curvature. (C) Breakage of the midpoint band
3-ankyrin anchors releases mobile proteins to form an aggregate, which together with
the increased tension leads to budding and eventual vesicle detachment (driven by the
aggregate line tension) of vesicles that are larger and more heterogeneous compared to
(B). White ovals: degraded band-3 proteins from the broken anchor point, which are
mobile and free to aggregate.
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spontaneously bud and detach as a vesicle when above some critical size,
driven by the minimization of the line tension along the domain perimeter.
The radius of the formed vesicles is roughly equal to the spontaneous
curvature of the domain components. For domains and vesicles of sizes
that are very small compared to the typical size of the cytoskeleton units,
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that is, for diameters d � 2r � 60� 100nm, the aggregation-driven vesic-
ulation process can proceed without being necessarily affected by the
cytoskeleton. This process may result in nanovesicles of a diameter of
order � 25 nm [70–72]. In this case, we expect that the domains (and
resulting vesicles) will have compositions which differ according to the
vesicle size, corresponding to the spontaneous curvature of each membrane
component that tends to form domains. This would explain why vesicles of
different sizes have very different membrane compositions [56, 62]
(Fig. 1B).

The formation of larger (micro)vesicles, with diameters in the range of
60–300 nm, most likely involves a local deformation of the spectrin cyto-
skeleton. The challenge is to provide a unified model for the interplay
between the process of membrane domains aggregation and the bilayer
interaction with the erythrocyte cytoskeleton. The effects of the cytoskele-
ton on the bilayer can be divided into two types: the chemical binding of
the spectrin filaments to the integral membrane components and the com-
pressive force that the cytoskeletal network exerts on the bilayer. These two
effects are coupled to each other, as we discuss below.

All vesicles contain band 3, but apparently in a condition that makes it
incapable of functioning as an anchorage site for the cytoskeleton. Thus, the
central event in vesicle formation seems to be the breakage of the link
between band 3 and the spectrin network, the so-called vertical linkage,
rather than in the horizontal interactions in the spectrin–actin–protein 4.1
ternary complex. The processes that lead to a disruption of this linkage may
differ, for example, the breakdown of band 3 and/or ankyrin by the
calcium-activated proteases calpain or caspases, triggered by aging-related,
apoptosis-like processes [73, 74], or mutation-related, specific alterations in
the structure of band 3, ankyrin, spectrin, or other components of the band 3
complex [75]. Since the cytoplasmic domain of band 3 has high-affinity
binding sites not only for ankyrin but also for denatured hemoglobin and for
key enzymes of the glycolysis, the oxidation status as well as the energy
content of the erythrocyte may also affect binding of ankyrin to band 3.
Binding and activity of glycolytic enzymes is regulated by phosphatases and
kinases [76], indicating that signal transduction by intracellular as well as
extracellular triggers may influence lipid bilayer–cytoskeleton interaction.

Whatever the cause of the decrease in interaction may be, it has been
proposed that the degradation of band 3-ankyrin anchoring complexes leads
to increased compression and rigidity of the cytoskeleton, leading to buck-
ling of the bilayer and resulting in vesicle formation [33, 34]. These vesicles
will bud from the free membrane patches that are constrained by the
cytoskeletal network (Fig. 1C), and therefore have a more heterogeneous
composition compared to the nanovesicles that form due to a pure aggre-
gation process (Fig. 1B). Release of the spectrin–bilayer anchoring also
diminishes the direct chemical interaction between the spectrin filaments
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Figure 2 Vesicle formation and spectrin–bilayer anchorage. (A) Schematic illustration
of the erythrocyte cytoskeleton and membrane. Black ovals: spectrin end-points
anchoring complex of actin–band 4; gray ovals: midpoint anchoring complex of band
3-ankyrin; black solid lines: spectrin filaments (intact tetramers). The dashed circles
denote the configurations of the spectrin filament that contribute to the entropic
elasticity. (B) When the midpoint band 3-ankyrin anchors are degraded, the configu-
rational entropy of the spectrin filaments increases, leading to stiffer entropic spring
constant. (C) In the limit of many spectrin–bilayer attachments (grey circles), the
filament can only have 2D conformations inside the plane of the membrane (black
arrow and dashed line), and a low entropic elasticity.
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and the membrane components, making them more mobile and free to
aggregate (Fig. 1C). We therefore propose that both an increased cytoskel-
eton rigidity and the release of mobile membrane components drive the
formation of microvesicles in response to degradation of the spectrin–
bilayer anchoring through the band 3-ankyrin complex.

We start with the relationship between the elastic rigidity of the spectrin
filaments and the removal of the midpoint anchoring (Figs. 1C and 2). The
effect of the latter can be understood as a direct manifestation of the entropic
nature of the elasticity of the spectrin filaments; the larger the configu-
rational entropy of the flexible proteins, the larger the spring constant of
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this filament, and therefore decreasing this configurational entropy by the
addition of midpoint anchoring leads to a lower elasticity. The increased
cytoskeleton-induced tension when the midpoint anchoring is removed can
be demonstrated by the following estimate of this force; Fcyto� (kBT/rg)
(r/rg� 1). When the midpoint anchor is present, the effective r becomes half
that of the end-points, and similarly rg is reduced by a factor of�t

2 (for pure
Gaussian chains). If we use the values for r and rg given above for the spectrin
network of the erythrocyte, the reduction in the tension can be estimated to
be of order 2. Another demonstration of the effect of anchoring on the
spring constant of the filament is by considering the theoretical limit of
many anchoring points, such that the filament becomes effectively two-
dimensional, moving only in the plane of the bilayer (Fig. 2C). Using the
description of a Gaussian chain in 2D, we find that the effective spring
constant is smaller compared to 3D (no midpoint anchors) by a factor of
k2D¼ (2/3)k3D. This is the maximal softening that we can get, and this is a
weaker effect than for fixed attachment points, since the conformational
entropy of the anchor points inside the bilayer plane is maintained.

It is important to note the opposite effects on the cytoskeleton stiffness of
the band 3–ankyrin and actin–band 4 anchoring complexes; the removal
of the first kind increases the stiffness of the spectrin bond, while removal of
the second kind results in a vanishing of the stiffness of the bond, since the
mechanical linkage is broken. Some agents may affect both types of com-
plexes, in opposite manners; calcium loading seems to lead to band
3-ankyrin breakage as described earlier, while it strengthens the spectrin–
actin–band 4 anchoring complexes [77]. Both these modifications result in a
stiffer cytoskeleton, which we propose to play a role in the overall shape
transitions of the cell (discocyte to echinocyte) and in increased vesiculation.

Next, we describe how the local compressive forces applied by the
cytoskeleton on the fluid membrane can drive a local bilayer buckling and
budding of a membrane blister, which afterwards detaches as a free vesicle.
This process occurs when the local compressive force increases beyond a
critical threshold where the barrier for membrane budding becomes small
enough (or even vanishes). The mathematical details of this analysis have
been presented before [34], and we will here give a description of the basic
physical mechanisms.

The local force balance between the compressed bilayer and the
stretched cytoskeleton is schematically shown in Fig. 3. There are three
energies in this system which we considered, all depending on the local
shape and area of the membrane. (i) First, there is the membrane tension
energy, which arises from the thermal fluctuations of the bilayer. This
energy is minimized when the bilayer area is larger than the projected
local area, such that there is excess area ‘‘stored’’ in the thermal undulations
of the bilayer. The cytoskeleton anchoring introduces a constraint on the
bilayer undulations, and the simplest way to analyze this local coupling of
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Figure 3 Schematic description of the force balance at the erythrocyte membrane.
(A) The cytoskeleton units apply a compressive pressure on the bilayer (thin black
arrows), which is balanced by the bilayer thermal fluctuations, undulations modes
within each cytoskeleton units (dashed lines). Large black circles represent the actin–
band 4.1 complex anchoring the ends of the spectrin filaments (thick black lines), while
the small gray circles represent the ankyrin–band 3 anchoring complex. (B) Beyond a
critical compression in the cytoskeleton (thin black arrows, left image), the bilayer
within the cytoskeleton unit buckles to form a curved bud, which can then form a
vesicle, and releases the tension in the cytoskeleton unit (right image). (C) In an array of
stretched cytoskeleton units, the system can overcome the energy barrier to form a
growing vesicle at one of the units, which then grows due to flow of bilayer from the
surrounding units (gray arrows). When the vesicle detaches the whole array is relaxed
slightly, until the next event of vesicle nucleation.
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the bilayer and cytoskeleton is to assume that the bilayer within each
membrane patch that is defined by a closed cytoskeletal unit has indepen-
dent thermal fluctuations (Fig. 3A). Using this assumption, the bilayer
tension energy, therefore, acts to keep the bilayer area within each cyto-
skeleton unit at the optimal value determined by the local thermal fluctua-
tions. (ii) Second, there is the curvature energy of the bilayer. We assume
for simplicity that the bilayer has an average of zero spontaneous curvature,
so that this energy is zero when the membrane is flat. As the membrane
buckles and forms a curved bud, this energy increases. Note that if the bud
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contains membrane components that have a convex spontaneous curvature,
then the curvature energy cost of forming the bud (and vesicle) is reduced.
(iii) Finally, there is the elastic stretching energy of the cytoskeleton unit
which defines the perimeter of the membrane unit.

Minimizing these energies, we find the following behavior as a function
of the bilayer area (Fig. 3B): as the bilayer area within the cytoskeleton unit
increases, the cytoskeleton is at first stretched, but eventually the system
prefers to release the cytoskeleton tension at the cost of membrane bending
energy, and the membrane buckles. The instability from flat to buckled
bilayer occurs as the area mismatch between the bilayer and unstretched
cytoskeleton unit is increased, or as the cytoskeleton stiffness increases.
Alternatively, decreasing the bilayer bending modulus or increasing its
spontaneous curvature, also gives rise to a buckling instability.

The behavior we have just described can now be implemented for an
array of identical units, where we consider a transition from all units being
flat, to one unit that buckles and relieves the tension throughout the array
(Fig. 3C). The fluid bilayer can easily flow between the cytoskeleton units,
so that the entire excess area can be (theoretically) concentrated at one unit
which buds and vesiculates. This picture allows us to calculate the equilib-
rium configuration of such a system, and find the critical area mismatch
leading to vesiculation.

In reality, this process of membrane flow and vesicle growth leads
to formation of vesicles with some size distribution, with typical diameters
80–300 nm, and of both spherical and cylindrical shapes. This observation
indicates that as the vesicles grow there are various forces that destabilize the
growing vesicle, leading to its detachment. The most dominant force
leading to vesicle pinching and detachment arises from line tension due to
the different composition of the bilayer at the growing bud as compared to
the surrounding membrane (Fig. 1C) [78]. Note that the bending modulus
of the bilayer in the growing bud is lowered due to the aggregation of
membrane proteins [79], further lowering the energy cost of vesicle forma-
tion. In vivo, the vesicles may furthermore be detached from the cell due to
the forces of the shear flow.

The location of the growing vesicle in the array may be random, as
nucleation is driven by thermal fluctuation over an energy barrier. The local
shape of the membrane does play a role, as there is evidence that vesicle is
shed preferentially from highly curved regions such as the tips of spicules
[64, 79–82]. The high curvature of the membrane at the tips of spicules
lowers the energy cost to form a vesicle, making these regions have a lower
energy barrier and increased vesicle nucleation rate.

The rate of vesicle formation depends on the slowest process which
drives their formation. The two processes that determine the vesicle growth
when it is driven by the cytoskeleton compression are (i) the rate of increase
of stiffness which determines the rate of vesicle nucleation and (ii) the rate of
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vesicle growth which is limited by the flow of membrane to the budded unit
from the surrounding units. For example, during the natural aging process
of the cell, the observed rate of membrane shedding is 20% of the area in
100 days, which translates to about one 100-nm-sized vesicle an hour. We
can give a rough estimate of the rate at which membrane can flow in order
to concentrate enough material at the budded unit to form a vesicle of this
size; the number of units needed to be ‘‘drained’’ in order to form a vesicle
of diameter of 100 nm isNv� Sv/ds, where Sv� 5S0 is the area of the vesicle
and ds� S0/10 is the excess area per unit cytoskeleton–membrane (S0 is
the equilibrium area of the unstretched cytoskeleton units). The time it
takes to concentrate the bilayer at the growing bud can therefore be
estimated as: tv �

ffiffiffiffiffiffi
Nv

p
=v, where the flow velocity of the bilayer can

be estimated as: v � DF=g
ffiffiffiffiffi
S0

p
, where DF� 10kBT is the energy barrier

for the vesicle formation and g is an effective friction coefficient of the
bilayer as it flows past the cytoskeleton anchors (proportional to the mem-
brane viscosity). Putting all these numbers together we get that the
flow time-scale is tv �

ffiffiffiffiffiffi
Nv

p
S
3=2
0 �m=DF � 0:1� 1s, where Zm is the mem-

brane viscosity. The slowest time-scale giving rise to one vesicle per hour
during normal aging is therefore the rate of stiffness increase. Note that
this estimation, based on dimensional analysis, only gives the approximate
time-scale for the vesicle rate of formation.

In experiments where the stiffness increases more rapidly, for example,
due to calcium loading, or by changing the membrane fluidity of the whole
erythrocyte (e.g., through the cholesterol content) so that the flow time-
scale increases, the two timescales may be closer and both affect the rate of
vesiculation.

The model we present here predicts that membrane vesicles are effec-
tively ‘‘extruded’’ in between the filaments of the cytoskeletal network, and
are therefore free of any spectrin cytoskeleton components. The sizes of
such vesicles are also predicted to be of order 80–200 nm, corresponding to
the range of sizes of network compartments in the erythrocyte cytoskeleton.
Both these predictions are in agreement with the observed properties of
these vesicles, as described earlier.

Integrating the models presented earlier we now suggest the following
chain of events that lead to the shedding of membrane vesicles when
components of the band 3-ankyrin anchors are modified and/or degraded
in the erythrocyte:

(i) Degraded or otherwise aging-modified proteins of the anchor com-
plex, such as band 3 and band 4.2, loose the ability to bind ankyrin and
spectrin, which releases the midpoint anchoring of the spectrin
filament.

(ii) The increased tension lowers the energy barrier for local membrane
budding. Note that the estimated increase in local stiffness of an
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individual spectrin filament is by a factor of 1.5–2, which is much larger
than the overall 50% increase in stiffness of the whole network
observed in the senescent erythrocyte. This indicates that the overall
network connectivity also decreases, through dissociation of the spec-
trin tetramers.

(iii) The modified, released band 3 molecules are free to diffuse in the
membrane, and to aggregate at regions that are far from the spectrin
filaments, that is, at the middle of the membrane patch. The degraded
band 3 can be linked by oxidatively damaged hemoglobin; denatured
hemoglobin has a high affinity for the cytoplasmic domain of band 3,
and aggregation of damaged hemoglobin leads to aggregation of
band 3. This leads to conformational changes in band 3 that are
antigenic. Binding of damaged hemoglobin to band 3 further leads to
conformational changes in both the cytoplasmic and membrane
domains, leading to increased sensitivity to proteases and thereby to
aggregation and senescent cell antigen activity.

(iv) Furthermore, the degraded proteins aggregated at the free membrane
patch in the budding unit may further drive the vesicle formation due
to an emergent convex spontaneous curvature. This may arise from the
formation of an aggregate with strong asymmetry between the proteins
at the inner and outer bilayer leaflets (see step iii). Molecules such as
IgG, found in high concentrations on vesicles, may also induce spon-
taneous curvature due to their asymmetric form. A convex spontane-
ous curvature further lowers the energy barrier toward local budding
and vesicle growth.

(v) Finally, the aggregated proteins and lipids at the growing bud drive the
pinching of the bud and its detachment as a free vesicle, due to the line
tension that forms along the perimeter of the domain aggregate.

Thus, we have described an interesting self-regulating system in which
the process of aging-related modification and/or degradation of some key
proteins such as band 3 initiates the physical process of membrane vesicula-
tion, which allows the cell to shed defective components.

Also, the asymmetric lipid composition of the erythrocyte bilayer may
play an additional role in vesicle formation. In the normal cell, PS is biased
toward the inner leaflet of the plasma membrane due to the activity of
various enzymes and to their attractive interactions with the spectrin fila-
ments. Similar to the role played by the band 3-ankyrin anchors, the
negatively charged PS on the inner leaflet of the bilayer increases the
attraction between the spectrin filaments and the bilayer. Releasing these
attractive interactions through the flip-flop of PS will have an effect that is
similar to the breakage of the band 3-ankyrin anchors, that is, an increase in
cytoskeleton stiffness and compression. Furthermore, as the spectrin anchors
break and the filaments become, on average, more distant from the bilayer,
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their interaction with the charged lipids weakens, lowering the local asym-
metry between the leaflets further. Indeed, the lipid asymmetry in vesicles is
lower than in the membrane of the healthy, intact erythrocyte. The distinct
protein and lipid composition of the bilayer at the growing bud and
consequent vesicle may be instrumental in driving the vesicle detachment,
as discussed earlier.

7. Conclusions

The model described above has several biological implications:
(i) vesicle formation is a relevant biomarker for erythrocyte homeostasis,
both in vivo and in vitro; (ii) manipulation of the lipid composition of the
erythrocyte membrane may be instrumental in improving erythrocyte
quality, for example, in blood bank conditions; (iii) manipulation of protein
modification, including but possibly not restricted to prevention of oxida-
tion and/or proteolysis, may result in a more robust erythrocyte; (iv) more
detailed, molecular elucidation of the vesicle composition is necessary to
falsify our hypotheses.

The physicochemical mechanisms that we have proposed to drive the
vesiculation process in the eythrocyte can be tested experimentally. For
example, to test our proposal that the compressive force of the cytoskeleton
on the bilayer can drive the vesicle formation, one could apply calcium
loading which drives vesiculation, while balancing it by swelling the cell
through osmotic pressure. If there is an osmotic swelling that cancels the
effect of the increased calcium concentration, this will show that indeed the
force balance at the membrane plays a crucial role in driving the vesicle
formation. The relationship between the rate of compression increase at the
membrane and the rate of vesicle shedding has not been well studied so far,
and can also be compared to the theoretical calculations.

From a theoretical point of view, the challenges that remain for a
complete description of the complex dynamics of the erythrocyte mem-
brane are numerous. Regarding the vesiculation processes we discussed
here, we can chart the following tentative directions for future theoretical
progress. On a microscopic scale, future numerical simulations that describe
the individual spectrin filaments as worm-like chains can be extended to
include the fluid and flexible nature of the bilayer. These simulations will
then allow a detailed testing of the coarse-grained models we presented here
for the cytoskeleton-induced budding and vesicle formation. These models
can then be further elaborated by including the complex composition of the
bilayer, allowing for the segregation and aggregation of membrane domains,
and the consequences these have on the vesiculation process.

At the coarse-grained level, one could combine the models that we
presented into a single model that describes the stiffness of the spectrin



Cytoskeletal Control of Red Blood Cell Shape: Theory and Practice of Vesicle Formation 115
filaments by their anchoring state, together with the bilayer deformation.
The local membrane composition is then added using standard Ginzburg–
Landau formalism to capture the phase separation of the bilayer components
into domains, and to describe how these domains are coupled to the local
bilayer shape. These combined models can then be used to chart the
equilibrium states of the system, or dynamically using a linear stability
analysis, and using simulations for the full nonlinear evolution. As one
elaborates the theoretical models of this system, either through detailed
molecular-scale simulations or using coarse-grained descriptions, there
will be a need for detailed experimental data to supply the necessary values
for the parameters appearing in the models. The validity of such models will
have to be tested experimentally, and they will hopefully provide us with a
comprehensive understanding of the key mechanisms that dominate the
evolution of this complex biological system.
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Abstract

The uniqueness of nanoparticles/nanomaterials requires a new experimental

methodology for nanotoxicity studies to complement the conventional techniques

of traditional toxicology. Manufactured nanoparticles are potentially capable of

inducing defects in lipid membranes such as physical disruptions, formation of

holes, thinned regions, etc. The effects of nanoparticles on cell membranes are

one of the key issues we are concerned about. Many methods may be employed

to directly or indirectly explore this issue. Our aim is to show and discuss

possibilities where nanoparticle–cell membrane or nanoparticle–vesicle interac-

tions can be demonstrated. The aim of such studies is twofold. First, they help to

characterize the membrane disruption potential of nanoparticles as their intrinsic

property and second, they provide evidence to link the biological activity of

nanoparticles to their toxic potential. The effects of nanoparticles were observed

on lipid vesicles which are simplified biological membranes. Interactions between

nanoparticles (C60) and lipid vesicles (POPC) were demonstrated. Nanoparticles

caused differences in size distribution of the population of vesicles incubated with

nanoparticles when compared to the control population of vesicles.
vier Inc.

reserved.

a
ljana,
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We also present and discuss interactions of nanoparticles with cell mem-

brane in in vivomodel system. Model invertebrate organism was orally exposed

to a suspension of nanoparticles (nanosized TiO2, nanosized ZnO, and C60).

After the exposure, destabilization of digestive gland cell membrane was

assessed by acridine orange and ethidium bromide (AO/EB) differential fluo-

rescent staining.

Results of studies on unintentional interactions of nanoparticles with

biological membranes could benefit to the safe use of nanoparticles that are

already available in medical, pharmaceutical, or food application. Understand-

ing the nanoparticle-induced defects in biological membranes is among the

major challenges of nanotoxicology. In the future, research on nanoparticle–

membrane interactions needs to go toward understanding the mechanism of

interaction which could lead to less hazardous nanotechnologies.
1. Introduction

Nanoparticles differ substantially from bulk materials having the same
composition. Novel properties distinguishing nanoparticles from the bulk
material typically become apparent at critical particle lengths below 100 nm.
Particles of this size have numerous potential technological applications [1]
but maybe hazardous as a result of a variety of interactions with biological
systems possibly leading to harmful effects. Evaluating the potential hazards
related to exposures to nanoscale materials and its products has become an
emerging area in toxicology and health risk assessment.

Particle surface area and particle number determinations have been
postulated to play significant roles in the development of nanoparticle-
related effects. As the particle size is reduced, the proportion of atoms
found at the surface is enhanced relative to the proportion inside its volume.
This results in nanoscale particles, which are likely to be more reactive, thus
generating more effective catalysts from an applications standpoint. How-
ever, from a health implications perspective, reactive groups on a particle
surface are likely to modify the biological (potentially toxicological) effects.
Therefore, changes in surface chemistry forming the ‘‘shell’’ on a (core)
nanoparticle-type may be important and relevant for their biological poten-
tial. In addition, surface coatings can be utilized to alter surface properties of
nanoparticles to prevent aggregation or agglomeration with different parti-
cle-types, and/or can serve to ‘‘passivate’’ the particle-type to mitigate the
effects. It is interesting to note that surface coatings, functioning to reduce
aggregation and to facilitate particle dispersion, enhance the efficacy of the
particle-type in its designed application, but may also accelerate translocation
of the nanoparticle throughout the body [2, 3]

Recent studies indicate that the toxicity of some nanoparticulates may
be related, in large part, to the surface reactivity of the particles, indicating
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that the particle surface–cellular interactions may take precedence over the
core particle or particle size/surface area per se in influencing the develop-
ment of (cyto)toxic responses [4]. It was shown that nanoparticles can
strongly interact with cell membranes, either adsorbing onto it or
compromising the membrane integrity to result in the formation of holes,
membrane thinning and lipid peroxidation [5–9]. Recent papers report
in vivo and in vitro [7] effects of nanoparticles on membrane stability and
pore forming. The term hole or pore can refer to a wide range of structural
changes that could lead to enhanced permeability ranging from the forma-
tion of an actual hole in the membrane to more subtle changes in content of
the membrane leading to enhanced diffusion. Different mechanisms of
permeabilization of cell membrane by nanoparticles have been proposed
[10]. Membrane permeability could arise from a reduction in density of the
plasma membrane. In this case, a hole or pore corresponds to a region of
reduced material (lipid, protein, cholesterol, etc.). Furthermore, it is well-
known that the phase transition of membrane lipids from the liquid crystal-
line state to the gel is followed by the ion permeability increase [11, 12].
To what extent nanoparticles affect phase transition of membrane lipids
and subsequently increased ion permeability is of high importance in all
bio–nano interaction studies.

Until recently, the biophysical behavior of lipid membranes was not of
fundamental importance in toxicological studies. This is rapidly changing
with the emergence of nanoparticles and questions regarding their safety.
Concerns about cell plasma membrane disruption resulting in toxic effects
are also paramount in the minds of nanoparticle designers focused on
nanoparticle applications.

A convenient system for the study of the effect of various substances on
membranes is artificial phospholipid membranes, which can be readily
obtained by forming phospholipid vesicles in water solution. As the phos-
pholipid bilayer being the basic constituent of the cell membrane, it is
believed that the cell membranes and phospholipid membranes share
some important features. Phospholipid vesicles are suitable since the com-
position of the membrane bilayer can be controlled to some extent.
As artificial membranes are much less heterogeneous than cell membranes,
it is easier to focus on a particular mechanism of interest. Also, giant
phospholipid vesicles are large enough to be clearly observed live under
the phase contrast optical microscope, so some processes such as shape
transformations can be directly followed. Vesicles can be made of different
lipid compositions while the surrounding solution can be manipulated by
adding substances and changing the temperature.

It was previously found that some substances can have strong effect on
giant phospholipid vesicles, so it would be possible that we would observe
such features also due to the presence of nanoparticles. To show examples of
such effects on the giant phospholipid vesicles, Fig. 1 shows that upon



Figure 1 (A, B) Lipid vesicles incubated with buffer solution of plasma apolipoprotein
H. Vesicles were created by electroformation in saccharose solution and rinsed with
equiosmolar glucose solution. Due to difference in sugar composition the inside of the
vesicle is darker than the surrounding solution if the membrane is intact and thus
impermeable to sugar molecules (A, black arrow). After addition of apolipoprotein H
adhesion between vesicles took place (A). Also, the membrane of some vesicles became
permeable to sugar so the inside and the outside solutions mixed (A, white arrow).
Lateral segregation of membrane material was also observed (B). Bar¼ 10 mm. Adapted
from Ref. [13].
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addition of a certain plasma protein, which also interacts with phospholipids
on the microtitter plate (apolipoprotein H), causes adhesion between vesi-
cles (A). Vesicles were created by electroformation in saccharose solution
and rinsed with equiosmolar glucose solution. Since the intact membrane is
impermeable to sugar molecules, the sugar composition inside (saccharose)
differed from the composition outside (saccharose and glucose) and the
inside of the vesicle is darker than the surrounding solution (A, black
arrow). After the addition of apolipoprotein H, the membrane of some
vesicles became permeable to sugar so the inside and the outside solutions
mixed (A, white arrow). Furthermore, it can be seen in Fig. 1B that lateral
segregation of membrane material took place, concomitant with the local
curvature of the membrane.

Vesicles can adhere to each other due to the mediating effect of the
surrounding solution. Figure 2 shows a population of giant phospholipid
vesicles before (A) and after (B), the addition of the low-molecular-weight
heparin dissolved in blood plasma into the suspension of vesicles. A strong
effect of the mediated interaction can be observed.

Constituents of the outer solution can affect the shape of the entire
vesicle. Figure 3 shows a pronounced transformation of shape of a vesicle
with a long protrusion after the addition of the phosphate buffer saline to the
outer solution. Although the membrane seems to stay intact, it can be seen
that the shape of the protrusion changes from a tube-like to a bead-like. The
shape changes can take place due to electrostatic properties of the
membrane–solution interface, due to entropic effects and also due to
difference of the osmotic pressure between the outer and the inner solution.
The vesicles shown in Figs. 1–3 were created by electroformation method
as described in Refs. [13, 14] and are mostly (over 90%) unilamellar [15].

As mentioned above, nanoparticles have also a potential to interact with
biological membranes, so similar effects on vesicles could be expected also



Figure 2 (A, B) Giant lipid vesicles before (A) and after (B) the addition of sugar
solution of low molecular weight heparine. Adhesion of vesicles and permeabilization
of membranes can be observed due to the presence of heparine (B). Bar¼ 20 mm.

Figure 3 (A–C) Transformation of shape of a lipid vesicle after the addition of
phosphate buffer saline to the sugar solution containing vesicles. A pronounced trans-
formation of the protrusion shape can be observed. Time intervals between images are
of the order of minutes. White arrows point to the mother vesicle while black arrows
point to the protrusion. Bar¼ 10 mm. Adapted from Ref. [14].
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due to the presence of nanoparticles. Giant phospholipid vesicles appeared
to be an ideal system to study these interactions. An example is presented
below. In addition, an in vivo system is presented too which can complete
and upgrade the results obtained in in vitro system with lipid vesicles. The
combination of in vivo and in vitro methods could significantly improve the
relevance of results in nanotoxicology.
2. Effects of Engineered Nanoparticles on

Lipid Membranes

2.1. Vesicle Shape Transformation Study

To a large extent, morphology of biological membranes is due to the ability
of the molecules within them to move laterally along the membranes.
Freely suspended membranes form closed vesicles which exhibit a variety
of different shapes and shape transformations.
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Phospholipid vesicles (also called liposomes) are under investigation
both as models for biological membranes and as carriers for various bioactive
agents such as drugs, diagnostic and genetic materials, and vaccines [16–19].
An essential parameter that describes the quality of liposome suspensions is
the mean size, respectively the size distribution. A rigorous control of
vesicle size and lamellarity within the vesicle population is stringent for
achieving the desired behavior and thus the performance of vesicles for
these purposes. In most laboratories routine liposome size analysis is carried
out by photon correlation spectroscopy (PCS) using commercial instru-
ments. This technique gives a measure for the mean size of the vesicles.
Although PCS allows in principle the determination of particle size dis-
tributions, the reproducibility and reliability of the method for calculation is
insufficient. Quantitative determination of the liposome size distribution,
thus, is still difficult [20]. Although a number of powerful approaches like
electron microscopy, ultracentrifugation, analytical size exclusion chroma-
tography, and field-flow fractionation have been suggested, none of these
approaches has found widespread use due to various limitations.

Recently, Zupanc et al. [21] studied the shape transformations of lipid
vesicles by machine learning methods taking advantage of a possibility of
direct observation of the vesicles within a population comparing to the
above methods which are based on indirect measurements. They developed
automated image segmentation and analyses for assessing population differ-
ences among vesicles incubated in different media.

In the study conducted by Zupanc et al. [21], differences in shapes
between a population of nanoparticle-incubated vesicles and a control
population were sought. Although the two populations did not show
differences at a first sight (Figs. 4A, B and 5), subtle changes in size and
shape could be revealed by quantitative analysis of the images. The authors
discuss the imaging technologies which generate a wealth of images but
require also quantitative image analysis as a prerequisite to turning qualita-
tive data into quantitative values. Such quantitative data are expected to
Figure 4 (A, B) Lipid vesicles incubated without (A) or with nanoparticles C60 (B).
There are no differences in the shape transformation that could be observed by eye.



Figure 5 The circles represent segmented lipid vesicles. Their properties are evaluated
by statistical image analysis approach [21]. Here the segmentation was done by an
expert. In the future, it is strived that segmentation will be computer assisted.
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open the way toward a detailed view of interactions between nanoparticles
and biological membranes. The method based on computer aided analysis of
lipid vesicles shape transformations holds many promises for future investi-
gation of morphological characteristics of lipid vesicles.

We believe that the giant phospholipid vesicles are a promising system
for the study of complex interactions of nanoparticles with biological
membranes. A significant advantage of the system is that nanoparticles–
giant phospholipid vesicles interactions could be studied under highly
controlled conditions.
2.2. Membrane Destabilization as a Base for In Vivo Studies
on Effect of Nanoparticles on Cell Membranes

Different mechanisms of permeabilization of cell membrane by nanoparti-
cles have been proposed [10]. For example, membrane permeability could
arise from a reduction in density of the plasma membrane. In this case, a
hole or pore corresponds to a region of reduced material (lipid, protein,
cholesterol, etc.). Another possibility for the hole or pore formation
involves a change in plasma membrane content. For example, the formation
of dendrimer/lipid vesicles could create a localized region that was lipid
poor and protein and cholesterol rich. In addition, nanoparticles can pro-
voke oxidative stress which in turn leads to lipid peroxidation and cell
membrane permeabilization [22, 23].

Studies on juvenile largemouth bass brain cells confirmed that full-
erenes do in fact induce oxidative stress [24]. Another possible mechanism
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of nanoparticle membrane destabilization involves direct oxidation of the
lipid membranes. For example, in the case of nanosized TiO2, efficient
destruction of bacteria has been ascribed to ultra-structural alterations of
membranes, especially when irradiated with visible light [25]. In the case
of nanosized ZnO, external generation of hydrogen peroxide has been
considered to be one of the primary factors of antibacterial activity [26].
In the case of C60 [27], it has been suggested that induction of lipid
peroxidation by C60 can result from direct physical contact with biological
membranes.

An appealing method for assessing cell membrane permeabilistion
employs acridine orange/ethidium bromide (AO/EB) staining and is
widely conducted in in vitro studies with different types of cells. Recently,
Valant et al. [28] modified this method to be applicable for cell membrane
stability assessment of entire organ where a model animal is exposed in vivo.

The AO/EB assay is based on the assumption that changes in cell
membrane integrity result in differences in permeability of cells to AO
and EB dyes. Different permeability by the two dyes result in differentially
stained nuclei as follows. Acridine orange is taken up by cells with mem-
branes that are intact or destabilized, and in the cell, emits green fluores-
cence, as a result of its intercalation into double-stranded nucleic acids.
Ethidium bromide, on the other hand, is taken up only by cells with
destabilized cell membranes, and it emits orange fluorescence, after interca-
lation into DNA [29]. The assay has been applied to a variety of medical
[30], pharmacological [31], biotechnological [32], and cell biology [33]
studies.

In the modified AO/EB assay, the digestive glands (hepatopancreas) of a
well-known group of terrestrial invertebrates, terrestrial isopods (Porcellio
scaber, Isopoda, Crustacea) were taken as a model test system (Fig. 6A–F).
Animals were orally exposed to a suspension of nanoparticles (nanosized
TiO2, nanosized ZnO, and C60). Digestive gland cells came in direct
contact with nanoparticles. The deferential staining showed that all tested
nanoparticles, that is, nanosized TiO2, fullerenes (C60), and nanosized ZnO
(Fig. 7), have cell membrane destabilization potential (Fig. 8A and B).
Among them, C60 is the most biologically potent. Differently pretreated
particles differ in their biological activity as well. Sonicated nanoparticles are
more biologically aggressive than nonsonicated nanoparticles. As expected,
bulk material failed to cause any membrane destabilization.

The AO/EB assay is applicable for ranging chemicals and nanoparticles
according to their cell membrane destabilization potential. The advantage of
the modified AO/EB method is its applicability to in vivo study under a
realistic exposure scenario, which is via mouth to the digestive gland
epithelium.
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Figure 6 (A) A sketch of a model organism, terrestrial isopod P. scaber (Isopoda,
Crustacea). (B) A sketch of a digestive system, the main route of particle uptake.
(C) Light micrograph of isolated digestive system which is composed of four digestive
gland tubes (hepatopancreas) and a gut. (D) Scanning electron micrograph of one
digestive gland tube. Two parts of the tube are mechanically opened to expose the
internal surface of the gland epithelium, see detail (F). (E) Scanning electron micro-
graph of apical surfaces of digestive gland cells which come in direct contact with
suspension of nanoparticles applied orally. (Scanning electron micrographs taken by
F. Tatti). (F) Light micrograph of a histological section of one digestive gland tube.
Dom-shaped cells have one or two nuclei. (photos D and Ephotos taken by F. Tatti,
CNR-INFM, University Modena, Modena, Italy)
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3. Lipid Membranes in Nanotoxicity Studies

The lack of metrology for nanotoxicological evaluation contributes
much of the confusion in the current exposure/risk assessment framework,
causes uncertainty in the prediction of toxicity of nanoparticulate material
and adds to the challenge of bio–nano interaction research. The lack of
assessment technology is a critical issue for regulators and investors, agencies
who fund the research or industries that expect to profit from
nanotechnology.

At the moment, the use of existing toxicity tests for chemicals is recom-
mended also for assessing the hazards of nanoparticles. A major reason for
that is the familiarity and interpretability of these tests. However, in the
future new tests are need which would include specific characteristics of
nanoparticles.

On the basis of present knowledge, it appears that lipid vesicles fulfill
many of requirements to be used in assessment of biological potential of
nanoparticles in vitro. They are simple models for biological membranes
and provide highly controllable and repeatable experimental conditions.
In addition, such in vitro system is cost effective mean for toxicological and
pharmaceutical studies.
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Figure 7 Scanning electron micrograph shows nanosized ZnO which membrane
destabilization potential was tested in in vivo test system with P. scaber. The suspension
of nanoparticles was orally applied and came in direct contact with the surface of gland
epithelium cells (see Fig. 6E and F). After application digestive gland cells are stained
with AO/EB (see Fig. 8A and B). (photo taken by M. Bele, National Institute of
Chemistry, Ljubljana, Slovenia)

Figure 8 Micrographs of hepatopancreatic tissue of P. scaber taken by fluorescent
microscope. (A) A control, untreated animal. No nuclei are stained with EB;
(B) severely affected cell membranes. Cells with destabilized membranes have nuclei
stained with EB (gray-white). (photos taken by J. Valant, Department of Biology,
Biotechnical faculty, University of Ljubljana, Ljubljana, Slovenia)
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In the future, studies on lipid vesicles could provide basic understanding of
nanoparticle–membrane interactions and, second, the information on
biological reactivity of nanoparticles could be used as an additional biological
characteristic of nanoparticles apart from their physicochemical properties.

It is very important that biological effects of nanoparticles be tested also
under realistic in vivo conditions because nanoparticles can be subject to a
variety of alterations before they interact with cells. This could not be
predicted in in vitro cell culture tests.

In vivo test with P. scaber, which is presented here, assures realistic
exposure conditions which could reveal specific and unique interactions
of the nanostructures with biological components inside the organism.

The same as in toxicity testing with chemicals most probably also in
testing effects of nanoparticles a multilevel approach will be proposed. Such
approach could involve more levels of testing that utilize both in vitro and
in vivomethods. Perhaps, it will be visible that tier 1 evaluates nanoparticle–
membrane interactions in a simplified in vitro system. Positive results at this
level can be used either to direct further testing or just to rank-order the
nanoparticles in terms of their membrane-destabilization potency.
4. Conclusions

A lot of knowledge already exists on interactions between nanoparti-
cles and lipid membranes. This knowledge might significantly contribute to
emerging field of nanotoxicology and support determination of safe doses of
nanoparticles for humans and environment.

We presented here two different approaches for studying nanoparticle-
membrane interactions. The application of machine-learning approach in
studying shape transformations of vesicles illustrates the potential of compu-
tational imaging in understanding of the dynamics of nanoparticle–vesicle
interactions. The other AO/EB staining allows assessing the nanoparticle–
cell membrane interactions under realistic in vivo conditions.

Nanoparticles will have several beneficial applications in the future, but
they should be applied at safe doses. However, at the same time, they have
the potential to act as dangerous toxic compounds. This behavior is not
surprising. The natural nanoparticles, oligonucleotides, and proteins, as
well as more complex functional nanoparticles such as viruses have always
presented humanity with a bipolar, Janus face.
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Abstract

Exocytosis is phenomena of the membrane fusion between the plasma mem-

branes and the secretory granular membranes and finally, the components of

granule are secreted. Recently, the molecular mechanisms of the exocytosis are

focused to clarify the interactions and organizations of cells. The membrane

physical properties, which are mainly affected by the membrane phospholipids,

play a very important role for the process of membrane fusion. We extensively

investigated about the mechanisms of saliva secretion as a model cell for

exocytosis. To clarify the characteristics of membranes which are not only

from whole cells but also from secretory granule, their phospholipids and

fatty acids compositions were analyzed. Among the many steps of enzyme

reaction for the biosynthesis of phosphatidylcholine, which is a major phospho-

lipid present in mammalian cell membranes, the reacylation enzyme activity is

very important to estimate the phospholipid fatty acyl composition. Physico-

chemical properties, membrane fluidity, of various types of biomembrane

isolated from the cells, and their phospholipid liposomes were measured by

the electron spin resonance method using various types of spin probes. Under

the reconstitution system for membrane fusion and amylase secretion con-

sisted by isolated secretory granules and phospholipids liposomes or isolated

plasma membranes, many modulation effectors in exocytosis are clarified.
1. Introduction

In higher animals, cells and organs exchange information and maintain
a balance and harmony to perpetuate life. Ligands for information exchange:
neurotransmitters, hormones, and cytokines, are mostly proteins. Protein
synthesized in cells is extracellularly released via the Golgi apparatus and
secretory vesicles. Elucidation of the molecular control system of exocytosis
has recently been progressing with regard to the maintenance of homeosta-
sis of the body, memory formation, and neurotransmission. The final step of
exocytosis is the docking of secretory vesicles to the plasma membrane and
subsequent membrane fusion. The involvement of a series of soluble-
N-ethylmaleimide-sensitive factor attachment protein receptor (SNARE)
proteins has been reported, and studies on membrane fusion using an
artificial membrane reconstruction system have been progressing [1–6].
High-molecular-weight organic components of saliva including protein
are present in the storage organ of acinar cells: secretory granules. Secretory
granules fuse with the plasma membrane in response to appropriate stimu-
lation, and saliva is extracellularly released by exocytosis [7]. Membrane
fusion involves a dynamic alternation of the state of biomembranes, in
which the physicochemical properties of the membrane, consisting of
phospholipids as the main component, play an important role in the
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initiation and progression of fusion. For our group, who selected the
salivary glands as the study subject, clarification of the molecular mechanism
of salivary protein exocytosis may lead to analysis of the secretory control of
physiologically active proteinaceous substances in higher animals. Since the
involvement of proteins, represented by SNARE, in salivary exocytosis has
been reported [8, 9], and its elucidation has been progressing, we focused on
the essential component of membrane fusion, the biomembrane, as a clue to
the study approach.

The physicochemical properties of biomembranes are markedly
influenced by the composition and structure of their lipid components
[10]. An index of a membrane’s physical properties, membrane fluidity, is
closely related to the exertion and control of membrane function, and
controlled by the amphipathic phospholipid structure in a complex way
[11]. In addition, intracellular organelles have characteristic lipid composi-
tions [12]. The presence of functional domains with partially different lipid
compositions, rafts and caveolae, has recently been clarified [13–16].

Based on the above viewpoints, we investigated salivary gland function
represented by salivary exocytosis and its correlation with the phospholipid
structure, physical properties, biosynthesis, and salivary secretory function
using rat salivary acinar cells as a secretory cell model [17–19]. Herein, we
report the results of the series of studies.
2. Membrane Phospholipids and their

Fatty Acid Composition

2.1. Phospholipid Composition

Regarding the phospholipid composition of the salivary acinar cell mem-
brane, the main components, phosphatidylcholine (PC) and phosphatidyleth-
anolamine (PE), account for 60–70%, followed by sphingomyelin (SM),
phosphatidylinositol (PI), phosphatidylserine (PS), and phosphatidic acid
(PA) (Table 1) [20]. In higher animals, phospholipid compositions character-
istic of organs and tissues are present [21], but the phospholipid composition
ratio in salivary acinar cells is similar to that in the liver, and mostly the same
among the three major salivary glands. The development of the saliva secre-
tory function completes with maturation after birth. On comparison of the
salivary gland between immature (3 weeks of age) and adult (9 weeks of age)
rats, the PC content increased with growth.

Since salivary exocytosis occurs through fusion of the secretory granule
and plasma membranes, we analyzed the phospholipid composition of
secretory granules of parotid acinar cells isolated by density gradient centri-
fugation. There was no marked difference determining the characteristics of
the secretory granule membrane, but the PE content was high, and



Table 1 Membrane phospholipid compositions of the three major salivary glands of 3- and 9-week (W)-old rats [20]

Parotid gland Submandibular gland Sublingual gland

3 W (3–9) 9 W (7) 3 W (3–9) 9 W (7) 3 W (3–9) 9 W (7)

Total phospholipids (mmol/g of

wet tissue wt)

17.6� 3.8 17.0� 1.9 18.7� 1.4 20.2� 2.5 22.6� 1.4 22.1� 1.5

Each phospholipid (%)

Phosphatidylcholine (PC) 39.0� 1.4 45.9� 4.0 37.9� 2.8 44.4� 1.3 35.3� 2.9 45.3� 1.2

Phosphatidylethanolamine (PE) 27.2� 2.4 27.3� 1.8 24.0� 1.2 25.9� 1.6 22.9� 0.8 24.7� 0.9

Sphingomyelin (SM) 8.2� 0.7 7.1� 1.4 7.6� 0.9 7.6� 0.7 7.3� 0.6 7.7� 1.6

Phosphatidylinositol (PI) 3.9� 1.0 3.4� 0.7 5.4� 0.8 3.4� 0.5 5.7� 0.4 4.9� 1.4

Phosphatidylserine (PS) 3.4� 0.7 3.6� 0.9 5.4� 1.1 3.9� 1.0 5.5� 0.8 4.5� 1.8

Phosphatidic acid (PA) 2.1� 0.7 1.7� 0.3 3.2� 0.7 2.2� 0.9 3.3� 0.7 2.0� 0.8

Others 16.2 11.0 16.5 12.6 20.0 10.9

Values are means� S.E. of independent experiments shown in parenthese.



Table 2 Membrane phospholipid compositions of cell organelles isolated from the
rat parotid acinar cell fraction [23]

Homogenate

(3)

Microsomes

(4)

Secretory

granules (3)

Each phospholipid (%)

Phosphatidylcholine (PC) 46.5� 3.6 51.1� 1.2 40.3� 0.7**

Phosphatidylethanolamine

(PE)

25.7� 1.2 24.8� 0.8 30.5� 1.0*

Sphingomyelin (SM) 7.3� 0.1 7.8� 0.3 7.0� 0.2*

Phosphatidylinositol (PI) 6.5� 0.9 5.1� 0.8 3.6� 0.4

Phosphatidylserine (PS) 4.8� 0.8 4.2� 0.3 2.4� 0.1**

Caldiolipin (CL) 1.9� 0.4 0.3� 0.1 3.9� 0.2**

Phosphatidic acid (PA) 1.1� 0.6 0.2� 0.1 0.5� 0.3

Lysophospholipids (LPLs) 3.1� 0.6 3.1� 0.5 8.3� 0.8**

Others 3.1 3.4 3.5

PC/PE ratio 1.8� 0.1 2.1� 0.1 1.4� 0.0

* p< 0.05
** p< 0.01; significance of difference between secretory granular fraction and microsomal fraction

judged by Student’s t-test.
Values are means � S.E. of independent experiments shown in parenthese.
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lysophospholipids were abundant (Table 2) [22, 23]. Physicochemically,
both components promote membrane fusion [24, 25], suggesting that these
affect the promotion of salivary secretion.

The hydrophobic region of membrane phospholipids is bound by
long-chain carbohydrates, represented by fatty acids. These long-chain
carbohydrates are classified into three types based on the pattern of bonding
to the phospholipid glycerol backbone: acyl (ester bond), alkyl (ether bond),
and alkenyl (vinyl ether bond) types, and the structural characteristics are
reflected in the physicochemical properties of the biomembrane. When the
acyl-, alkyl-, and alkenyl-type composition ratios were investigated in the
parotid gland PC and PE, the acyl-type accounted for the highest ratio in
both phospholipids, followed by the acyl type in PC and the alkenyl type in
PE (Table 3) [26].
2.2. Fatty Acid Composition of Each Phospholipid

A characteristic of membrane phospholipids is marked variation of the fatty
acid composition among phospholipids. The fatty acid compositions of PC,
PE, and PI in parotid acinar cells are shown in Table 4 [20]. In PC, palmitic
acid (16:0) accounted for about 40%, and linolenic acid (18:2), oleic acid
(18:1), and arachidonic acid (20:4) for 10–20%. In PE, 20:4 accounted for
20–30%, followed by 18:1 and stearic acid (18:0). These findings suggested



Table 3 Compositions of choline- and ethanolamine-containing
glycerophospholipids isolated from the rat parotid gland membrane [26]

Major glycerophospholipid

Type Choline-containing (%) Ethanolamine-containing (%)

1-Acyl-2-acyl 72.7 42.6

1-Alkyl-2-acyl 23.8 25.4

1-Alkenyl-2-acyl 3.5 32.0
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that fatty acids are selectively incorporated in biosyntheses of the two main
phospholipids. In phospholipids of higher animal cells, generally, saturated
and unsaturated fatty acids are ester-bonded at the sn-1 and sn-2 sites of the
glycerol backbone, respectively. The high 20:4 content of phospholipids
suggests that the sn-2 sites of PC and PE serve as important storage sites of
eicosanoid precursors. The fatty acid composition of PI was also different
from those of PC and PE: 18:0 and 16:0 were bonded to the sn-1 site, and
20:4, 18:2, and eicosapentaenoic acid (20:5) to the sn-2 site, showing that
the sn-2 site is also the eicosanoid precursor storage site, despite the compo-
sition ratio being different. Table 4 reveals that the composition did not
change for any phospholipid during maturation of the parotid gland after
birth. These analytical findings observed in the parotid gland were similarly
noted in the submandibular and sublingual glands.

Among phospholipids isolated from the secretory granule membrane,
the fatty acid compositions of PC and PE were similar to those in the
homogenates and microsomes (Table 5) [23].
3. Fatty Acid-Related Phospholipid-

Metabolizing Enzyme

3.1. 1-Acyl-sn-Glycero-3-Phosphocholine (1-Acyl GPC)
Acyltransferase

Polyunsaturated fatty acids (20:4: 26%, 18:2: 24%, 20:3: 4.6%), which are
eicosanoid precursors, are ester-bonded to the sn-2 site of PC in the parotid
gland [27]. The enzyme introducing these is 1-acyl-glycerophosphocholine
(1-acyl GPC) acyltransferase. The substrate specificities of salivary gland and
liver 1-acyl GPC acyltransferase for acyl-CoA are shown in Table 6 [28].
The activity level for unsaturated acyl-CoA was high in all salivary glands
measured. In addition, the activity levels for 20:5, 20:4, and 20:3 were high
in the parotid gland [28, 29], strongly suggesting that 1-acyl GPC acyl-
transferase plays an important role in the establishment of the fatty acid
composition at the sn-2 site of PC.



Table 4 Fatty acid compositions of phospholipids isolated from the parotid acinar cell membranes of 3- and 9-week (W)-old rats [20]

Phosphatidylcholine

(PC) (%)

Phosphatidylethanolamine

(PE) (%)

Phosphatidylinositol

(PI) (%)

Fatty acid (%) 3 W (3) 9 W (3) 3 W (3) 9 W (3) 3 W (3) 9 W (3)

Myristic acid (14:0) 0.9� 0.1 1.0� 0.3 0.9� 0.7 2.6� 1.0 1.1� 0.7 1.7� 1.0

Palmitic acid (16:0) alkenyl 0.3� 0.1 0.2� 0.1 6.5� 1.4 5.9� 0.4 0.6� 0.2 0.6� 0.2

Palmitic acid (16:0) 43.5� 1.7 40.4� 1.4 8.4� 0.9 10.1� 0.1 16.2� 1.6 15.6� 1.0

Palmitoleic acid (16:1) 1.6� 0.1 1.3� 0.2 1.3� 0.3 2.3� 0.2 1.9� 0.4 2.6� 1.3

Stearic acid (18:0) 8.1� 0.3 8.7� 0.3 15.3� 1.4 14.4� 0.6 36.6� 1.2 29.5� 1.3

Oleic acid (18:1) 13.3� 0.6 10.8� 0.7 18.2� 0.7 15.3� 0.1 11.7� 1.8 10.1� 0.6

Linoleic acid (18:2) 15.9� 0.4 17.4� 0.4 9.0� 0.4 9.5� 0.5 4.2� 0.1 4.0� 0.9

Eicosatrienoic acid (20:3) 1.9� 0.3 1.6� 0.2 1.9� 0.1 1.7� 0.2 1.8� 0.4 1.5� 0.2

Arachidonic acid (20:4) 9.9� 1.2 12.3� 1.3 22.9� 2.5 23.7� 0.6 11.3� 1.4 11.8� 1.0

Eicosapentaenoic acid (20:5) 0.2� 0.1 0.8� 0.1 0.2� 0.1 1.5� 0.2 1.9� 0.2 9.9� 0.8

Docosapentaenoic

acid (22:5)

0.3� 0.0 0.3� 0.1 1.3� 0.1 1.1� 0.1 0.6� 0.1 0.5� 0.2

Docosahexaenoyl (22:6) 0.5� 0.1 0.7� 0.2 5.3� 0.6 4.6� 0.1 1.2� 0.1 1.5� 0.5

Others 3.6 4.5 8.8 7.3 10.9 10.7

Values are means� S.E. of independent experiments shown in parenthese.



Table 5 Fatty acid compositions of cell organelle membrane phospholipids isolated from the rat parotid acinar cell fraction [23]

Fatty acid

Phosphatidylcholine (PC) (%) Phosphatidylethanolamine (PE) (%)

Homogenate (3) Microsomes (4)

Secretory

granules (3) Homogenate (3) Microsomes (4)

Secretory

granules (3)

Myristic acid (14:0) 0.40� 0.06 0.45� 0.02 0.42� 0.06 0.17� 0.06 0.23� 0.06 0.23� 0.13

Palmitic acid (16:0) alkenyl 0.84� 0.22 0.71� 0.12 0.80� 0.15 9.62� 0.48 10.87� 0.89 7.01� 1.16

Palmitic acid (16:0) 39.99� 0.37 40.93� 0.37 40.29� 0.86 7.75� 0.33 7.78� 0.32 7.52� 0.41

Palmitoleic acid (16:1) 0.89� 0.36 1.19� 0.19 0.88� 0.35 0.95� 0.14 1.01� 0.10 1.06� 0.32

Stearic acid (18:0) alkenyl 0.13� 0.01 0.12� 0.01 0.13� 0.02 4.62� 0.58 5.91� 0.34 3.37� 0.26**

Stearic acid (18:0) 7.83� 0.29 7.80� 0.25 8.17� 0.36 14.83� 1.94 13.90� 1.60 20.80� 1.65*

Oleic acid (18:1) 10.51� 0.28 10.46� 0.32 10.74� 0.08 15.65� 0.15 16.16� 0.58 16.08� 0.63

Linoleic acid (18:2) 18.47� 1.01 18.36� 0.74 18.44� 0.66 8.19� 0.58 7.53� 0.49 9.12� 0.73

Eicosatrienoic acid (20:3) 1.66� 0.07 1.54� 0.11 1.61� 0.20 1.48� 0.04 1.32� 0.06 1.32� 0.11

Arachidonic acid (20:4) 14.55� 0.42 14.27� 0.37 13.87� 0.85 26.20� 1.52 25.12� 2.09 23.73� 1.19

Eicosapentaenoic acid (20:5) 0.26� 0.06 0.19� 0.03 0.54� 0.13 0.16� 0.05 0.36� 0.20 0.62� 0.35

Docosapentaenoic acid (22:5) 0.20� 0.04 0.20� 0.02 0.11� 0.05 0.92� 0.04 1.02� 0.12 0.67� 0.02

Docosahexaenoyl (22:6) 0.68� 0.03 0.63� 0.04 0.60� 0.12 5.23� 0.28 4.98� 0.52 4.44� 0.15

Tetracosanoic acid (24:0) 0.84� 0.08 0.84� 0.06 0.80� 0.10 1.30� 0.16 1.23� 0.13 1.16� 0.11

Others 2.75 2.31 2.60 2.93 2.58 2.87

* p< 0.05
** p< 0.01; significance of difference between secretory granular fractionand microsomal fraction judged by Student’s t-test.
Values are means � S.E. of independent experiments shown in parenthese.



Table 6 Substrate specificity of rat salivary acinar cell 1-acyl-glycerophosphocholine acyltransferase [28]

Acyl-CoA

Specific activity

(nmol/min per mg of protein) Ratio of specific activity

Submandibular

gland (A)

Parotid

gland (B) Liver (C) A/B A/C B/C

Myristoyl[14:0]-CoA 10.5 2.3 6.9 4.6 1.5 0.3

13-Methyltetradecanoyl[iso15:0]-CoA 25.3 4.8 14.5 5.3 1.7 0.3

Palmitoyl[16:0]-CoA 14.8 4.4 6.5 3.4 2.3 0.7

Palmitoleoyl[16:1(n-7)]-CoA 12.9 3.9 10.8 3.3 1.2 0.4

Stearoyl[18:0]-CoA 9.7 –* – – – –

Oleoyl[18:1(n-9)]-CoA 50.1 11.6 37.1 4.3 1.4 0.3

Elaidoyl [trans18:1(n-9)]-CoA 46.9 12.0 22.8 3.9 2.1 0.5

Linoleoyl[18:2(n-6)]-CoA 32.5 10.9 25.3 3.0 1.3 0.4

Linoelaidoyl[trans18:2(n-6)]-CoA 32.9 9.5 23.8 3.5 1.4 0.4

a-Linolenoyl[18:3(n-3)]-CoA 10.5 4.0 6.6 2.6 1.6 0.6

g-Linolenoyl[18:3(n-6)]-CoA 40.0 14.0 33.9 2.9 1.2 0.4

11,14,17-Eicosatrienoyl[20:3(n-3)]-CoA 63.9 19.4 40.6 3.3 1.6 0.5

Bishomo-g-linolenoyl[20:3(n-6)]-CoA 37.2 8.1 – 4.6 – –

Arachidonoyl[20:4(n-6)]-CoA 55.6 13.8 33.1 4.0 1.7 0.4

5,8,11,14,17-Eicosapentaenoyl[20:5(n-3)]-CoA 99.4 33.6 54.7 3.0 1.8 0.6

4,7,10,13,16,19-Docosahexaenoyl[22:6(n-3)]-CoA 20.1 5.0 15.7 4.0 1.3 0.3

* Not determined.
Specific activities represent the averages of duplicate assays. Acyl chains are designated as the number of carbon atoms:the number of double bonds followed by the
position of double bonds.
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3.2. 1-Acyl-sn-Glycero-3-Phosphoinositol (1-Acyl GPI)
Acyltransferase

PI has a high amount of 20:4 at the sn-2 position. The tendency, observed in
the acyl-CoA specificities of 1-acyl GPC acyltransferase activity, was also
marked with regard to the specificity of 1-acyl glycerophosphoinositol
(1-acyl GPI) acyltransferase, the enzyme incorporating a fatty acid at the
sn-2 site of PI in the submandibular gland (Fig. 1) [30], indicating that 1-acyl
GPI acyltransferase actively incorporates 20:4 at the sn-2 site in PI biosynthe-
sis, forming the characteristic functional lipid. This high characteristic activity
of 1-acyl GPI acyltransferase was also observed in mammalian tissues [31].
3.3. Possible Induction of Acyltransferases

As shown in Table 7, the enzyme activity levels of both 1-acyl GPC and
GPI acyltransferases in the submandibular gland increased by two to three
times with growth without changes in the substrate specificity for various
acyl-CoA including polyunsaturated acyl-CoA and Km values [32, 33],
suggesting the specific contribution of the deacylation–acylation enzyme
system to the maturation process after birth. Recently, there are many
reports on cloning and characterization of those lysophospholipid
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Figure 1 Fatty acid chain length- and double bonding site-specific substrate specificity
of rat submandibular gland 1-acyl glycerophosphoinositol (1-acyl GPI) acyltransferase
for acyl-CoA [30].



Table 7 Substrate specificities and activity levels of acyltransferases of 3- and
10-week (W)-old rat submandibular acinar cells [33]

Acyltransferase Acyl-CoA

Specific activity

(nmol/min per mg

of protein)

Ratio of

specific

activity

3 W (A) 10 W (B) B/A

1-Acyl-sn-glycero-3-phosphocholine(1-acyl GPC)

Linoleoyl[18:2(n-6)]-CoA 11.2 32.5 2.9

Arachidonoyl[20:4(n-6)]-CoA 13.2 55.6 4.2

5,8,11,14,17-Eicosapentaenoyl

[20:5(n-3)]-CoA

27.5 99.4 3.6

1-Acyl-sn-glycero-3-phosphoinositol(1-acyl GPI)

Arachidonoyl[20:4(n-6)]-CoA 5.5 13.9 2.5

5,8,11,14,17-Eicosapentaenoyl

[20:5(n-3)]-CoA

3.1 8.4 2.7
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acyltransferases which propose the biological significance of membrane
diversity and asymmetry [34–36], and their specific functions in the salivary
glands should become clear.
4. Biomembrane Phospholipid Composition

and Membrane Fluidity

As observed in exocytosis-associated membrane fusion, biomem-
branes are in a dynamic state, and their physicochemical properties are
markedly affected by the composition and structure of the component
phospholipids. The physical properties of membranes determine and main-
tain important conditions to exert their dynamic function, through which
the optimum site for membrane proteins including SNARE to exert their
functions may be provided.

An index of a membrane’s physical properties, membrane fluidity, can
be observed using the electron spin resonance (ESR) method with two
stearic acid spin probes, 5-doxyl-stearic acid (5-SAL) and 12-doxyl-stearic
acid (12-SAL) (Fig. 2). As shown in Fig. 3, the parallel (TII

0) and perpendicular
(TL

0) principal values of the hyperfine tensor of an axially symmetrical spin
Hamiltonian were estimated from the ESR spectra. The order parameter (S)
was calculated using the following relation:

S ¼ a� ðTII
0 � TL

0 Þ
a
0 � ½Tzz� ðTxxþ TyyÞ=2�
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Figure 2 Chemical structure of spin probes. 5-Doxyl-stearic acid (5-SAL) and
12-doxyl-stearic acid (12-SAL), and 2,2,6,6-tetramethylpiridine N-oxyl (TEMPO)
were used to obtain the order parameter (S) and the spectral parameter ( f ), respectively,
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Figure 3 Electron spin resonance (ESR) spectrum of 12-SAL spin probe at 25 �C. The
TII

0 and TL
0 show the parallel and perpendicular principal values of the hyperfine tensor

of an axially symmetrical spin Hamiltonian, respectively [10].
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where Txx¼Tyy¼ 5.9 G and Tzz¼ 32.9 G are the hyperfine principal
values of the nitroxide radical. a/a0 is the polarity correction factor, where
a¼ (TxxþTyyþTzz)/3¼ 14.9 G and a 0 ¼ (TII

0 þ 2TL
0)/3 [10]. A smaller

value of the order parameter (S) means a more ‘fluid’ membrane.
Figure 4 shows the membrane fluidities of total phospholipids isolated

from the three major salivary glands observed using two types of spin probe,
5-SAL and 12-SAL [37]. In the deep region of the membrane lipid bilayer
(close to the center of the hydrophobic region, a 12-SAL spin probe was
used), the order parameter (S) value was low, indicating more fluid mem-
brane. In contrast, the S value was high in the shallow region (close to the
hydrophilic region, a 5-SAL spin probe was used), indicating more rigid
membrane. The membrane fluidity of the two regions was similar among
the three major salivary glands.

In secretory granules of the parotid gland, significant characteristics were
noted in the biomembrane phospholipid composition (Table 2) and in the
acyl-, alkyl-, and alkenyl-type composition in the main components, PC
and PE (Table 5) [52]. To clarify the effects of acyl(ester)- and alkyl(ether)-
bonds, the membrane fluidity of liposomes made by simplified PCs was
measured using 5-SAL (Fig. 5). The changes of the order parameter as a
function of temperature were similar between acyl- and alkyl-type PCs.
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When the saturated fatty acid was replaced by the monounsaturated fatty
acid, oleic acid, in ester bond, the order parameter was drastically decreased.

As another approach to observing the physicochemical properties of the
membrane, the membrane lateral phase separation was observed by the
measuring of transition temperatures using 2,2,6,6-tetramethylpiperidine
N-oxyl (TEMPO) spin probe (Fig. 2). As shown in Fig. 6, the spectrum
is a superimposition of two spectra: one due to TEMPO dissolved in
the fluid, hydrophobic region of the lipid; the other due to TEMPO in
the aqueous phase. From the measurement of the two amplitudes, H
(proportional to the amount of spin probe dissolved in the membrane
bilayer) and P (proportional to the amount dissolved in the aqueous region)
of the high-field nitroxide hyperfine signals (Fig. 6). Figure 7 shows that
the phase transition of alkyl-type PC liposomes was not as drastic as that of
acyl-type PC ones.

As shown in Fig. 8, the order parameter was lower in the total phospho-
lipid liposomes prepared from the secretory granule membrane than in
those prepared from the homogenate and microsomes, showing that the
fluidity of the secretory granule membrane was high [23]. This difference
was marked in the shallow region (measured using 5-SAL spin probe) of the
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H

P

Figure 6 Typical electron spin resonance (ESR) spectrum from TEMPO spin probe
measured in aqueous dispersion of phospholipids [26]. H, proportional to the amount of
spin probe dissolved in the membrane bilayer; P, proportional to the amount dissolved
in the aqueous region.
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membrane lipid bilayer. When the membrane fluidity was investigated in
cell organelles involved in membrane fusion in parotid gland salivary secre-
tion (secretory granules and the apical plasma membrane) and endoplasmic
reticulum, the fluidity increased in the order of secretory granules> endo-
plasmic reticulum> apical plasma membrane (Fig. 9) [38]. The physical
properties of these may reflect not only the biomembrane component lipids
characteristic of the cell organelles but also the physicochemical properties
of membrane proteins facilitating the specific functions of each organelle.
In addition, the presence of a raft-like structure in the apical plasma
membrane of secretory cells with polarity, such as parotid acinar cells, has
been reported [14]. These findings suggested that secretory granules with
high-level membrane fluidity fuse with the apical plasma membrane
showing low-level fluidity, making the plasma membrane partially vulnera-
ble, and induces exocrine secretion following membrane fusion on salivary
secretion from the parotid gland.

In addition to phospholipids, the cholesterol content of animal cell
biomembranes is high. The composition varies among organelles, and its
influence on the physical properties of membranes shows a biphasic pattern
depending on the content [39]. About 30% (300 mmol/total phospholipid
mol) of the parotid gland membrane lipids comprises cholesterol [39].
The coexistence of 30% cholesterol reduced the membrane fluidity of
phospholipid liposomes, which consequently reduced membrane fluidity
and phase transition (Fig. 10). This is considered to occur particularly in raft
regions with a high cholesterol content. SNARE protein-rich regions to
which the secretory granule membrane docks also contain abundant cho-
lesterol [40, 41], suggesting that cholesterol controls membrane fusion by
partially solidifying the membrane.
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5. Membrane Fusion and Salivary

Secretion Model

The series of SNARE membrane proteins are considered to regulate
the docking of exocytosis-induced secretory granule membranes to the
plasma membrane and subsequent initial membrane fusion. To investigate
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factors influencing this exocytosis accompanied by membrane fusion, we
have been using an in vitro membrane fusion model system reconstructed
with a secretory granule fraction separated from the rat parotid gland and
model or apical plasma membrane. The secretory granule membrane of this
model system was labeled with the fluorescent probe R18, and the recovery
of fluorescence photobleaching by coexistence with the plasma membrane
was observed as an increase in the fluorescence intensity, through which the
progression of membrane fusion can be monitored [42]. As shown in
Fig. 11, incubation of the labeled secretory granules with PC liposomes
promoted membrane fusion in a PC concentration-dependent manner [43].
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As a high lysophospholipid content is a characteristic of the secretory
granule membrane (Table 2), this model system clarified that lysophospho-
lipids promote membrane fusion [25].

To investigate the role of the cytoskeleton during secretion using the
apical plasma membrane and secretory granules isolated from the rat parotid
gland, the localization of cytoskeletal proteins (tubulin and actin) was
investigated. Both proteins were present in the apical plasma membrane.
When the apical plasma membrane isolated by multistep centrifugal frac-
tionation was used instead of the artificial membrane, membrane fusion also
progressed (Fig. 12) [44]. The addition of F-actin suppressed membrane
fusion (Fig. 13) [44], suggesting that F-actin present directly below the
apical plasma membrane as microfilaments serves as a barrier and directly
inhibits membrane fusion [45–48]. Actually, the addition of F-actin to an
in vitro secretion model inhibited amylase release by almost 100% [49]. Actin
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with unlabeled liposomes at arrow, and fluorescence photobleaching recovery by
membrane fusion was measured. The concentration of phospholipids added was 0 (a),
10 (b), 50 (c), 100 (d), and 150 (e) nmol/2 ml.
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Figure 12 Plasma membrane-induced membrane fusion with secretory granules [44].
Fluorescence probe R18-loaded secretory granules were combined with unlabeled
plasma membrane, and fluorescence photobleaching recovery by membrane fusion
was measured. The concentration of plasma membrane added was 0 (a), 4 (b), 9 (c),
19 (d), and 38 (e) mg of protein/2 ml.
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Fluorescence probe R18-loaded secretory granules were combined with unlabeled
plasma membrane at arrow, and fluorescence photobleaching recovery by membrane
fusion was measured. The concentration of F-action added was 0 (a), 20 (b), and 200 (c)
mg/2 ml.
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polymerization to microfilaments is also regulated by calcium ions [50, 51]
and phosphoinositide [52]. Calcium-dependent phospholipase D [53] react-
ing with phosphoinositide as the substrate is present in the apical plasma
membrane [25] and deacylation enzyme are also in the apical plasma
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Figure 14 Effect of colchicine on apical plasma membrane-induced fluorescence
dequenching caused by membrane fusion [49]. Fluorescence probe R18-loaded
secretory granules were combined with unlabeled plasma membrane at arrow, and
fluorescence photobleaching recovery by membrane fusion was measured. The
concentration of colchicine was 10 mM.
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membrane and secretory guranule membrane [25, 54, 55], and degradation
products of these enzymes also promote membrane fusion [53]. The direct
involvement of lysophosphatidic acid [56] and phosphatidic acid [57] in the
regulation of exocytosis accompanied by membrane fusion has been
reported. When a structural inhibitor of microtubules, colchicine, was
added to an in vitro secretion model, the amylase-releasing activity was
about two-fold enhanced, and this was consistent with membrane fusion
measurement employing the fluorescence photobleaching recovery method
(Fig. 14) [49]. The interaction between secretory vesicles and microtubules
via kinesin in nerve cells [58] has been clarified, and the presence of this
interaction in parotid acinar cells may be clarified in the future.
6. Conclusion

Exocytosis is a common process in the secretion of salivary protein,
neurotransmitters, and hormones. Many proteins including SNARE have
been identified as regulatory factors, and the details of their action mechan-
isms have been clarified. Since exocytosis is a dynamic phenomenon of
biomembranes involving fusion and reconstruction of the lipid bilayer
making up the membrane, the characteristics and variation in membrane
phospholipid components and the phospholipid-metabolizing enzyme
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system causing the variation are important regulatory factors. The compre-
hensive molecular regulatory system of exocytosis may be clarified by basic
analyses utilizing the advantages of salivary acinar cells. Further progress in
the elucidation of the secretory function of salivary acinar cells, including
recovery of the fused membrane for secretion, is expected.
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V. Demais, Y. Bailly, I. Gottfried, H. Nakanishi, A.M. Neiman, G. Du, M.
A. Frohman, M.F. Bader, N. Vitale, Phospholipase D1 production of phosphatidic
acid at the plasma membrane promotes exocytosis of large dense-core granules at a late
stage, J. Biol. Chem. 282 (2007) 21746–21757.

[58] N. Hirokawa, R. Takemura, Kinesin superfamily proteins and their various functions
and dynamics, Exp. Cell Res. 301 (2004) 50–59.



C H A P T E R S E V E N
A

IS

D

*
E

dvance

SN 1

epartm

Corr
-mail a
Influenza A M2: Channel

or Transporter?

David D. Busath*

Contents
1. In
s in

554

en

espo
ddr
troduction
Planar Lipid Bilayers and Liposomes, Volume 10 # 2009

-4516, DOI: 10.1016/S1554-4516(09)10007-8 All rig

t of Physiology and Developmental Biology, Brigham Young University, Provo, UT

nding author. Tel.: þ1 801 422-8753; Fax: þ1 801 422-0700;
ess: david_busath@byu.edu
Else

hts

846
162
2. S
pecific Activity: Quantitative Immunoblotting
 166
3. F
unctional Characteristics of M2
 167
3
.1.
 D
rug Sensitivity
 167
3
.2.
 P
roton Selectivity
 170
3
.3.
 A
cid Activation and Saturation of Inward Current
 172
3
.4.
 B
ase Block of Backflux
 173
4. R
econstitution of M2
 178
4
.1.
 B
ilayer Channels
 178
4
.2.
 L
iposome Assays
 181
4
.3.
 W
hy are Liposomes Better for M2 Functional Assays?
 184
4
.4.
 A
dvanced Liposome Techniques for Selectivity, Acid-Gating,

and Liposome Activity
 189
5. S
ummary
 191
Ackn
owledgment
 192
Refe
rences
 192
Abstract

Influenza M2 is one of the membrane proteins in the viral envelope that is

necessary for cell infection by the virus. In epithelial cells, M2 responds to

endosome acidification by transporting protons into the virus to release M1 in

preparation for extrusion of the viral RNA into the cytoplasm, while hemagglu-

tinin undergoes a change in conformation that initiates fusion of the viral

membrane with the endosome membrane. In some cases, M2 also prevents

normal acidification of the Golgi apparatus in infected cells to prevent prema-

ture conformational change in developing hemagglutinin. It is expressed in the

apical membrane of infected cells and a few copies each are found in the virions

budding from such cells. Its function in the virus has been inferred primarily
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from its function in infected or transfected cells expressing the protein in the

plasmalemma, which are accessible for electrophysiology. Then, to evaluate the

structural quality and relevance of the purified protein reconstituted into lipid

bilayers for structural determination (e.g., solid state NMR), the same functions

are assayed for the purified protein reconstituted as nearly identically as

possible into planar bilayers and liposomes. The assumption in this strategy

is that if function has not been perturbed by the purification and reconstitution,

neither has structure. In the past 17 years, M2 has been referred to as a proton

channel, and has been shown to be activated by acidification, blocked by

amantadine and related compounds, to have a linear current–voltage relation-

ship when gated open, and to have nearly perfect selectivity for proton

transport over Naþ or Cl� transport. In the past year, however, structural

progress has begun to inspire a reinterpretation of the functional data in

terms of a transporter model. Although there is a fine line between channels

and transporters, the designation of transporter very much facilitates under-

standing and description of the available functional data. Here the functional

characteristics of M2, as deduced from transfected cell expression systems, are

reviewed and compared to functional characteristics of reconstituted protein in

suspended planar bilayers and liposomes, where the liposome assay has been

found to have the definite advantage. Classic figures from the literature are

reproduced, which illustrate the main functional features.
1. Introduction

Pumps, whether primary or secondary active transporters, must never
or rarely present a patent path through the membrane or they would drain,
rather than build concentration gradients. Passive transporters do not con-
centrate solutes against electrochemical gradients, but are slow like pumps.
One way to distinguish them from channels would be to define them as
never having a patent water-filled pore. Channels, on the other hand, are
aqueous pores with gates that all open simultaneously, on a fairly common
basis (Fig. 1A). When the gates are open, their conductance [1] and water
permeability [2–4] are high. Although there are no fixed limits on transport
rates, channels generally pass millions of ions per second when open,
whereas transporters and pumps typically transport between a few and
50,000 ions or molecules per second. The border between these three
classes of molecules can be fuzzy. In particular, slow channels may be
indistinguishable from fast transporters. It has recently been suggested that
channels and passive transporters be grouped together as ‘‘channels,’’
because it is easy to make a distinction between active and passive transport
based on function (uphill vs. downhill transport), whereas the difference
between fast transport in channels and slow transport in passive transporters
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Figure 1 (A) Diagram of presumed structural differences underlying functional
distinctions between pumps that alternate gate opening but are never fully patent,
transporters that may behave like pumps without coupling to an energy source or
perpetually occluded pores, and gated, frequently patent channels. (B) Diagram of
major topographical features of M2, pointing out the Val27 sphincter, the His37
selectivity filter, and the Trp41 shutter.
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is hard to delimit [5]. It is difficult to tell whether a channel is never open or
sometimes open once conductance falls below 1 pS.

Here, however, we will resist this modernization long enough to
demonstrate how different mindsets associated with single channel current
measurements in planar bilayers and transporter activity measured with
liposome uptake assays can influence one’s understanding of the correlation
of structure, function, and simulations. Namely, we will refer to channels as
molecules that can be detected by periods of fast ion flow (millions/s) in
planar bilayer assays [1], whereas transporters have no high speed flow
detectable by planar bilayer or patch clamp assay, but do transport substrate
molecules at a high enough rate for activity to be assessed with a cell [6–10]
or liposome uptake [11–18] assay, traditionally using radioactive tracer
substrate molecules. Transporters may have multiple gates that are never
all jointly open, or may just be channels with narrow spots in the perme-
ation pathway that never allow the mobility of substrate to reach levels
similar to that in bulk electrolyte. Narrow, single-file channels have many of
the same properties as transporters [1] (tracer flux coupling, saturation of
flux at high substrate concentrations). Whereas transporter function can be
assessed with neutral and charged species, channels are detected at the
single-molecule level with patch clamp or planar bilayer measurements
based on single channel currents due to transport of charged species.

Influenza M2 has been termed a channel because, in reports of initial
planar bilayer studies early last decade, it exhibited single channel conduc-
tance behaviors [19,20], because it was studied by electrophysiologists with
standard electrophysiological techniques (whole cell clamping and
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two-electrode voltage clamping) [21–25], because of its linear current–
voltage (I–V) relationship [26], because it was identified pharmacologically
[19, 22, 27] by intra-channel blockers, including amantadine [28] and Cu2þ
[29], both of which enter from the N terminus (i.e., the extracellular end),
because it is gated open by extracellular acid [21] with efflux blocked by
external base [30], and because transfected cell membranes are highly
permeable to protons, typically conducting 0.7 mA with � 130 mV mem-
brane potential, pHo 6.2 when transfected into the Xenopus oocyte [24].

In truth, all of the ‘‘channel’’ features could occur with an electrogenic
transporter, whether it is an active transporter that generates current at the
expense of ATP or a passive transporter with unbalanced charge transport
stoichiometry. A channel that has a conductance of 10 pS with a driving
force of 0.1 V and an open probability of 0.01 transports 1 pA when open,
but the time average is only 10 fA, 62,500 monovalent cations per second.
This may be near the lower limit for what should be called a channel.
The upper limit for transporters may be well exemplified by Band 3, the
obligate exchange anion transporter that carries 50,000 anions/s [1].

Influenza M2 seems to be at the boundary between channel and
transporter: a rarely open channel or a fast transporter. Channels commonly
flicker between open and closed states, forming a random boxcar (stochas-
tic) signal that can be easily discerned in both the current versus time and in
the power spectrum. Electrogenic transporters are expected to produce
small, steady current, which, although noisy [31], lacks the random boxcar
oscillations between open and closed states. When searched for evidence of
random boxcar channel behavior, the current–time relationship and current
power spectrum for M2 expressed in mouse erythroleukemia cells was so
low that it could not be deduced from the voltage-clamp currents [26].
Initial estimates of the M2 specific activity based on quantitative immuno-
blotting [32] to measure tetramer quantities in transfected ooctyes of known
amantadine-sensitive proton conductance suggest a time-average molecular
conductance for M2 of 0.5 fA [33]. Two functional behaviors particularly
argue for M2 to be categorized as a transporter: saturation at a very low Hþ
concentration [26] and exquisite Hþ selectivity [26], both of which would
be unlikely to occur with a water-filled pore. In addition, currents in
deuterated water are reduced about twofold [33], much more than expected
for a water-filled pore (discussed further below).

An early report of amantadine-blocked single channel currents for the
transmembrane domain in suspended planar bilayers (BLMs) [19] has not
been confirmed in spite of considerable effort in multiple labs, frustrating the
goal of getting a temporal fix on the molecular duty cycle. Although single
channel proton currents induced by M2 expressed in E. coli inclusion bodies
and reconstituted into planar bilayers [34] suggested thatM2may function as a
rarely opened channel, subsequent work indicates that such channels probably
represent a rare configuration [35].
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Meanwhile, usage of the liposome assay, commonly used for studies of
the slower flux rates of transporters, has been found to be effective [36] for
displaying the amantadine sensitivity of M2. Given its therapeutic [37],
tissue culture plaque prevention [38], and transfected cell proton current
blockage [22, 39] efficacies, amantadine sensitivity is the primary sine
qua non for functional M2 reconstitution. In addition, proton transport
selectivity, which is also likely to be very sensitive to structural integrity,
has been demonstrated with the liposome assay [40 ,41]. Acid-gating has not
yet been demonstrated using the liposome assay and is required to complete
the demonstration of functional activity, and the transport rate appears to be
much lower in the liposome assay than that predicted by the Xenopus oocyte
assessment. Nevertheless, it appears that the liposome assay is quickly
becoming the assay of choice for evaluating reconstituted M2 functionality
[42, 43].

Starting abruptly in 2008, there has been a flurry of fresh progress on M2
structure and function, adding on the solid steady foundation laid over the
prior 16 years. The structures of M2 fragments were confirmed and
elaborated using crystallography [44], solution state NMR [45], magic
angle spinning solid state NMR [46–49], oriented membrane solid state
NMR [50–54], and infrared FTIR spectroscopy [55]. New molecular
dynamics simulations [56–66] have explored the implications of the
structural results. The conclusions are summarized in the diagram of M2
in Fig. 1B, which highlights the main topological features suggested by solid
state NMR [52, 67], crystal [44], and solution state NMR [45] structures:
the entry sphincter produced by Val27 [61], the selectivity filter comprised
of His37 [68], and the exit shutter formed by Trp41 [54, 69]. The central
cavity between the V27 sphincter and the H37 filter, similar to the central
cavity of the Kþ channel [70], is the proposed amantadine binding site [47,
49, 51, 52, 64, 71–74]. The pore is lined by four transmembrane domain
helices, one from each of four identical subunits, forming a parallel coiled
bundle, each with their N terminus out in cells and virions, and randomly
oriented in liposomes [40].

This review will focus on the functional characteristics of M2, reviewing the
foundational results (for additional reviews, see Pinto and Lamb [75–77]),
important recent papers that address significant controversies in the field
[42, 43, 72], and the search for these characteristics using M2 reconstituted
into planar bilayers and liposomes. The goal is to explore whether the
liposome assay, given its inability to reveal single channel conductance,
has sufficient analytical power in the case of M2 to quantitatively
demonstrate the level of functional activity of the proteins, its amantadine
sensitivity, and its complex functions of proton selectivity and acid-gating.
For these more complex purposes related specifically to M2, a few novel
experimental paradigms with liposome assays will be suggested. This review
will only touch briefly on the exciting debates about the mechanisms, per se,
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of amantadine block, acid activation, selective proton transport, and the
utilization of site-directed mutagenesis to test the mechanistic hypotheses,
all of which are under discussion in a plethora of papers on M2 structure,
simulations, and function published in the past several years, including a few
recent papers with particular significance [43, 63, 66, 72, 78]. The main
objective will be to show how the liposome assay has been used to demon-
strate the proton selective and amantadine-sensitive functions of reconsti-
tuted M2, and to mention recent difficulties with efforts to obtain these
functions in planar bilayers. Because of this, together with the flux satura-
tion and isotope effect observations, we think it is best to tentatively shift
M2’s classification from channel to transporter [63]. However, it is too soon
to fully resolve the issue of whether M2 is best called a transporter or a
channel, and in this review we will use both terms to describe M2,
depending on what is most suitable at the moment.
2. Specific Activity: Quantitative

Immunoblotting

The specific activity of the transporter (molecular conductance,
current, or proton transport rate) has been assessed [23, 24, 32] by dividing
the current from one transfected cell, under standard conditions (typically
� 130 mV applied potential with a Nernst potential for protons ofþ 58 mV
for a net driving force of � 0.2 V), by the number of tetramers measured
quantitatively, for example, by immunoblotting horseradish peroxidase–
densitometry calibrated with purified protein. Mould et al. [33] reassessed
the initial results, correcting for the fraction of protein located in the
plasmalemma, � 50%, and estimated the specific activity of Udorn/72 M2
expressed in Xenopus oocytes to be 0.5 fA/tetramer or 3125 protons/s. For a
driving force of 0.2 V, this molecular current corresponds to a conductance
of 2.5 fS. The current measurement is accurate to within a few percent for
each cell, but the protein assay accuracy is less certain. For the assay, oocyte
lysate is run on an SDS–PAGE, transferred to polyvinylidene difluoride
membrane, and then quantitated by binding a primary anti-M2 antibody
and a horseradish–peroxidase conjugated secondary antibody. Quantitation
is carried out by X-ray film with laser scanning densitometry, using immu-
noaffinity chromatography-purified M2 to form a standard curve. Variance
could arise from the blotting, but the fraction transferred would hopefully
be similar for the lysate as for the purified protein. The fraction of protein
that would be functional in the plasmalemma could be overestimated if the
fraction in development in the endoplasmic reticulum, trans-Golgi, vesicles,
and (if any) in the plasmalemma is more than 50%, in which case the
estimated specific activity would be underestimated. On the other hand, if
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antibodies bind better to the protein after it is purified by column chroma-
tography than they do when it is embedded and functional in the plasma-
lemma, the quantity of membrane protein in a cell would be overestimated.
These uncertainties have not been addressed in the literature, but it seems
reasonably likely that experiments could be designed to better characterize
the M2 content in the plasmalemma. The fraction of protein in the plasma-
lemma that is functional will be harder to assess. Early gel electrophoresis
studies reached the conclusion that it was largely tetrameric, but partly
dimeric in cell membranes, and that disulfide linkages between either
Cys17 residues or Cys19 residues facilitated tetramer stability, but were
not necessary for assembly [79–81].

The functional formwas determined to be tetrameric in transfected cells by
introducing amixture of 85%wild-typeM2RNA and 15%V27S amantadine
insensitive mutant RNA [82]. The channels that were formed were 50%
inhibited by amantadine, consistent with the assumption that one mutant
peptide in a tetramer can knock out amantadine block, and that themonomers
were freely mixing (as was confirmed by antibody staining). Furthermore,
71% wild-type M2 RNA yielded 20% amantadine sensitivity, also consistent
with a tetramer as the functional unit. Likewise, structural studies indicate
that M2 readily forms tetramers in various media [44, 45, 83–85], but these
tests did not address what fraction of the protein was in the functional state.
It would be valuable to have an accurate assay of the fraction in the tetrameric
state in cell membranes so that the functional activity can be better assessed and
compared to that in reconstituted systems.
3. Functional Characteristics of M2

3.1. Drug Sensitivity

The block of influenza A virus reproduction by amantadine was observed first
in 1964, following which it was rapidly shown to be efficacious in man (see
citations inWhitney et al. [86]). The prophylaxis against viral infection inmice
was tested for a large series of bicyclohexane [86] and tricyclohexane (ada-
mantane) [87] analogs, showing that the amantadine binding site in the virus
accommodates a large number of appendages, with fair tolerance of polar
functional groups. Rimantadine (in which the amine is attached to the
adamantane by a methylated methylene) and a-methyl 4-methylbicyclo
[2.2.2]octane methylamine were stronger antiviral agents than amantadine.
Numerous amantadine analogs have been tested for antiviral activity before
(cited in footnote 12 of Aldrich et al. [87]) and subsequently. For instance, a
series of cycloalkylamines was compared to amantadine in their abilities to
block plaque formation in chick fibroblasts [27], demonstrating cyclooctyla-
mine to be more effective than amantadine, with much lower or no effects of
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cycloheptyl-, cyclohexyl-, or cyclopentyl-amine, nor of cyclooctanol or
octylamine. Especially noteworthy is a long-standing project to examine
amantadine analogs by DeClerq and colleagues [71, 73, 88–104]. An azas-
piro(5,5)undecano compound, BL-1743, consisting of two cyclohexanes
sharing a single carbon atom, with an imidazoline residue on the opposite
end of one cyclohexane, was found to block as well as amantadine, but to be
more readily reversible by washout [105–107].

Extracellular amantadine blocks the M2 channel [21, 22, 39, 108], is
slow to block (0.2–0.9 M� 1 s� 1) and almost undetectably slow to leave
(� 10� 4 s� 1) [22], blocks at a rate proportionate to bath concentration and
with an exponential time course [22] (as would be expected for the situation
where only one drug molecule is required to block one channel), blocks
with an inhibition constant of 10–80 mM [22], and appears to bind inside the
channel [28, 29], probably just inside the V27 sphincter (Fig. 1B). BL-1743
[29, 107] probably blocks in the same site, given that mutations that prevent
amantadine block also generally prevent BL-1743 block. An example of
Xenopus oocyte currents blocked by addition of 100 mM amantadine, shown
in Fig. 2, demonstrates that the time course of block is fairly slow and that it
is irreversible on the minutes timescale.

Mutations of L26, V27, A30, S31, or G34 eliminate amantadine efficacy
against spread of the illness [109], plaque formation in viral growth assays
[27, 72], and block of the M2 channel current in oocytes [21, 22, 24, 107,
110] and cultured cells [72, 105].

In addition, extracellular Cu2þ blocks the channel [29] from two sites, a
weak site outside the channel and a stronger site inside. For the stronger of
the sites, Cu2þ block is eliminated by mutation of H37, is highly
voltage-dependent indicating that the blocking site is toward the intracel-
lular end, has a slow on-rate suggesting site access limitations, and has high
affinity, Kdiss � 2 mM. Ni2þ, Pt2þ, and Zn2þ also block, but with lower
efficacy. Access to the site is prevented by prior application of BL-1763.
pH8.5 5.5 with 100 mM Ama 8.5Udorn
A/M2

250
nA

1 min

5.5 5.5 8.5

Figure 2 Inward current is produced by acidification outside of the voltage-clamped
M2-transfected oocyte. Addition of 100 mM amantadine blocks most of the inward
current. Washout of amantadine at either pH does not relieve the block. Reproduced
with permission by Proc Natl Acad Sci USA from Jing et al. [72]. Copyright (2008)
National Academy of Sciences, USA.
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Two interesting, controversial and contradictory findings regarding
amantadine block have appeared recently. Using surface plasmon reso-
nance, Arkin and colleagues found that amantadine binds to supported
planar bilayers containing the transmembrane domain of wild-type influ-
enza A M2 [111]. However, the apparent dissociation constant was higher
than the inhibition constant by 2–3 orders of magnitude, consistent with
binding to the headgroups of the lipid membrane [52, 60, 112]. It was
interesting that binding was disrupted for membranes containing two
mutants of the transmembrane domain that, in the full-length protein, are
insensitive to amantadine, namely A30T and S31N, whereas four other
mutants of V27, which forms a tight region near the entry of the channel,
showed the same low affinity binding as the wild-type peptide. This was
interpreted to imply that the smaller side chains in the mutations of V27
region might allow binding without block, as if the opening at the mouth of
the channel were enlarged in such a way as to allow protons to flow past the
bound amantadine. However, given the high concentrations of amantadine
used, this result should be viewed with skepticism.

Using solution state NMR for truncated M2 (18–60) in detergent
micelles, Chou and colleagues found that amantadine interacted with
D44, which was outside the channel on the surface of the bilayer, but
could not be detected inside the channel [45]. This, too, appears at first to
be an example of a lipid binding effect, because high concentrations of
amantadine were required and the proposed site is exposed to the head-
group layer, a reservoir for amantadine. However, the authors argue that it
indicates that amantadine block is allosteric. The corollary is that residues
26, 27, 30, 31, and 34 must mediate the conformational effects of binding at
D44 in a way that can be disrupted by their mutation.

The allosteric block hypothesis was introduced early by Pinto and Lamb
[113], but has not received much attention in the literature. Four arguments
against an intrachannel block mechanism were presented briefly based on
functional observations from transfected oocytes: 1. More drug is needed
when at low pH (i.e., when the channel is opened) than at high pH; 2. Drug
can block the channel during the presoak at high pH, when the channel is
presumably gated closed; 3. There is no evidence of flicker block noise;
4. Inward and outward currents are equally well blocked. All of these
concerns can be dismissed, once the slow on and off rates [107], the roles
of channel narrowing at the entry and exit, and the pH dependence of
binding seen in analytical centrifugation [85] are taken into account, and the
intrachannel blocker hypothesis has been dramatically strengthened, partic-
ularly with the observations of interactions between amantadine, BL-1743
and Cu2þ mentioned above [29].

Returning then, to Chou’s observation: although simulations have been
proffered to support the argument that amantadine binding in the pocket
formed by D44 and its neighbors would be stronger than intrachannel
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binding [58, 62], the claim has been disputed by Pinto and colleagues based
on the fact that when the full-length protein is expressed in oocytes with the
D44A mutation, the M2-induced currents remain amantadine sensitive
[72]. Subsequently, Chou and colleagues utilized the liposome assay
(which will be discussed in more detail below) and showed that, for the
truncated protein (M2 18–60), the D44A mutation rendered the proton
uptake insensitive to amantadine [43]. This leaves the question open:
perhaps amantadine binds externally to D44 and not internally in the
truncate but vice versa in the full-length protein.
3.2. Proton Selectivity

Intimations of M2’s permeation selectivity appeared in the reversal poten-
tials of amantadine-sensitive currents observed with oocytes [114]. Rever-
sal potentials were sensitive to external pH, were�þ30 mV at pHo 6.2 for
Udorn, Rostock, and Weybridge strains, and were insensitive to replace-
ments of external Naþ by Liþ, Kþ, Rbþ, Csþ, N-methyl-D-
glucosamineþ, or tetrabutylammoniumþ. They were increased to
þ 50 mV by NH4

þ replacement. The main physiological candidates for
a positive reversal potential are Naþ, which typically has a Nernst potential
above 50 mV, Hþ, with a Nernst potential of 57 mV for each change of
external pH away from the internal value (� 7.4) by one pH unit, and
Ca2þ, which, judging from cardiac action potentials, can drive the mem-
brane potential above 0 mV as well. There have been no tests of Ca2þ
permeability for M2, except with the H37E mutant [32], which displayed
sensitivity to external [Ca2þ] and DIDS, a Cl� channel blocker, but had
aberrant selectivity in other ways as well. In theory, Cl� conductance
could have a positive reversal potential, but wild-type M2 is insensitive to
external [Cl�] [21].

The case for nearly perfect proton selectivity was made with small mouse
erythroleukemia cells, whole cell clamped with electrodes and bath contain-
ing high concentration of buffer (180 mM internally) so that intracellular
and extracellular pH could be effectively clamped [26]. Figure 3 shows the
dependence of reversal potential on the Hþ gradient, in spite of Naþ
gradient changes. The estimated permeability ratio is >1.6� 106.
Physiological changes of Kþ or Cl� had no effect on current–voltage
relationships or saturation curves, indicating proton transport is not coupled
to transport of these ions. High proton selectivity was subsequently
confirmed in the oocyte by study of the acidification of the cytoplasm and
reversal potentials [30, 114], although there were indications in the reversal
potentials, current amplitudes, and Rbþ tracer flux that Rbþ, NH4

þ, and
Liþ affect Hþ transport or, in the case of Rbþ and NH4

þ, are themselves
transported through M2.
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Figure 3 Voltage clamped, M2-transfected mouse erythroleukemia cell reversal poten-
tial (after rimantadine insensitive current subtraction) is plotted against Naþ gradient
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which pH gradients are changed at constant Naþ gradient, where the reversal potential
follows the Nernstian diagonal (57mV/decade) prediction for a proton selective channel.
Reproduced with permission by Wiley Publishing from Chizhmakov et al. [26].
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3.2.1. Comparison to Gramicidin Channels: Selectivity, Isotope
Effect, and Buffer Enhancement

It is interesting to compare the permeation properties of M2 to the simplest
ion channel, gramicidin A, which is known to be an open pore with a single
file of water molecules filling the lumen. Based on reversal potentials,
gramicidin is selective for Hþ over Naþ with a permeability ratio of
38–344, depending on pH and lipid composition [115]. The high level of
proton permeability was attributed to Grotthus conductance, as it appears
consistent with bulk Hþ mobility rather than the expected stronger binding
based on the observed selectivity sequence.

In gramicidin channels, the proton conductance in H2O is 1.3-fold
higher than in D2O [116, 117] similar to the ratio of hydrogen and
deuterium mobilities in bulk solution, 1.4 [118], where Grotthus conduc-
tance is thought to be prominent, albeit complex [119, 120]. In M2
expressed in oocytes, the isotope effect on conductance is considerably
higher: 1.8–2.5 and it also shifts reversal potentials upward by 10–20 mV
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[33]. The decreased conductance and increased selectivity are consistent
with tighter binding of deuterium to a binding site during passage through
the M2 channel [121, 122].

The propensity for a buffer to deliver permeant protons to the channels
and thus to speed up transport can also be compared with gramicidin. In
gramicidin, the addition of 2 M formic acid to the bath increases single
channel conductance 12-fold [123]. In oocytes, inward M2 current pro-
duced by hyperpolarization at constant pH (5.8) is increased by a factor of
2.5 when external buffer (4-morpholineethanesulfonic acid) is increased
from 0.15 to 15 mM. In both cases, it appears that external buffer acts as a
reservoir of protons to prevent diffusion limitations at the entrance, and
hence that entry can be somewhat rate limiting.

Although it is possible that the carbonyl-lined walls of the gramicidin
channel are unusually hospitable to Naþ coordination compared, for
instance, to side-chain lined walls in M2, it otherwise seems unlikely that
the exquisite selectivity for protons over Naþ observed with M2 could be
obtained with any water-filled pore. Nevertheless, recent molecular
dynamic simulations of the triply protonated tetrameric M2 transmembrane
domain using the empirical valence-bond theory to represent proton
motions in water (but not bonded to protein) yields a permeability ratio
of 6000 [56], in spite of the observed opening of the H37 filter to a diameter
sufficient to accommodate complete hydration. In this simulation, the
calculated free energy profiles and diffusion coefficients for Hþ implied a
maximum conductance of 53 pS and, for the triply protonated channel, a
pKa for titration of the first H37 of 6.6. Factors that tighten up the H37
filter, such as inclusion of anions, quantum mechanical interactions of
imidazoles, different tilt, kink, or helix rotation parameters, could increase
the selectivity to >6� 106 [26], bring the open-state conductance down to
<100 fS [26], and raise the imidazole–imidazolium interactions to increase
the first pKa to>8.0 [68] to become more in line with experimental results.
Some of these modeling efforts are underway but so far have not done much
to achieve the goal of tightening the triply charged H37 filter [61, 78, 124].
3.3. Acid Activation and Saturation of Inward Current

There are two ways in which acid activation are manifested. The first [26,
114] is illustrated by Fig. 4, which is taken from Chizhmakov et al. [26].
Inward current at constant holding potential increases with increasing bath
acidity, as if a gate on the N terminus senses the pH and opens the channel.
Similar results occur with the transfected oocyte assay (Fig. 5). Although we
will continue the tradition of referring to this phenomenon as acid activa-
tion, interpretation is complicated. Namely, the effects of mass action and
driving force have to be deconvolved. Whether viewed kinetically or
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Figure 4 Whole cell chord conductance, g¼ IH/(Vm�VH), normalized to pHo 4.0,
Vm¼� 60 mV, for M2-transfected mouse erythroleukemia cells voltage clamped
at � 60 mV (triangles) or þ 60 mV (circles). The sigmoidal increase with decreasing
pHo suggests a saturable binding site that limits flux at low pH. At high pH, flux does
not increase as rapidly as [Hþ], suggesting that rate is limited primarily by the transport
process rather than by collisions of protons with open channels. Reproduced with
permission by Wiley Publishing from Chizhmakov et al. [26].
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thermodynamically, the rates of proton collision with channels and VH are
increasing in this experimental paradigm and, either way, would cause an
increase, in fact, a steeper increase. The rising inward current in the range of
pH 7–8 seems remarkable because mass action would predict a low collision
rate of protons with channel openings, perhaps 102 or 103 s� 1 assuming a
pseudo-first-order rate constant of 1010M� 1 s� 1, which would limit
molecular current to the sub-fA range. The saturation would not be
expected for an open channel. Hþ currents do not saturate in gramicidin
channels until pH<� 0.6 [125], presumably for lack of a saturable serial site
in the transport path. Therefore, not only does the activation curve suggest
acid-gating, but it also suggests that the channel is really a transporter with
access to a reservoir of protons when the bath is pH 7–8, with a constricted
transport pathway containing a rate-limiting saturable binding site with a pK
in the range of 5–6 [26, 32].
3.4. Base Block of Backflux

The second manifestation of acid activation is less ambiguous and deserves a
name of its own both because of the experimental paradigm it represents
and because it may derive from a distinct mechanism, but it appears to be
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normalization), and thus must be transporting other ions. Reproduced with permission
by Biophysical Journal/Elsevier from Wang et al. [32].
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only the converse of the first, so it, too, is usually referred to as acid
activation. Here, we will dignify it with a unique name. ‘‘External base
block of outward current’’ would be an accurate name, but for the sake of
alliteration, we will simplify this to ‘‘base block of backflux.’’ This describes
the experimental paradigm, which is to acidify the cell interior and hold the
membrane at a positive potential, then vary the external pH and examine
the effect on outward current flow. Figures 6 and 7 show results of such
experiments with mouse erythroleukemia and Xenopus oocyte cells. In both
cases, high pHo blocks outward current, even though mass action and
thermodynamics would cause an increased proton efflux. The activation
curves determined with this paradigm are a convolution of gating and
permeation phenomena, but conclusively demonstrate gating.

Trp41 appears to be an important factor in base block of backflux and
allows us to identify a possibly telling distinction between acid activation
and base block of backflux [126]. Mutations of W41 to C, A, Y or F retain
acid activation, but cause an 0.8-unit upshift in the pKi of (i.e., weaken) base
block of backflux, and C, A, or F cause a six- to eightfold increase in
outward current after cytoplasmic acidification. W41Y does not cause an
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Figure 7 Brief (2 s): intermittent ramps in membrane potential (approximately � 20
to þ 70 mV) in the voltage-clamped M2-transfected Xenopus oocyte give rise to
membrane current ramps, represented by the vertical bars. The dashed horizontal
represents zero current. The bottoms of the bars show the usual inward current
response to external acidification and block by amantadine, while the tops demonstrate
the transporters ability to reverse the direction of current flow. Current flows into the
cell when the net driving force on protons in the M2 pore is reversed. Base block of
efflux is demonstrated by the fact that the peak outward currents (bar tops) are smaller
at pHo of 8.5 than at pHo of 5.8, even though the driving force is larger because of the
reduction in VH. Fashioned after Fig. 1A in Mould et al. [30].
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increase in proton efflux and hydroxybenzyl methanethiosulfonate addition
to W41C blocked the increased influx found with W41C, strongly suggest-
ing that the hydroxybenzyl of tyrosine can interact, perhaps with H37, as
well as tryptophan does to block efflux. The conclusion is that W41 plays a
key role in producing base block of backflux, but not acid activation.
However, it is not the only player. Rostock M2 was found to be unusual,
compared to Weybridge (and Udorn), in that it causes sevenfold higher
membrane conductance in transfected mouse erythroleukemia cells and
lacks base block of backflux [127]. Any of three mutations can restore the
low conductance, base block of backflux phenotype: V27I, F38L, and
D44N. This strongly suggests that these three residues cooperate with
W41 to produce base block of backflux. They are all emerging as key
players from other perspectives. V27 forms the N-terminal sphincter
(Fig. 1B) and controls amantadine binding. F38 has been involved in a
dispute over the mechanism of amantadine block [43, 72]. D44 forms a salt
bridge with R45 of the neighboring subunit in the crystal structure [44] and
has been suggested as a candidate for a role in acid activation [63]. Because
Weybridge M2 is still highly selective and its conductance saturates around
pH 4, its selectivity filter and primary inline rate-limiting transport step are
intact, consistent with its conservation of the structure and role of the H37
filter (Fig. 1B). Base block of backflux produces additional inhibition of
transport over and above the rate limitation imposed by H37 binding, and
represents cooperative behavior involving interactions between residues on
both sides of H37. One could expect this cooperation to be evident in some
change in helix tilt, kink, or rotation in the transmembrane domain.

3.4.1. Gating: Further Implications
It is important to point out that, like a channel, M2 transport does not
rectify. It can carry outward current just as well as inward current when Vm

is varied about the reversal potential [26, 30]. This implies that the rate-
limiting steps in transport are voltage-sensitive and that the direction of
proton transport is affected by chemical potential, that is, the Hþ concen-
tration gradient. When thinking in terms of channels, the explanation of this
concept [128] lies in the thermodynamic driving force that governs the flow
of ions in the channel (analogous to fluid flow in a pipe), namely the
difference between the membrane potential, Vm, and (because M2 is proton
selective) the Nernst potential for Hþ, VH. The chemical potential effect is
due to mass action effects at the channel entry when entry is rate limiting
(i.e., the probability of a transported solute entering the channel increases
proportionate to the concentration in the bath), and to Fick’s first law of
diffusion when transfer through the channel is rate limiting, that is, protons
flow down their concentration or occupancy-probability gradient.

With M2, acid-gating complicates the channel view of transport
through a water-filled pore. Until recently, however, there has been a
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strong tendency to rationalize M2 transport in terms of a gated channel, and
given the reversibility of the direction of proton current flow, which
appears to be driven by the thermodynamic driving forces operational in
channels, any revision of the view of the transport mechanism would have
to accommodate these facts. Inward current through M2 appears to saturate
at pHo 4 [26], suggesting that at this pH transport through the channel is
rate limiting and that at higher pHo entrance of protons into the channel is
rate limiting. This is consistent with either a channel or a transporter, but the
fact that saturation occurs at such a low free [Hþ]o (0.1 mM) is probably not
consistent with an open channel. On the other hand, if M2 is a transporter,
that is, if the conductance path is always clogged by inward pointing side
chains that obligatorily rotate to pass protons through a dehydrated region of
the pore, one would expect the drop in membrane potential to be highly
focused on that region, particularly if the rest of the transport pathway is water
filled [129, 130]. The focus of the membrane potential would still lead,
thermodynamically, to the linearity in the current–voltage relationship near
the reversal potential according to the small signal theory, but would, in this
case, be affecting quantum mechanical processes.

At this level, as we try to explain and understand transport, it is very
important, though, to avoid the comparison to irreversible unidirectional
transporters. It is tempting to think of M2 as a unidirectional (N-to-C)
proton transporter because the usual experimental paradigms [72] utilize
inward (N-to-C) transport, because its viral functions are primarily to
transport protons into the virus (N-to-C) [25] or out of the trans Golgi
(N-to-C) [131, 132], and because its toxic function when expressed heter-
ologously [133] is to shunt physiologically crucial proton gradients by
carrying protons into the cell (N-to-C). Because of this, it seems natural
to describe the transporter as blocked for outward current by the presence of
Trp side chains forming a shutter that is closed to proton passage from C
to N, but open to passage from N to C [63, 126], but this would lead to
inaccurate expectations: the reversibility must be kept in mind. Although,
the acid-gating of M2 does give the ‘‘feeling’’ of unidirectionality, care must
be taken to avoid the trap of trying to explain rectifying transport.
Specifically, explanations of acid activation that invoke protonation of
residues at the N terminus, such as D22 [55, 66], seem to be required.
However, it may be possible that deprotonation of the H37 residues due to
efflux stimulates H37–W41 interactions that close the W41 shutter.

In the future, determination of acid activation and base deactivation rates
might lead to understanding about the protein components involved in acid
activation, provided perfusion delays can be deconvolved. The rates are
quite fast, � 250 ms, judging from the data in tissue culture preparations
with very small mouse erythroleukemia cells [26, 127]. In the large oocytes,
bath turnover takes longer, perhaps a few seconds. Because the oocytes are
treated with collagenase, there does not appear to be a significant diffusion
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limitation from the vitelline membrane, judging from the rapid access of
buffer to the channels [33]. In some mutants (S31N, W41F), the activation
appears markedly slower [22, 72, 126] than inactivation, which demon-
strates that slow bath exchange is not the cause of the appearance of slow
acid activation for those mutants. Exploration of the structural changes that
occur in these mutants over the course of several seconds during acid
activation is likely to shed light on the mechanism of acid activation in
the wild type. It may become possible, using stopped-flow spectroscopy for
instance, to improve the resolution of the acid-activation event in the
wild-type M2.
4. Reconstitution of M2

4.1. Bilayer Channels

BLMs are often used to reconstitute ion channels, either by direct addition
of channel protein to the lipid in folded or painted bilayers, or by spontane-
ous or osmotically induced fusion of channel-containing liposomes. BLMs
have the advantage of demonstrating individual molecular currents whose
oscillation between fully closed and open states is related, directly or
indirectly, with gating modulation.

Early in the search for M2 as a channel, there were two reports of M2
reconstitutions into BLMs. The first was with M2 transmembrane domain,
prepared by peptide synthesis, purified by HPLC, sequenced, and added
(1 mg peptide in 6 ml methanol) to the cis chamber outside a cup with a
300 mm aperture containing a painted BLM (POPE/POPS 1:1 in decane) in
symmetrical 50 mM glycine buffer solution titrated to pH 2.3 (free [Hþ] ¼
5 mM) [19]. Single channel currents were boxcar-shaped (distinguishing
molecular activity from generic deterioration of membrane resistance), had
an open-state conductance of � 10 pS and average lifetime of 20 ms, and
disappeared upon the addition of 20 mM amantadine. A pH gradient yielded
Goldman–Hodgkin–Katz rectification with reversal potentials near VH,
indicating good (but not exquisite) selectivity for protons over Cl�, Kþ,
and Naþ. This result was reported in 1992, which could be called the birth
year for M2 channel studies [21, 134], and was heralded as a strong
demonstration of the channel forming potential of M2. However, in spite
of repeated efforts in our lab, the results have not been reproduced.We tried
on several occasions between 2001 and 2005 to obtain single channels with
the M2 transmembrane domain, using various similar conditions, with
sporadic appearances of channels but no reproducible success. Between
2005 and 2006, one student in my lab performed over 100 experiments
using experimental conditions identical to those of Duff and Ashley, assur-
ing membrane thinning by capacitance or post hoc gramicidin addition, and
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sometimes increasing the peptide concentration by up to a factor of 100, but
rarely saw channels [135], and was unable to demonstrate amantadine
sensitivity (S. Leathen Madson, personal communication). We do not
currently have an explanation for this difficulty in reproducing the initial
results. But it is frustrating because the information gained about activity,
gating, drug block mechanism and permeation selectivity from single chan-
nel results can be very informative about mechanisms. Meanwhile, we did
observe proton uptake by liposomes containing M2 transmembrane domain
[68], which has now been confirmed using a similar method [43]. In our
initial experiments, the transmembrane domain transport was not blocked
by acute exposure to 1 mM amantadine (Craig Moffatt, personal commu-
nication). However, in the more recent report, overnight soaking of
liposomes in 100 mM amantadine blocked 80% of the M2 transmembrane
domain induced proton uptake [42]. The liposome assay, developed for M2
by Cornelia Schroeder and colleagues in the Hay lab [36], and results
obtained with larger truncated and intact protein, will be described further
below.

Secondly, in 1994 successful reconstitution into BLMs of full-length M2
protein was reported [20]. The M2 was isolated by IgG affinity chromatog-
raphy from the Nonidet P-40 stabilized membrane fraction of lysate from
CV-1 cells infected by the influenza A virus or from Spodoptera frugiperda
(Sf9) cells infected with a recombinant-MN2 baculovirus. After dialysis
against phosphate buffered saline with 1% octylglucoside, the detergent-
micelle packed M2 was added directly to the cis chamber containing a
bilayer folded over a 50–80 mm aperture in a Teflon partition from
pentane-based monolayers of soybean azolectin or PE:PS (1:1). The single
channel currents were not persuasive, with considerable irregular,
non-boxcar shapes, low selectivity, and moderate reduction of conductance
by 100 mM amantadine. At neutral pH, high and low conductance channels
were observed and the high conductance channels were preferentially
terminated by amantadine, while the conductance of the low conductance
channels was reduced. Reducing the pH symmetrically to 5.4 appeared to
convert low conductance channels to high conductance channels.

These results with the full-length protein were also difficult to
reproduce. In collaboration with Prof. Larry Pinto, Prof. Carl S. Helrich
spent a sabbatical year (1996–1997) on painted-bilayer experiments, initially
with transfected oocyte extract, but primarily with purified influenza A M2
protein preparations. Boxcar-shaped channels were routinely observed with
the purified protein, but were insensitive to amantadine or to boiling (Carl
S. Helrich, personal communication). In 2004 our group reported the
results of 4 years effort to reproduce the results [34] using C17S,C50S
Udorn A with C-terminal His tag reconstituted into liposomes (DMPC:
DMPG 4:1) from E. coli inclusion bodies after purification with a Nickel
column and incorporation by dialysis. We used painted, decane-containing
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bilayers, generally comprised of a mixture of brain lipids (4 PE, 1 PC, 1 PS,
2 cholesterol) to which vesicles were fused spontaneously. At pH 3, we
routinely observed boxcar-like 6 pS channels (Fig. 8). They occurred with
the same frequency but 50% of the conductance in 300 mM amantadine.
Addition of Naþ, Cl�, or tetramethylammonium to the bath did not
increase single channel conductance, leading to the suggestion that they
were proton selective. But changes in [Hþ] showed single channel currents
to increase between pH 4 and pH 3 before saturating. There was no hint of
the high conductance (25–500 pS) events reported previously [20], nor of
reduction in channel frequency by amantadine addition. Channels occurred
regularly, generally within 5–10 min of stirring in the proteoliposomes.
Although we calculated that 200-nm vesicles would have 200–600 M2
tetramers, based on the weight of protein added, we never saw more than a
few channels conducting simultaneously. At that time, we did not know
whether this was because the channels had a very low open-state probability
or the protein had a low activity level. The differences with the original
report might be ascribed to folded versus painted bilayers, or to differences
between eukaryotic and prokaryotic expression, as the former allows for
posttrational modifications, which include disulfide linkages at C17 and/or
C19, palmitoylation of C50, and N-terminal phosphorylation and glycosyla-
tion [79, 136]. However, preliminary experiments with folded bilayers in our
lab yielded no differences (Chris Larson, unpublished results), and the
posttranslational modifications have been shown not to affect channel
behavior in cellular expression systems [136, 137]. The incomplete block
by amantadine and the saturation of conductance increase at a pH 3 rather
than pH 5 (Figs. 4 and 5) deviated from the established cell expression
behaviors.
A

B

C

0.5 pA
2 s

Figure 8 Single channel proton currents through full-length M2 in BLM at pH 3.
Current trace in (A) 1 mM HCl, (B) 150 mM NaCl, 1 mM HCl, (C) 150 mM
tetraethylammonium chloride, 1 mM HCl. All three are of similar single channel
conductance, suggesting good Hþ selectivity. Random boxcar shape is encouraging,
but amantadine block was through conductance reduction rather than elimination of
activity, as with previous reports. Reproduced with permission by Biophysical Journal/
Elsevier from Vijayvergiya et al. [34].
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Our lab also carried out extensive experiments over the subsequent four
years at neutral pH, also in painted bilayers, which have been reported at
meetings [138–140] and are being readied for publication [35]. In brief, the
channels continued to be clean and boxcar like, proved to be nonselective
among cations when reversal potentials were measured, insensitive to heat,
amantadine, or boiling with amantadine, unaffected by several mutations
(including revised placement or removal of the His tag), unaffected by
detergents utilized in lysis and reconstitution or by whether the protein
was taken from the inclusion body fraction or the membrane fraction of the
bacteria, and found to represent <1% of the nominal tetramer content of a
vesicle. We searched for, but did not see amantadine-sensitive shifts in
baseline upon fusion of vesicles containing sufficient protein under acidic
conditions where transport should be optimized. Reduction of pH did not
affect the opening and closing rates of the channels, nor enhance the
channel conductance. The channel behavior in BLMs does not appear to
represent the majority of the protein or to display the characteristic
functions observed in cell expression systems. Meanwhile, the same pre-
parations yielded amantadine-sensitive proton-selective uptake in lipo-
some assays [41].
4.2. Liposome Assays

As alluded to above, Schroeder and colleagues first demonstrated, using
trapped pyranine (a pH sensitive dye), that liposomes (with a Kþ gradient,
symmetric pH of 7.4, and containing reconstituted M2 and valinomycin in
the membrane) are acidified unless exposed to 0.1–1.0 mM rimantadine or
N-ethyl-rimantadine [36]. This was the first demonstration that M2
(extracted from lysed Sf9 cells into octylglucoside, purified by antibody-
based affinity column chromatography, and reconstituted into DMPC:
DMPS (85:15) vesicles containing valinomycin by dialysis) could transport
protons in a rimantadine sensitive way in vitro.

This finding was extended (Fig. 9) to demonstrate that reconstituted M2
has very low Hþ transport rates. The computed molecular time-averaged
conductance for the ectodomain-out tetramers was 1.2� 10� 18 A (1.2 aA)
at pH 7.4, which corresponds to 7.5 protons/tetramer/s. At pH 5.7, the
conductance increased to 2.7 or 4.1 aA, depending on whether purified or
complex liposomes were used, which corresponds to 17 or 27 protons/
tetramer/s. Transport is selective for protons by a factor of 3� 106 over
Naþ or Kþ, is essentially completely blocked by 1 mM rimantadine, and Hþ
transport rate drops abruptly by a factor of � 10 between 19 and 11 �C at
pH 7.4, but only slightly at pH 5.7 [40]. The response to acidic conditions is
encouraging, but not as great as expected from cell-clamp results. The
rimantadine sensitivity in the 1 mM range indicates that the active protein
in the vesicles is conformationally sound, considering that amantadine block
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Figure 9 The liposome assay shows good acidification of pyranine trapped in vesicles
(filled triangles). Rimantadine injected 5 min beforehand eliminates proton uptake
(open triangles), like that seen when there is no Kþ gradient (filled circles), while
rimantadine exposure at time 0 causes a reduction in uptake rate (open circles).
Reproduced with permission by the American Society for Microbiology from Lin and
Schroeder [39].
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is vulnerable to very small changes in amino acid side chains in the channel.
Likewise, extreme selectivity probably requires conformational accuracy,
especially a tight H37 filter, because recent molecular dynamics simulations
in our lab indicate that very small openings in the M2 channel lumen would
allow high-speed channel-like transport of anions and cations [124].

It should be noted that the disparity between the time-averaged single
channel current in the transfected oocyte system, � 0.5 fA at pH 6.2 and
Vm¼� 130 mV [33], is � 100 times higher than the current calculated
from the liposome assay. This might be unveiling an error in the specific
activity assay that leads to an overestimate, such as an underestimate of the
number of functional M2 molecules in the membrane. More likely, it
indicates that the reconstituted protein is not all functional. This could be
for lack of conformational quality, but might have more to do with vesicle
quality. If a large fraction of the protein is incorporated into lipid struc-
tures that do not encapsulate accessible dye, such as micelles, multilamellar
vesicles, or leaky vesicles, the nominal value for the number of functional
channels is a large overestimate and the molecular transport rate is highly
underestimated.

Returning briefly to the BLM assay, it is interesting to explore whether
the single channel conductance levels observed there would be consistent
with the time-average single channel conductance taken from the oocyte or
liposome assays. In the most recent BLM study [34], the open channel
conductance was 6 pS, but it was calculated that if all of the� 400 channels
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per vesicle were active, the time-average single channel conductance is
lower by a factor of 7.5� 10� 5, the estimated probability of being in the
open state, that is 0.45 fA at pH 3. We now believe that only a few (for the
sake of round numbers, let us say 4) out of the 400 tetramers in a vesicle were
causing the single channel current, so the BLM assay yields a time-average
current of 45 fA, which, considering the acidic conditions, might be reason-
ably comparable to the 0.5 fA estimated from oocytes at pH 6.2. But, as noted
above, the BLM channels do not otherwise function like cell-expressed M2,
including the fact that cell expressed M2 saturates at low pH, so it is not
reasonable to extrapolate its conductance to higher pH levels by assuming
mass action. In any event, determination of the molecular transport rate in
any of the three systems, cell expression, BLM, or liposome, will require
identification and analysis of the challenges mentioned.

In the past few years, the liposome assay has become the assay of choice
to assure that reconstituted protein is functional. With M2 extracted from
E. coli, purified by nickel column, and reconstituted by dialysis into vesicles,
amantadine-sensitive proton-selective uptake was reported last year [41].
The average channel conductance was lower than for that from the Sf9 cells
by a factor of � 10, and did not increase when the pH was reduced. Several
successful studies showing good uptake rates and amantadine sensitivity
were subsequently carried out by Joshua M. Rausch in the Pinto lab using
encapsulated pH sensitive dyes, and were reported at the Biophysical
Society meetings [141]. This year, M2 (18–60), the truncated tetramer
used for the solution state NMR structure [45], was found to transport
6.5� 0.5 protons/s (pHo /pHi ¼ 6.05/7.70, Vm¼ 0 mV) (Fig. 10), a
specific activity similar to that seen with the Sf9 protein [40] and to be
amantadine selective [43]. Two mutations in the truncate [43] expected to
6.15
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M2 channel

WT (18–60), 10 m M rim.

WT (18–60), 0 m M rim.

Figure 10 The liposome assay shows a strong upstroke in external pH with M2
(18–60) and valinomycin mixed initially in the membrane, but not with 10 mM riman-
tadine present (filled diamonds). Reproduced with permission by Proc Natl Acad Sci
USA from Pielak et al. [42].
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confer amantadine resistance, V27A and S31N, did so, whereas another
that, as far as we can tell, was previously untested, S31A, did not. The
homologous M2 peptide from influenza B, known to conduct protons but
to be amantadine insensitive, displayed specific activity like influenza A M2
and amantadine insensitivity as expected. Most striking was the finding
mentioned earlier that D44A eliminated amantadine sensitivity (Fig. 11),
and that amantadine sensitivity was reduced by simultaneous mutations of
external binding pocket neighbors L40, I42, and L43. Although an early
oocyte study had suggested that the D44A mutation reduced amantadine
sensitivity, debate over whether amantadine blocks allosterically by binding
externally to D44 [45] led to reevaluation of the oocyte result [72] with
negative results. Namely, D44A does not render M2 insensitive in the
oocyte (Fig. 12), nor does D44N in Rostock or Weybridge [142].

Additionally, the DeGrado lab developed the liposome assay during the
past year and has shown [42] that the transmembrane domain, the M2
(19–62) truncate, and the full-length protein all give similar specific
activities and amantadine sensitivities in the liposome assay (Fig. 13), as
well as, for the latter two, in the oocyte assay (Fig. 14).
4.3. Why are Liposomes Better for M2 Functional Assays?

So why does the protein function reproduce amantadine sensitivity and
selectivity in the liposome assay, but not in the (current) BLM assays? We
have mentioned several possibilities, which we summarize and expand on
next. Firstly, there are biases built into the assays in this situation. Proton
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Figure 11 There is no block by amantadine in the proton uptake of the M2 (18–60)
D44A mutant in the liposome assay (circles) compared to no amantadine (diamonds).
Reproduced with permission by Proc Natl Acad Sci USA from Pielak et al. [43].
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uptake by a large population of channels liposomes, speaking qualitatively
and with respect to amantadine sensitivity and selectivity, is insensitive to
aberrant channels, because vesicles with nonfunctional protein only show
reduced uptake and vesicles with dysfunctional, channel-like protein will be
rapidly depolarized. On the other hand, the BLM assay, with its ultrahigh
resolution of membrane conductance, highlights channel-like proteins.
With osmotic gradients, BLMs selectively fuse with vesicles containing
osmolyte-permeable channels [143], such that vesicles containing relatively
impermeable transporters may not be very fusigenic.

The membrane thickness or direct effects of alkane solvent on
membrane protein structure and function may affect protein structure and
dynamics in BLM studies. The vesicle delivery method is particularly
susceptible if conditions favor M2 tetramer disassembly, because once
dissociated, monomers are unlikely to find new partners in the large area
of the BLM. Liposomes have no solvent and have a small surface area, which
should encourage subunit assembly by confinement.

There may be a difference between the surface tensions of liposomes and
BLMs. For the BLM, the difference between the bilayer and the bulk phase
(lens or Plateau–Gibbs border) is 0.00 dyn/cm in decane inflated monolein
bilayers and up to 0.84 dyn/cm in monolein–triolein bilayers based on
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wild-type M2 all show similar proton uptake and block by amantadine. Reproduced
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Figure 14 When expressed in transfected Xenopus oocytes, the truncated M2 (21–61)
shows the same acid activation and amantadine sensitivity as the wild-type M2.
Reproduced with permission by Proc Natl Acad Sci USA from Ma et al. [41].
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measured contact angles [144]. From the drop volume method [145], the
maximum surface tension in the bulk phase before lysis due to buoyancy is
3.84 dyn/cm for the monoolein/decane mixture, and 1.82 dyn/cm for the
‘‘solvent free’’ monoolein/triolein mixture [144]. Thus the surface tension
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of the (entire) bilayer is 3.84 or 2.66 dyn/cm, respectively. Similarly, the
radius of curvature of a pressure-bulged egg lecithin/decane bilayer indi-
cates, according to the Young–Laplace equation, a surface tension of
1.62 dyn/cm [146]. Similar results have subsequently been obtained with
various diglyceride bilayers using this type of measurement [147–151],
complementing earlier measurements made by Tien showing ranges of
1–5 [152] and 0.2–6 dyn/cm [153] and an early calculation based on
measurement of the energy of bilayer formation, which yielded an apparent
surface tension of 3.4� 0.6 dyn/cm [154].

Relaxed vesicles with no osmotic pressure are expected, based on the
Young–Laplace equation, to have zero surface tension [155] because any
hydrostatic pressure gradient across the membrane should be readily
relieved by water permeation. Thinning effects or other chemical factors
might result in a higher equilibrium surface tension [156], but tether
extension experiments suggest a very low surface tension in relaxed vesicles
and cells, as low as 0.003 dyn/cm in the growth cone [157], for instance.

For molecular dynamics simulations, proper spacing of the lipid
molecules surrounding the M2 transmembrane domain requires applica-
tion of a surface tension of 40 dyn/cm [124]. This compensates the fact
that undulations of the flaccid (presumably zero surface tension) vesicle
membrane may stretch lipid molecules apart without increasing surface
tension [158], but it is not clear that this compensation does not inappro-
priately affect protein structure and dynamics in the small simulation
cell. In fact, the majority of molecular dynamics simulations with M2
transmembrane domain utilize isotropic constant pressure (zero surface
tension), one effect being that the V27 sphincter is more prone to complete
closure [61].

It is not known whether living cells and virions are flaccid, that is, lack
osmotic strain or other chemical factors that might induce surface tension
[159]. For instance, the ribonuclear proteins in the virion may attract water
and strain the membrane. There is still considerable debate [158–161] and
disparity of opinion about the surface tension in cells [162, 163] and the
surface tension of lipid monolayers that best represent cells [164] (also see
background discussion and citations in Feller and Pastor [158]) or liposomes
[165, 166]. But the measurements discussed above suggest that the surface
tension of planar bilayers is generally a few dynes/cm, whereas liposomes, in
which osmotic strain is easily controlled, would have zero or even negative
surface tension in isotonic or hypertonic solution. For instance, measure-
ments of tether radius and tether force in DOPC/cholesterol vesicles
permeabilized by streptolysin O [167] were analyzed by a mechanical
model that takes surface undulations into account indicating initial surface
tensions of 82 and 72 mdyn/cm, respectively [168]. It is tempting to
speculate that M2 has behaved differently in BLMs than in vesicles because
of higher surface tension in BLMs.
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4.4. Advanced Liposome Techniques for Selectivity,
Acid-Gating, and Liposome Activity

The proton uptake and amantadine sensitivity assays are straightforward.
But what about the other aspects of M2 behavior which are expected to be
sensitive to protein structure and dynamics? First, we clarify the two
methods used so far to examine proton selectivity. Then, we suggest
methods to search for indications of acid activation and base block of
backflux. Finally, we suggest a method for assessing the fraction of lipid
forming polarized liposomes based upon the predictions of the electro-
chemical compartmental analysis suggested by Moffat and colleagues [41].

Liposomes can take up (or release) neutral molecules until the concen-
tration gradient is eliminated, but when charged particles are taken up,
electrochemical equilibrium is achieved very rapidly through the formation
of the membrane potential. When a semipermeable membrane, permeable
only to one cation (such as Hþ), becomes permeable to a second ion (such as
Kþ), and for one or both ions there is a concentration gradient, the system
behaves like a Donnan system [169, 170], which refers to a system of
impermeable ions such as proteins (or, in our case, Cl�) dissolved in
electrolyte within one compartment (e.g., intracellular, intravascular, or in
our case intravesicular) and isolated from other compartments (e.g., extra-
cellular or extravesicular fluid) by a semipermeable membrane. Perturba-
tions from equilibrium will lead to relaxations back to the equilibrium, but
because of the principle of electroneutrality, the equilibrium will be a joint
Nernst equilibrium, rather than equalization of concentrations for the two
species inside and out. Such a system can be modeled with compartmental
analysis, taking buffers, ion concentrations, permeabilities or conductances,
and membrane potential into account [41]. This type of model has been
used to analyze equilibrium conditions in two-compartment systems
[171–173], Naþ equilibration between two sets of liposomes using a three
compartment analysis [174], and for two-compartment analysis of transport
in the cornea endothelium with eleven transport mechanisms under steady
state conditions [175]. With the semipermeable membrane, the membrane
potential quickly becomes the Nernst potential for the permeable ion,
because it takes the transport of very few ions to produce a membrane
potential gradient equal but opposite to the chemical potential gradient.
The entry of 196 cations is required to charge up the membrane of a 100-
nm diameter vesicle, capacitance of 1 mF/cm2, to þ 100 mV, which is a
small perturbation of the original number of cations inside the vesicle under
physiological conditions (150 mM monovalent electrolyte): 4.7� 105.
With a Donnan system, where the membrane is permeable to two ions,
both can flow through the membrane down their electrochemical gradients
until the Nernst potential for each ion is equal to the membrane potential.
At that point, Donnan equilibrium is reached. There is no driving force on
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both ions, and the net fluxes of both ions stop. It could occur at any
intermediate membrane potential, depending on the quantities (chemical
capacities) of the two ions, and any associated buffers, on the two sides of the
membranes. The assays are designed so that one ion (Naþ or Kþ) has much
higher permeability, through a high concentration of ionophore (generally
valinomycin for Kþ or monensin for Naþ) than the ion of interest (Hþ).
The proton influx will be rate limiting, and the initial rate of proton uptake
will depend only on the M2 transport rate and the total number of
functioning M2 tetramers in the system.

Lin and Schroeder [40] used Naþ gradients and Kþ gradients to prove
proton selectivity. They first put vesicles containing monensin into an
outward Kþ gradient (symmetrical pH). Any leakage of Kþ through the
M2 transporter would then allow Kþ–Hþ exchange without a buildup of
membrane potential, but they saw none. Then they did the converse
experiment and put vesicles containing valinomycin into an outward Naþ
gradient, and again found no Hþ flux. Moffat et al. [41] used a different
approach and came to the same conclusion. Vesicles were incubated in the
inward Naþ and outward Kþ gradient for variable lengths of time and the
size of the peak attained after permeabilizing the membranes was measured.
Any leakage of Kþ or Naþ through M2 should cause a rundown in ionic
gradients, reducing the driving force for proton uptake. Moffat did not
observe rundown on the 30 min timescale, from which the M2 preference
for Hþ was estimated to be >107.

So far, liposome studies with M2 have all used symmetrical solutions.
Acid activation is asymmetrical, requiring the N-termini of the parallel
four-helix bundle to be on the acidic side. Tetramers are randomly oriented
in liposomes [40]. External acidification should activate the N-out half of
the transporters, but leave the other half inactive, which should be factored
into the estimates of transport rate. Prolonged acidification may cause
protein activity run down, which would help explain the low activities
found under acidic conditions in these assays so far [40, 41]. It should be
feasible, however to pulse the pH to low values for a brief assessment of
uptake. The main precaution is that buffer strengths will vary, so that care
must be taken to assure that the buffer strength is assessed in each
experiment. This is usually done with a back-titration that encompasses
the pH range covered during vesicle uptake.

Design for a base block of backflux experimentwould best utilize a variable
external pH, an acidic internal pH, and an interior positivemembranepotential
to drive proton efflux via M2. This can be accomplished by encapsulating
Naþ buffer at lowpH (e.g., 5.5), immersing the valinomycin-doped vesicles in
external Kþ solutions varying from pH 6 to 8, and measuring the acidification
of the external solution. When pH electrodes are used, it is valuable to have
low buffer concentrations externally, and high buffer internally, which
would still be the case for the base block of backflux experiment.
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Finally, to assess the fraction of protein localized in a productive
environment, that is, polarized, accessible vesicles, one might determine
the fraction of lipid in the micellar (as opposed to vesicle) state, examine
the vesicle population with electron microscopy [176, 177], assess the
polarization of membrane voltage-sensitive dyes like Di-4-ANEPPS
[178], or assess the quality of dye trapping and the degree of dye leakage
from vesicles using the calcein [179] or the terbium/dipicolinic acid assay
[180, 181], for instance. We propose another simple way that might be
useful. The total external pH change that occurs before a set of vesicles
encapsulating a certain fraction of trapped volume reaches Donnan equilib-
rium depends on buffer contents inside and out, and the quantities of the
highly permeant ion inside and out. It is possible to predict the total external
pH change using a simulation and compare it to the measured pH change.
The measured change will be approximately proportionate to the fraction of
vesicles that are productive, that is, to the effective trapped volume (Fig. 7E
in Moffat et al. [41]). The contributing protein can then be taken as the
fraction of the total protein that would be distributed in that fraction of
lipid.
5. Summary

In summary, M2 transports protons 1.5–10 million times better than
other ions in cell expression systems and liposome assays. Molecular transport
rates are between 0.5 and 5 protons/s according to liposome assays and about
3000 protons/s in transfected oocytes. Proton uptake rates saturate when
external [Hþ] exceeds� 0.1 mM. The high selectivity, low conductance, and
saturation of flux at low substrate concentration all suggest that M2 behaves as
a transporter in cell expression systems. High selectivity and low transport rate
indicate that M2 functions as a transporter in liposomes. Amantadine and
rimantadine block M2 transport completely in liposomes and cell expression
systems, and eliminated channel activity in planar lipid bilayers in initial
reports, but these have not proved to be reproducible. Although bilayer
studies do show channel activity reproducibly, unpublished results indicate
that they are a minority component and do not have amantadine elimination,
exclusive proton selectivity, or acid-gating.We conclude that influenza AM2
functions as a transporter in cell expression and liposome systems and a
channel in planar bilayer systems, but that the liposome results match cell
expression results better, as far as they have been tested. Improved analysis of
specific activity and new studies of acid activation and base block of backflux
are needed to complete the search for functional characteristics of the intact
protein in the liposome assay.
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adhering colloidal particles or microtubules is examined. The effect of phase

separation and diffusion of macromolecules on the shape deformation of

multicomponent membrane is studied.
1. Introduction

Many types of stimuli can induce shape transformations of lipid
membranes and liposomes. The change of temperature or osmotic pressure,
the attachment of macromolecules to the liposome surface, interaction of
liposomes with rigid surfaces or colloidal particles are examples of stimuli
which cause shape transformations of liposomes. There are many examples
of processes, which involve encapsulation of large particles located inside a
biological cell and many mechanisms to attach the membrane of the cell to
the particle. Viruses are expelled out of biological cells in the process of
exocytosis, in which they are encapsulated in the cell membrane. Deforma-
tion of lipid vesicles or biological cells by rigid objects is also important
when such objects are used to manipulate the cells, for example, in AFM
experiments [1]. When a large particle touches the wall of a liposome, its
shape is deformed due to binding the lipid membrane to the particle. That
process was studied experimentally [2, 3], theoretically within the frame-
work of the curvature energy [4–8], by Brownian dynamics computer
simulations [9], and by dissipative particle dynamics [10]. The change of
the liposome shape can be induced by adsorption of the vesicle to rigid
surfaces [11] or by stretching the liposome by a microtubules. Microtubules
are rigid, cylindrical aggregates of the protein tubulin. When microtubules
are encapsulated inside lipid vesicles, they can grow due to the polymeriza-
tion of the tubulin and deform vesicles when the size of a microtubule is
larger than the distance between the walls of a vesicle [12–19]. A few types
of deformations have been observed. When two ends of the rigid microtu-
bule deform a vesicle, it may change its shape from a spherical one to a
vesicle which resembles Greek letter f or a dumbbell. It is also possible that
only one end of the microtubule creates a protrusion. In such a case, a
vesicle transforms into a new vesicle with the shape, which resembles a
cherry.

The knowledge of possible shape deformations of the vesicles can be
helpful in interpreting the shape transformations encountered in experi-
ments or in biological systems. The shape of the liposomes observed in
experiments can be mapped to some model situations predicted by theory.
Such mapping may be useful in analyzing and understanding experimental
results. We describe several examples of shape transformations of liposomes
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calculated within the framework of the spontaneous curvature model and
compare the predictions of the theory with a few known experimental
situations. In Section 2, the theoretical model is presented. In Section 3, we
describe the shape transformations resulting from the change of the volume
and spontaneous curvature. In Section 4, we present how interactions of
vesicles with rigid objects can influence shape transformations. In Section 5,
shape transformation of multicomponent membranes is described.
2. Model

Lipid membranes are models of two-dimensional fluids [20]. The
membrane forms a surface embedded in three-dimensional space. In the
modeling on the mesoscopic scale, it is important to grasp the main feature
of the studied system and disregard details, which have little or none
influence on the investigated phenomenon. Such model has been devel-
oped for membrane built of amphiphilic molecules, where the bilayers are
treated as mathematical surfaces and the stability of objects formed by the
bilayers is estimated from the curvatures of the surfaces [21–23]. The energy
ℱ of objects built of bilayer membranes is the sum of the integrals of the
mean curvature and the Gaussian curvature over the surface of a membrane.

ℱ ¼ k
2

ð
S

dSðC1 þ C2 � C0Þ2 þ �k
ð
S

dSC1C2; ð1Þ

where k and �k are the bending and Gaussian rigidity, C1 and C2 are the
principal curvatures, C0 is the spontaneous curvature, and the integral (1) is
taken over the surface of a closed vesicle, S. The first integral describes
elastic properties of the membrane. The second integral describes topologi-
cal changes. If the topology does not change, the second integral is constant
according to the Gauss–Bonet theorem. In most theoretical studies, the
vesicles with rotational symmetry are investigated. Sometimes it is because
the physics of the problem imposes such symmetry, sometimes it is because
of the computational simplicity. It is important to choose convenient system
of coordinates to describe the surface of the vesicle. The vesicle profile is
parameterized with the angle, y, of the tangent to the profile with the plane
perpendicular to the axis of rotation, as a function of the arc length, s,
as shown in Fig. 1. The parametric equations of the vesicle profile are
given by:

zðsÞ ¼
ðs
0

ds0 sinðyðs0ÞÞ; ð2Þ
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Figure 1 Schematic representation of a profile in the arc length parameterization y(s).
s is the arc length. Ls is the length of the profile.
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rðsÞ ¼
ðs
0

ds0 cosðyðs0ÞÞ; ð3Þ

where the arc length s is the parameter.
The principal curvatures can be derived from the equations describing

the surface of the vesicle. In the three-dimensional Euclidean space, the
vector R ¼ {x(c, s), y(c, s), z(c, s)} describing the points on a surface of
revolution, parameterized with the function y(s), is given by:

R ¼ fcosðcÞrðsÞ; sinðcÞrðsÞ; zðsÞg: ð4Þ

The angle of rotation c and the arc length s are coordinates on the
surface. x, y, and z are coordinates in three-dimensional Euclidian space. To
calculate the principal curvatures C1 and C2 on the surface, the metric tensor
gij is calculated in the following way [24, 25]:

gij ¼

@R

@s
� @R
@s

@R

@c
� @R
@s

@R

@s
� @R
@c

@R

@c
� @R
@c

0
BBB@

1
CCCA ¼ 1 0

0 ðrðsÞÞ2
� �

; ð5Þ

where

@R=@s ¼ fcosðcÞcosðyðsÞÞ; cosðyðsÞÞsinðcÞ; sinðyðsÞÞg; ð6Þ
@R=@c ¼ f�sinðcÞrðsÞ; cosðcÞrðsÞ; 0g: ð7Þ
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The unit normal n can be calculated from

n ¼ ð@R=@c� @R=@sÞffiffiffiffiffiffiffiffiffiffiffiffiffiffi
detðgijÞ

p
¼ �cosðcÞsinðyðsÞÞ;�sinðcÞsinðyðsÞÞ; cosðyðsÞÞg:f

ð8Þ

Next, Y and Lij are defined as

Y ¼

@2R

@s@s

@2R

@s@c

@2R

@c@s
@2R

@c@c

0
BBB@

1
CCCA; ð9Þ

Lij ¼ Y�n: ð10Þ

Lij are the coefficients of the second-fundamental form. TheHij tensor is
then

Hij ¼ g�1
ij Lij ¼

dyðsÞ
ds

0

0
sinðyðsÞÞ

rðsÞ

0
BBB@

1
CCCA: ð11Þ

The trace of the tensor Hij divided by 2 gives the mean curvature of the
surface. Thus, C1 and C2 are:

C1 ¼ dyðsÞ
ds

; ð12Þ

C2 ¼ sinðyðsÞÞ
rðsÞ : ð13Þ

The bending energy ℱ for the profile parameterized with the function
y(s) is given by the following formula

ℱ ½yðsÞ� ¼ k
2

ð2p
0

dc
ðLs

0

dsrðsÞ dyðsÞ
ds

þ sinðyðsÞÞ
rðsÞ � C0

� �2

; ð14Þ

where c is the angle of rotation. The surface area and the volume are
calculated as follows:
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S ¼ 2p
ðLs

0

dsrðsÞ; ð15Þ

V ¼ p
ðLs

0

dsr2ðsÞsinyðsÞ: ð16Þ

Sometimes it may be convenient to use different coordinate system to
parameterize the shape of a vesicle. For example, the arc length may be
replaced by the surface area of a rotationally symmetric vesicle a, as shown in
Fig. 2. The equations for the parameterization of the shape profile have the
following form:

zðaÞ ¼ 1

2p

ða
0

da0
sinðyða0ÞÞ

rða0Þ ; ð17Þ

rðaÞ ¼

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiða
0

da0 cosðyða0ÞÞ
p

vuut
: ð18Þ

The bending energy for the shape Eqs. (17), (18) is given by the
following functional:

ℱ ½yðaÞ� ¼ k
2

ðS
0

da
sinðyðaÞÞ

rðaÞ þ 2prðaÞ dyðaÞ
da

� C0

� �2

; ð19Þ
Axis of rotation
z

a = 0

a = a1

q

da

r

Figure 2 Schematic illustration of the parameterization of the vesicle shape. a is the
surface area of some part of the vesicle, measured from the pole to some tangent point.
y(a) is the angle of the tangent to the shape profile with the line parallel to r-axis.
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where C0 is the spontaneous curvature and S is the total surface area of the
vesicle. Such parameterization is useful in investigation of the diffusion
processes on lipid vesicles [26].

The volume, V0, and the radius, R0, of the sphere having the same
surface area, S, as the investigated vesicle are chosen as the volume and the
length units, respectively [11, 27],

R0 ¼
ffiffiffiffiffiffiffiffiffiffiffi
S=4p

p
; ð20Þ

V0 ¼ 4

3
pR3

0: ð21Þ
The dimensionless, reduced volume v and the dimensionless spontane-

ous curvature c0 are defined as follows:

v ¼ V=V0; ð22Þ

c0 ¼ C0R0: ð23Þ

In general analytic minimization of functional (1) is not possible. There-
fore, the functional has to be minimized numerically. It can be done by
solving differential equation [28]. However, for complex shapes this
method is hard to implement. In all calculations presented here, we use
the method which relies on expansion of the shape profile into appropriate
Fourier series and minimization of the resulting functional with respect to
the coefficients in the Fourier expansion. The proper series is the one which
by construction fulfills boundary conditions for the shape profile, that is,
y(0) ¼ 0 and y(Ls) ¼ p. The sine series almost perfectly fulfills the require-
ments for the set of functions, which we are looking for.

The following Fourier series is used to approximate the function y(s):

yðsÞ ¼ y0
s

Ls

þ
XN
i¼ 1

ai sin
p
Ls

i�s
� �

; ð24Þ

where N is the number of the Fourier modes, and ai are the Fourier
amplitudes. For simple shapes like prolate vesicles it is enough to take 40
Fourier modes to get the bending energy with very high numerical accu-
racy. For complex shapes with narrow neck more than 100 modes is
necessary. When Eq. (24) is inserted into Eqs. (2), (3), and (14), the
functional minimization can be replaced by the minimization of the func-
tion of many variables. Functional (14) becomes the function of the ampli-
tudes ai and the length of the shape profile Ls. The minimization is
performed under the constraints of constant surface area S and volume V.
The constraints in numerical calculations are implemented by means of
Lagrange multipliers.

We consider physical situations where the surface area of the liposome
does not change. Thus, the liposome can be characterized by the reduced
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volume and the spontaneous curvature. In this review, we concentrate on
the liposomes with the rotational symmetry, but in general other nonax-
isymmetric shapes are also possible. The simplest way to change the lipo-
some shape is by changing the reduced volume or the spontaneous
curvature. In experiments, the reduced volume can be varied by the change
of the osmotic pressure, since the membrane is permeable to the water
molecules. There are some evidence that the spontaneous curvature can
be tuned by the change of temperature [29–31]. The change of temperature
changes the spontaneous curvature globally on the whole surface of
the vesicle. Attachment of the macromolecules at the surface of the lipo-
some can induce the spontaneous curvature [32–36]. Macromolecules can
be attached selectively to some part of the liposome surface. Thus, they can
alter the spontaneous curvature selectively only on some region of the
liposome.
3. Shape Transformation of Vesicles

If there are no external constraints, shapes of vesicles are governed by
the reduced volume (Eq. 22) and the spontaneous curvature (Eq. 23). The
phase diagram for axisymmetric vesicles with small spontaneous curvature
has been already investigated [11, 27, 28, 37–40], but the phase diagram for
large spontaneous curvature is still not thoroughly explored. The investiga-
tion of the transformations of vesicles with nonaxisymmetric shapes [41–44]
and nonspherical topology [29, 45–47] reveals many interesting phenom-
ena. Here, we focus on the discussion of the vesicles with the spherical
topology and axisymmetric shapes. In Section 3.1, we review main results
for small spontaneous curvature. Results for the shape transformations of
vesicles with large spontaneous curvature are described in Sections 3.2–3.4.
In Section 3.5, we present an example of shape transformation of mem-
branes of nontrivial topology.
3.1. Transformations Induced by the Change of the Reduced
Volume at Constant Spontaneous Curvature

In the simplest case where the spontaneous curvature is C0 ¼ 0, there are
three basic shapes which minimize functional (1): stomatocytes, oblate, and
prolate. For small reduced volume, stomatocyte vesicles have the lowest
energy. For large reduced volume, prolate vesicles have the lowest energy
and for intermediate values of the reduced volume oblate vesicles have the
lowest energy.
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Figure 3 The profile of stomatocyte, oblate, and prolate vesicles for c0 ¼ 0 and
different reduced volume: (A) v ¼ 0.6515, (B) v ¼ 0.6515, (C) v ¼ 0.6515, (D) v ¼
0.70, (E) v ¼ 0.80, (F) v ¼ 0.90. The axis of rotation is in the vertical direction.

A B C D E

Figure 4 The shape profile of stomatocyte, oblate, and prolate vesicle for c0 ¼ 0 and
different reduced volume: (A) v ¼ 0.20, (B) v ¼ 0.40, (C) v ¼ 0.5915, (D) v ¼ 0.5915,
(E) v ¼ 0.5915.
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The change of the reduced volume results in discontinuous transitions.
For the reduced volume v ¼ 0.6515 and v ¼ 0.5915, vesicles with different
geometries exist and have approximately the same bending energy [28].
Figure 3 shows the vesicles with the reduced volume v � 0.6515. At v ¼
0.6515 the bending energy of the oblate (Fig. 3B) and the prolate (Fig. 3C)
vesicle is approximately the same, but the stomatocyte vesicle (Fig. 3A) has
higher energy. For smaller values of the reduced volume, oblate vesicles are
stable, whereas for higher values of the reduced volume prolate vesicles are
stable. Thus, at v¼ 0.6515 we have discontinuous transition which involves
the change of geometry. The shape of prolate vesicles changes from elon-
gated to spherical upon increasing the reduced volume (Fig. 3C–F).

Figure 4 shows vesicles for v� 0.5915: stomatocytes, oblate, and prolate.
The bending energy for the stomatocyte (Fig. 4C) and the oblate vesicle
(Fig. 4D) is approximately the same, but the bending energy of the prolate
vesicle (Fig. 4E) is higher [28]. Stomatocyte vesicles are stable for smaller
reduced volume and oblate vesicles are stable for larger reduced volume.
Thus, at v ¼ 0.5915 we have the second discontinuous transition which
involves the change of the geometry and symmetry. The stomatocytes
vesicles do not have up–down symmetry.
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3.2. Transformations Induced by the Change of the
Spontaneous Curvature at Constant Surface Area

To distinguish the role of the spontaneous curvature and the reduced
volume in the process of shape transformations, one can examine the case
where the surface area S of a vesicle is constant and the volume V is
unconstrained. Such situation may hypothetically happen when a mem-
brane is ideally permeable. Thus, the shape transformations are driven only
by a change of the spontaneous curvature C0. When the dimensionless
spontaneous curvature c0 is equal 2, the shape minimizing functional (1)
is a sphere and the bending energy is zero, since c1 ¼ c2 ¼ 1 at every point
of the surface. Increasing the spontaneous curvature beyond c0 ¼ 2 results
in a series of transitions in which the sphere is transformed into chains of
beads connected by small necks, as shown in Fig. 5.

The size, the number, and the shape of the beads are governed by the
spontaneous curvature. The transitions are discontinuous, which can be
easily seen from the plots of the reduced volume of the vesicles as a function
of the spontaneous curvature, presented in Fig. 6. The lines of open circles
denoted by letters from (A) to ( J) in Fig. 6 show the values of the reduced
volume and the spontaneous curvature for which a minimum of functional
(14) was found. The letter (A) denotes the minima for spheres, (B) for
dumbbells, (C) for tree-bead vesicles, and so on as indicated in Fig. 5. The
minima of the functional are either global or local, since for the same
parameters more than one solution is found. Comparing the curvature
energy as a function of the spontaneous curvature for two configurations
which differ by one bead, one finds the value of the spontaneous curvature
for which the energies for the two configurations are equal. These values are
marked by vertical arrows in Fig. 6. At these values, the configurations with
a larger number of beads become global minima while the configurations
with a smaller number of beads become local minima. For the configuration
B C D E F G H I J

Figure 5 The profiles calculated for a constant surface area and different spontaneous
curvature. The configurations with the minimal energy for a given number of beads are
shown. No volume constraint is applied. The dashed line denotes the symmetry plane,
only half of the vesicle is shown.



c0

0.4

2 3 4 5 6

0.6

0.8

1

n

(A)

(B)

(C)

(D)
(E)

(F)
(G)(H)(I) (J)

Figure 6 Reduced volume of the vesicles, v ¼ V/V0, versus the dimensionless
spontaneous curvature, c0 ¼ C0R0. Open circles denote the results of minimization
without the volume constraint. Open squares represent configurations composed of
touching spheres, with different numbers of spheres and the same total surface area.
Open diamonds denote the configurations with minimal energy from Fig. 5. The
dashed lines are added to guide the eye.
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Figure 7 The profiles calculated for a constant surface area and different spontaneous
curvature. The configurations with the minimal energy for a given number of beads are
shown. No volume constraint is applied. The spontaneous curvature is, respectively:
(A) c0 ¼ 4.25, (B) c0 ¼ 4.45, (C) c0 ¼ 4.625, (D) c0 ¼ 4.775, (E) c0 ¼ 5.025. The
dashed line denotes the symmetry plane, only half of the vesicle is shown.
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with a given number of beads, the decrease of the spontaneous curvature
results in widening the necks in such a way that all the necks become wider
simultaneously, see Fig. 7. Thus, by monitoring the width of the necks it
is possible to monitor the change of the spontaneous curvature. The
direction of the change of the spontaneous curvature can be also predicted.
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The knowledge of such a dependence between the shape of a vesicle and the
spontaneous curvature may be helpful in interpreting experimental results.
3.3. Transformation Induced by Spontaneous Curvature
at Constant Reduced Volume

In the ensemble of constant surface area S, volume V, and spontaneous
curvature C0, the configurations, which resemble cylinder closed at the ends
by hemispheres, become stable. The shape evolution driven by a change of
the spontaneous curvature, for vesicles with small reduced volume, is
particularly interesting because the transition from cylindrical vesicle to
the vesicle composed of many beads proceeds gradually. For low values
of the spontaneous curvature c0, the vesicle is mainly cylindrical, as is shown
in the configurations (A)–(F) in Fig. 8. Increasing the spontaneous curvature
induces the beading process. The formation of beads begins at the ends and
proceeds gradually toward the center. The beads have approximately the
same size. Very similar process has been observed in the experiments on
tubular polymersomes [30]. The transition observed in the experiments can
be reproduced by changing the spontaneous curvature while keeping con-
stant surface area and volume. Similar transformations of bilayer membranes
which form cylindrical shapes into beads are often encountered in biological
systems. The transformations are induced by different stimuli. For example,
the action of laser tweezers [48–50], by UV irradiation [51], or the presence
of hydrophilic polymers with hydrophobic side groups [34, 35] induces the
transformations from cylinders to beads.
A B C D E F G H I J K L M N O

Figure 8 Shape transformation of a long tube induced by the change of the spontane-
ous curvature. Only upper half of the shape profile is shown since it is symmetric with
respect to the horizontal axis. Reduced volume v is set to 0.235. The spontaneous
curvature c0 is (A) 6.05, (B) 6.15, (C) 6.25, (D) 6.35, (E) 6.45, (F) 6.55, (G) 6.65,
(H) 6.75, (I) 6.85, ( J) 6.95, (K) 7.05, (L) 7.15, (M) 7.25, (N) 7.35, (O) 7.45.
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For the vesicles with small reduced volume, the morphological transi-
tion has been observed, in which the number of beads increases in the
vesicle already covered with beads on its whole length. The transition is
discontinuous, which can be seen by looking at the configurations (M) and
(N) in Fig. 8. The configuration (M) in Fig. 8 is built of 15 beads, which are
more pronounced at the ends and less pronounced in the middle. When the
spontaneous curvature is increased, then the new configuration with 15
beads becomes metastable and next the solution with 15 beads no longer
exists. There exists only the solution with 16 pronounced beads as presented
in the configurations (N) and (O), but there is no continuous transition
from the configuration with 15 beads to 16 beads at least in the situation
modeled here. Such a transition exists also for the vesicles with different
number of beads.

The curvature energy is lowered during the formation of beads and is the
lowest when the whole vesicle is composed of beads as shown in Fig. 9.
Two types of shape transitions can be distinguished by examining the
dependence of the elastic energy on the spontaneous curvature: the first
one, continuous transition from cylindrical vesicle to beads—configurations
from (A) to (M); the second one, discontinuous transition, when the
number of beads is changed from 15 beads in configuration (M) to 16
beads in configuration (N). Two different curves can be distinguished on
the plot of the elastic energy as a function of the spontaneous curvature. The
first curve which begins at c0 ¼ 6.0 and ends at c0 ¼ 7.275 represents the
elastic energy change for the continuous transformation from cylindrical
c0

0
6.5 7 7.5

0.05

0.1

F
/8

pk

Transition point

Figure 9 The elastic energy as a function of the reduced spontaneous curvature for the
long vesicle obtained for the reduced volume v ¼ 0.235. The lines are added to guide
the eye. The open circles represent the evolution of the vesicle from the cylinder to the
configuration with 15 beads. The open squares represent the configurations with 16
beads. The elastic energy is measured in units of the bending energy of a sphere (8pk).
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vesicle to the one composed of 15 beads. The second curve which begins at
c0¼ 7.25 represents the energy change for the vesicle composed of 16 beads.
Such a behavior is generic for the vesicles with small reduced volume and
the exact number of beads is not crucial. Figure 10 shows the transforma-
tions for the vesicles with the reduced volume v¼ 0.38, 0.39, 0.40. Despite
some differences, the shape transformation caused by the increase of the
spontaneous curvature proceeds in a similar way. The tubular vesicles are
transformed into vesicles composed of connected beads.
3.4. Breaking the Mirror Symmetry for Large c0

When the spontaneous curvature becomes larger, an interesting phenome-
non of breaking up–down symmetry for prolate vesicles is observed [28].
Figure 11. shows vesicles with c0 ¼ 3.0 at a few values of the reduced
volume. When v ¼ 0.60, 0.70 the prolate vesicle (Fig. 11A and B) has up
(a) (b) (c) (d) (e) (a) (b) (c) (d) (e) (a) (b) (c) (d) (e)

A B C

Figure 10 Shape transformations of a short tube induced by a change of the spontane-
ous curvature. The dashed line shows the symmetry plane, only upper half of a shape
profile is presented. (A) the reduced volume v ¼ 0.38—(a) c0 ¼ 3.6, (b) c0 ¼ 4.1,
(c) c0 ¼ 4.6, (d) c0 ¼ 5.1, (e) c0 ¼ 5.25, (B) the reduced volume v ¼ 0.39—(a) c0 ¼ 3.8,
(b) c0 ¼ 4.25, (c) c0 ¼ 4.30, (d) c0 ¼ 4.65, (e) c0 ¼ 5.25, (C) the reduced volume
v ¼ 0.40—(a) c0 ¼ 3.1, (b) c0 ¼ 3.6, (c) c0 ¼ 4.3, (d) c0 ¼ 4.7, (e) c0 ¼ 5.3.

A B C D E

Figure 11 The profile of prolate vesicles for c0 ¼ 3 and different reduced volume:
(A) v ¼ 0.60, (B) v ¼ 0.70, (C) v ¼ 0.75, (D) v ¼ 0.80, (E) v ¼ 0.90.
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and down symmetry, but for v ¼ 0.75 (Fig. 11C) and v ¼ 0.80 (Fig. 11D)
the vesicles have pear-like shapes. For v ¼ 0.90 (Fig. 11E) vesicles again
have mirror symmetry at the equator. Experimentally, the shape transfor-
mation from ellipsoid to pear-like vesicles can be obtained by photoisome-
rization of photosensitive amphiphilic molecules [52].

Increasing the spontaneous curvature leads to the shapes which look like
a chain of small beads connected with a larger sphere [31, 53, 54]. If the
reduced volume is set constant, the size of beads and the number of beads
depends on the spontaneous curvature. The larger the spontaneous curva-
ture the larger the number of small beads is present in the configurations
with the lowest energy. When the spontaneous curvature is sufficiently
high, there exist many minima of functional (14) for the same set of
parameters. Figure 12 shows the shape profiles for the minima of functional
(14) at the reduced volume v ¼ 0.7 and the spontaneous curvature c0 ¼ 12.
All the configurations except the first one look similar, since they are
composed of a large sphere connected with a chain of small beads. The
size of small beads and the distance between the poles of the vesicle is
different for each minimum. Of course, for a given spontaneous curvature,
the size of the beads cannot be arbitrarily small. The existence of so many
metastable states is possible due to the presence of the large sphere which
acts as a volume and surface reservoir for the long protrusion. The global
minimum is the configuration with eight small beads, but there exist local
minima with a larger number of beads and thus with a larger distance
between the poles of the vesicle, as shown in Fig. 13. Vesicles with such
shapes are observed experimentally [19]. Similar vesicles have been consid-
ered in Refs. [27, 55, 56] but with a lower number of small beads.

It is interesting to note that on the energy–distance plot (Fig. 13), the
points which represent configurations with smaller number of beads than
the configuration which is the global minimum are very well approximated
Lowest energy

Figure 12 The shape profiles corresponding to the local minima of functional (14) for
the reduced volume v ¼ 0.7, the spontaneous curvature c0 ¼ 12, and without the
constraint for the length. The solution with the lowest energy is the one with eight
small beads.
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Figure 13 The local minima of the curvature energy F as a function of the distance
between the poles of the vesicle z(Ls). The open circles represent the minima of
functional (14) corresponding to the profiles shown in Fig. 12. The dashed line is the
fit to the points with 2, 3, 4, 5, 6, 7, 8 small beads of the parabolic curve F ¼ B/2
(z � z8)

2 þ F0, where B ¼ 0.47� 8pk and z8 is the distance between the poles of the
vesicle for the profile with eight small beads. The solid line is the fit to the points with 9,
10, 11 small beads of the straight line. The numbers above the symbols indicate the
number of small beads.
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with the parabolic curve shown by the dashed line. Thus, in some hypo-
thetical process of compressing the stable configuration (the one with the
lowest energy), the vesicle behaves asymptotically according to the Hook’s
law, that is, the force which causes the deformation is proportional to the
change of the distance between the poles. The transitions between the
minima with different number of beads will proceed through a series of
metastable states. The energy of those metastable states will be in general a
complex function of the pole-to-pole distance, which differs from the
energy curve resulted from extrapolation of the minima with different
number of beads, denoted by the dashed line in Fig. 13.
3.5. Deformation of Membranes of Complex Topology

Vesicles of spherical topology are most common, but there are also many
types of vesicles with nonspherical topology [29, 45–47]. The simplest one
is toroidal vesicles [45]. Very interesting are genus two vesicles due to the
phenomenon of conformal diffusion [47]. To illustrate how fascinating can
be shape transformations of membranes of complex topology we present
possible shape transformations of a particular kind of high-genus vesicle
[29]. These high-genus vesicles are closed objects built of two bilayers
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connected by passages. The separation of the bilayers is small compared to
the size of the vesicle. Although the shape of the membrane is complex, it
can be easily parameterized by the following equation:

cos h2ðzÞ ¼ a0 þ
XN
i¼ 1

ai
XNi

i¼ 1

cos
2p
L
k
ðiÞ
j �r

� �
; ð25Þ

where r ¼ (x, y), and N is the number of Fourier amplitudes, ai. There are
Ni reciprocal lattice vectors k

ðiÞ
j in the ith shell. L is the lattice constant. The

shape of the high-genus vesicles may undergo significant transformations,
for example, when the temperature is varied. Such transformations are
observed in experiments and are predicted by theoretical calculations [29].
For high-genus vesicles there exist a few families of shapes which are stable
for different values of the reduced volume and the spontaneous curvature, as
presented in Fig. 14. The most common are the membranes connected by
circular passages. It is surprising that there exist two families of such shapes
for the same set of the reduced volume and the spontaneous curvature.
They differ mainly by the size of the passage, where one family which we
call small holes (Fig. 14A) is characterized by small size of the passage radius
A B

C D

E F

Figure 14 Different shapes of the membranes which forms the surface of the high-
genus vesicles. (A) and (B)—circular passages, (C) and (D)—connected spheres (trian-
gles), (E) and (F)—connected spindles.
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compared to the distance between passages, while the other family—large
holes, Fig. 14B—is characterized by the large ratio of passage radius to the
distance between passages. The membrane with the small holes is the most
stable for the small value of both reduced volume and spontaneous curva-
ture, while the membrane with large holes is the most stable for large
values of the reduced volume. The transition from the small holes to
the large holes is continuous for high values of the reduced volume when
the spontaneous curvature is changed. When reduced volume is smaller,
the transition becomes discontinuous. For a certain range of the reduced
volume and for large values of the spontaneous curvature, one observes
another family of shapes which resembles spheres or triangles located in
vertices of hexagons in a hexagonal lattice connected by small necks along
the edges of hexagons as shown in Fig. 14C and D. Further decreasing of the
reduced volume leads to a new family of shapes which are composed of
spindle-like object located along the edges of hexagons on a hexagonal
lattice joined in the vertices of hexagons as shown in Fig. 14E and F.
4. Deformation of Vesicles Subject to

Constraints Resulted from Interactions

with Rigid Objects

In this section, we discuss two model calculations for the deformations
of vesicles by a microtubule and a colloidal particle. In Section 4.1, shape
transformations of the vesicle with the reduced volume v¼ 0.7 and different
values of the spontaneous curvature are described. In Section 4.2, the
calculations based on functional (14) describing the deformations of lipid
vesicles caused by small spherical particles are presented.
4.1. Deformation of Vesicles with Encapsulated Microtubules

Very interesting phenomena can be observed for vesicles with large sponta-
neous curvature with microtubules inside. For the vesicle with encapsulated
microtubule, an additional constraint is applied in functional (14). The
minimization is performed with constraint on the distance between the
poles of the vesicle. It is assumed that microtubules are rigid and located
inside a vesicle along the rotation axis [53]. We consider equilibrium states
in which microtubules have a given length and do not shrink or grow and
the shape of the vesicle has reached its equilibrium state. It is assumed that
the growth of a microtubule is slower than the shape relaxation of the
vesicle. The distance between the poles of a vesicle, which are located at the
intersection of the rotation axis and the membrane surface, is always larger
than the microtubule length T.
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For the microtubule encapsulated in a vesicle with the reduced volume
v ¼ 0.7 and the spontaneous curvature c0 ¼ 0, the protrusion develops only
at one pole of the vesicle. Thus, the mirror symmetry for the empty vesicle
with respect to the symmetry plane located at the equator of the vesicle (see
the first profile in Fig. 15) is spontaneously broken when a microtubule
begins to deform the vesicle. The shape with protrusions on both poles of
the vesicle is metastable [17]. This phenomenon is analogous to symmetry
breaking with the increase of the spontaneous curvature for prolate vesicles.
One can observe the transition from symmetric prolate vesicles to the
vesicles with pear-like shape. Figure 15 shows the configurations of vesicles
with microtubules of different length t, where t ¼ T/R0 is the length of the
microtubule in dimensionless units.

Figure 16 shows the configurations of vesicles with different spontane-
ous curvatures and the same microtubule length t¼ 7.0. When the length of
a microtubule is kept constant and the spontaneous curvature is varied, one
may observe a certain tendency in the change of the vesicle shape. It changes
in such a way that initially the protrusion remains cylindrical and the vesicle
becomes more spherical. The volume and the surface area of the protrusion
and the spherical part of the vesicle are changed. When the spontaneous
curvature is sufficiently high for a given length of the protrusion, the beads
are formed on the protrusion, such as on the last profile in Fig. 16. Thus, by
Figure 15 Shape profiles with different length of the encapsulated microtubule for the
reduced volume v ¼ 0.7 and the spontaneous curvature c0 ¼ 0. The first profile,
denoted by the dashed line, represents the configuration without a microtubule. The
length of the microtubule is t ¼ 4.9, t ¼ 6.0, t ¼ 7.0, t ¼ 8.0, t ¼ 9.0 for the subsequent
configurations from the left to the right.



Figure 16 The influence of the spontaneous curvature on the shape of a vesicle
containing a microtubule. The spontaneous curvatures for the presented shape profiles
are c0 ¼ 0, c0 ¼ 3, c0 ¼ 6, c0 ¼ 9, c0 ¼ 12, starting from the left side. The length of the
microtubules is t ¼ 7.0, the reduced volume is v ¼ 0.7. Three hundred and twenty
amplitudes were used in the calculations.
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analyzing the shapes of vesicles containing microtubules, one may gain some
knowledge about the spontaneous curvature of the membrane.

In Section 3.4, it was demonstrated that for large spontaneous curvature
c0 ¼ 12 and the reduced volume v ¼ 0.7 there exist many solutions of
functional (14) and the solution with the lowest energy is the vesicle
composed of a chain of eight small beads attached to a large sphere. When
we consider the situation in which the length of the microtubule T is larger
than the distance between the poles of the vesicle with eight small beads
(without the microtubule inside), it may be possible that in the case where
the microtubule is inside the vesicle, a configuration with a number of beads
larger than eight becomes the global minimum. Thus, the increase of the
length of the microtubule may induce the shape transition. Indeed, it is
possible to find more than one local minimum for the same values of the
reduced volume v, the spontaneous curvature c0, and the length of the
microtubule t. Different minima correspond to different number of beads.

When the microtubule becomes sufficiently long, the protrusion which
is formed of beads begins to change in such a way that the middle part of it
becomes cylindrical and the beads are present only at the ends of the
protrusion, as shown in Fig. 17. If it were possible to control the growth
of the microtubule inside the vesicle with high spontaneous curvature, then
it should be possible to change the structure of the protrusion from beads to
cylinder and vice versa. Alternatively, it can be also done by pulling the



Figure 17 The deformation of the vesicle, composed of 10 small beads by microtu-
bules of different lengths. The spontaneous curvature and the reduced volume are
c0 ¼ 12 and v ¼ 0.7, respectively. The first profile represents the configuration with
10 beads without the microtubule. In the subsequent profiles the length of the enclosed
microtubule is t ¼ 6.5, t ¼ 6.9, t ¼ 7.1, t ¼ 7.5, t ¼ 8.0.
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protrusion. Further increase of the length of the microtubule leads to the
cylindrical shape of the protrusion, with no beads at its ends. The radius of
the cylindrical protrusion decreases with increasing length of the protrusion.

When the vesicle is stretched, the energy grows linearly with the
distance when the protrusion has a structure of connected beads. The points
representing energy for configurations with 8, 9, and 10 beads (denoted by
diamonds, triangles, and squares) in Fig. 18 lie approximately on the straight
lines. When the protrusion is sufficiently stretched, the beads disappear and
the protrusion is cylindrical. A few minima with cylindrical protrusion
calculated for a few lengths of the microtubule are very well approximated
by the parabolic curve denoted by the dashed line in Fig. 18. The energy of
stretching (or pulling) of the cylindrical protrusion is proportional to the
squared distance. Thus, the vesicle behaves according to Hook’s law. The
knowledge of the geometry of the protrusion and the force required to pull
the protrusion, for example, from an adhering vesicle can be used to
examine the adhesion strength of the vesicle to the substrate [57].

During the stretching process of the vesicle with eight small beads, one
should observe a series of shape transitions, two discontinuous from eight to
nine and from nine to 10 beads, and finally the continuous transition from
10 beads to cylindrical protrusion. The continuous transition is pictured in
Fig. 17. It has to be noted that the vesicle with 11 beads has higher curvature
energy than the stretched vesicle with 10 beads. The differences in curva-
ture energy between the local minima for configurations with 8, 9, or 10
beads and the encapsulated microtubule are very small, at most of the order
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Figure 18 The curvature energy F, as a function of the microtubules length t, for the
vesicle with the high spontaneous curvature, c0 ¼ 12 and the reduced volume v ¼ 0.7.
The solid diamond, triangle, and square represent the minima of functional (14)
without the constraint on the tubule length, and with the corresponding profiles
shown in Fig. 12, for eight, nine, and 10 small beads, respectively. The open diamonds,
triangles, and squares represent the minima of functional (14) for configurations with
eight, nine, and 10 small beads, respectively, with the microtubule inside the vesicle.
The open circles represent the minima of functional (14) for the configuration with the
cylindrical protrusion created by the microtubule. The dashed line is a fit of the
parabolic curve to the points denoted by the open circles.
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0.06� 8pk. Therefore, one may expect that the shape transformations
between them can be easily induced by small stimuli.
4.2. Deformations of Vesicles with Attached
Colloidal Particles

The vesicle shape is deformed when a small spherical particle is encapsulated
inside or outside the vesicle as shown schematically in Fig. 19. When only
small fraction of the surface of the vesicle is deformed, that deformation is
propagated over the whole vesicle. It is of particular interest whether the
shape is deformed mainly locally in the vicinity of the attached particle or
globally. How large are global changes of the shape, induced by binding the
vesicle to a small particle and how the deformations resulting from that
process propagate over the membrane which forms the vesicle. This process
may be important for membrane mediated interactions between the inclu-
sions or adsorbed particles [3].

Let us consider oblate and prolate vesicles with the reduced volume
v ¼ 0.6515. The radius K of the spherical particle in dimensionless units is
k¼ 0.1, where k¼ K/R0. The amount of the membrane which is bound to
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Figure 19 Schematic illustration of a spherical particle encapsulated inside and outside
a vesicle. a is the wrapping angle, K the radius of the particle, y the angle tangent to the
profile, s the arc length, y0 the angle tangent to the profile at the point where the
membrane touches the sphere. The spherical particle may be (A) inside or (B) outside
the vesicle.
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the colloidal particle is controlled by the wrapping angle a [58]. At a ¼ 0,
the shape of the vesicle is not influenced by the spherical particle which is
inside the vesicle since the particle is small enough to touch the surface of
the vesicle only at one point, at the pole of the vesicle. The mean curvatures
on the vesicle surface are smaller than the mean curvature of the spherical
particle (1/K). Small deviations of the radius k from the value k¼ 0.1 do not
change qualitatively the behavior of the studied system as long as the particle
is significantly smaller than the vesicle itself.

Figures 20 and 21 show a few sequences of shape profiles for a few
wrapping angles a for oblate, prolate, and stomatocyte vesicles. From the
shape profiles, it can be inferred that the vesicles are deformed mainly
locally, near the attached particles. The shape of prolate vesicles is deformed
less than the shape of oblate vesicles. The global change of the shape for
prolate and stomatocyte vesicles is less pronounced than for the oblate
vesicles upon wrapping a spherical particle, as can be seen in Fig. 21.

At a ¼ 0 and at the reduced volume v ¼ 0.6515, the bending energy for
prolate and oblate vesicles is approximately the same. When the wrapping
angle is significantly smaller than p, the prolate vesicle is the one with the
lower energy. Thus, even small attraction of the membrane to the surface of
a particle located inside the vesicle stabilizes particular (prolate) geometry.
The energy of the stomatocyte vesicles with the spherical particle attached
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Figure 21 The profile of vesicle with the reduced volume v ¼ 0.5915, obtained by
minimization of the bending energy for different wrapping angle a. The radius of the
attached spherical particle, shown as the black circle, is k¼ 0.1. The wrapping angle a in
degrees for the profiles presented on the figures is appropriately: (A) a ¼ 0.09, 63.12,
140.47, (B) a ¼ 0.09, 68.85, 140.47, (C) a ¼ 0.09, 86.03, 143.33, (D) a ¼ 0.09, 63.12,
151.92. The profiles are shown at the same scale.

A B C

Figure 20 The profile of vesicles with the reduced volume v ¼ 0.6515, obtained by
minimization of the bending energy for different wrapping angle a. The radius of the
attached spherical particle, shown as the black circle, is k¼ 0.1. The wrapping angle a in
degrees for the profiles presented on the figures is appropriately: (A) a ¼ 0.0, 80.21,
160.42, (B) a ¼ 0.09, 63.12, 146.30, (C) a ¼ 0.09, 74.58, 154.79. The profiles are
shown at the same scale.
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to the south pole (Fig. 21A) is the lowest among the vesicles of different
geometries shown in Fig. 21.

For and empty vesicle with the reduced volume v ¼ 0.5915, the oblate
vesicle have lower energy then the prolate vesicle. However, for the
complex colloid-vesicle for a > 0, prolate vesicles become stable at some
nonzero value of the wrapping angle a. If the difference of the bending
energy for the wrapping angle a ¼ 0 is small, prolate vesicles may become
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stable at some value a. Thus, binding the membrane to a colloidal particle
may be exploited to switch the shape of the vesicle from prolate to oblate or
vice versa.

For the reduced volume v¼ 0.5915 oblate vesicles have bending energy
approximately the same as stomatocyte vesicles. From the analysis of the
shapes presented on Fig. 21A and C it seems that the transformation from
the oblate vesicle which has higher energy to the stomatocyte vesicle which
has lower energy is probable. However, the energy barrier between stoma-
tocyte and oblate vesicles is still significant for the configurations with
similar shapes.

Prolate and oblate vesicles are symmetric with respect to the equator of a
vesicle. Stomatocyte vesicles do not have up and down symmetry. Thus,
attaching a spherical particle inside a vesicle at the north pole and at the
south pole of the vesicle (see Fig. 21A and B) will differ, unlike in the case of
oblate and prolate vesicles. The energy and the shape of the stomatocyte
vesicles with a spherical particle of radius k ¼ 0.1 attached at the south and
north pole at the wrapping angle a ¼ 0 is exactly the same, since at the
touching point the curvature of the spherical particle is higher than the
curvature of the membrane. In the limit a ¼ p, the shapes should converge
to the same configuration, but in between (0 < a < p) the evolution is
completely different.
5. Deformation of Multicomponent Membranes

Multicomponent membranes compared to one component membranes
have extra degrees of freedom associated with the distribution of components
within the membrane. The distribution of membrane components influences
the shape of the membrane [26, 59–68], but it is also possible that the shape of
the membrane may influence the distribution of the components [64, 69–73].
Such mutual dependence of the membrane shape and distribution of compo-
nents may lead to many interesting physical phenomena which are important
for functioning biological systems. One may speculate that the change of the
membrane shape may lead to the separation or mixing of membrane compo-
nents due to minimization of the curvature energy. The components which
are separated in a flat membrane may be mixed in a curved membrane which
forms the vesicle (and vice versa).
5.1. Phase Separation Induced by the Shape of the Vesicle

In the case where the geometry of a vesicle influences the distribution of the
components, the driving force for the separation is compatibility of the local
curvature of a vesicle with the spontaneous curvatures of the components.
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The energy of the multicomponent membrane can be described by the
modified functional (14). The components are characterized by the sponta-
neous curvatures CA0 and CB0 . The model may also describe the situation in
which some molecules are attached to the membrane and form coherent
regions. In that case, the attached molecules impose the spontaneous curva-
ture on the membrane [34, 35, 74, 75]. It is assumed for simplicity that the
bending rigidity and the Gaussian rigidity are the same for both compo-
nents: �k ¼ �kA ¼ �kB and k¼ kA¼ kB. In the limit of large bending rigidity,
and low temperature the contribution to the free energy associated with the
entropy of mixing is small compared to the curvature energy and is
neglected in the calculations. The membrane shape may influence the
distribution of the components in the membrane, which can lead to their
segregation. On the other hand, the distribution of the components deter-
mines the membrane shape. These two processes are coupled in some
complex way. In the simplest case, the spontaneous curvature is coupled
to the concentration f : C0ðsÞ ¼ fðsÞðCA0 � CB0 Þ þ CB0 , where C

A
0 and CB0 are

the spontaneous curvatures of the membrane occupied by the first and the
second component, respectively. Thus, the bending energy functional (14)
depends on two functions which describe the concentration profile f and
the shape of the vesicle y [73]. The spontaneous curvatures of the mem-
brane components are used as material parameters. By varying the sponta-
neous curvature we can model the properties of the components which
form the membrane.

We consider the situation where the composition (ftot) of the mem-
brane is constant. The reduced volume v¼ 0.655 is chosen in such a way to
obtain, for one component membranes with the spontaneous curvature
equal 0, solutions with different geometries (oblate, prolate). The geometry
of the vesicle influences the distribution of the components due to the
coupling of the spontaneous curvature with the concentration profile. It is
easy to distinguish in oblate vesicles two regions, where the local mean
curvature is small and where the local mean curvature is large. In the vicinity
of the poles, the local mean curvature is small while in the vicinity of the
equator, the local mean curvature is much larger. Thus, to minimize the
bending energy, the components with larger spontaneous curvature will
occupy the region of the vesicle at the equator, and the components with
smaller spontaneous curvature will occupy the poles of the vesicle. We
consider vesicles that have rotational symmetry and the mirror symmetry
with respect to the equator of the vesicle. Thus, the domains are distributed
symmetrically in such a way that the domains of one component are located
at the poles of the vesicle and are separated by the domain of the other
component located along the equator.

Figure 22 shows the vesicle shapes for the total concentrationftot¼ 0.50
and a few values of the spontaneous curvature (cA0 > 0) for component A.
The spontaneous curvature (cB0 ¼ 0) for component B is always zero.
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Figure 22 The shape profiles and corresponding local curvature and spontaneous
curvature profiles for oblate vesicles with the reduced volume v ¼ 0.655 and a few
values of the spontaneous curvature cA0 are presented in the upper row. The dashed lines
and the solid lines represent the region of the vesicle occupied by the components with
positive spontaneous curvature cA0 , and cB0 ¼ 0:0, respectively. The lines meet at the
inflection point of the spontaneous curvature profile c0(s). The total concentration
ftot ¼ 0.5. The spontaneous curvature is, respectively: (A) cA0 ¼ 0:0, (B) cA0 ¼ 3:96,
(C) cA0 ¼ 4:12. The correspondent spontaneous curvature profiles c0(s) (solid lines) and
the local curvature c1(s) þ c2(s) (dashed lines) are shown in the lower row. The profiles
presented here start at the pole of the vesicles s ¼ 0 and end the equator of the vesicles
s ¼ Ls/2.
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The vesicle shape changes smoothly with the change of the spontaneous
curvature cA0 . The first profile is chosen for small values of the spontaneous
curvature where the interface width is narrow (Fig. 22A). The other two
profiles show the vesicles just before the rapid change of interface width
(Fig. 22B) and just after the rapid change of the interface width (Fig. 22C).
The second and the third profiles are very similar, despite large change of
the interface width. Thus, the change of the interface width is not notice-
ably reflected in the shape of the vesicle. The bending energy is the lowest
when the interface width is wide for the membranes built of components
characterized by large difference in the spontaneous curvature. The jump of
the spontaneous curvature at a very sharp interface may be unfavorable for
minimizing the bending energy, when the difference of the spontaneous
curvatures is large. The bending energy may be minimized in such a case by
widening the interface between the domains.

The lower row of Fig. 22 shows the sum of the principal curvatures
c1(s) þ c2(s) and the local spontaneous curvature c0(s) which is a function of
the concentration profile f(s). The curves shown by the dashed lines
represent the functions which minimize the curvature energy functional
[73]. The concentration profiles presented in Fig. 22 describe two domains
of different spontaneous curvatures separated by an interface. The functions
are not arbitrary, one should remember about the constraints resulting from
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the physics of the problem, imposed on the shape of those function. It is
interesting to note that the optimal value of the bending energy is obtained
when the curve which describes the local curvature is parallel to the curve
which describes the spontaneous curvature profile and is the lowest when
they overlap.

The overall behavior remains similar when the geometry of the vesicles
is changed from oblate to prolate. However, for prolate vesicles, the
distribution of components f(s) and therefore the distribution of the spon-
taneous curvatures c0(s) cannot be so easily matched to the local curvatures,
because of the constraints imposed on the shape of the vesicle[73].
5.2. Deformation of Membranes Caused by Phase Separation
of Their Components

The components in multicomponent membranes may phase separate, for
example, when the temperature is changed. The separated components may
form domains of different shapes [70, 71, 76–80]. The shape of the domains
depends on the concentration of the components and their properties.
Usually, one observes stripe-like and circular domains. The phase separation
of two component membrane under week tension has been studied within
the framework of the spontaneous curvature model [66]. The component
was characterized by different spontaneous curvature. It has been predicted
that for small concentration of component A or B the domains with circular
shape are preferred, as shown in Fig. 23A and C. Stripe-like domains,
Fig. 23B, are the most stable for comparable concentration of components
and for not large ratio of the spontaneous curvatures. It has been observed
experimentally that by changing the tension of the membrane may lead to
phase transition between circular and stripe-like domains [79]. If the ratio of
the spontaneous curvatures is large, the phases formed of circular domains
are dominant. Increasing the concentration of one component leads to
budding, as shown in Fig. 24. It is interesting to note that not only the
buds with one bead are stable but also the buds with more than one bead,
see Fig. 24D
A B C

Figure 23 Circular and stripe-like domains. The ratio of the spontaneous curvatures is
cA0 =c

B
0 ¼ �1. The concentration of the components in the domains is (A) 0.1, (B) 0.4,

(C) 0.8. The dark grey and light grey mark the membrane area occupied by component
A and B.



A B C D

Figure 24 The circular domains. The ratio of the spontaneous curvatures is
cA0 =c

B
0 ¼ �3. The concentration of the components in the domains is (A) 0.1, (B)

0.22, (C) 0.42, (D) 0.72. The dark grey and light grey mark the membrane area
occupied by component A and B.

A B

Figure 25 Phase separation in membranes of nontrivial topology. The ratio of the
spontaneous curvatures is cA0 =c

B
0 ¼ 3. The dark grey and light grey mark the membrane

area occupied by component A and B. The concentration of components is, respec-
tively: (A) f ¼ 0.93, (B) f ¼ 0.11.
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The process of the phase separation in membranes of nontrivial topology
can be quite complex since the separated components can form not only
circular domain but also ring-like domains as shown in Fig. 25. Thus, the
component which prefer high curvature regions may form the ring-like
domains and the other components may occupy more flat part of the
membrane [64, 65]. It is interesting to note that the change of the concen-
tration and thus the domain size results in the change of the membrane
shape. One can vary the size of the passage radius by changing the size of the
domains.
5.3. Deformation Induced by Diffusion of Macromolecules

Proteins or polymers [32, 34–36, 81, 82] can deform in their neighborhood
the shape of the membrane. When the macromolecules diffuse on the lipid
vesicle, its shape is changed in time. The diffusion of the macromolecules
influences the shape of the vesicle and vice versa. Coupling the distribution of
the membrane components with the shape of the vesicle is an important and
interesting phenomenon present in biological systems [61, 64–67, 74, 75,
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83–86]. The macromolecules can influence the shape of the vesicles, but
also the shape may lead to segregation of the macromolecules of different
species [69, 72, 73, 87]. The change of the vesicle shape can be induced by
the macromolecules which diffuse on the surface of lipid vesicles. Such
phenomena have been observed in experiments [35] where the polymers
injected near the lipid vesicle were anchored to the membrane causing its
deformation. The polymer which is attached to the membrane can increase
its configurational entropy if the membrane is bent away from the polymer.
Such mechanism leads to inducing the spontaneous curvature [32]. Not
only polymers but also large macromolecules attached to the membrane
may induce the spontaneous curvature. It is challenging to model a general
phenomenon of diffusion of macromolecules on a fluid membrane and in
particular examining how diffusing macromolecules can influence the shape
of the membrane and the shape of the membrane can influence the process
of diffusion [26, 82].

Here we present model calculations where, the macromolecules may
change the shape of the surface when the distribution of the macromole-
cules is altered during the diffusion process. The macromolecules continue
to diffuse on a membrane with a changed shape. Since the diffusion of the
macromolecules on a lipid membrane is modeled by solving the diffusion
equation on a membrane surface, not only the shape of the membrane is
adjusted to the distribution of the molecules, but also the diffusion is
modified by continuous change of the membrane shape. Coupling of the
concentration of membrane components with its shape may be used in
biological systems to modify behavior of biological cells. For example, by
slowing down the diffusion process or forming long lasting concentration
gradients. In the mathematical model, the shape of the vesicles is governed
by the bending energy and the diffusion is described by the diffusion
equation. The spontaneous curvature is coupled to the concentration of
the macromolecules f(a):

C0ðaÞ ¼ C0fðaÞ; ð26Þ
where C0 is the spontaneous curvature induced by the macromolecules, a is
the surface area of the vesicle. Such concentration dependent spontaneous
curvature is used in the expression for the bending energy in Eq. (19). In the
mesoscopic description, the properties of the macromolecules are reflected
in the value of the spontaneous curvature. In the mathematical model used
in the calculations [26], the detailed knowledge of the microscopic structure
of the macromolecules and the bilayer is not necessary. In particular, it is
irrelevant whether the macromolecules are embedded in the bilayer or they
are attached to the one side of the bilayer. In the model, it is only considered
how strong is the influence of the macromolecules on the spontaneous
curvature. It is assumed that the evolution of the concentration profile
f(a, t) in time is governed by the diffusion equation:
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Figure 26 The change in time of the vesicle shape caused by diffusing macromole-
cules. The reduced volume of the vesicle is v¼ 0.6. The spontaneous curvature induced
by the macromolecules is c0 ¼ 4.0. The total concentration of macromolecules is
fð1Þ
tot ¼ 0:682. The shades of grey reflect the value of the concentration of the macro-

molecules on the vesicles according to the grayscale map. The first vesicle is the vesicle
without the macromolecules on its surface. Next vesicles represents the shapes after
1, 11, 51, 200 time steps for prolate vesicles. The last two vesicle are the vesicle with
uniform distribution of the macromolecules, where the first is metastable and the
second is the stable one.
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Figure 27 The change in time of the vesicle shape caused by diffusing macromole-
cules. The reduced volume of the vesicle is v¼ 0.6. The spontaneous curvature induced
by the macromolecules is c0 ¼ 4.0. The total concentration of macromolecules is
fð1Þ
tot ¼ 0:363. The shades of grey reflect the value of the concentration of the macro-

molecules on the vesicles according to the grayscale map. The first vesicle is the vesicle
without the macromolecules on its surface. Next vesicles represents the shapes after
1, 11, 51, 200 time steps for prolate vesicles. The last vesicle is the vesicle with uniform
distribution of the macromolecules.
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@

@t
f ¼ Dr2

sf; ð27Þ
wherer2

s is surface Laplacian operator,D is the surface diffusion coefficient,
and t is time.
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Figure 28 The distribution of the macromolecules f(t, a) after 1, 11, 21, 31, 41, 51,
200 time steps for prolate vesicles. The time step dt ¼ 0.01. The reduced volume of the
vesicle is v ¼ 0.6. The spontaneous curvature induced by the macromolecules is c0 ¼
4.0. The total concentration of macromolecules is fð1Þ

tot ¼ 0:363—(A), and
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tot ¼ 0:682—(B), respectively. S is the total surface area of the vesicle.
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Figures 26 and 27 show the shapes of the vesicles calculated for different
distribution of the macromolecules on the surface of the vesicles. The value
of the concentration of the macromolecules is reflected on the surface of the
vesicle by its color calculated according to the color maps included in the
figures. The evolution of the concentration profiles is also presented in
Fig. 28 on plots of the concentration f(a) as a function of the surface area of
the vesicle a. From Figs. 26 and 27, we see that the macromolecules are
initially distributed on the poles of the vesicle. When they diffuse on the
surface of the vesicle, they cause the deformation of its surface. When the
surface is deformed, the diffusion process is altered because the macromo-
lecules have to diffuse on the vesicle with a new geometry. The narrow
necks can slow down the diffusion process, because smaller number of
macromolecules can diffuse over the surface of the necks with small radius.
The small necks can lead to the concentration gradients of the macromo-
lecules on the part of the vesicles separated by the narrow necks. This can be
easily seen by analyzing the concentration profiles on Fig. 28B, It is
interesting to note that the diffusion process may lead to obtain the vesicles
in a metastable state as presented in Fig. 26.
6. Summary

We have presented several possible shape transformations of vesicles of
simple and complex topology built of amphiphilic molecules. All the
calculations were performed within the framework of the spontaneous
curvature model. In a few cases, we compared the theoretical calculations
with the experimental results. We hope that the model calculations pre-
sented here when combined with the experimental results will help in better
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understanding complex phenomena encountered in investigations of lipid
membranes and liposomes.
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